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Introduction

Major challenges in cancer therapy are to determine if a local disease will progress 
to a malignant phenotype, and how to best “match” treatments to the type and stage 
of the disease. It is now well accepted that for many cancers they are no longer a 
single type of disease but a constellation of cancer types, pathologically classified 
by histology, which respond differently to drugs. For many years, basic cancer 
research and anticancer drug development utilized primary cancer cells and cell 
lines cultured in  vitro on tissue culture plastic dishes. Although this approach 
yielded many of the anticancer medications used today, recent investigation has 
found this approach a poor analogue of tumor growth in vivo. For the most part, 
two-dimensional (2D) culture, like that in culture dishes, does not replicate the 
microenvironment of a tumor, a complex space typified by stromal cells, extracel-
lular matrix (ECM) components, and a cocktail of signaling factors (Kunz-Schughart 
et  al. 2004, Bhattacharya et  al. 2011). For example, drug diffusion kinetics vary 
dramatically, drug doses effective in 2D are often ineffective when scaled to patients, 
and cell-cell/cell-matrix interactions are inaccurate (Ho et al. 2010, Drewitz et al. 
2011). Tissue culture dishes have three major differences from the tissue where the 
tumor was isolated: surface topography, surface stiffness, and a 2D rather than 3D 
architecture. As a consequence, 2D culture places a selective pressure on cells that 
could substantially alter their molecular and phenotypic properties (Arnold et al. 
2015, Li and Kilian 2015). These differences between laboratory cell culture and 
the native tissue have resulted in many drugs that were initially effective in the labo-
ratory but were unexpectedly ineffective and/or toxic when tested in patients.

Instead, newly developed bioengineered tissue platforms, such as three-dimen-
sional (3D) organoids, open new opportunities for tumor modeling, especially 
incorporating the complex cellular and physical tumor microenvironment (TME) 
that are known to drive cancer cells in a specific manner. There is a growing body of 
literature that illustrates the importance of tumor-stroma related effects (Luca et al. 
2013, Catalano et  al. 2013, Pietras and Ostman 2010). For example, the tumor 
stroma can activate or inactivate cancer-related pathways, alter ECM components, 
thereby making migration more or less difficult, as well as secrete signaling factors 
that guide cancer cells in a multitude of ways. Studies have demonstrated that placing 
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normal epithelial cells into an activated stroma can produce cancerous growth from 
these healthy cells; and conversely, placing malignant cancer cells in a healthy 
stroma can cause a reversion from a cancerous state towards a normal phenotype 
(Cichon, Radisky, and Radisky 2011).

The chapters included in this book aim to provide a comprehensive overview on 
recent development in the generation of healthy and pathologic (mostly cancerous) 
small tissue construct (organoids). The tumor organoid platform incorporates other 
biofabrication methods such as innovative and smart biomaterials and microfabrica-
tion techniques. These models can be used to investigate tissue development and 
disease and serve as in vitro platforms for drug screening and testing. In the new era 
of personalized medicine there is a specific need for systems that incorporate 
patients’ genetic information to serve as guidance for treatment selection. On the 
other hand, the tumor organoid technology opens a new window for researching the 
basic mechanisms of the initiation and progression of a disease such as cancer, and 
to develop therapeutic approaches. Mathematical modeling of disease progression 
and identification of specific factors that impact its dynamics is far easier in a fully 
controlled in vitro system.

Yamanishi and colleagues describe in their chapter on “Techniques to Produce 
and Culture Lung Tumor Organoids” several methods to generate functional lung 
organoids. Each method addresses physiologic and practical aspects of the lung 
organoids. Solana and colleagues discuss the need for alternative culture methods 
for primary hepatocytes. In their chapter “Tissue Organoids; Liver” they describe 
the liver organoids as a novel method to maintain function and viability of primary 
hepatocytes at higher levels for longer time. In the chapter “Mammary Gland 
Organoids,” Sampayo and colleagues provide a historical perspective on 3D culture 
systems of primary mammary organoids. These systems have provided a platform 
to study the cell biology aspects of mammary gland development and function in 
physiologically relevant settings.

Mazzocchi and colleagues describe several biofabrication methods to create 
tumor organoids in their chapter “Tumor Organoids Biofabrication.” Several matrix 
systems, built on various hydrogel platforms, allow for robust environmental manip-
ulation in order to investigate a variety of biological mechanisms. The hydrogel 
biofabrication system is tunable, both in terms of stiffness and fiber alignment, 
allowing formation of discrete zones of different cell populations and physical 
parameters. These models are viable for long periods of time, develop functional 
properties similar to native tissues, and recapitulate the dynamic cell–cell, cell–
ECM interactions in the tumor. Gadde and colleagues describe the development of 
a microfluidic technology combined with microfabrication techniques to yield a 
physiologically representative tumor environment, while allowing for dynamic 
monitoring and simultaneous control of multiple biochemical and mechanical fac-
tors such as cellular and extracellular matrix composition, fluid velocity, and wall 
shear stress. Their chapter “Evolution of Three Dimensional In Vitro Tumor 
Platforms for Cancer Discovery” implies that these systems are capable of serving, 
investigating various key stages in cancer evolution including angiogenesis and 
metastasis. Chiou and Fischbach use breast tumor organoids to demonstrate metas-

Introduction
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tasis-associated changes to the bone microenvironment and current approaches to 
study bone metastasis in their chapter “Tissue-Engineered Models for Studies of 
Bone Metastasis.” They discuss tissue-engineered model systems of bone metasta-
sis as a promising alternative and describe specific design parameters to investigate 
the functional contribution of the microenvironment to the development, progres-
sion, and therapy response of bone metastasis. Shirur and colleagues, in their chap-
ter “Organoid Systems to Investigate Angiogenesis,” review the process of blood 
vessel growth, specifically blood vessels within the cancer microenvironment, and 
discuss the most recent advances to mimic blood vessel growth in the tumor micro-
environment using 3D in vitro culture methods. They discuss several important fac-
tors that control blood vessel growth including hypoxia, cellular metabolism, and 
tissue mechanics.

Priya Rajan and colleagues describe in their chapter “Microfluidics in Cell and 
Tissue Studies” recent technological advances to investigate numerous, interdepen-
dent variables in discrete samples and the analysis of outcomes. They discuss 
microfluidic approaches that enable the study of cancer cells in tumor organoids. 
Smelser and colleagues address the effect of stiffness, or elasticity, on tumor cell 
behavior and describe a matrix that provides the integrin binding sites that are found 
in stroma in their chapter “Stiffness-Tuned Matrices for Tumor Cell Studies.” They 
use cross-linking of collagen I to increase collagen’s elasticity while controlling for 
binding site density and demonstrate that breast cancer cells survived and migrated 
on these matrices. Karolak and Rejniak describe in their chapter “Mathematical 
Modeling of Tumor Organoids; Towards Personalized Medicine” three different 
approaches to building in silico organoids, together with methods for integration 
with experimental or clinical data. One model is used to determine the mechanisms 
of development of breast tumor acini, based on their in vitro morphology. The other 
is used to predict conditions for the most effective cellular uptake of therapies tar-
geting pancreatic cancers, incorporating intravital microscopy data. The last one 
provides a procedure for assessing patients’ response to chemotherapeutic treat-
ments, based on the biopsy data. These models can help biologists to generate test-
able hypotheses or predictions and they can also assist clinicians in assessing cancer 
patients’ response to a given therapy and their risk of tumor recurrence.
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Techniques to Produce and Culture Lung 
Tumor Organoids             

Cameron Yamanishi, Kimberly Jen, and Shuichi Takayama

Abstract  Three-dimensional cell culture formats have been gaining popularity due 
to their ability to more closely mimic human physiology compared to conventional, 
two-dimensional culture. These 3D cultures exhibit in vivo-like behaviors, such as 
cell-cell adhesion, extracellular matrix secretion, and resilience against bacterial, 
chemical, and radiation insults. Various techniques for 3D organoid culture have 
been developed to recreate aspects of the lung microenvironment. This chapter 
examines the history and current applications of 3D lung tumor organoid culture, 
including Matrigel, hanging drop, magnetic levitation, rotating wall vessels, and 
non-adherent culture techniques. Each technique provides unique benefits for phys-
iologic behavior, organoid access, and convenience. However, further work is 
required to advance the development of these systems for future biological discov-
ery and high-throughput drug screening.

Keywords  Lung organoid • Hanging drop • Rotating wall vessel • Non-adherent 
culture
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1  �Introduction

Manipulation of cell culture was born out of a necessity to test model living systems in 
a controlled and replicable manner. Since their inception in 1907 [1], two-dimensional 
(2D) cultures enabled researchers to observe and manipulate cells outside of the mam-
malian body. 2D cultures have been critical in many landmark biological discoveries. 
However, 2D cultures fail to recapitulate the complex microenvironments within the 
body. While some cell behaviors are conserved, subtle differences can mask down-
stream cell behavior. For example, discrepancies between focal adhesion complexes in 
2D vs three-dimensional (3D) culture [2] can alter metastatic behavior that relies on 
focal adhesion kinase signaling [3]. Discrepancies between conventional 2D cultures 
and whole organism behavior have led to the pursuit of more physiological in vitro cell 
cultures to strike a balance between whole organism complexity and in vitro accessibil-
ity. In recent years, these efforts have yielded a plethora of 3D culture techniques, 
which typically utilize in vitro or ex vivo multicellular tissue models. In many of these 
systems, cells self-organize into tissue-like structures with distinct cell layers and a 
hollow lumen. 3D tumor models made from these techniques exhibit greater resistance 
to chemical and radiation treatment, which more closely resembles behavior seen in 
vivo [4]. 3D cultures strive to recapitulate both structural and functional properties of 
the original tissue [5, 6]. Achieving 3D behavior requires control of many culture con-
ditions, including growth factors, matrices, and culture chambers to coax cells into 
organized structures composed of several hundred cells to several thousand cells [7].

This chapter discusses current lung tumor organoid culture techniques, with organ-
oids narrowly defined as 3D cultures without attachment of cells to a flat substrate, 
notably excluding decellularized and reseeded lung slices. Organoids are typically rec-
ognized as cell constructs that have self-organized to exhibit a 3D structure vaguely 
resembling the native organ. This chapter will cover simple cell spheroids, as well as 
more highly-organized organ-buds and acini. Conversely, this chapter will exclude 
microfluidic platforms, commonly referred to as organs-on-a-chip (OoC). These organ-
otypic cell cultures utilize 2D cell culture systems on porous membrane supports to form 
distinct layers of cells. OoC systems have the additional advantage of exposing cells to 
controlled fluid flow, which mimics recirculation and mechanical stresses [8]. Those 
microfluidic systems, however, are often less 3D in cellular structure due to the rigid 
artificial substrates supporting cells. Furthermore, there are numerous recent reviews 
that focus solely on lungs-on-a-chip and they will not be discussed in this chapter. 
Compared to the microfluidic systems, the organoid culture techniques covered in this 
chapter are generally more amenable to high-throughput assays and drug discovery.

The progress in 3D organoid cultures to this point is largely driven by innovative 
culturing methods. However, successful creation and culture of lung organoids still 
pose several challenges: creating organ-specific architecture and morphology, main-
taining stable cultures preferably within an air-liquid interface (ALI), integration of 
correct cell types including epithelial cells, fibroblasts, and goblet cells, and inclusion 
of proper extracellular matrix (ECM). This chapter summarizes culture techniques 
developed to overcome these challenges which include Matrigel culture, hanging drop 
culture, magnetic levitation (maglev), rotating wall vessels, and non-adherent attach-
ment plates (Fig. 1), which have created various architectures, including hollowed out 
acinar structures resembling alveolar acini or filled spheroids.
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Fig. 1  Schematics of lung organoid culture techniques. (a) In Matrigel-overlay culture, lung cells 
are seeded on top of solid Matrigel above a feeder layer of fibroblasts, and covered with media 
containing low-concentration Matrigel. (b) In Maglev culture, lung cells are fed magnetic nanpar-
ticles and pulled to the top surface of the media by a permanent magnet. (c) In rotating wall vessel 
culture, lung cells are suspended in culture by the competition between circulating flow and gravity-
induced sedimentation. (d) In hanging drop culture, lung cells sediment to the bottom, air-liquid 
interface of a media droplet. (e) In non-adherent culture, lung cells sediment to the bottom of a 
dish, where surface coatings inhibit cell attachment to the dish
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2  �Techniques

2.1  �Matrigel

Working at the Laboratory of Developmental Biology and Anomalies to study 
interactions between cells and extracellular matrix, Hynda Kleinman and coworkers 
developed methods to extract ECM from Englebreth-Holm-Swarm mouse sarcomas 
[9]. In a 1986 Biochemistry report, the group described the composition and 
mechanical properties of the extract [10], later termed Matrigel. Their previous 
attempts to form physiologic ECM had used mixtures of known ECM components: 
purified laminin, collagen, and heparin sulfate proteoglycan [11]. While these com-
ponents interacted to formed fiber-like precipitates, the precipitates lacked mechan-
ical strength, unlike the more complete ECM from the tumor extracts, which 
interacted to form gels under physiologic conditions [10]. Subsequent reports from 
various groups in 1988 described cellular aggregation [12] and gland formation [13] 
in Matrigel culture. These cellular aggregates exhibited junctional complexes 
between cells, primarily on outer, basal surfaces, rather than inner, apical surfaces. 
The basal surfaces also contained more laminin-binding moieties, consistent with 
the laminin composition of Matrigel. Eventually, the NIH licensed the Matrigel 
technology for commercial distribution [9].

Lung cells grown in Matrigel conditions were soon observed to form hollow 
aggregates. In 1987, John Shannon examined the differentiation of type II alveolar 
epithelial cells (AEC2s) in Sprague-Dawley rats using plastic dishes and Matrigel 
[14]. Initially cultured in plastic, AEC2s quickly lost features that defined them as 
AEC2s, namely low DNA synthesis and the presence of intracellular lamellar bod-
ies [15]. However, when seeded on top of gelated Matrigel, AEC2s retained their 
characteristic features for several days [15]. Rather than forming a flattened mono-
layer in plastic culture, Matrigel-seeded AEC2s aggregated and retained a low 
cuboidal morphology similar to their innate morphology in alveoli [14]. Matrigel-
seeded AEC2s also continued to express surfactant proteins, although at lower lev-
els than immediately after initial isolation [16]. These organoid aggregates of 
AEC2s on Matrigel were hollow with multiple lamellar bodies within the lumen 
[16], resembling surfactant secretion into the lumen of alveoli in vivo. Further com-
parisons of Matrigel-seeded AEC2s to plastic dish cultures have demonstrated that 
Matrigel cultured cells had more physiologic cytokeratin specification [17], intra-
cellular adhesion molecule expression [18], and lipid composition [19]. Cytokeratin 
analysis of fetal rat AEC2s also showed that Matrigel culture aided in their matura-
tion, thus inducing expression of cytokeratin 19, a marker of fully developed AEC2s 
[17]. In addition to growing organoids, Matrigel has commonly been used for in 
vitro cancer invasion assays [20, 21] and in co-injection to tumor cell injection in 
mice [22].

Several groups have recently reported using Matrigel to culture lung organoids 
from sources such as embryonic stem cells [23], induced pluripotent stem cells 
(iPSC) [24], immortalized bronchial epithelial cells [25, 26], and various mixtures 
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of primary cells. In one version of this technique, cells are embedded in the Matrigel 
solution before gelation, whereas the alternative involves growing cells on a gelated 
layer of Matrigel covered by a layer of dilute Matrigel on top of the cells. Pluripotent 
lung stem cells are often cultured in these formats and require growth factor addi-
tion techniques to differentiate stem cells in Matrigel culture, which have been 
recently reviewed elsewhere [7]. However, with the ability to generate pluripotent 
stem cells from somatic cells, creating disease-specific cells that differentiate into 
disease-relevant cell types does allow for more targeted therapeutic approaches. 
Pluripotent stem cells in Matrigel have been induced to form the endoderm, one of 
the three fetal germ layers, which ultimately gives rise to lung and liver during 
embryogenesis. Dye et al. have successfully activated specific developmental path-
ways to form endoderm and subsequently, lung tissue [24]. Cells were cultured in 
Matrigel, where the resultant lung organoid consisted of both type I and type II 
alveolar epithelial cells. These proximal airway-like structures both resembled and 
expressed cell types found in the human fetal lung and gene expression analysis 
further confirmed the fetal lung phenotype.

In addition to iPSCs, immortalized human bronchial epithelial cells have also 
been shown to have stem-like properties in Matrigel. Human bronchial epithelial 
cells immortalized by expression of cyclin-dependent kinase 4 and human telomer-
ase reverse transcriptase were overlaid onto Matrigel to form tubular organoids and 
retained p63 expression, a marker of stem/progenitor cells.

A variety of lung tumor models have been explored using Matrigel. In contrast to 
healthy epithelial cultures that formed acinar structures and contained either hollow 
lumens [27] or branching structures [28], cancer cells tended to form compact 
spheroids via the Matrigel overlay technique [29]. Healthy bronchial epithelial cells 
cultured in Matrigel also demonstrated increased resistance to DNA damage and 
transformation under gamma radiation, thus making in situ cancer induction diffi-
cult [28].

Overall, Matrigel culture offers a complex microenvironment with a plethora of 
growth factors and extracellular matrix components, making it a valuable and ver-
satile hydrogel growth technique. However, Matrigel suffers disadvantages due to 
its mouse-derived origin and its undefined nature [30], wherein the inherent compo-
sition, such as growth factors, is not currently fully elucidated. Furthermore, it can 
suffer from minor lot-to-lot variability. This variability and undefined nature can 
then complicate the interpretation of experimental results. Other disadvantages of 
Matrigel include the known sequestration of cytokines and other secreted proteins, 
making assays such as ELISA difficult to interpret [31, 32]. Due to the hydrogel 
properties of Matrigel, it presents a physical barrier that inhibits the efficiency of 
standard techniques such as transfection or DNA/RNA extraction, however, recent 
microfluidic techniques have been applied to form Matrigel microgels, which could 
address some of the nutrient transport concerns [33].
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2.2  �Maglev

Recently, magnetic forces have been manipulated to facilitate 3D tissue engineering 
of keratinocyte epidermal sheets [34]. Originally, this method fed magnetite cat-
ionic liposomes to human keratinocytes, which were then seeded into ultralow-
attachment plates. A 4000 G magnet was then placed under the culture well to pull 
the cells downward. Due to the magnetic force applied, keratinocyte epidermal 
sheets not only formed stratified layers, but also grew detached from the bottom of 
the plates within the culture medium, making collection relatively easy.

In contrast to the downward force in the keratinocyte study, magnetic levitation 
(maglev) of cell cultures involves magnetic nanoparticle co-culture to levitate cells 
to the upper surface of media. Typically, low-magnitude magnetic fields in the range 
of 30–500 G are used to levitate cells, because stronger fields can influence cell 
behavior [35, 36]. Once collected at the top surface of the media, the cells can inter-
act to form larger 3D structures. Maglev techniques are now typically performed by 
introducing a nanoparticle assembly of magnetic iron oxide and gold nanoparticles 
to render the cells magnetic [37]. Once magnetized, cells can be manipulated by 
external application of permanent magnets.

Human bronchiole co-cultures of pulmonary endothelial cells, bronchial epithe-
lial cells and pulmonary fibroblasts in a magnetically levitated system were able to 
produce highly organized ECM, composed primarily of collagen type I similar to 
the native lung [38]. The maglev system was able to better facilitate ECM produc-
tion, because collagen type I produced in 2D cultures can only localize around the 
cell in its structurally restrictive state [38]. Likewise, in white adipose tissue cul-
tures, the autocrine ECM provided the scaffold within which cells adhered to form 
a 3D structure and negated the need for artificial scaffolds such as Matrigel [39]. 
Much like other forms of tumor spheroid culture methods, maglev cultures of 
human adenocarcinoma of alveolar basal epithelial cells and A549 cells not only 
form spheroids but also maintain epithelial phenotype and function as shown by 
immunohistochemical staining patterns [40].

Advantages of maglev cultures include ease of use, applicability to a variety of 
cell types, and low cost. The materials used in this application are nontoxic and do 
not induce an inflammatory response in cultured cells. They also allow for greater 
spatial control and the production of physiologic ECM structures. Conversely, iron 
oxide within the nanoparticle assembly can cause a brown discoloration within the 
culture, which can interfere with various imaging modalities such as brown IHC 
colorimetric markers and confocal imaging that requires long light path lengths 
through the microtissue. Incomplete nanoparticle incubation results in adherence to 
the plate rather than levitation and can limit the number of useable cells. However; 
the use of ultra-low attachment (ULA) plates can limit this effect. While maglev 
culture has high potential, the use of magnetic nanoparticles on cells adds an 
unknown that could subtly influence cell behavior.
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2.3  �Rotating Wall Vessel

In an effort to test cellular behavior in microgravity at NASA’s Johnson Space 
Center, Goodwin et  al. invented rotating wall vessel culture in 1992 [41]. In the 
rotating wall vessel format, cells are seeded in a media-filled chamber that rotates 
on a horizontal axis. The rotation keeps the cells in a state of constant falling, pre-
venting interaction and adherence with the vessel walls. Goodwin and coworkers 
initially examined human colon adenocarcinoma cell lines, finding that the cells 
would aggregate and produce spheroids. More recent work using rotating wall ves-
sels seeded cells onto microbeads, which are often functionalized alginate or 
Cytodex, transparent small diameter spheres. As beads tumble and collide with each 
other, cells adhere and contract to aggregate the beads together into a large, single 
organoid, with microbeads occupying the space between cells.

Lung adenocarcinoma A549 organoids, grown by adapting the rotating wall ves-
sel format, exhibited stronger immunostaining of junctional proteins and indicators 
of polarity than 2D cultures [5]. Interestingly, these lung organoids were also more 
resistant to Pseudomonas aeruginosa invasion than their 2D culture counterparts 
and secreted more pro- and anti-inflammatory cytokines, which is indicative of the 
complex negative-feedback seen in vivo. For a more in vivo-like phenotype with 
transformed cells in a rotating wall vessel culture, Vertrees et al. developed cancer 
spheroids in rotating wall vessel culture with collagen type I-coated Cytodex beads 
and BZR-T33 cells (H-ras transfected BEAS-2B) [42]. Prior to adding the trans-
formed cells, the vessel was inoculated with human mesenchymal bronchial-
tracheal cells (HBTC), which are known to generate invasive tumors in vivo. The 
HBTC and BZR-T33 co-culture in rotating wall vessel culture formed spheroids 
that exhibited cell-cell junctions and secreted mucins, similar to the in-vivo 
phenotype.

In a subsequent study, Wilkinson et al. used functionalized alginate beads and a 
mixture of stem cells, including human fetal lung cells and iPSCs, to form organ-
oids in rotating wall vessel cultures [43]. This study demonstrated that fibroblasts 
were critical for connecting the alginate beads. When the organoids were cultured 
without fibroblasts or with the myosin II heavy chain phosphorylation inhibitor, 
blebbistatin, the organoids only loosely aggregated and broke apart under continued 
flow. Immunostaining of the completed organoids were positive for markers of sur-
factant proteins, endothelial adhesion markers, and fibroblast markers, closely 
resembling the immunostaining of adult human lungs. In pulmonary fibrosis, a pro-
gressive disease leading to stiffening of the lung and respiratory dysfunction [44], 
fibroblasts differentiate into highly contractile myofibroblasts, inducing elevated 
expression of α-smooth muscle actin [45, 46]. Wilkinson et al. added a fluorescent 
reporter of α-smooth muscle actin into fibroblasts to measure contractility by 
tracking the cross-sectional area of the organoids [43]. The organoids responded as 
expected to the pro-fibrotic stimulus, TGF-β1, by expressing α-smooth muscle actin 
and contracting the organoid. Although this model resembles pulmonary fibrosis in 
many ways, a hypothesized mechanism of pulmonary fibrosis progression involves 
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alveolar collapse, which was artificially prevented by the alginate beads used in the 
rotating wall vessel culture [46, 47]. Nonetheless, the rotating wall vessel culture 
provides a useful tool to examine complex in vitro lung tissue. To examine the 
potential use of these organoids as a drug screening tool, organoids have been 
formed in a 96-well format by rotating the entire plate. Although organoids formed 
in each well, variability across the plate in distance from the axis generated differ-
ences in centrifugal acceleration of a factor of 9.3, hampering its use in high-
throughput studies.

Despite its shortcomings, rotating wall vessel culture presents intriguing possi-
bilities where it can bridge some of the benefits of Matrigel culture and hanging 
drop culture by using soft microbeads in non-adherent culture. In lung specific tis-
sue cultures, the alginate beads occupy spaces corresponding to respiratory chan-
nels such as alveolar or bronchiolar spaces, thus forcing the organoid to approximate 
native lung structure. Furthermore, flexibility in choice of microbeads and their sur-
face chemistry makes this culture format adaptable to diverse tissue types. Although 
diffusion of nutrients to the center of these organoids may be slow for large organ-
oids (mm scale) as in Wilkinson et al. [43], the surrounding space consists of media, 
making cytokine measurements more feasible than gel-embedded cultures. 
Engineering approaches to scale up the throughput of rotating wall vessel culture 
will be critical for future large-scale adoption.

2.4  �Hanging Drop

The properties of a hanging drop have been used over many decades in cell culture-
applications, such as bacterial motility assays originating from the early 1900s, 
which hold a hanging drop in a concavity on a glass slide [48]. Other applications 
of the hanging drop include detection of microorganisms [49] and characterization 
of sickle cell anemia [50]. Hanging drop cultures of mammalian tissues of the 1900s 
and of current day cell culture are relatively simple and utilize the natural disposi-
tion of adherent cells to aggregate. Using various cell types, Kelm et al. first found 
that consistent and uniform spheroids could be created by dispensing cells and 
media onto a MicroWell MiniTray (Nunc) and inverting the tray to generate hang-
ing drops, which clung to the top surface by surface tension [51]. The method also 
requires no specialized equipment and is adaptable to various cells types.

Hanging drop culture facilitates organoid formation in the absence of exogenous 
cellular attachment surfaces. In this format, single-cell suspensions are pipetted into 
small ~15–50 μL droplets on the lid of a dish. After inverting the lid, the drops cling 
to the bottom of the lid by surface tension. Recently, several labs and companies 
have designed custom microplates with through-holes (InSphero AG and 3D 
Biomatrix) to facilitate easier plate handling [52, 53]. Using the InSphero system, 
Amann et al. have co-cultured non-small cell lung cancer cell lines with lung fibro-
blasts to develop a cancer organoid model [54]. In their model, the co-culture self-
assembled into a solid spheroid, with fibroblasts occupying the core and epithelial 
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cells forming the outer layer. The hanging drop format enabled longer-term 
fibroblast culture without adherence to the dish. A comparison between monocul-
ture and fibroblast co-culture found that the co-culture spheroids developed a more 
compact morphology and a corresponding decrease in cell viability. The reduction 
in viability was attributed to a lack of nutrient transportation through the compact 
spheroid.

In comparison to Matrigel-embedded techniques, hanging drop culture is more 
appropriate for studies of secretion into the supernatant, and it allows for applica-
tions utilizing the air-liquid interface, created by the proximity of organoids to the 
bottom of the droplet, which has yet to be fully utilized. The commercialization of 
hanging drop microplates also enables high-throughput organoid culture. However, 
hanging drop cultures can be delicate and require care to handle as droplets can fall 
from the well if the plate is bumped or shaken [55]. The location of organoids at the 
bottom of the droplet facilitates imaging by inverted microscopy. However, due to 
the high surface area to volume ratio of hanging drops, evaporation can also become 
problematic, particularly during imaging where light sources and lasers produce 
heat. Some new products, such as the multiple pore type plate from Elplasia, have 
recently been developed to address this issue. This microplate forms droplets at 
500 μm pores, which are sufficiently small to withstand hydrostatic pressure from 
moderately large media reservoirs above the pores. The larger volumes can buffer 
against the harmful effects of evaporation. However, the small pore size may pre-
vent formation of large organoids and these dishes have not yet been used for lung 
culture.

2.5  �Non-adherent Cultures

In non-adherent culture methods, culture plates are often coated with non-adherent 
materials, such as agarose, to prevent cells from attaching to the dish, enabling the 
cells to naturally form 3D structures. Agar or agarose-coated plates have been used 
to induce tumor spheroid formation [56], sometimes with the aid of Matrigel [57]. 
Other commercially available ultra-low attachment (ULA) plates are coated with 
hydrophilic, neutrally charged surface moieties that force cells into a suspended 
state and enable the formation of 3D structures.

A comparison of agar-coated plates and ULA plates in the formation of spher-
oids using 40 different cell lines, including lung adenocarcinoma (NCl-H23), found 
that ULA plates were more advantageous  for generating robust spheroids [56]. 
Spheroids grown in ULA systems were larger, showed a more compact structure, 
and were also more suited for image analysis due to the variability in thickness of 
agarose-coated plates [56]. Recent studies of novel materials, such as the 
NanoCulture plates with nanoscale rectangular grid patterns that prevent cell adhe-
sion, found that some cell lines form tight spheroids, while others only loosely 
aggregate [58]. Thus, choice of cell line can also contribute to spheroid-forming 
ability, as is the case with many culture methods.
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In another examination of multidrug treatments, two human non-small cell lung 
cancer cell lines (INER-37 & INER-51) were seeded onto agarose-coated wells 
[59]. These cells formed compact spheroids. INER-37 spheroids were small and 
tightly packed, while INER-51 spheroids had a tightly packed outer ring of cells and 
loose cells on the inside. However, both cell lines displayed strong resistance to 
multiple chemotherapeutics in 3D culture. Overall, non-adherent materials have 
thus far proven useful in the application of 3-D tumor spheroid models resembling 
in vivo tumors.

3  �Discussion

Lung organoid cultures are promising techniques that may make in vitro testing 
more predictive of in vivo behavior. In contrast to in vivo models, they also allow 
for the use of human tissues, rather than only animal tissues. In these 3D environ-
ments, lung cells have been shown to exhibit aspects of physiologic behavior, such 
as organogenesis, inflammatory response, and fibrosis (Table 1). The various tech-
niques presented in this chapter each provide specific advantages and limitations. 
Lung organoids have been formed in hydrogels and in suspension culture formats, 
with reports from both techniques showing hollow acinar morphology and lung-
relevant protein expression. Hydrogel culture, such as Matrigel, provides extracel-
lular matrix and tunable mechanical stiffness, but suffers from low diffusivity and a 
lack of air-liquid interface. In contrast, suspension cultures, such as hanging drop, 
magnetic levitation, and rotating wall vessel, trade mechanical control for modular-
ity and improved nutrient transport. Likewise, microbead cultures provide interme-
diates. Many of these techniques are readily replicated without specialized 
equipment and can be modified to utilize various tumorigenic cell lines, including 
those found in the respiratory tract.

Tumor organoids have been touted as having applications both in preclinical 
drug discovery as well as having potential to have applications in point-of-care test-
ing. Recently, Henry et  al. [61] generated lung spheroids from healthy human 
donors in ULA culture plates. Pulmonary fibrosis was induced with bleomycin in 
severe combined immunodeficient (SCID) mice, which were then intravenously 
injected with the previously generated human lung spheroids as therapeutic lung 
progenitor cells. Spheroid treated mice showed an inhibition of fibrosis, tissue infil-
tration, and cell apoptosis, but promoted angiogenesis compared to controls. Both 
grossly and histologically, spheroid treated mouse lungs indicated an amelioration 
of the fibrotic effects of bleomycin [61]. Applications in cancer research are vast 
and such studies can build on the concepts of Henry et al. to lead to the development 
of personalized therapeutic treatments.

To date, lung organoid culture has produced insights into developmental biology 
[6, 7], but many fields could benefit from further investigation with lung organoids. 
Following reports of physiologic behavior, lung organoids have been developed 
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with specific built-in assays, such as the fibrosis model with contraction and gene 
transcription reporting [43]. Moreover, typical assayable endpoints for lung organ-
oid culture include sublethal endpoints, including DNA damage and cytokine secre-
tion [60]. Other measurable outputs which have been used in microfluidic or 
organoid cultures and applied to organoid cultures include barrier integrity charac-
terization, such as immunostaining of tight-junction proteins occludin, ZO-1 and 
ZO-2 [62]; cell markers MUC5AC, E-cadherin and cytokeratin [24]; or various 
imaging modalities. Presently, confocal laser microscopy, multi-photon micros-
copy, transmission electron microscopy and scanning election microscopy have 

Table 1  Techniques for lung tumor organoid culture

Method Cell type Structure References

Matrigel Multiple – Differentiated from 
pluripotent stem cells & fetal human 
lung fibroblasts

Cyst-like spheroids [23]

Human bronchiole epithelial cells 
(HBEC3)

Branching with 
overlay; hollow lumen 
with embedded

[25]

Human bronchial epithelial cell line; 
human lung epithelial adenocarcinoma 
(A549); human umbilical vein 
endothelial cells (HUVEC)

Spheroids with 
vasculogenesis 
branching

[26]

Human embryonic; induced pluripotent 
stem cells (iPSC)

Immature alveolar 
airway like structures

[24]

Maglev Human pulmonary microvascular 
endothelial cells; human bronchial 
epithelial cells; human pulmonary 
fibroblasts; human tracheal smooth 
muscle cells

Layered spheroid [38]

A549 Layered spheroid [40]
Human prostate cancer epithelial; 
human lung fibroblast (HLF-1)

Spheroid [37]

Hanging 
drop

A549 Spheroids [60]
A549, human lymph node (Colo699); 
human lung fibroblast (SV-80)

Layered spheroids [54]

Rotating 
wall vessel

A549 Multi-luminal 
aggregate

[5]

Bronchiole epithelial, transformed 
(BZR-T33)

Spheroid [42]

Human fetal lung 18- to 20-week old; 
adult lung-derived iPSC

Multi-luminal 
aggregate

[43]

Non-
adherent

Human non-small cell lung cancer 
(INER-37 & INER -51)

Spheroid [59]

Lung adenocarcinoma (NCl-H23)
40 various tumor cells lines

Spheroid [56]
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been applied to organoid imaging with varying techniques for resolving the archi-
tecture of 3D constructs [8]. Further work is needed to expand this repertoire of 
measurements, address current limitations of each technique, increase throughput 
and reproducibility, and finally to implement lung organoid culture for biological 
and pharmaceutical investigation.
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Abstract  The development of novel and consistent biologic surrogates for drug 
discovery, toxicology, and cancer research is presently intense and involves a grow-
ing number of research groups and institutions around the world. The Twilight of 
the days of immortalized cell lines as the workhorse of most of our drug develop-
ment and cancer research efforts seem now to be heading to their end with the 
introduction of body-on-a-chip platforms, bioengineered tissues and stem cell 
organoids. In this chapter, we describe the fundamental work and the different 
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strategies that lead to some of the breakthroughs in the generation of hepatic tissue 
ex vivo. Lastly, we define its increasing use and applications by pharmaceutical 
industry and research laboratories.

Keywords  Liver tissue engineering • Drug discovery • Toxicology • Cancer • 3D 
cultures

1  �Introduction

The necessity of reliable biologic surrogates for drug discovery, toxicology, includ-
ing more basic biology disciplines – like cell biology, biochemistry, cancer, etc. – 
has been a constant source of research and concern [1]. From the early days of the 
first immortalized cell culture lines (including the world famous HeLa cells [2]) to 
body-on-a-chip platforms there are roughly 60 years of intense research and devel-
opment (R&D) work.

In the particular case of the liver, it is one of the most important organs in metab-
olism and homeostasis, since it plays a critical role in these physiologic functions. 
It is responsible for the production of many proteins, vitamins, lipids, carbohy-
drates, carries on the detoxification of several metabolites and synthesizes sub-
stances necessary for homeostasis and digestion. Hence, since early on, the culture 
of primary hepatocytes became a priority, to capture liver’s vital role in xenobiotic 
metabolism and human physiology in a petri dish. In this line of work, hepatocyte 
isolation started in the mid-1960s, when Howard et  al. isolated rat hepatocytes 
developing a combined mechanical/enzymatic digestion technique, later improved 
by Berry and Friend [3, 4]. This method was additionally enhanced by Seglen to 
become the two-step collagenase perfusion technique, still widely used in today’s 
laboratories [5].

Despite these advances in isolation and cell culture, culturing primary hepato-
cytes was never a trivial and easy task. In 2D cultures, they showed a natural pro-
pensity to suffer de-differentiation into fibroblastic-like cells and lose their 
liver-specific functions, since these types of cultures did not reproduce their physi-
ologic niche.

It was not until 1989, that Dunn JC et al. finally published a reliable and secure 
method to extend their in vitro viability and function by culturing them in a col-
lagen I gel sandwich, becoming the gold standard culture method still in use today 
[6]. Although, even by extending their viability in vitro, function decays rapidly 
with time, limiting their use in drug metabolism and toxicology to the initial days 
of the culture. These prompted researchers in the field to look into other culture 
configurations that could maintain function and viability at higher levels for a 
longer time.
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2  �Strategies for the Generation of Hepatic Tissue

2.1  �Hepatocyte Aggregates and Spheroids

Spheroids are spontaneous non-adherent aggregations of cells that form a 3D tissue 
construct. Primary hepatocytes are capable of creating these structures called hepa-
tospheres, where the majority of attachments among cells and extracellular matrix 
are preserved, being this essential to maintain both hepatic differentiation and func-
tionality [1]. Studies in primary rat hepatocyte spheroids have demonstrated that 
they can recreate the liver’s microanatomy [7].

However, size is an important aspect in the formation of spheroids that needs to 
be always kept in mind size [8]. Glickis et al. found that cell viability decline with 
increasing spheroid size. They created a mathematical model based on his group’s 
observations that hepatocyte spheroids larger than 100 μm might block the diffusion 
of oxygen causing necrotic areas in their core [9].

In a first step, the spheroids originate small cell aggregates stimulated by integrin-
ECM binding. These multiple multicellular aggregates give rise to a spheroid via 
cadherin-cadherin interactions. Hence, spheroid assembly represents the most 
energy efficient structure by minimizing their surface.

In 1961, Moscona et al. described how from individual embryonic cells it is pos-
sible to generate in vitro tissue-like constructions under standard controlled condi-
tions [10]. The term aggregation pattern began being used to describe the capacity 
of different cell types in certain conditions to give rise to aggregates within 24 h. 
However, it was not until the 1980s when Landry et al. started to use the word spher-
oids to describe 3D cellular aggregates [11]. In this work, isolated rat liver cells re-
aggregate and form structures very similar to those that we can find in vivo when 
prevented from attaching to a solid surface. This way, the cells produced their own 
ECM and hepatocytes can preserve their metabolic functions [11].

The key in the spheroids formation is to discover a reproducible protocol capable 
of rebuilding, in the case of the liver, the hepatic tissue. Presently, there are several 
techniques to achieve this, such as (1) non-adherent dishes under static conditions, 
(2) agitation cultures or (3) hanging drops.

The simplest way is to seed the hepatocytes in a low adherent well. After an ini-
tial attachment to the surface, the hepatocytes give rise to a monolayer that little by 
little separates from the dish forming spheroids. Also, different conditions like 
uncoated plates with a positive surface charge, coated dishes with albumin, or the 
single elimination of serum factors have been demonstrated to be useful in spheroid 
formation [12]. By contrast, coatings with collagens, fibronectin or laminin inhibit 
spheroid formation since they support hepatocyte adhesion.

Besides static conditions, agitation cultures such as rocked and rotary cultures in 
Petri dishes or bioreactors have been developed to improve spheroid formation. One 
example of this was the development of an innovative bioreactor in 2005 that rap-
idly gives rise to spheroids when loaded with porcine hepatocytes [12]. Compared 
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with monolayer cultures, hepatocyte spheroids from this bioreactor showed less cell 
death and increased metabolic functions [12].

Though, recently it has been demonstrated that rocked cultures increase the 
spheroids formation due to an increment of the number of times hepatocytes clash 
compared with rotary cultures [13].

However, all techniques described above have several drawbacks, among them, 
we can distinguish the necessity of manually achieving a homogeneous population 
of aggregates since irregular geometry is typical. Kelm et al. described a universal 
method to form hanging drops applicable to a lot of cell lines [14]. This culture 
method consists of a few cells in suspension seeded upside down in the lid of a 
culture dish. The hepatospheres formed have high size reproducibility with less than 
10% of variations.

A big challenge in tissue engineering is vascularization; therefore it is critical to 
constructing a functional vascular network. For this reason, the introduction of 
endothelial cells in the hepatocyte spheroids production has emerged as a possible 
solution [15]. Not only due to the intended need of angiogenesis but also to increase 
cell functionality by adding a non-parenchymal cell population.

Stellate cells also have an important role in revascularization after liver injury as 
they secrete laminin between hepatocytes, which will lay down a pathway that will 
give rise to the hepatic sinusoids. Hence, spheroids formed by hepatocytes and stel-
late cells are also an attractive in vitro system that has today great potential in drug 
discovery and many other applications [16]. The search for more biologically rele-
vant systems is making scientists more aware of the importance of the hepatic non-
parenchymal cell populations when assembling these cellular structures.

2.2  �Liver Tissue Engineering

Up to date, only liver transplantation provides treatment for a huge variety of end-
stage liver diseases. Due to the shortage of liver donors, hepatic tissue engineering 
has become a promising strategy for the treatment of different liver diseases. In this 
quest, a large effort has been dedicated to the development of suitable supporting 
biomaterials that mimic the liver extracellular matrix (ECM) and that allow steady 
cell growth, the maintenance of their differentiation and metabolic functions, and 
hepatic tissue organization with the mechanical and biological properties observed 
in vivo. As mentioned above, it is also fundamental to identify the most appropriate 
cells, to recapitulate in vitro the natural liver microarchitecture, comprised of mul-
tiple cell types. Under specific stimuli, these cells should interact with neighboring 
cells and the ECM and form liver parenchymal tissue, which could then be trans-
planted into patients to repair damaged tissue and increase liver function. From this 
point of view, this tissue engineered liver constructs are also excellent biological 
surrogates for the most multiple biomedical and pharmaceutical applications. 
Hence, we will provide a short review of some of the efforts in this area.
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Briefly, different types of biomaterials have been used to date, and alginate scaf-
folds constitute one of the most widely used in tissue engineering due to its hydro-
philic properties, porosity, weak adhesive properties and excellent tissue 
compatibility. Some studies suggest that alginate scaffolds loaded with hepatocytes 
or mesenchymal stem cells (MSC) increase the survival of animal models with 
70–80% partial hepatectomy [17, 18]. Alginate scaffolds can also be used not for 
direct implantation, but for encapsulation of hepatocytes differentiated from bone 
marrow–derived MSC (BM-MSCs) [19]. This represents a new source of hepatic 
cells required for liver tissue engineering, as well as human embryonic (hES) or 
induced pluripotent stem cells (hiPS). These scaffolds are also used to induce hepa-
tocyte differentiation in vitro [20]. Chitosan is another biomaterial used as a scaf-
fold. It consists of linear amino heteropolysaccharide derived from chitin with 
unusual characteristics like low cytotoxicity, high biocompatibility, and high biode-
gradability. Its structure is very similar to the glycosaminoglycans (GAGs) present 
in the liver ECM.  In this study [21], Shang et al. built a hybrid sponge made of 
galactosylated chitosan and hyaluronic acid to mimic the liver microenvironment 
and seeded hepatocytes and endothelial cells.

As mentioned above, type I collagen has also been used extensively for hepato-
cyte in vitro models. Because these cells lose their differentiated functions in 2D 
cultures, collagen sandwich consists of a matrix for cell attachment, allowing 
hepatic polarity and maintenance of their differentiated functions [22]. This is due 
to the capacity of sandwiches to mimic liver microenvironment, promoting cell-cell 
and cell-ECM interactions [23]. In other studies [24], like Melgar-Lesmes et al., 
people have used collagen constructs to seed endothelial cells. These matrices were 
then transplanted into living animals, showing liver damage reparation, suggesting 
that endothelial cells play a critical role in hepatic repair. Ranucci et al. bet on the 
utilization of void size collagen foams to induce rat hepatocyte differentiation, sug-
gesting that pore sizes of the substrate (collagen I in this case) are quite relevant for 
particular cell morphogenesis [25]. Hyaluronic acid is another example. It consists 
of one of the main components of the ECM and plays a significant role in cell pro-
liferation and migration. It is also commonly used for liver tissue engineering as a 
scaffold for cell growth [26, 27].

Not only naturally-derived materials have been used in liver tissue engineering 
efforts. Due to historical reasons, polyglycolic acid (PGA) scaffolds have been 
extensively used at the beginning of this field of science to generate hepatic tissue 
when seeded with primary hepatocytes, showing some albumin and urea secretion 
capability [28, 29].

More complex composite biomaterials have also been designed. The use of some 
of the compounds described above (chitosan, gelatin, type I collagen and hyaluronic 
acid) plus a conducting polymer: 3,4-ethylenedioxythiophene (PEDOT) [30]. The 
reason for the use of this polymer is to conduct charges to make local electrical 
fields inside of the scaffold, which would improve cell attachment, proliferation and 
protein expression of the seeded cells.

Recently, another innovative technique is to use acellular matrix derived from 
cells in culture. Kanninen et  al. [31] demonstrated that after seeding hiPS in a 
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HepaRG-derived acellular matrix, this matrix induced hepatic commitment of the 
hiPS, suggesting the importance of HepaRG acellular matrix in hepatic differentia-
tion and maturation. Tiwari et at. also used these type of acellular scaffold, in this 
case, to seed hematopoietic stem/progenitor cells for its expansion [32].

Hence, despite the different strategies chosen by the multiple authors described 
above, most of the generated hepatic tissues reported have shown some degree of 
functionality, either in transplantation or in vitro assays. However, the end goal of 
producing bona fide hepatic tissue in vitro with the complexity observed in vivo is 
still distant in most of the presented cases.

2.3  �Liver Bioengineering and Liver Organoids

In the past years, organ bioengineering has flourished, and several techniques have 
proved to be suitable candidates for the job at hand. Most strategies have relied on 
scaffolds with increasing complexity to replicate the liver microarchitecture and 
niche better, but there is also some work done in scaffold-free organogenesis focused 
approaches.

Recently, there has been an alternative to the approaches mentioned above, in 
which instead of trying to produce liver tissue or hepatic niche cell cultures and co-
cultures, researchers have been thinking of the more sophisticated alternative of 
whole bioengineering liver or physiologically relevant liver structures like liver 
lobes, liver buds, liver vasculature and ducts.

So far, the most widely described technique for liver bioengineering is the use of 
decellularized liver scaffolds for liver regeneration. In this technique, the rationale 
is that if the ECM remains in good condition after decellularization, then the differ-
ent components of the ECM will serve as a guide for the cells and will aid not only 
in the attachment but also in the formation of the various structures that characterize 
hepatic tissue. This kind of approach is based on a two-step process, the decellular-
ization step and the recellularization step.

For decellularization, since the objective is to remove all cells and cellular mate-
rial, protocols are based on the combination of various cell-damaging factors such 
as freezing/thawing cycles, hypotonic stress, enzymes, shear stress and lipid surfac-
tant action. The chemical action of detergent solutions is the most widely described 
method for dense non-hollow organs such as the liver. These solutions are perfused 
throughout the vasculature to detach the cellular material from the ECM so that only 
the structured ECM remains. As far as these solutions go, there is a tendency for the 
use of detergents such as Triton X-100 and SDS [33–37], but there have also been 
various other papers using solutions ranging from enzymes such as trypsin to che-
lating agents such as EDTA or EGTA [38, 39]. Additionally, there have been suc-
cessful attempts while using as an inlet the vena cava, the portal vein, and the hepatic 
artery, as well as using fixed flow [35], fixed pressure [36] or even oscillating condi-
tions [37].
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After this step, again through perfusion, hepatocytes, stellate cells, endothelial 
cells and various other cell types can be used to repopulate the obtained scaffold. 
Some examples include the repopulation with mesenchymal and endothelial cell 
lines for vascular regeneration [40] or the repopulation with hepatic cell lines for 
metabolic, viability or functional assessments [34, 41].

A very similar approach to the one mentioned before relies on the substitution of 
the decellularized liver scaffold with an artificial biomimetic scaffold. By using an 
artificial scaffold, some issues pertaining the utilization of an animal-derived scaf-
fold would be eliminated such as the possibility of transmission of zoonotic dis-
eases and the vast ethical constraints associated with products of animal origin. As 
the objective is to create a structured microenvironment that resembles the natural 
liver ECM in which the cells can generate functional, structured and vascularized 
liver tissue, the artificial scaffold has to provide both support and a plethora of dif-
ferent cues to direct the cells towards the desired goal, liver organogenesis. So, to do 
just that, a biomimicry approach reliant on biofabrication techniques such as 3D 
printing, can be used. Either to generate an artificial scaffold, which can then be 
seeded with the desired cell types or to produce an already seeded scaffold/tissue if 
the cells are present in the printing solution (bioprinting) [42–46].

A different tactic, when compared to the previous ones, is to rely on the multipo-
tency of progenitor cells and their ability of self-organizing into complex structures. 
In this way, through the study of developmental biology, protocols could be designed 
to mimic the natural conditions that lead to liver organogenesis. So far, the most 
relevant example is the liver bud experiment [47, 48], in which by controlling the set 
of conditions to which a 2D co-culture of iPS-derived hepatocytes, MSCs and 
hUVECs is exposed to, this culture contracts into a 3D budding structure reminis-
cent of a liver. It is worth mentioning that in this trial, the liver bud was able to form 
a non-functioning vascular network and rapidly emulated an adult liver when con-
nected to a working vasculature (when transplanted). Additionally, it has been 
shown to be functional as it helped rescue drug-induced lethal liver failure models.

Other experiments related, pertain to the creation of hepatic/liver organoids from 
hepatic cell lines that even without having all of the defined organ structure, still 
show function and regenerative capabilities, such as the ability to generate new bile 
ducts or the actual organoid development from a single cell [49]. Liver organoids 
have also been obtained by using hydrogels in microfluidic settings [50], and similar 
results like the development of bile duct have also been achieved through encapsula-
tion in alginate [51].

2.4  �Future Perspectives

Regarding applications of liver bioengineering strategies, the most prominent (and 
most distant) one is transplantation. When considering this target, one must con-
sider all of the safety concerns common for all medical applications and for that 
each different technique shows its strengths. When thinking of an off-the-shelf 
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product for transplantation, the fastest option would be to have already a full liver 
ready for transplant, which is incompatible with an autologous and theoretically 
safer transplant. This fact leads to two routes, one being the production of sterile 
scaffolds ready to be seeded with the patient’s cells to generate a functional, trans-
plantable liver or the production of allogenic bioengineered livers. Regarding 
Immunogenicity, the primary concern is the cells since natural scaffolds do not 
seem to trigger an intense immune response and in the long term are completely 
substituted by the patient’s own ECM (scaffolds are bioabsorbed completely in 
90 days [52]). Artificial scaffolds meant for this aim will have to be designed and 
prepared so that they pass all quality controls for medical use.

Other more easily achieved, and just as critical applications, include disease 
modeling, and drug testing. For these requests, the liver buds appear to be excellent 
candidates as if the study is a disease that causes liver malformation. In these cases, 
development of the liver bud can be easily followed. Other diseases can also be 
observed and studied over time with this strategy. Drugs can also be tested in this 
system to study not only normal parameters such as efficacy/toxicity and drug 
metabolism but also the effect of drugs in liver organogenesis. Other liver bioengi-
neering strategies like biofabrication [42, 53] and liver organoids [50] can also be 
used for this kind of applications.

3  �Drug Development and Toxicology

3.1  �Need of Engineered Liver Tissues for Drug Development

To launch a single drug into the market is a very hard (12–15 years) and costly ($3 – 
$5 billion) process [54]. After an initial screening, lead candidate compounds are 
characterized in  vitro and in  vivo for their ADME-Tox (absorption, distribution, 
metabolism, excretion and toxicity) properties before proceeding with clinical tri-
als. However, most of the compounds (>90%) fail during these final stages. 43% of 
these failures occur due to a lack of efficacy and 33% due to the appearance of 
adverse effects [55], particularly in the liver, a phenomenon known as DILI (drug-
induced liver injury) [56]. Taking into account that the liver is the organ where most 
drugs are metabolized and transformed to metabolites/active compounds, some of 
these substances by-products may result toxic to the own liver and the rest of the 
body. Hence, drug withdrawals at clinical stages in humans are mainly due to the 
use of inappropriate/inaccurate in vitro and in vivo liver models in the course of 
drug studies.

On the other hand, the liver is the target organ of some very common current 
diseases, such as infectious HBV, HCV [57], malaria [58], overnutrition-induced 
(type 2 diabetes, NAFLD, fibrosis, cirrhosis) [59–61] or tumoral diseases (hepato-
cellular carcinoma represents the 6th most common cancer worldwide) [62].
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Considering all the above, liver models result necessarily for the development of 
novel drugs, not only for the study of xenobiotics metabolism and toxicity but also 
for the development of specific drugs for liver diseases. Hence, more realistic 
in vitro human liver models that resemble as closely as possible in vivo liver struc-
ture, physiology and pharmacological response are needed.

3.2  �Limitations of Current In Vitro Liver Models to Test Drugs

As mentioned above, maintaining liver parenchymal function ex vivo results essen-
tial to generate stable systems for efficacy and toxicology drug studies, so fully 
functional hepatocytes are needed. For that, the 3D relationship of cells within the 
differential microenvironments of the liver (e.g. periportal versus pericentral), the 
regional hemodynamic flow patterns, and other physiological factors, such as oxy-
gen tension and cytokine profiles have to be simulated in vitro. However, current 
cell-based models that are routinely used in drug testing are simple monoculture 
systems (typically standard microtiter plate formats) employed under static, non-
physiologic conditions, that makes them suboptimal models for drug efficacy and 
safety testing, unable to mimic or predict more complex mechanisms of action [63].

Hepatocyte viability in suspension decreases significantly after 4 h [4]. Because 
of that, for years cryopreserved human hepatocytes in monolayer cultures have been 
the gold standard to test drug metabolism and toxicity [64]. However, cryopreserva-
tion also reduced hepatocyte viability, and function [65] and their culture in mono-
layer downregulate cell receptors involved in cell-cell and cell-extracellular matrix 
interactions, reducing drastically cell functionality over time [64]. The development 
of 2D cultures models, such as sandwich culture, allowed for increasing basal and 
induced drug-metabolizing enzyme activities and simulating in vivo biliary excre-
tion rates [64, 66]. However, dedifferentiation of hepatocytes in long-term cultures 
and the lack of non-parenchymal cells that interact with hepatocytes continued 
being inherent disadvantages of these models [67]. The co-culture of hepatocytes 
with other liver cells, such as stellate cells, Kupffer cells, liver sinusoidal endothe-
lial cells or liver epithelial cells diminishes to some extent these limitations, improv-
ing longevity/functionality of cells and producing higher expression of CYP and 
Phase II isoforms than in monotypic culture [68–71]. Nevertheless, co-cultures are 
usually based on the random mixing of different cell types and, thus, do not account 
for their particular anatomical relationship. More recently, looking for more rele-
vant models, to emulate three-dimensional organization and morphology of hepato-
cytes within the liver, 3D cultures have been developed. 3D cultures range in 
complexity from monotypic or heterotypic spheroids [72, 73] to 3D scaffold sys-
tems [1] or more advanced models using microfluidic in  vitro systems [1, 74]. 
Multiple commercial 3D co-culture platforms have been developed for drug screen-
ing and drug studies, such as the “Hepatopac” platform [75]; the 3D InSight™ 
Human Liver Microtissues of Insphero, the HepaChip® in vitro microfluidic system 
[76] or the Hμrel® microliver platforms [77].
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Today, despite the fact that some issues have been addressed for certain applica-
tions with the models mentioned above, others continue to be biologically and tech-
nically challenging [66, 78].

3.3  �Organoids in Drug Development

Organoids represent more complex models that try to simulate three-dimensional 
cell-cell and cell-ECM relationships in more relevant physiological conditions 
which mimic liver microenvironments arrangement and result amenable to high-
throughput screening of compounds and feasible enough to guarantee long-term 
studies.

The optimal liver role is not only dependent on the coordinated function of the 
parenchymal and non-parenchymal cells within the hepatic acinus but also depen-
dent on hepatic blood microcirculation. Aspects of the microcirculation can be sim-
ulated in vitro, via perfusion models, to create a dynamic in vivo like environment. 
In the last years, different macroscopic perfused in  vitro liver systems, initially 
developed as bioartificial liver devices, have been created [74], providing evidence 
that perfusion can improve longevity and function in sophisticated hepatic systems, 
and thus show a better in vivo mimicry. Although these models represent the most 
physiologically practical systems, their size makes them unfeasible to be used in 
drug testing studies, as they lack the throughput and analytical flexibility for drug 
screening. The use of these organoids in drug development involves their miniatur-
ization to a microscopic level. This new class of in vitro tools, often called “on-a-
chip” tissue models, can mimic the architecture of small tissue sections and 
individual characteristics of the dynamic in vivo flow environment, while also offer-
ing more precise spatial and temporal control of soluble factors. These models, 
apart from resulting amendable to high throughput screening approaches, can be 
engineered for a real-time monitoring of the state of cells and their extracellular 
environment, which is crucial for determining cellular mechanisms of action in 
drugs [74].

Several organoid systems have been developed for drug screening and testing. 
One of the best examples of these organoids rests on microfluidic systems. Already 
in 2006, Kane et al. developed a microfluidic co-culture system of hepatocytes and 
T3-J2 fibroblasts in an 8  ×  8 well array, demonstrating stable albumin and urea 
excretion for 32  days. Some years later, Hμrel Corporation developed a similar 
microfluidic in vitro liver platform for drug screening with commercial purposes 
(Hμrelflow TM) [77]. This platform, formed by multiple fluidically interconnected 
microscale cell culture compartments, enables simulation of the interaction of test 
substrates with two or more organs which provide an enhanced prediction of human 
response. In fact, in vivo-like absorption, distribution, metabolism, bioaccumula-
tion, and toxicity of naphthalene were demonstrated when lung, adipose, and liver 
cells were fluidically connected [77]. Furthermore, the size of the system enabled 
microscopic imaging, oxygen sensing, physiologically appropriate ratios of chamber 
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sizes, hydrodynamic shear stress and less consumption of media and cells. Even so, 
some issues, such as sample removal, complexity to maintain recirculation, cell 
monolayers on chips and not physiological tissue constructs limit the model signifi-
cantly. Some years later, Au et al. developed another microfluidic model, a micro-
fluidic organoid for drug screening (MODS) platform [79]. The novelty of this 
system comparing with previously developed MODS, was the ability to evaluate 
different conditions simultaneously and the automation of time-consuming pro-
cesses such as the generation of mixtures and the formation of serial dilution series, 
which can result in more efficient screening of lead drug candidates. Recently, 
Vernetti et al. have developed and characterized a sophisticated system for investi-
gating drug safety and efficacy in liver models of disease. This system includes a 
human 3D microfluidic four-cell sequentially layered, self-assembly liver model 
(SQL-SAL), and furthermore, fluorescent protein biosensors for mechanistic read-
outs and a microphysiology system database (MPS-Db) to manage, analyze, and 
model data [80].

Hollow fiber reactors have also been adapted to drug testing. In 2010, Schelzer 
et al. developed a microscale prototype of a hollow-fiber reactor. In this model, the 
bioreactor consisted of four cell chambers each of which included four compart-
ments, (one for cells, two for culture medium, and the last one for oxygen supply) 
connected to provide the cells with a physiologically-based environment [81]. The 
prototype allowed for small numbers of cells and limited reagent use, microscopic 
evaluation of the cells and monitoring of oxygen concentrations. Later, a similar 
system with co-culture of parenchymal and non-parenchymal liver cells was also 
developed for studies of pharmacokinetics and drug toxicity, showing maintained 
albumin synthesis and CYP activity for 2–3 weeks [82]. Nevertheless, some limita-
tions also arise in this kind of systems, such as the lack of physiologic gradients 
typically seen in liver tissue, the complexity of many tubing lines or the limited 
throughput since only a few different conditions can be assessed simultaneously.

As also mentioned above, decellularization constitutes a novel approach in liver 
models [33, 83]. This macroscopic model that can be used to investigate the liver 
development and regeneration can also be miniaturized for high-throughput drug 
studies.

Apart from physiological models, in the last years, organotypic models of liver 
diseases are also being developed for drug testing. Drug metabolism, toxicity, and 
efficacy in diseased livers differ substantially comparing with healthy conditions, so 
accurate models of disease are required. In this sense, Skardal et al. developed liver-
based cell organoids in a rotating wall vessel bioreactor that inoculated with colon 
carcinoma cells to generate liver-tumor organoids for in  vitro modeling of liver 
metastasis [84]. Recently, Leite et al. have developed hepatic organoids with fibrotic 
features, such as hepatic stellate cell activation and collagen secretion and deposi-
tion, for the study of drug-induced liver fibrosis [85]. Similarly, Lee et  al. have 
generated a reversible- and irreversible-injured alcoholic liver disease model in 
spheroid-based microfluidic chips where rat primary hepatocytes and hepatic stel-
late cells (HSCs) are co-cultured [86].

Tissue Organoids: Liver



28

Although enormous advances have been made in the last years to developed 
more realistic and predictive in vitro liver models for drug testing, the field is still 
dawning. There are critical issues that should be solved for the field to move for-
ward. Standardizing model/platform characterization for drug-based studies (viabil-
ity, secretory capacity, enzymatic and toxicology activities and drug transporter 
activity should be established for each model). Building specificity and sensitivity 
of the systems, recreating more accurately parenchyma zonation, developing better 
detection systems and better materials [74], or finding new unlimited fully func-
tional cell sources [87] are some of the challenges to face today in the development 
of in vitro liver models for drug studies.

3.4  �Cancer Research

Liver cancer leads to a considerable number of cancer-related deaths worldwide. 
Primary liver cancer, hepatocellular carcinoma (HCC), is the 5th most frequent can-
cer and the 3rd leading cause of cancer death. Approximately 700,000 people die 
because HCC every year [88]. Moreover, metastasis to the liver is a common occur-
rence in patients with cancer affecting other organs, usually by hematologic dis-
semination. The presence of liver metastasis changes dramatically patient’s survival, 
leading to the 2nd highest number of cancer-related deaths in the U.S [89].

In the majority of in vitro models of carcinogenesis tumor growth and metastasis 
are not optimal. The 2D models cannot represent the complexity of in vivo cancer 
architecture and the interactions between the healthy tissue and cancer cells. Liver 
organoids, as described above, are 3D in vitro cultures that can replicate much better 
the microenvironment of in vivo tissue. For this reason, organoids can be useful to 
evaluate better the cellular changes that lead to tumorigenesis and cancer progres-
sion [90, 91]. Further, organoids 3D culture could serve as a model to test cancer 
response to a drug. Drug diffusion kinetics and metabolism change dramatically in 
3D culture. Probably because in this context it is also possible to reproduce the 
interactions between cells and matrix, that are not well recreated in 2D models. This 
hypothesis could explain why drugs that are effective in 2D models are often inef-
fective when tested in patient [90, 91].

Primary organoid culture including epithelial and mesenchymal cells has been 
successfully used in pancreatic, gastric and colorectal cancers [90, 91]. Nowadays, 
unlike other cancers, there is a lack of evidence and data published about utilization 
of liver organoids in primary liver cancer research, such as HCC and intrahepatic 
cholangiocarcinoma. Only one study released by Kosaka et al. has evaluated the 
application for cytotoxicity assay of alcohols of spheroid cultures of human hepato-
blastoma cells (HuH-6 line) [92].

Recently liver organoids have been used for in vitro modeling of liver metastasis 
of colorectal adenocarcinoma [84]. Skardal et al. have evaluated the role of liver 
tumor organoids for modeling tumor growth and drug response in  vitro. In this 
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work, the authors created a liver-based cell organoid in a rotating wall vessel 
bioreactor that then was inoculated with colon carcinoma cells (CCC). The authors 
observed that there was a clear phenotypic difference between CCC cultivated in 2D 
and those inoculated in the liver organoids. In particular, inoculated CCC present a 
transition from an epithelial to a mesenchymal phenotype showing weak expression 
of ZO-1, E-cadherin, and vinculin, cytoplasmic expression of beta-catenin and 
expression of N-cadherin and MMP-9. All these changes suggest a switch to a mes-
enchymal, mobile and metastatic phenotype, similar to those of the metastatic CCC 
in vivo. CCC cells in the 2D culture did not present these changes and showed an 
epithelial phenotype. Another aim of the study was to evaluate the potential role of 
organoids as a model for drug screening studies. The authors were able to demon-
strate that modification of WNT signal pathway through its activation or inhibition 
could modify the response to 5-fluorouracil [84].

The results of this study are an example of the potential of liver organoids in 
cancer research. 3D culture models offer a more accurate environment for the study 
of tumorigenesis and progression. The greater advantage versus 2D models is that 
organoids seem to be a more precise model of the architecture of the tissue in vivo. 
Recently, the introduction of novel biomaterials and biofabrication techniques also 
allowed for a more accurately evaluation of the interaction between cells and ECM.

Finally, the field which liver cell-based organoids seem to have more application 
is the advanced personalized medicine. Liver malignancies affect a considerable 
number of patients and are a leading cause of cancer-related death worldwide. In 
patients with primary liver cancer or liver metastasis future studies may use host-
tissue based organoids to screen pharmacologic agents for activity against tumors 
and toxicity in the normal tissues.

4  �Conclusions

Liver tissue engineering and bioengineering of whole livers are shaping the pres-
ent and potentially the future of regenerative medicine. Nevertheless, the use of 
these lab created hepatic tissues is exploding in multiple biomedical and pharma-
ceutical applications. Most of the organoids, tissues and whole organs described 
above might not be ready for prime time at the bedside, but they already represent 
very accurate liver models to spur a new age of drug testing and discovery. When 
compared to the classic 2D models, their higher metabolic function and bona fide 
physiology are an assurance that we might have finally the tools to change the 
decades’ old models of 2D hepatocyte culture. To the field of toxicological and 
pharmaceutical research, maybe the time to modify the model used in the past two 
decades as come, hopefully changing with it the trend of drug development attri-
tion rates.
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Abstract  The study of the mechanisms that regulate development and tumorigen-
esis is a complex undertaking that requires a variety of model systems to test 
hypothesis that embrace all levels of organization: from single cells to organs. In the 
mammary gland field, the use of three-dimensional culture systems has provided a 
platform to study, in a physiologically relevant setting, cell biology in context. In the 
late 50’s methods to isolate primary mammary organoids were established and since 
then they have been increasingly used to understand cell behavior. In this chapter we 
embrace, in a historical perspective, the key findings carried out using primary 
mammary organoids considering that the broadening of our knowledge will, in the 
future, rely increasingly on this kind of tridimensional culture setting.
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1  �The Mammary Gland

The mammary gland is a particular organ given that most of its development occurs 
postnatally. The overall pattern of growth and differentiation is similar between 
rodents and humans, thus much of what we know about mammary gland biology 
and the mechanisms leading to breast cancer derive from experiments carried out in 
mice and rats. In all species, mammary glands are composed by an epithelium and 
a stroma, separated by the basement membrane. The epithelial compartment is com-
posed of two cell types, luminal epithelial cells that conform the ducts and become 
milk secretory during lactation and myoepithelial cells that surround the luminal 
cells and enable the expulsion of milk from the alveoli [1, 2].

Even though most of mammary gland development takes place postnatally, six 
stages can be identified in this process: embryonic, post-natal, pubertal, pregnant, 
lactating and involuting. Hormones, especially estrogen and progesterone, together 
with growth factors play key roles in the regulation of these stages. Importantly, 
when development goes awry, signaling of these pathways is also altered.

The embryonic stage of development is characterized by the formation of rudi-
mentary epithelial structures from the mammary placodes that invades the sur-
rounding adipose tissue. This process begins at embryonic day (E) 10, with the 
development of milk lines or bilateral stripes of multilayered ectoderm that initiate 
at the forelimb bud and extend towards the hindlimb on the ventral surface of the 
embryo. The mammary line resolves into five pairs of placodes by E11.5. 
Interestingly, the placodes do not arise from proliferation, but from the migration 
and aggregation of ectodermal cells at the mammary line [3]. Pioneering work by 
Cunha determined through tissue recombination experiments that the embryonic 
mesenchyme underlying the mammary line delivers signals that govern the differ-
entiation of mammary epithelial cells [4]. The placodes expand and by E14 form a 
round mass of cells that stem into the underlying mesenchyme [5]. A thin layer of 
fibroblasts surrounds the epithelium. By E16 the epithelial cells reach the fat pad, 
which at this stage is composed of a small number of preadipocytes . This leads to 
the subsequent development of a rudimentary dichotomous branching system. 
Interestingly, these branches are generated without the influence of hormones and 
are only modified with the advent of puberty. Lumen formation takes place between 
E16 and E18 [6]. Apoptosis, autophagy and remodeling are implicated in this pro-
cess [7, 8]. Finally, the formation of the nipple takes place by changes in the skin 
overlying the mammary mesenchyme [9].

At birth the gland is thus a basic ductal system that will accompany body growth 
but will only suffer further development with the onset of puberty, with the rise in 
circulating estrogen levels at week three. The terminal end buds, which are club-
shaped assemblies consisting of an outer layer of cap cells surrounding a multilay-
ered core of body cells, appear at the end of the ducts and are responsible for the 
invasion of the fat pad [10]. Cap cells give rise to myoepitelial cells, forming the 
basal layer of the ductal structures, surrounding the inner luminal cells [11]. The 
ducts elongate and give rise to secondary branches as a result of a process called 
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bifurcation. This tree like pattern occupies approximately 60% of the mammary fat 
pad, which will reach its maximum degree of epithelial development under the 
influence of the hormonal changes that occur with pregnancy. The process of 
branching morphogenesis is complex and regulated by a broad range of factors both 
local and systemic: growth factors, extracellular matrix components, proteases, 
morphogens, and hormones. Estrogen, growth hormone and IGF1 are key regula-
tors of branching morphogenesis in puberty [10, 12]. Growth hormone induces the 
production of IGF1 by the liver, and together with locally produced IGF1 and circu-
lating estrogens are responsible for the formation of the terminal end buds and duc-
tal branching [13]. Estrogen, together with IGF1, is responsible for the proliferative 
surge that is required for branching morphogenesis [14]. Interestingly, estrogen 
receptor is expressed in only a subset of epithelial cells and induces the release of 
amphiregulin that signals through the stroma inducing the production of additional 
growth factors such as FGFs that contribute to the branching process [15–17]. 
Studies in estrogen receptor knockout mice established that signaling through estro-
gen receptor is critical for terminal end bud maintenance and invasion of the fat pad 
[18]. During pregnancy, signaling downstream of progesterone and prolactin regu-
late the increase in side branching and the formation of alveolar structures which 
will be responsible for milk production [19, 12]. Adipose tissue is reduced as prolif-
erating epithelial cells grow into the interductal spaces. Simultaneously, there is an 
increase in vascularization [20]. In progesterone receptor knock out mice both pro-
liferation and differentiation associated to pregnancy are hampered [21]. As with 
estrogen receptor, progesterone receptor in the adult mammary gland is expressed 
in a subset of epithelial cells. RANKL (receptor activator of NFKB1 ligand) has 
been shown to be a key mediator of proliferation induced by progesterone receptor 
[22]. Knock out mice for Rank or Rankl do not develop alveolar structures during 
pregnancy, similar to the progesterone receptor knock out mice [23]. RANKL is 
induced by progesterone in luminal epithelial cells and induces proliferation of PR 
negative neighboring cells [24]. Prolactin, on the other hand, has both systemic and 
local actions. At the systemic level prolactin, which is produced by the pituitary, 
regulates ovarian progesterone production [25]. Locally, in the mammary gland, 
prolactin has been shown to have a direct role on alveolar development and milk 
production acting through the prolactin receptor expressed in luminal mammary 
epithelial cells [26].

After weaning the mammary gland regresses though the process of involution 
which is characterized by massive cell death and tissue remodeling [27], reaching a 
state similar to the one it had before pregnancy. Involution consists of two phases: an 
initial reversible phase that is characterized by apoptosis and detachment of alveolar 
cells. At 48 h phase two begins with the collapse of alveoli, together with protease 
activation, extracellular matrix remodeling and massive apoptosis. Most of the secre-
tory epithelium is lost by day six, and the mammary gland returns to a structure simi-
lar to that found in the virgin mouse [28]. The mammary gland is thus a very versatile 
organ which lends itself as an ideal model system for the study of various develop-
mental processes, implicated not only in normal organogenesis, but also associated 
with alterations in tissue structure and consequently the progression to disease.
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2  �Model Systems to Study Mammary Gland Development: 
2D Vs 3D

Traditionally, and probably due to convenience and reproducibility, tissue culture 
studies have been mostly carried out in two-dimensional (2D) systems. This 
approach has led to a deep understanding of cell biology centered on single cell 
behavior, or to paracrine interactions between identical cells. However, we know 
that cells make up tissues, and these constitute organs that are three-dimensional 
(3D) and reside in a complex extracellular matrix, that not only provides physical 
support, but that additionally contributes key cues that are critical for adequate func-
tion. Thus, relevant in vitro studies aiming at understanding developmental and 
pathological cellular mechanisms should consider this degree of complexity. 
Mammary epithelial cells, in particular, are unable to express tissue-specific genes, 
such as casein and WAP (whey acidic protein), when cultured on 2D. It is only in 
the presence of adequate extracellular matrix components that cells organize into 
structures similar to those found in vivo and thus express tissue-specific genes [29].

The mammary gland field probably is one of the pioneers in establishing com-
plex 3D cultures. Following the work of Michalopoulos and Pitot (1976) who cul-
tured hepatocyes on floating collagen gels [30], the Bissell laboratory used this 
scheme and laminin-rich extracellular matrix to culture primary murine luminal 
mammary epithelial cells [31, 32]. Just as an example of the value of physiologi-
cally relevant 3D cultures, this system led to the discovery of the cues that regulate 
milk production in mammary cells, establishing that laminin-rich extracellular 
matrix leads to in vivo like structural organization, together with the basolateral 
exposure of the prolactin receptor, enabling the secretion of milk proteins to the 
lumen [33]. Laminin-111 was actually shown to induce adequate acinar polarity 
[34]. Thus, even though the general hormonal regulation of milk production was 
known at that time, setting up a tridimensional model in culture enabled the discov-
ery of the fine mechanistic details that govern milk production. Adequate culture 
systems have consequently allowed cell biologists to complement the results 
obtained in vivo and to answer questions that would be difficult to tackle in whole 
animal systems.

3  �Mammary Gland Organoids

The term “organoid” refers to a section of a mammary duct that contains epithelial 
and myoepithelial cells together with basement membrane components. Organoids 
are obtained by mechanically and enzymatically digesting the mammary gland. 
This leads to a suspension of organoids, erythrocytes, stromal cells and muscle 
fibers together with cell debris. To further isolate the organoids, differential cen-
trifugations are carried out until a clean pellet of organoids is obtained. Several 
papers clearly explain the methods that lead to the preparation of viable organoids 
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[35, 36]. However, we strongly recommend a recent publication by Andy Ewald and 
collaborators in Methods in Molecular Biology where they clearly illustrate the 
steps that need to be followed to successfully culture primary mammary gland 
organoids [37]. Figure 1a schematically shows the steps that lead to a successful 3D 
culture of mammary gland organoids. Figure 1b–f’ explicitly illustrate the proce-
dure that should be followed to access and remove the mouse mammary gland.

Depending on the question to be answered, mammary gland organoids can be 
either cultured in collagen I, in laminin-rich reconstituted basement membrane, 
such as Matrigel, or in a combination of both. Figure 2a illustrates the different 
assays that can be carried out with the primary organoids depending on the compo-
sition of the matrix. Figure  2b–e show representative frames of DIC time-lapse 
movies of organoid behavior in different culture conditions.

Mammary gland organoids were first described in the pioneering papers pub-
lished by Etienne Lasfargues who found that enzymatic digestion of minced mouse 
mammary glands with bacterial collagenase generated mammary duct fragments 
devoid of fibroblasts and adipocytes [38, 39]. In the early ‘80s Nandi and colleagues 
embedded mammary epithelial cells from virgin or pregnant mice in collagen I gels 
and showed that they were able to form three-dimensional structures, retaining the 
cytological appearance of normal mammary epithelial cells [40–42]. Moreover, the 
addition of lactogenic hormones led to functional differentiation [40]. In 1991, 
Kathleen Darcy and Margot Ip established an organoid culture system in serum-
free, chemically defined medium using Engelbreth-Holm-Swarm sarcoma-derived 
reconstituted basement membrane [43]. They showed that in these conditions 
organoids, derived from unprimed virgin female mice, could develop into either 
alveolar or ductal three-dimensional structures within the same cultures. Epithelial 
cells in both cases were able to secrete milk proteins such as casein into the luminal 
compartment. This culture system set the basis for further experimental work that 
would aid in the identification and characterization of the regulatory factors control-
ling not only normal morphogenesis, but oncogenesis as well.

4  �Key Finding Using Primary Mammary Organoids 
as a Model of Development

The use of mammary gland organoids as a tool to investigate the biology of the 
mammary gland has allowed us to understand many of the mechanisms that regulate 
normal growth and differentiation, as well as malignant transformation. Following 
the pioneering experiments mentioned above, a series of papers in the last three 
decades have contributed to a deeper understanding of multiple mechanisms 
involved in the biology of mammary gland growth and differentiation using primary 
organoids.

By the late ‘80s, researchers working on mammary gland biology knew that dif-
ferentiation was dependent not only on hormones, but that interactions of the epi-
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Fig. 1  Collection of mouse mammary glands for organoid isolation and 3D culture. (a) Schematic 
description of isolation and 3D culture of mouse mammary organoids. (b) Scheme for surgically access-
ing the mammary glands. Numbers indicate the order of cuts. (c) Locations of the ten mammary glands. 
(d) Expose glands #3,#4, and #5 by pushing back the abdomen (blue dotted line) with the back of the 
Graefe forceps. (e–e’) A thin layer of muscle partially covers gland #3 (e) and should be pushed back 
before dissection (e’). Dotted line in (e’) indicates the region of gland #3 to be collected. (f) Use the 
Graefe forceps to pluck out the lymph node in gland #4. Dotted line in (f’) indicates the approximate 
region of glands #4 and #5 to be collected (From Nguyen-Ngoc et al. [37], Copyright (2015) Springer)
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thelial cells with the surrounding stromal cells was hypothesized to play a key role 
as well. However, until then, the study of the regulation of milk protein genes had 
been hampered by the complexity of the hormonal influences and cell-cell interac-
tions. Organ explant cultures had shown that WAP was controlled by both hydrocor-
tisone and prolactin [44, 45], but cultured epithelial cells, regardless of the 
substratum, could not be induced to produce the gene [33]. Between November 
1989 and January 1990 two papers were published that clearly showed that structural 
integrity of mammary epithelial cell interactions was critical for WAP transcriptional 

Fig. 2  3D organotypic culture assays. (a) Schematic description of four assays that use different 
extracellular matrix compositions to model specific epithelial behaviors. (b–e) Representative 
frames of DIC time-lapse movies showing cyst formation in Matrigel in basal medium (b), branch-
ing morphogenesis in Matrigel induced by FGF2 (c), branching morphogenesis in a mixture of 
Matrigel and collagen I induced by FGF2 (d), and epithelial cell invasion into pure collagen I 
induced by FGF2 (e) (From Nguyen-Ngoc et al. [37], Copyright (2015) Springer)
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regulation. Mina Bissel’s lab published the first paper in November, showing that 
when isolated primary mammary cells were cultured on basement membrane-like 
matrix and allowed to form three-dimensional alveoli-like structures, WAP gene 
expression was induced and secreted into the lumen of the spheres [29]. Cora-Ann 
Schoenenberger and collaborators were able to establish a defined culture system 
where primary mammary organoids derived from mid-pregnant mice were cultured 
on 3 T3-L1 adipocytes [46]. In this context, they were also able to efficiently induce 
WAP mRNA by the addition of insulin, hydrocortisone, and prolactin. This paper 
showed that the structural integrity of the organoid was key for WAP induction and 
together with the Bissell lab’s publication showed why previous attempts to regulate 
WAP gene transcription in vitro had failed. A subsequent paper using rabbit primary 
mammary organoids determined that the 6.3 kb rabbit WAP gene upstream frag-
ment carries transcriptional control elements that are sensitive to insulin, prolactin 
and glucocorticoids [47].

Following the seminal papers on gene regulation, studies on the fine mechanisms 
that regulate mammary branching morphogenesis was the next subject that was 
addressed using primary mammary organoids. A series of papers that include pub-
lications to this current year led to many interesting findings that would not have 
been possible using in vivo systems or 2D cultures. In 2001 we used three-
dimensional cultures of organoids together with luminal Scp2 cells in collagen I 
gels to determine that branching morphogenesis is dependent on the interplay of 
growth factors, morphogens and matrix metalloproteinases (MMP) [35]. Branching 
stimulated by stromal fibroblasts, epidermal growth factor, fibroblast growth factor 
7, fibroblast growth factor 2 and hepatocyte growth factor is strongly hampered by 
MMP inhibitors. Moreover, we showed that recombinant stromelysin 1/MMP3 
alone is sufficient to induce branching in the absence of growth factors in the organ-
oids. However, this is not so in the Scp2 cell clusters, suggesting that MMPs are not 
enough to drive the branching process, but that additional factors derived from myo-
epithelial and/or stromal cells are required. We found that plasmin also stimulates 
branching through an MMP dependent mechanism. To differentiate between signals 
for proliferation and morphogenesis, we used Scp2 cells, a cloned mammary epithe-
lial cell line that lacks epimorphin, an essential mammary morphogen. Both 
epimorphin and MMPs are required for morphogenesis, but neither is required for 
epithelial cell proliferation. These results provided the first direct evidence for a 
crucial role of MMPs in branching in mammary epithelium and suggested that, in 
addition to epimorphin, MMP activity is a minimum requirement for branching 
morphogenesis in the mammary gland.

In 2006, partially based on these results, Celeste Nelson, and Mina Bissell pub-
lished a seminal paper in Science where they showed that tissue geometry deter-
mines the site of branching morphogenesis [48]. Using a micropatterning approach 
to control the initial three-dimensional structure of mouse mammary epithelial 
tubules in culture they determined that tubules dictate the position of the branches 
by defining the local concentration of TGF-β, that acts in this context as an inhibi-
tory morphogen. Figure 3 shows the different stages of the patterning process; the 
polydimethylsiloxane (PDMS) stamp is used to make a reproducible molded 
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collagen gel where the cells are seeded. In this setting, and in the presence of growth 
factors such as EGF, branching morphogenesis is induced.

Following Nelson’s paper, Fata and Bissell described the establishment of a 
modified 3D culture system for primary mouse mammary organoids: in this case 
they used a laminin-rich extracellular matrix in 96 well plates to culture the organ-
oids [36]. They showed that the interplay between growth factors, their spatial local-
ization, and the duration of their activation as well as downstream effectors cooperate 
and choreograph whether mammary branches initiate and/or elongate. To do so they 
analyzed the relationship between TGFα and FGF7. TGFα induces sustained activa-
tion of MAPKERK1,2  for 1 h, and is necessary and sufficient to initiate branching 
morphogenesis. FGF7, however, leads to a transient 15-minute activation of 
MAPKERK1,2, without branching (Fig. 4). Unlike TGFα, FGF7 promotes sustained 
proliferation as well as ectopic localization of, and increase in, keratin-6 expressing 
cells. Concurrent stimulation by FGF7 and TGFα indicate that the FGF7 is domi-
nant. Interestingly, FGF7 may prevent branching by suppression of two necessary 
TGFα-induced morphogenetic effectors: MMP-3 and fibronectin. These findings 
showed that proliferation, morphogenetic effectors, and cell-type decisions during 
mammary organoid morphogenesis are closely dependent on the duration of activa-
tion of MAPKERK1,2.

To assess in real time the cellular behavior that leads to branching morphogene-
sis, Ewald and Werb used the system described above to carry out long-term confo-
cal time-lapse analysis [8, 49]. Mammary primary organoids were obtained from a 

Fig. 3  Images of different stages of the patterning process. (a) PDMS stamp (inset: vertical sec-
tion through one post); (b) molded collagen gel; (c) molded gel during addition of cells (note that 
cells are both in the wells and on top of the gel); (d) molded gel after washing away excess cells; 
(e) tubules; (f) branched tissues 24 h after addition of EGF to the sample; (g) one branched tissue 
stained for nuclei with Hoechst 33,258; (h) frequency map depicting quantification of 50 branched 
tissues. Scale bars, 200 μm (a–f) and 50 μm (g, h) (From Nelson et al. 2008, Copyright (2008), 
Nature Protocols)
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reporter mouse in which the keratin-14 promoter drives expression of an actin-
EGFP fusion protein [50]. Additionally, all cells were stained with CellTracker Red. 
Using this system the authors were able to follow the behavior of both the luminal 
and the myoepithelial cells in real time. They showed that mammary ducts elongate 
through a distinct type of collective epithelial migration, with no leading cell exten-
sions or leading actin-rich protrusions [8]. This is especially interesting in the con-

Fig. 4  Organoid response to TGFα and FGF7. (a) Untreated organoids fail to undergo major 
morphological changes, except a slight lumen expansion followed by compression from 48 to 60 h. 
In contrast, TGFα stimulation initiates bud formation (arrows) within 48 h, with the majority of 
morphogenesis occurring within the 48- to 72-h window. Images represent frames taken from 
movies (Supplemental Movies 1 and 2). (b, c) FGF7 fails to induce branching morphogenesis and 
suppresses TGFα-induced morphogenesis in a dose-dependent manner. Please see Supplemental 
Movies 3 and 4. (c) Morphometric analysis of branching morphogenesis. Scale bars represent 
100 μm. Data are represented as mean morphogenetic response ±  standard deviation (SD) and 
involve counting at least 100 organoids per condition per experiment (From Fata et  al. [36], 
Copyright (2008), Developmental Biology)
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text that this is actually so in other models such as border cell migration in 
Drosophila [51] and neuronal precursors in the zebrafish lateral line [52]. Mammary 
organoids initially reorganize from a quiescent, bilayered epithelium to a preinva-
sive, highly proliferative, incompletely polarized, multilayered structure. Rac and 
MLCK are molecular controllers of the transition from this preinvasive state to the 
launch of new ducts. Moreover, cells within extending ducts dynamically rearrange, 
but remain adherent and localize E-cadherin and β-catenin to cell-cell contacts [8]. 
During this process, individual cells within the multilayered region are incompletely 
polarized. Cells at the elongating tips of ducts have increased staining of pERK1/2 
and it is these particular cells that present the highest migration speed [49]. 
Interestingly, cell proliferation is only required for branch initiation, but elongation 
is independent of this cellular process [49]. Additionally, cells orient their protru-
sions in the direction of the branch elongation and Rac signaling is necessary for 
this process to occur and to sustain the branch elongation process [49].

5  �Primary Mammary Organoids as a Platform 
to Understand Mechanisms Involved in Carcinogenesis

The deep understanding of the mechanisms involved in branching morphogenesis in 
3D culture models opens the possibility of developing a platform that could be used 
to unravel the key determinants of tumorigenesis, in the same way that primary 
tumor organoids are being used to test in 3D the efficacy of new therapeutic strate-
gies. A clear example to this end was recently published by Zena Werb and Katherine 
Williams [53]. They used the primary mammary organoid 3D culture model to ana-
lyze the direct impact of environmental chemicals on the morphogenetic program of 
breast cells. The final aim of their venture was to understand how low doses of 
environmental chemicals such as bisphenol-A, mono-n-butyl phthalate and poly-
chlorinated biphenyl 153 affect mammary gland development. These xenobiotics 
were selected because they are frequently detected in the serum and/or urine of girls 
in puberty. The use of this system provides the possibility of testing directly their 
effects in a physiologically relevant model of mammary development, indepen-
dently of the effects they may have systemically.

Alternatively, genetic manipulation of primary mammary organoids allows 
researchers to test the direct contribution certain genes have on cell behaviors that 
predispose towards cancer development, such as cell migration and invasion. Shamir 
et  al. were successful in using this strategy to determine the contribution of 
E-cadherin loss and Twist overexpression on the dissemination of mammary epithe-
lial cells out of the epithelium [54]. E-cadherin loss was manipulated by using 
organoids from mice carrying floxed E-cad alleles [55] and a ubiquitously expressed, 
tamoxifen-inducible Cre recombinase [56];  Cre-ER;E-cadfl/fl  mice. Twist on the 
other hand, was overexpressed by using organoids from mice carrying a ubiqui-
tously expressed reverse tetracycline transactivator and a Tet-responsive Twist1 allele 
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[57]. Using this system the authors determined that E-cadherin is a requisite for 
normal mammary development but that its loss alone is not sufficient for dissemina-
tion. Twist1 expression, on the other hand, is enough to stimulate normal epithelial 
cells to propagate out of an epithelium, migrate through the ECM, and establish 
secondary epithelial sites. Remarkably, the migrating cells display membrane-
localized E-cadherin and β-catenin and retained cytokeratin expression.

6  �Concluding Remarks

These are examples of the variety of hypothesis that can be tested using primary 
organoids derived from mammary glands or other organs. In the last years, there has 
been a surge in the culture of organoids derived from many organs and these are 
being used to study the mechanisms of development and to understand what path-
ways are involved when development goes awry [58]. In the case of the mammary 
gland field few labs so far have systematically used primary mammary organoids in 
their studies. We look forward to breakthroughs in our understanding of normal 
development and disease using this system that enables high levels of manipulation 
in a physiologically relevant setting.
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Abstract  Despite having yielded extensive breakthroughs in cancer research, tra-
ditional 2D cell cultures have limitations in studying cancer progression and metas-
tasis and screening therapeutic candidates. 3D systems can allow cells to grow, 
migrate, and interact with each other and the surrounding matrix, resulting in more 
realistic constructs. Furthermore, interactions between host tissue and developing 
tumors influence the susceptibility of tumors to drug treatments. The past decade 
has seen a rapid advancement of the application of 3D cellular systems to cancer 
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1  �Introduction

Cancer research has been limited due to the inability to accurately model tumor 
progression and signaling mechanisms in a controlled environment. Animal models 
allow limited manipulation and study of these mechanisms, and are not necessarily 
predictive of results in humans [1]. Traditional in vitro 2D cultures fail to recapitu-
late the 3D microenvironment of in vivo tissues [2]. Drug diffusion kinetics vary 
dramatically, drug doses effective in 2D are often ineffective when scaled to patients, 
and cell-cell/cell-matrix interactions are inaccurate [3, 4]. Tissue culture dishes 
have three major differences from the tissue where the tumor was isolated: surface 
topography, surface stiffness, and a 2D rather than 3D architecture. As a conse-
quence, 2D culture places a selective pressure on cells that could substantially alter 
their molecular and phenotypic properties. We recently demonstrated that on 2D 
tissue culture dishes, metastatic colorectal cancer (CRC) cells appeared epithelial, 
but when transitioned into a 3D liver organoid environment they “switched” to a 
mesenchymal and metastatic phenotype [5]. Such bioengineered platforms better 
mimic structure and cellular heterogeneity of in vivo tissue, and are therefore more 
suitable for cancer research. These models can be viable for long periods of time 
and develop functional properties similar to native tissues. They can also recapitu-
late the dynamic roles of cell–cell, cell–ECM, and mechanical interactions inside 
the tumor. Further incorporation of cells representative of the tumor stroma, such as 
endothelial cells and tumor fibroblasts, and physical matrix components, can mimic 
the in vivo tumor microenvironment. Thus, bioengineered tumors are an important 
resource for in vitro study of cancer and development of new and more effective 
therapies for patients in the clinic. In this chapter, we describe a variety of the tech-
nologies researchers employ to create, or biofabricate, 3D in vitro tumor models. 
These technologies range from the simple – cell aggregates or spheroids – to signifi-
cantly more complex – bioprinted tumor constructs using extracellular matrix bio-
inks for example (Fig. 1).

2  �Tumor Spheroids

Tumor spheroids represent perhaps some of the earliest forays into creating model 
systems of tumors with enhanced complexity compared to traditional 2D cell cul-
tures on dishes or well plates. Spheroids are spherical cell aggregates formed by 
cell-cell adhesions during self-assembly. They are simple and generally quick to 
produce, thus their widespread appeal [6]. Cell spheroids are generally on the scale 
of several hundred microns at the maximum, as larger aggregate suffer from poor 
oxygen and nutrient transport into the center of the spheroid, often resulting in 
necrotic core regions. However, this feature can mimic necrotic core regions occa-
sionally found in some tumors in vivo. Importantly, the 3D nature of tumor spher-
oids (and many of the other tumor organoid form factors discussed later) provide a 
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variety of characteristics that are superior to traditional 2D cell cultures. Spheroids 
allow for increased cell-cell interactions as well as interactions between cells and 
cell-secreted extracellular matrix (ECM) components [7]. Because of the transport 
limitations described above, spheroids can be used as models for testing drug diffu-
sion kinetics. Likewise, lack of oxygen transport in larger spheroids can create 
hypoxic regions, which can be an important characteristic of certain types of tumors 
that drives a variety of end biological behaviors such as proliferation or genetic 
mutation. Spheroids can be comprised of a single cell population or formed using 
multiple cell populations, thereby providing opportunities to better model the het-
erogeneous nature of many tumors. All of these potential features result in model 
systems that often demonstrate increased chemoresistance to drugs, an outcome 
observed often in human patient, but less so in 2D cultures [8–10].

Generally, these types of cell-aggregated spheroids are formed using a hanging 
drop technique. Initially, this could be performed with no specialized equipment. 
Droplets of a cell suspension would be placed on the underside of a Petri dish or 
well plate cover and carefully flipped, resulting in drops hanging from the cover. 
Within these drops, with a lack of a physical substrate, cells aggregate and adhere to 
one another through cell-cell adhesions such as cadherins and tight junctions 
(Fig. 2a) [11]. This process has become more streamlined with the development of 
specific hanging drop plates containing wells with openings at the bottom. Cell 
suspensions are simply pipetted into each well, and the drop hangs through the bot-
tom of the well. Following cell aggregation, the resulting spheroids can be collected 
in a 96 or 384 well plate beneath, corresponding to the wells above (Fig. 2b) [12]. 
More recently, researchers have begun to use ultra-low adhesion round bottom well 
plates to form spheroids. With the round bottom geometry of the wells, and the 
inability to adhere to the plastic surfaces in the wells, just as in hanging drop cul-
tures, the cells aggregate with one another into spheroids (Fig. 2c) [13].

Fig. 1  Tumor organoids vary widely in complexity from simple spheroids to more complicated 
systems containing multiple organoids in a single platform
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2.1  �Homogeneous Spheroids

Homogeneous spheroids (Fig. 2d) are often used for the study of cancer cell self-
assembly and their ability to interact with each other void of other cell types or 
surfaces. It has been shown that some cell types are unable to aggregate on their 
own, as they require additional signals or pathways unavailable through only them-
selves. This in itself has allowed researchers to better understand the requirements 
of various cancer types and the environmental factors. Surface tension has also been 
found to play a role in the development of tumor spheroids. This phenomenon was 
noticed as spheroids appeared to reduce in diameter however metabolic activity was 
sustained. It has been found that some cell types are more adherent to themselves 
than others and will form tight junctions reducing the overall size of the spheroid 
while maintaining a growing population. It has also been shown that over time sin-
gle cell line tumor spheroids will dissociate and break apart, as they can no longer 
advantageously attach to each other. This too is specific to cell line and relies on 
external factors including how long the spheroids are kept in culture.

Drug treatments or external factors can be added to these single cell line tumor 
spheroids to study direct effects on the cancer aggregation. This allows for direct 
study of tumor cell behavior in reaction to the drug treatment when stromal cells are 
not present. Factors that directly influence the spheroid can also be added such as 
growth factors, conditioned media, or hypoxic conditions, which allow for the 
tumor spheroid to be better studied.

Fig. 2  Tumor spheroids. (a) Cells aggregate through cell-cell interactions in the hanging drop. (b) 
Hanging drop commercialized increased throughput well plate format. (c) Cell aggregation in 
round bottom plate. (d) Confocal image of a homogeneous mesenchymal stem cell (MSC) organ-
oid and (e) a heterogeneous organoid with MSCs in green and BxPC3 pancreatic tumor cells in red
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Currently, outside of academic research, pharmaceutical companies utilize 
spheroids in high throughput (384 well or greater) screening of compounds before 
advancing them to Phase I clinical trials. They have found spheroids to be advanta-
geous because of their ability to better replicate an in vivo tumor over 2D culture 
and offer a platform from which more advance drug screens can be carried out.

2.2  �Heterogeneous Spheroids

Heterogeneous spheroids have become of greater interest as cell types related to 
cancer types, but that are not necessarily tumor cells themselves, are added to 
improve the robustness of the model (Fig. 2E). Integration of additional cell types 
allows for natural cell assembly leading to more ideal replication of the tumor archi-
tecture. This self-assembly has been studied across many cancer types with numer-
ous stromal cell additions. Tumor behavior is not uniform across all spheroids and 
can exhibit a variety of behaviors. The cancer cells have been shown to tightly grow 
together and force the stromal cells to grow as an outer shell around the center 
tumor spheroid, the cancer cells have also grown together with the stromal cells 
forming a second grouping grown together next to but attached to the tumor growth, 
and dispersal of the stromal cells within the tumor spheroid has also been shown. 
Each of these behaviors can be attributed to multiple factors including cell signal-
ing, cell type adhesion propensity, and surface tension. Interestingly, it has been 
found that surface tension and cell viscosity play a role in the formation of spher-
oids, as the collection of cells, or the tissue itself, exhibits fluidic properties over 
time. This interesting phenomena occurring within the spheroids is that which con-
tributes to cell organization or lack of organization with them. This also can play a 
role in the interconnection and adhesion of two spheroids grown of different cell 
lines that are then placed with each other to merge. Dependent on the fluidic proper-
ties of each of the cell types, they spheroids will merge in varying ways.

Drug studies are also widely preformed on co-cultured tumor spheroids offering 
insight into how a more complete tumor environment would react to drug. These 
studies can show how the tumor cells and stromal cells both behave in the presence 
of drug and if they play any role in the survival of each other. Heterogeneous spher-
oids are being further employed in applications such as body- and organ-on-a-chip 
where they can be placed into devices and studied with other spheroids or with drug 
via applied flow.

3  �Biofabricated Tumor Constructs

Tumor spheroids have become a widely adopted tool for cancer biologists and engi-
neers who wish to model cancer in 3D, using a relatively simple, yet effective meth-
odology. However, this approach can be limited in some applications. For example, 
many primary tumor cells do not aggregate and self-assembly as easily. Additionally, 
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in the body, tumors do not exist in isolation; they reside in, on, or around other tis-
sues. Therefore, in many studies, one may wish to integrate tumor cells with an 
extracellular matrix (ECM)-inspired environment or a surrogate for normal tissue. 
In these cases a wide variety of other technologies can be employed that range in 
complexity. Often these approaches employ other tools such as bioreactor or micro-
fluidic systems to create supportive environments, or utilize biomaterials such as 
hydrogels and other scaffolds to serve as ECM analogs.

3.1  �Rotating Wall Vessel

While hanging drop cultures employ gravity and a lack of adherent surfaces to form 
spherical organoids, a similar form factor of organoid can be biofabricated using a 
lack of gravity, or rather microgravity, and inclusion of adherent surfaces. Rotating 
wall vessel (RWV) bioreactor culture [14–19] is an established methodology that 
employs a rotating bioreactor to generate low fluid shear stress rotational forces, 
which simulates microgravity conditions. Simulated microgravity allows cells to 
self-aggregate into spheroids or to nucleate around microcarrier beads for adherent 
suspension cultures (Fig. 3a). To date, a wide variety of tissue types have been mod-
eled as 3D organoids using RWV technology, including lung, colon, intestine, liver, 
vaginal epithelium, breast, and others [14–16, 18–22].

Our team employed this technology with the help of a custom-developed hydro-
gel microcarrier technology [19] to create tissue-tumor hybrid organoids. This plat-
form is built on the combination of a modular hydrogel platform [23–25], which 
has been demonstrated extensively in the application of biofabricating tissue and 
tumor organoids [5, 19]. Our team recently published a study using this platform to 
create 3D organoids containing a hepatic cells line, HepG2, and metastatic colorec-
tal cancer cells, HCT116 [5]. The organoids supported HCT116 tumor cell growth 
over time, induced expression of in vivo-like mesenchymal and metastatic markers, 
including active signaling pathways, and responded to chemotherapeutical drugs 
(Fig.3b). More recently, we described new 3D liver tumor organoids comprised of 
more functional primary human hepatocytes, the same HCT116 colorectal cancer 
cells, and mesenchymal stem cells (MSC) as a surrogate for the stromal compo-
nent of the liver, the liver stellate cells. We are using this tumor organoid model to 
observe tumor cell growth and tumor tissue maturation, and perform anti-cancer 
drug studies. Importantly, the cancer microenvironment is a complex space that 
contains stromal cells, a multitude of ECM components and proteins, as well as a 
plethora of signaling, paracrine, and growth factors. Together, these components 
of the microenvironment push and pull cancer cells between phenotypes and have 
a significant effect on the long-term progression of a tumor and response to ther-
apy [26, 27]. With this platform, we were able to include a stromal component of 
the tissue-tumor environment in the form of MSCs. Liver-tumor organoids failed 
to grow in the absence of MSCs, indicating that the MSCs provide essential sup-
port for tumor growth, similar to hepatic stellate cells in liver cancer. By tracking 
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fluorescently labeled HCT116 cells we demonstrated the active proliferation of the 
tumor cells when the MSCs were present. Besides supporting tumor cell growth 
in the liver organoids, inclusion of MSCs in these organoids resulted in tumor-like 
tissue organization and maturation. The MSCs migrated to the periphery of the 
organoid and created an organized shell-like tissue encapsulating the tumor cells 
and hepatocytes at the core of the organoid (Fig.  3c). Our results demonstrated 
not only a dose dependent response of the tumor liver organoid to a range of 5-FU 
drug concentrations but also that more organized organoids were less sensitive to 
the treatment, similar to results in many studies where the stroma can protect the 
tumor from therapy [28–30]. These results further demonstrate the capacity of the 
RWV bioreactor conditions to create a more physiologically relevant tumor models 
compared with tumor cells in cell culture dishes.

3.2  �Three Dimensional Bioprinting

In the last decade and a half, bioprinting, once referred to as “organ printing” [31–34], 
has emerged as a tool with incredible potential in tissue engineering and regenerative 
medicine [35]. Bioprinting can be described as additive fabrication using biological 
building blocks that has the potential to build or pattern living 3D organ-like or tissue 

Fig. 3  Generation of tumor organoids in a rotating wall vessel (RWV) bioreactor ssytem. (a) AN 
RWV system with microcarriers supporting cell aggregation. (b) Using this technology, organoids 
can be formed such as liver organoids containing metastatic colorectal cancer cells that allow for 
screening of chemotherapy drugs. (c) Using stromal cell populations, phenomena such as self-
organization into distinct stromal and tissue/tumor zones can be observed

Biofabrication Technologies for Developing In Vitro Tumor Models



58

structures [36]. In general, bioprinting employs a computer-controlled 3D printing 
device – the bioprinter – to accurately deposit cells and printable biomaterials into 
physiologically relevant biological structures. Different bioprinters have different 
capabilities, but generally are able to print cell aggregates, cells encapsulated in 
hydrogels or viscous fluids, cell-seeded microcarriers, or cell-free biomaterials – all 
of which can be referred to as “bioink” (Fig. 4a) [31, 37]. Biologically-derived 3D 
computer-aid design files, such as .stl or .dwg file formats, can be used to guide the 
placement of cells and bioinks into geometries that may mimic the macro-architec-
ture of actual tissues and organs. Eventally, the ultimate goal of bioprinting is to print 

Fig. 4  Bioprinting. (a) Types of bioink. (b) Inkjet printing. (c) Extrusion printing. (d) Laser-
induced forward transfer (LIFT) printing
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organs, which are subsequently matured into functional tissue constructs or organs 
[32, 38, 39]. To date, complete fully functional solid organs have not been printed, but 
this remains the primary long-term goal of bioprinting. However, small-scale tissue 
and tumor constructs are currently being implemented in a number of applications, 
including pathology modeling, drug development, and toxicology screening.

A number of bioprinting modalities exist, encompassing use of inkjet-like print-
ers, extrusion devices, and laser-assisted devices. Inkjet printing (Fig. 4b), also ref-
ereed to as drop-by-drop bioprinting, is one bioprinting approach that is being 
explored for creating 3-D biological structures, that is closely related to technolo-
gies used for cell patterning. Where basic cell patterning creates a 2-D pattern com-
prised of cells on a surface, by incorporating a hydrogel or other cell-friendly 
biomaterial, 3-D cellularized structures can be fabricated drop by drop [40, 41]. 
Extrusion-based deposition (Fig. 4c), generally from syringe-like equipment, is an 
additional approach for 3-D bioprinting that relies on the mechanical and temporal 
properties of the polymer materials being printed. In this modality, the properties of 
the printed polymer or hydrogel are used to facilitate extrusion through a syringe 
tip, commonly driven by pneumatic pressure or mechanical pistons controlled by a 
computer. Laser-induced forward transfer (LIFT)-based bioprinting (Fig.4d) is a 
recently introduced method that has been adopted from other fields by researchers 
pursuing bioprinting [42, 43]. LIFT technology was initially developed for high 
resolution patterning of metals for use in areas such as computer chip fabrication. 
More recently it has been employed to create micropattern peptides, DNA, and 
cells. LIFT technology is comprised of a laser beam that is pulsed at desired time 
lengths and a donor material “ribbon” comprised of the printable material. This is 
supported on a transport layer such as gold or titanium that absorbs the laser energy 
and transfers it to the ribbon. When the laser pulses on the ribbon, the focused 
energy generates an incredibly small, high pressure bubble that propels a droplet of 
the donor material onto a collecting substrate and stage. By either moving the stage 
or the laser in relation to the ribbon, material can be patterned on the collecting 
substrate [44–46]. In the case of LIFT-based bioprinting, the ribbon may be com-
prised of a biopolymer or protein, and can contain cells within. In this scenario the 
laser pulse-driven ribbon droplets contain cells, which are then deposited in a pat-
tern on the substrate to create cellular structures and patterns. The ability to print 
nearly a single cell per droplet [47], has positioned LIFT as a bioprinted modality 
with much potential in the future. Of these methods each has particular print speeds, 
resolution, cell densities, and cell viability outcomes that often must be considered 
when selecting a technology for a given application (Table 1) [35, 48–51].

To date, bioprinting has only for a short time been applied to generating tissue 
models or organoids. Some notable examples do exist, including using bioprinting to 
fabricate microfibrous scaffolds to support myocardium and endothelial cells as a 
cardiac construct in a heart-on-a-chip platform [52]. In addition, our lab has devel-
oped a tissue specific hydrogel bioink system for bioprinting that can be used to 
match both the elastic modulus of a select soft tissue as well as the biochemical 
growth factor profile of that tissue. We demonstrated this by bioprinting primary 
human liver organoids [53, 54]. Fewer examples exist still in which bioprinting has 
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been employed to create tumor organoids, although there is currently work occurring 
in this area. For instance model systems such as a 3D ovarian cancer coculture model 
[55] and 3D glioma stem cell-derived brain tumor models have been bioprinted for 
disease modeling and testing of drug susceptibility [56]. Currently, our team is adapt-
ing a long track record of bioprinting experience and bioink development towards 
printing both cell line-based tumor organoids and primary patient tumor-derived 
models, incorporating multi-zoned printing to incorporate not only the tumor, but 
also healthy surrounding tissue in which the tumor resides (Fig. 5a). This is an impor-
tant feature in these models, as it now allows querying the tumor targeting capabili-
ties of drugs that might be screened. For example, we have shown recently that a 
broad acting chemotherapeutic agent such as 5-FU can be effective against a tumor 
population, but also exhibits toxicity in the normal cells surrounding the tumor. 
Conversely, a drug such as regorafenib that targets a specific mutation of the epider-
mal growth factor receptor (EGFR) pathway [57] only found in the tumor population, 
can be effective against the tumor, while being less toxic to the healthy cells (Fig. 5b).

Table 1  Printing parameters for different bioprinting parameters, including resultion, print speed, 
and cell viability

Printer type Resolution (μm) Print speed Cell viability (%)

Inkjet >300 5 × 103 drops/s 75–90
Laser – assisted 10–30 9 × 10-8 mL/s Not available as %
LIFT 30–100 102 drops/ 95–100
Extrusion 5 μm to millimeters 10–50 μm/s 40–80

Fig. 5  Bioprinted tumor organoids. (a) Multi-zoned tumor organoid printing. (b) Biofabrication 
of multiple zones allows generation of more in vivo-like models, in which the tumor resides inside 
healthy tissue. This allows drug screens to be performed that demonstrate the capability of target-
ing the tumor (T), not the healthy tissue (E). In (b), green indicates calcein AM-stained viable cells 
and red indicates ethidium homodimer-stained dead cells
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3.3  �Photopatterning

An alternative strategy for fabricating 3D tissue and tumor constructs is through 
photopatterning. Specifically, as more and more microfluidic organ-on-a-chip sys-
tems evolve [58, 59], strategies that allow integration of 3D constructs inside these 
devices are becoming more important. The limitation stems from the nature of most 
microfluidic devices are inherently closed systems, with no direct access to the 
internal channels and chambers. To address these challenges of integrating 3D cell 
culture with on-a-chip platforms we have developed a methodology for their in situ 
fabrication [19] that utilizes widely employed hydrogel biomaterials comprised of 
photocrosslinkable hyaluronic acid and gelatin [20, 21]. Unlike conventional mate-
rials such as collagen, Matrigel, and alginate, these materials are easily integrated 
with variety of biofabrication techniques, including bioprinting as described above. 
Furthermore, since HA and gelatin are natural components of native ECM, it pro-
vides a truly biomimetic structure in the form of crosslinked HA polysaccharide 
chains and cell-adherent motifs in the form of hydrolytically degraded collagen gel 
[23, 53]. In the general approach to fabricating cell culture constructs, HA and gela-
tin components are mixed with target cells, as well as a crosslinker and photoinitia-
tor to support thiol-acrylate photopolymerization via UV exposure [22, 23]. This 
mixture is introduced to all microfluidic chambers for a given cell/tissue type and 
patterning is then performed using a positive-tone photomask to define the shape 
and location of one or more polymerized construct (Fig.  6a). The cross-linked 
hydrogel is adherent to the top and bottom surfaces of the chamber, allowing it to be 
retained following a wash with clean buffer. This photopatterning can be performed 
simultaneously in an arbitrary number of independent microfluidic chambers. The 
resulting 3D cell culture constructs can subsequently be kept under circulating flow 
with long-term viability, and the total system is amenable to analytical investiga-
tion, including direct imaging, aliquot sampling, and biochemical administration, 
such as drug and toxicology screens [19]. Additional patterning (e.g. with additional 
cell types) can also be used to produce multi-component, concentric structures as 
well, enabling significant tissue construct complexity to be achieved (Fig.  6b). 
Notably, the hydrogel platform employed in our work also supports incorporation of 
components derived directly from tissue ECM, employing heparin pendant changes 
that can immobilize ECM-derived growth factors, presenting encapsulated cells 
with additional biomolecular factors specific to the tissue [53, 54, 60, 61]. Our stud-
ies have shown that such in vitro constructs recapitulate a broad range of physiolog-
ical activities and reactions observed in vivo [7, 19], highlighting the biomimetic 
nature of the system. This type of patterning can be used across many types of 
crosslinkable materials that require activation via UV or visible light and is not 
restricted to the HA and gelatin gels described above. UV crosslinkable materials 
are considered those that include thiol groups that can react with free radicals to link 
with other thiol groups. Versatility is restricted only by materials that are crosslink-
able and allows for optimization of each tumor microenvironment being studied. 
Overall, this fabrication approach is rapid, inexpensive, and modular, with straight-
forward potential to be expanded to massively parallel investigation.
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3.4  �Tumor-on-a-Chip

Further development of bioengineered organ microengineering [62, 63] combined 
with microfluidic device fabrication has resulted in a growing library of organ-on-a-
chip technologies. These kinds of on-a-chip devices and systems can take on a wide 
variety of forms, from single cell analysis devices to multi-organoid housing sys-
tems that can be employed for drug testing, toxicology [64], high throughput screens 

Fig. 6  Photopatterning of hydrogels to create organoids. (a) In situ photopatterning within a 
microfluidic device. A photo-crosslinkable hydrogel precursor solution with cells is injected into 
the device organoid chambers. A photomask is placed above with apertures allows light exposure 
to photopolymerize select regions. The uncrosslinked material is washed out leaving 3D organoids 
within the device chambers. (b) Multi-stage photopatterning allows biofabrication of more com-
plex, multi-zoned structures, such as the concentric circle structure shown. These can be fabricated 
as incredibly small structures, such as the clear circle shown in the middle of the microfluidic 
device. Blue dye is used to visualize the organoid
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[65], and disease modeling (Fig. 7a) [66]. These platforms bring together a variety 
of important parameters that allow better mimicry of in vivo conditions, including 
3D architecture, cell-cell/cell-matrix interactions, circulation, and integration of 
multiple tissues within one platform. With the biofabrication technologies previ-
ously described, tumor-on-a-chip devices can be fabricated in a multitude of ways, 
which allow for many devices created in parallel for high-throughput screening and 
research. The tumors organoids are often contained within spheroids or bioinks and 
placed within the devices and then sealed, resulting in contained systems, which 
may have open or closed fluidic perfusion. Within these systems, adequate nutrients 
and oxygen are supplied and external factors can be administered to treat and study 
the tumor. This technology has been advanced to reduce the overall size of these 
devices allowing for them to be produced in industry and research on plates as small 
as 384 wells. With these advances a greater number of studies are able to be con-
ducted in parallel [65].

3.5  �Metastasis-on-a-Chip

A metastasis-on-a-chip platform, comprised of tumor foci within multiple host tis-
sue constructs, is a concept that to our knowledge has not been widely explored 
outside our laboratory and our collaborators’ laboratories. Metastasis here, is 
defined as the migration of tumor cells from a primary source to a secondary tissue 
that is not physically connected to the source, but requires a circulatory system con-
necting the two sites. This is unlike the study of tumor cells simply in circulation. In 
the past decade, with the growth of the organ-on-a-chip field, there have also been 
advances in on-a-chip devices that assess specific scenarios of metastasis. For 
example, the Kamm group has developed a device that includes endothelium barrier 
tissue and an adjacent bone construct, facilitating modeling of intravasation of 
breast cancer cells from circulation into bone [67, 68]. Other platforms of recent 
years include devices for assessing the effects of interstitial pressure on cell migra-
tion [69], multi-channel microfluidic devices that aim to investigate the processes 
through which aggregated tumor cells migrate through a collagen gels and endothe-
lium [70], and a platforms for increased throughput screening anti-angiogenic drugs 
[71]. However, there has been an obvious lack of technologies that aim to integrate 
both primary and metastatic sites, and the features in between (i.e. endothelium and 
circulatory system) in one device. To address this gap, we employed biofabricated 
tissue and tumor organoids integrated into a multi-chambered microfluidic device in 
which the chambers were connected by circulating perfusion (Fig. 7b). By provid-
ing circulating flow through the organoid system, we can achieve the dissemination 
of CRC cells from a colon organoid into circulation, after which metastatic cells can 
colonize the liver organoid downstream (Fig. 7c) [25]. This model was one the first 
in vitro models of metastasis recapitulating migration from a 3D primary tissue to a 
3D target tissue. This is important and novel because phenotype of cells in the origi-
nating malignant tumors and metastases often vary in invasiveness due to genetic 
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profiles that influence functions such as MMP secretion and stemness [72, 73]. This 
makes the ability to study both sites and microenvironments extremely important. 
Notably, we also showed that while metastatic cells metastasized in our system, less 
malignant non-metastatic tumor cells did not, suggesting that these types of systems 
can discriminate between different classes of tumors [25]. This opens up potential 
for new studies that can focus on the mechanistic side of metastasis, or on the other 
hand, facilitate screening of candidate agents with anti-metastatic properties.

4  �Patient-Specific Tumor Models for Personalized Medicine

Precision oncology, whereby tumor DNA is sequenced to identify actionable gene 
mutations, is poised to become a standard clinical practice for therapeutic decision 
making of cancer treatment [74–76]. However, in practice, the utility of precision 
medicine is less clear [77]; even after identification of key mutations, oncologists 
are often left with several drug options, and for some patients there is no one defini-
tive treatment solution, thus creating a need to further develop a model system to 
help predict the personalized response to anti-cancer drugs [78, 79]. Novel 

Fig. 7  Cancer-on-a-chip. (a) Examples of generic organ-on-a-chip devices. An organoid is housed 
within a chamber connected to a perfused fluidic system. Linking together of organoid chambers 
results in a device supporting multiple organoids onboard a single device. (b) A metastasis-on-a-
chip device, consisting of 2 organoids for modeling colorectal cancer metastasis from the gut to liver
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technologies, capable of extending the diagnostic utility of tissue specimens are 
critically needed for robust assessment of therapeutic biomarkers and validation of 
these biomarkers as actionable targets. Moreover, there is a great variability in the 
biologic behavior of cancer based on histologic type, grade and volume of disease. 
This variability is currently addressed through precision medicine analysis, by relat-
ing genetic mutations to chemotherapy options. However, the efficacy of a given 
treatment in a specific patient is often unknown. Within research, patient derived 
xenografts are also used to study patient tumor progression and drug treatment 
response. These models are lacking in that they require immunodeficient mice to 
place the biopsies or tumor samples in which causes them to become infiltrated with 
cells from the mouse. The cells also adapt to their new environment and genetic drift 
has been shown from the initial samples again making them less ideal. In the clinic, 
after identification of a mutation through precision medicine, given the unknown 
impact of the specific mutation on tumor biology and the equally unknown effect of 
chemotherapy options on the specific cellular phenotype, a modification of a prede-
termined fixed treatment strategy is a rare event. Bioengineered tumor models 
derived from patient tumor biospecimens may be more easily attained and less 
expensive than PDX models, and provide a powerful tool for screening potential 
therapeutic agents and determining the most efficacious and safest therapy for a 
particular patient. This is a very new area of tumor organoids, but is one that holds 
incredible potential for improving cancer patient outcomes.

Such personalized tumor models are currently being developed within our labo-
ratory. With regular access to primary patient samples from biopsies and complete 
resections, we have been able to dissociate the tumor masses into single cells and 
use biomaterials and bioinks to biofabricate patient-specific 3D tumor organoids 
(Fig. 8a) that remain viable in the laboratory (Fig. 8b). Using both bioprinting and 
photopatterning methods, we have created platforms for testing drugs on these per-
sonalized tumor organoids. Figure 8c shows an example of such a drug screening 
scenario in which tumor organoids created from a gastrointestinal tumor biospeci-
men responded well to 5-fluorouracil and oxaliplatin (anti-proliferative agents), and 
regorafenib, an agent targeting a particular EGFR. However, these organoids did not 
respond to the combination therapy of trametinib and dabrafenib, a therapy often 
used to treat tumors with a different EGFR mutation profile [57]. These platforms 
are creating the opportunity for personalized drug treatment optimization in patients 
that have unclear genetic data that does not respond to standard treatments. We are 
also able to confirm our models by treating the patient tumor organoids with drugs 
that the patient responded to in the clinic. Additionally, genetic data can be paired 
with the patient tumor organoids to study genetic drift and relation to drug response. 
These tools are still being optimized but show promise for future personalized med-
icine applications. We anticipate one day having the technology and capabilities to 
determine the most effective therapy, and just as importantly, the safest therapy, for 
a given patient prior to any actual treatment administration in the clinic (Fig. 8d). 
We hope this significantly improves outcomes in patients afflicted with cancer.
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5  �Conclusions

Cancer research as a whole, and in particular, development of new, effective thera-
peutic agents, has been limited due to the inability to accurately model tumor biol-
ogy, progression, and signaling mechanisms in a controlled environment. Animal 

Fig. 8  Patient-derived tumor organoids for personalized medicine. (a) Tumor organoids com-
prised of patient tumor-derived cells encapsulated in 3D extracellular matrix hydrogel constructs 
(b) remain viable in culture (Green – viable cells; Red – dead cells). (c) An example of an in vitro 
drug screen using these patient-specific tumor organoids. These organoids were more responsive 
to 5-fluorouracil, oxaliplatin, and regorafenib than a combined treatment of trametinib and dab-
rafenib (Green – viable cells; Red – dead cells). (d) Typically, precision medicine works by using 
the patient tumor biospecimen to run genetic analysis with the goal being to identify actionable 
mutations for which there are drugs available (red arrows). However, often multiple mutations and 
drugs are identified and there is still no clear answer to which will yield the best result for the 
patient. Patient-specific tumor organoids (green arrows) can be used to supplement genetic analy-
ses by allowing drug screens to be performed prior to administration of therapy in the patient, 
thereby identifying the most effective and safest drug or drug combination
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models allow limited manipulation and study of these mechanisms, and are not 
necessarily predictive of results in humans [1]. Traditional in vitro 2D cultures fail 
to recapitulate the 3D microenvironment of in vivo tissues [2]. Drug diffusion kinet-
ics vary dramatically, drug doses effective in 2D are often ineffective when scaled 
to patients, and cell-cell/cell-matrix interactions are inaccurate [3, 4]. Furthermore, 
2D tissue culture dishes have three major differences from the tissue where the 
tumor was isolated: surface topography, surface stiffness, and a 2D rather than 3D 
architecture, which can force alterations of their molecular and phenotypic proper-
ties. Bioengineered tumor organoid technologies provide an immense opportunity 
to change how researchers study cancer and design studies aimed at identifying new 
treatment options for patients. As described in this chapter, tumor organoids vary 
greatly in geometry and form factor, cellularity, which combinations of cells are 
present if more than one population is utilized, inclusion and composition of extra-
cellular matrix components, and how the organoids are formed or biofabricated. 
Having worked with the range of these organoid types, our philosophy is that no 
single platform is necessarily the best overarching superior technology. For instance, 
hanging drop spheroids are simple and inexpensive to fabricate, but often lack in 
complexity. Conversely, bioprinted tissue-tumor hybrid constructs in a metastasis-
on-a-chip system may offer the most complexity in terms of recapitulating cell-
matrix interactions, circulation, and multiple tissue sites, but may at this point in 
time be more difficult to run in a high throughput setting. As such, the different 
tumor organoid types described here can provide a toolset for researchers, from 
which a particular organoid form factor can be drawn to address a particular prob-
lem or ask a particular question. Nevertheless, tumor organoid technology as a 
whole provides a significantly improved platform for cancer research compared to 
traditional approaches, and will in all likelihood continue to advance in a rapid pace 
in the near future.
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Three Dimensional In Vitro Tumor Platforms 
for Cancer Discovery
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Abstract  Traditional experimental platforms to study cancer biology consist of 
two-dimensional (2D) cell culture systems and animal models. Although 2D cell 
cultures have yielded fundamental insights into cancer biology, they do not provide 
a physiologically representative three-dimensional (3D) volume for cell attachment 
and infiltration. These systems also cannot recapitulate critical features of the tumor 
microenvironment including hemodynamics, matrix mechanics, cellular crosstalk, 
and matrix interactions in a dynamic manner, or impose chemical and mechanical 
gradients. While animal models provide physiologic fidelity, they can be highly 
variable and cost prohibitive for extensive biological investigation and therapeutic 
optimization. Furthermore, the interplay of many different microenvironmental 
variables, such as growth factors, immune reaction, and stromal interactions, make 
it difficult to isolate the effect of a specific stimulus on cell response using animal 
models. Due to these limitations, 3D in vitro tumor models have recently emerged 
as valuable tools for the study of cancer progression as these systems have the abil-
ity to overcome many of the limitations of static 2D monolayers and mammalian 
systems. Initial 3D in vitro models have consisted of static 3D co-culture platforms 
and have been successful in providing a deeper insight compared to animal and 
static 2D systems. However, the majority of these existing systems lack the pres-
ence of physiological flow, a pivotal stimuli in tumor growth and metastasis and 
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important consideration for transport of diagnostic or therapeutic agents. In order to 
consider the influence of flow on cancer progression microfluidic platforms are 
being widely used. The integration of microfluidic technology and microfabrication 
techniques with tumor biology has resulted in complex 3D microfluidic platforms 
capable of investigating various key stages in cancer evolution including angiogen-
esis and metastasis. 3D microfluidic platforms are able to provide a physiologically 
representative tumor environment while allowing for dynamic monitoring and 
simultaneous control of multiple factors such as cellular and extracellular matrix 
composition, fluid velocity and wall shear stress, and both biochemical and mechan-
ical gradients.

Keywords  Collagen type I • Tumor platform • Tumor microenvironment • 3D 
model • Microfluidics • Angiogenesis • Sprouting • Endothelial • 3D cell culture  
• In vitro • Tumor model

1  �Collagen Characterization for the Use of Tumor Platform

It is well known that three dimensional (3D) cell culture platforms have numerous 
advantages over their two dimensional (2D) cell monolayer counterparts, as they 
more accurately represent the tumor environment in vivo [1–4]. Extracellular matrix 
(ECM) protein collagen I, sourced from tissue, has been widely used for 3D tissue 
engineering scaffolds and cell culture materials due to its capacity to promote cell 
adhesion, growth, and proliferation [5–11]. However, challenges arise when colla-
gen hydrogels are used to mimic specific native tissue and ECM properties. 
Traditionally, gels fabricated from collagen type I for tissue engineering scaffolds 
possess highly variable material properties as compared to synthetic ECM materi-
als, with these properties being dependent on a number of fabrication parameters [7, 
12–14]. Tight control over a broad range of parameters such as collagen source, 
method of solubilization, polymerization pH and temperature, ionic strength, and 
concentration of collagen could result in consistently reproducible hydrogel proper-
ties. However, the relationship between each of the key fabrication parameters and 
the functional properties (e.g. matrix stiffness, pore size, fiber structure) of these 
platforms have not been thoroughly investigated to sufficiently establish a robust 
methodology for creating platforms that mimic specific tissue microenvironments. 
These properties and methods for their characterization have been reviewed by the 
Rylander group [15]. Figure 1 summarizes the wide variability in the distribution of 
collagen sourcing, collagen extraction methods, and stock collagen concentrations 
that result from various isolation techniques. Collagen concentrations in the range 
of 1–5 mg/mL are most commonly used, however, these concentrations are lower 
than the collagen content of many native tissues [16, 17]. Many types of disease, 
particularly cancer, can be described using relationships between tissue elasticity 
and cell response where increased matrix stiffness, together with greater collagen 
content, is a common trait of many tumors [31, 18, 19].
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Other factors that influence hydrogel properties are polymerization temperature 
and pH at which self-assembly of collagen molecules occurs. Polymerization at 
high temperatures results in less-ordered structures while low-temperatures create 
desirable pore sizes for cell proliferation [18, 19]. Elevating pH has been shown to 
increase collagen gel modulus but there is a decrease in cell viability outside the pH 
range of 7.4–8.4 [11, 22–26]. Figure 2 shows a summary of established relation-
ships, correlating fabrication parameters and material properties [15]. This figure 
shows the apparent complexity and breadth of fabrication-property relationships, 
and it demonstrates the areas where relationships are unknown/unclear/contradic-
tory and need further investigation and characterization. Specifically, the relation-
ships between polymerization temperature and several mechanical properties 
(compression modulus, tension modulus, shear modulus) and between collagen 
concentration and fiber diameter require more exploration.
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Fig. 1  Synopsis of collagen I sources and solubilization methods. (a) Source tissue compared 
with source animal; (b) extraction methods as compared with source tissue; (c) collagen concen-
traton in stock solutions [15]
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Fiber structure and scaffold stiffness are significant features of engineered cell 3D 
constructs, as they influence cell membrane stiffness, adhesion, differentiation, mor-
phology, and migration [10, 11, 21, 27–35]. Because of the range of collagen hydrogel 
fabrication protocols, uniform characterization methods and reproducible material 
characteristics are needed to create predictable tissue models. In the literature, there is 
generally poor agreement among quantitative mechanical measurements due to differ-
ences in hydrogel fabrication parameters. The Rylander group has extensively charac-
terized collagen type I hydrogels, correlating physiological material and transport 
properties (stiffness, pore and fiber diameter, diffusivity) and fabrication parameters 
with the intent of designing hydrogels with matching properties of target tissues. The 
fabrication parameters that were varied in this study were: (1) collagen concentration, 
(2) polymerization temperature, and (3) polymerization pH. To study the transport 
properties of collagen hydrogels, fluorescently tagged dextran of varying hydrody-
namic radii comparable to cytokines and other bioactive molecules were used [36].

As one would expect, increased collagen concentration resulted in faster initia-
tion of polymerization but there were no significant relationships between polymer-
ization kinetics and pH. With regard to mechanical properties, experiments showed 
an increased compression modulus with all three fabrication parameters as shown in 
Fig. 3a. Hydrogels polymerized at low temperature (Fig. 3b:a, b) exhibited more 
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Fig. 2  Correlation between fabrication parameters and material properties for collagen hydrogels [15]

Fig. 3  (continued) (c) Pore and fiber diameter of collagen hydrogels in relation to fabrication 
parameters: polymerization pH, polymerization temperature, and absolute collagen concentration. 
Blue markers with dashed lines represent hydrogels polymerized at 23 °C while red markers with solid 
lines represent hydrogels polymerized at 37 °C. Data shown are mean + SE with N = 12. Significance 
was calculated for pH-averaged groups. At each concentration, the difference between means at 
T-23 °C and T = 37 °C is significant at p < 0.0001 for both fiber diameter and pore diameter [36]
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Fig. 3  (a) Compression moduli of collagen I hydrogels at deformation rate of 0.1%/s. Blue bars 
with dashed lines indicate hydrogels polymerized at 23 °C, and red bars with solid lines indicate 
hydrogels polymerized at 37 °C. pH is depicted as color saturation. Data shown are mean + SE with 
N = 4–16 per bar. Significance was calculated for pH-averaged groups (N = 12–48) as indicated by 
horizontal black bars. Temperature means comparison is indicated with # while hydrodynamic 
radius means comparison is indicated with *. (b) Fiber structure images obtained using confocal 
reflectance microscopy. Images shown are for hydrogels polymerized at pH 7.4. Scale bar is 25 μm.  
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network-like structures while high temperature polymerized hydrogels (Fig. 3b:c, 
d) resulted in evenly distributed fibers with decreased mesh size. All variations of 
fabrication parameters and the effects on fiber structure are summarized in Fig. 3c. 
Diffusivity was largely influenced by hydrodynamic radii of diffusing molecules, 
with the effects of fabrication parameters made negligible compared to sizes of 
fluorescent dextran molecules. This study not only illuminated relationships 
between fabrication parameters and collagen material properties, but these relation-
ships were also used to generate a set of empirical equations that could be applied 
when designing and optimizing tissue models as shown in Table 1 [36].

2  �3D In Vitro Collagen Tumor Models

2D cell monolayers are unable to truly recapitulate the dynamic tumor microenviron-
ment (TME), as they do not incorporate accurate architectural features and critical 
cell-cell and cell-matrix interactions [37–41]. 3D cell culture models have provided 
significant insight regarding the role of the TME on tumor growth and development 
[17, 42–48]. Fischbach, et al. have established a number of 3D in vitro tumor models 
using both native and synthetic polymeric materials for tissue scaffolds [17, 42, 48]. 
These tumor constructs have shown angiogenic growth factor secretion and drug 
responsiveness, effects of oxygen tension within tumors and 3D cell-ECM interac-
tions on angiogenic potential, and remodeling of collagen type I ECM by endothelial 
cells in response to release of angiogenic factors from cancer cells.

A bioengineered collagen type I tumor model developed by the Rylander group 
is representative of the pre-vascularized stage of solid tumor progression [49]. This 
stage of tumor growth is characterized by altered TME properties such as uninhib-
ited proliferation, a necrotic core surrounded by hypoxic regions, and activation of 
genetic factors that lead to the recruitment of local endothelial cells for promoting 
angiogenesis [50–53]. Hypoxia, an oxygen deficient environment, occurs at a dis-
tance of 100 to 200 μm from the nearest vessel. Cells in the core of a growing tumor 
mass that cannot adapt to hypoxic conditions begin to undergo apoptosis, forming a 
necrotic core as shown in Fig.  4a. Hypoxia-inducible factor (HIF)-1α is a key 
marker for hypoxia [50, 53]; HIF-1α is a heterodimeric transcription factor that is 
protected from degradation when hypoxic levels are reached in the surrounding 
tissue. Tumors react to the altered hypoxic stress in the TME by progressing from a 
pre-vascularized to a vascularized state, inducing an angiogenic response. During 
this progression, tumor cells secrete cytokines and growth factors (e.g. vascular 
endothelial growth factor A, VEGF-A) that stimulate vascular sprouting and neo-
vascularization from proximate endothelial cells [54].

In the bioengineered collagen type I tumor model developed by the Rylander 
group described in the previous paragraph, MDA-MB-231 breast cancer cells were 
seeded in collagen type I (8 mg/mL) hydrogel constructs for 7 days as shown in 
Fig. 4b. By day 3 in culture in the hydrogels, cells developed a stellate, elongated 
morphology with disorganized nuclei, and by day 7, cells proliferated and aggre-
gated into 3D clusters, exhibiting cell-cell and cell matrix interactions representative 
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of in vivo behavior [49]. Cell seeding density (1 or 4 million cells/mL) and scaffold 
thickness (1.5 or 3 mm) were varied with the intent to promote the development of 
hypoxia and necrosis via diffusion limitations for oxygen and nutrients. Figure 5 shows 
the effects of cell seeding density on the nutrient and oxygen availability at depths 
greater than 150 to 200 μm from the surface of the hydrogels, where cells are in direct 
contact with oxygenated media. In the hydrogels with 4 million cells/mL density, large 
amounts of dead cells (stained with propidium iodide) were present at this depth, fol-
lowed by a space containing no visible cells. The complete absence of cells in this void 
could be due to cells migrating to the outer boundary to be in closer proximity to oxy-
gen and nutrients. Alternatively, since propidium iodide is a nuclear stain, the void 
could be indicative of DNA degradation in dead cells nearest the center [55].

To demonstrate that hypoxia is an identifiable precursor to cell death, high-density 
cell constructs (4 million cell/mL in 3 mm thick hydrogels) were used to induce 
formation of a necrotic core. Immunofluorescence imaging of HIF-1α was per-
formed to assess intracellular levels of hypoxia. HIF-1α was detected on day 1 with 
increasing intensity by day 5, attributed to tumor cell proliferation and the subse-
quent increase in competition for oxygen. It is assumed that cell access to oxygen 
and nutrients in confined 3D constructs is more difficult than 2D cell monolayers. 

Fig. 4  (a) Regions of hypoxia surrounding a necrotic core, as a result of uninhibited proliferation 
of tumor cells during pre-vascularized stages of in vitro solid tumor development. (b) Bioengineered 
in vitro solid tumor platform consisting of collagen I hydrogels cultured with MBA-MB-231 
human breast cancer cells [49]

M. Gadde et al.



79

Therefore, measurable amounts of HIF-1α on day 1 confirm the hypoxic cell reaction 
to being cultured in 3D. When cells were seeded in 3 mm thick constructs containing 
4 million cells/mL, HIF-1α gene expression, analyzed using quantitative RT-PCR, 
was upregulated on days 3 and 5. By day 7, there was a decrease in HIF-1α expres-
sion, attributed to hypoxic cells dying from deficient oxygen and nutrient availabil-
ity. VEGF-A expression was upregulated on days 3, 5, and 7 compared to day 0, but 
expression decreased between days 5 and 7. This decrease was likely an effect of 
down regulation of HIF-1α observed on day 7. When cells were seeded in 3 mm 
thick constructs at a lower density of 1 million cells/mL, the competition for nutri-
ents and oxygen was alleviated. This led to an initial down regulation of HIF-1α and 
eventual upregulation of VEGF-A. Expression of HIF-1α was upregulated on days 3 
and 5 compared to day 1, and on day 7 compared to day 0. Both HIF-1α and VEGF-A 
gene expression peaked at day 5 in the high-density (4 million cells/mL) constructs, 
but in the low-density (1 million cells/mL) constructs, constant upregulation of both 
markers was observed over the 7-day period [49]. Increased VEGF-A expression is 
a strong indicator of angiogenic potential in tumors, and a key aspect of tumor matu-
ration is VEGF-A inducement of endothelial cells to promote tumor vascularization 
[54, 56]. After decreasing scaffold thickness to 1.5  mm while maintaining high-
density cell seeding of 4 million cells/mL, no significant upregulation of either 
HIF-1α or VEGF-A was detected on any day compared to day 0. The reduced thick-
ness diminished diffusion limitations of oxygen and nutrients. This 3D bioengi-
neered tumor model was representative of the pre-vascularized stage of solid tumor 
progression, and led to the development of multilayered, co-cultured tumor con-
structs demonstrating the angiogenic and neovascularization processes when cancer 
cells interacted with endothelial cells [57].

Fig. 5  (a) Day 1 of MDA-MB-231 cells that were seeded at 1 million cells/ml in collagen hydro-
gels. Cells were evenly distributed throughout the hydrogel. (b) On day 5, cells show significant 
proliferation and formation of 3D clusters. (c) Cell seeding density was increased to 4 million cells/
ml, and on day 1, viable cells (green) were evenly distributed throughout the gel with few dead cells 
(red). (d) On day 5, the higher-density cell constructs showed viability through 150–200 μm depth 
below the surface, with limiations in oxygen and nutrients resulting in cell death toward the core of 
the bioengineered tumor platforms. Scale bars are 250 μm (a, b) and 100 μm (c, d) ([49])

Three Dimensional In Vitro Tumor Platforms for Cancer Discovery



80

The Rylander group has also developed a 3D bilayer vascular tumor platform to 
investigate the importance of matrix properties, cell-cell interactions, and growth 
factors on promoting and supporting angiogenesis [57]. The tumor platform is a 
bilayer collagen type I hydrogel in which the bottom layer is composed of 8 mg/mL 
collagen type I seeded with MDA-MB-231 (highly aggressive) or MCF7 (less 
aggressive) breast cancer cells. The top layer of the platform is an acellular hydrogel 
composed of collagen type I with telomerase immortalized endothelial (TIME) cells 
seeded on top as shown in Fig. 6. The acellular region in the bilayer hydrogel was 
deemed necessary by preliminary studies which showed direct contact between 
tumor and endothelial cells lead to apoptosis of endothelial cells [58–60]. The 
bilayer collagen hydrogel was housed in a transwell system allowing for separation 
of media components for the various cell types and ensures TIME cells from being 
exposed to the acidic metabolites and wastes generated by the MDA-MB-231 or 
MCF7 cells. The following parameters in Table 2 were varied by the Rylander group 
to determine the cellular and matrix properties that influence angiogenesis in a co-
culture of TIME and breast cancer cells.

To determine if tumor cells could elicit an angiogenic response from the TIME 
cells without any exogenous growth factors, TIME cells were grown in 3D bilayer 
tumor platforms with either MDA-MB-231 or MCF7 cells on either 2, 4, or 8 mg/
mL acellular collagen layers as illustrated in Fig.  6. To remove the influence of 
exogenous growth factors, TIME cells were cultured in endothelial growth media 
(EGM) that did not include traditional supplements of vascular endothelial growth 
factor (VEGF) and basic fibroblast growth factor (bFGF) (promoters of angiogen-
esis). In both co-culture groups, TIME cells displayed an elongated and aligned 
morphology and the MDA-MB-231 and TIME co-culture also resulted in an 
increase in endothelial proliferation with confluence reached by day 7. Conversely, 
MCF7 co-cultures led to a decrease in endothelial proliferation and confluence of 
TIME cells was not achieved. This behavior is supported by preliminary studies 
performed by the Rylander group consisting of MDA-MB-231 and MCF7 mono-
cultures grown in collagen type I hydrogels. The results from preliminary studies 
revealed that from day 1, MDA-MB-231 cells produced VEGF levels much higher 
than 2 ng/mL present in complete EGM whereas MCF7 cultures required 5 days to 
produce the amount of VEGF similar to that found in EGM. The increased endothe-
lial proliferation can be attributed to the high levels of VEGF produced by the 

Fig. 6  Bilayer collagen 
type I hydrogel composed 
of a collagen type I 
hydrogel with breast 
cancer cells on the bottom 
and an acellular collagen 
type I hydrogel seeded 
with TIME cells on top. 
The bilayer collagen type I 
hydrogel is housed in a 
transwell system
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MDA-MB-231 cells from the beginning which prompted their proliferation whereas 
MCF7 cells were unable to produce necessary levels of VEGF at an early time point 
necessary for the growth of the TIME cells. Additionally, these results were consis-
tent in all three concentrations of acellular collagen layers suggesting that endothe-
lial morphology is influenced by tumor-endothelial interactions but endothelial 
proliferation is most influenced by the presence of VEGF.

Angiogenic sprouting was studied in bilayer co-cultures of TIME cells with 
either MDA-MB-231 or MCF7 cells, and in bilayer monoculture of TIME cells with 
TIME cells grown on a 2, 4, or 8 mg/mL acellular collagen layer. Sprouting of 
TIME cells was observed on the 2 and 4 mg/mL acellular collagen layers in 
MDA-MB-231 and TIME co-culture and in the TIME monoculture but not in the 
MCF7 co-culture with sprouting more prominent on the 2 mg/mL acellular collagen 
layers. MDA-MB-231 and TIME co-culture produced capillary like tubule net-
works that penetrated into the acellular collagen, while TIME monoculture showed 
no signs of tubule formation beneath the surface revealing a connection between 
matrix concentration (stiffness), presence of tumor cells (aggressive vs non aggres-
sive), and angiogenic sprouting (invasive vs not invasive).

To further elucidate the angiogenic response of tumors, correlation between 
angiogenic sprouting and growth factors bFGF and VEGF was investigated by alter-
ing media composition and initial seeding density of MDA-MB-231 cells. Following 
the results from the previous experiment, TIME cells were cultured on either 2 or 4 
mg/mL acellular collagen as these levels were capable of inducing sprouting. To 
determine if MDA-MB-231 cells can induce sprouting without exogenous growth 
factors, TIME cells were cultured in either complete EGM (2 ng/mL VEGF and 4 
ng/mL bFGF), complete EGM supplemented with additional bFGF (2 ng/mL VEGF 
and 10 ng/mL bFGF), or EGM without the addition of VEGF and bFGF supple-
ments. MDA-MB-231 and TIME co-cultures grown in EGM with bFGF and VEGF 
present showed enhanced angiogenic sprouting compared to media with exogenous 
growth factors lacking as presented in Fig. 7. Increasing bFGF levels from 4 to 10 
ng/mL did not increase sprouting and this behavior persisted regardless of the initial 
seeding density of MDA-MB-231 cells (1 vs 5 million MDA-MB-231 cells). Even 

Table 2  Details of the various parameters that were investigated for their influence on inducing an 
angiogenic response

Experimental parameters for testing angiogenic response

MDA-Mb-231 MCF7
Tumor cell density 1 × 106 cells/mL 5 × 106 cells/mL
TIME cell density 3 × 104 1 × 105

Acellular collagen type I 
concentration

2 mg/mL 4 mg/mL 8 mg/mL

Growth factors EGM with VEGF 
and bFGF removed

Complete EGM (2 ng/
mL VEGF, 4 ng/mL 
bfGF)

EGM with 10 ng/
mL bFGF

Time of TIME cell 
seeding

1 day into culture 5 days into culture
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Fig. 7  Influence of matrix concentration and supplemented bFGF on angiogenic sprouting of 
TIME cells cultured for 7 days on MDA-MB-231 bioengineered tumors. (a) Greater degree of 
angiogenic sprouting was observed within the 2 mg/mL acellular collagen layers as compared with 
the 4 mg/mL acellular collagen with augmented sprouting in both 2 and 4 mg/mL in the presence 
of media containing bFGF. (b) Three-dimensional image reconstruction shows two separate 
tubules anastomosing and extending down beneath the surface monolayer (2 mg/mL acellular col-
lagen layer; 10 ng/mL bFGF). Green, F-actin; blue, nuclei. Scale bars are 50 μm [57]
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when exogenous VEGF component was not present in EGM, VEGF wasn’t com-
pletely absent from the system due to the presence of endogenous VEGF produced 
by MDA-MB-231 cells. Results revealed that VEGF had an influence on endothelial 
proliferation and presence of both bFGF and VEGF is necessary for a complete 
angiogenic response agreeing with previous studies that showed that co-stimulation 
of bFGF and VEGF augmented angiogenic sprouting in an endothelial monoculture 
assay [61].

Finally, the Rylander group investigated the influence of TIME cells on angio-
genic response by comparing two different seeding densities of TIME cells: low 
(3 × 104) and high (1 × 105, equivalent to a confluent monolayer). Using the optimal 
sprouting conditions determined from previous bilayer collage type I hydrogel 
experiments (MDA-MB-231 co-culture, 2 mg/mL acellular collagen layer, initial 
MDA-MB-231 seeding density of 1 million cells) they observed that increasing the 
initial density of TIME cells resulted in an increase in the number of sprouts but the 
presence of tubule networks occurred at the same time point of 5 days into co-
culture regardless of the seeding density. Additionally, the time at which TIME cells 
were introduced to the co-culture, day 1 vs day 5 (time point at which MDA-MB-231 
cells secrete high levels of VEGF), did not increase the rate of tubule formation 
which once again was observed 5 days into co-culture. These results illustrated that 
along with necessary levels of VEGF and appropriate matrix concentration, a time 
dependent tumor-endothelial interaction is necessary for tubule formation. The 3D 
in vitro vascularized tumor-endothelial co-culture model developed by the Rylander 
group revealed that the type of tumor cells present, cell-cell interactions, seeding 
density, matrix concentration, and growth factors are all involved in eliciting an 
angiogenic response, and it is important to use a system that allows for the presence 
of all these factors to understand the complexity of tumor developments.

3  �Microfluidic Vascularized Tumor Platform

Microfluidic technology was introduced as an analysis tool for biology and chemis-
try in the early 1990s [62]. It is the manipulation of micro scale volumes of fluids in 
a microchannel system with dimensions that range from 1 to 1000 μm [63, 64]. The 
combination of microfluidic technology with cancer biology and drug delivery has 
enabled development of complex 3D tumor models that provide a more controllable 
environment while allowing researchers to isolate specific interactions that are 
absent in 2D models and difficult in animal models [65]. 3D microfluidic platforms 
are able to recapitulate the complex cell-cell and cell-ECM interactions within 
dynamic microenvironments characterized by controllable spatial cell distribution 
and tunable gradients of biochemical and biophysical factors [66].

Microfluidic tumor platforms have a number of advantages over existing tumor 
models. They use small quantities of cells and reagents and are able to perform 
experiments with short processing times yielding high resolution and sensitivity 
[63, 67]. Incorporation of microfabrication techniques has led to development of 
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physiologically relevant TMEs with tissue properties present in vivo such as cross-
talk between cells and their microenvironment, vascularization, perfusion, and for-
mation of gradients in nutrients, oxygen, and other soluble factors [68]. Mass 
transport in microfluidic technology is governed by diffusion due to the small scale 
resulting in precise spatial and temporal control over gradients of soluble biological 
factors and cell-cell and cell-ECM interactions. This allows for formation of gradi-
ents and the retentions of molecules such as signaling factors and nutrients, in close 
proximity to cells increasing response sensitivity. Additionally, controlled fluid flow 
through microchannels simulates the vascular system and interstitial flow and pro-
vides constant culture medium refreshment for prolonged culture [65, 69]. Other 
advantages of 3D microfluidic platforms are that they can mimic important mechan-
ical and biochemical parameters including hypoxia, increased pressure, and shear 
stress [67, 68]. Finally, multiple microfluidic devices can be connected to form an 
integrated multi organ platform that allows for a more comprehensive understand-
ing of tumor behavior [70]. These benefits of 3D in vitro microfluidic platforms 
have resulted in their emergence as powerful systems for gaining a better under-
standing of cancer progression and development of new therapies.

Dr. Rylander’s group has developed an optically clear collagen-based microflu-
idic vascularized tumor platform that recreates the cancer microenvironment and 
cellular crosstalk through the incorporation of an endothelialized microchannel 
within a collagen 3D matrix containing human cancer cells. Their previous studies 
utilized a 3D in vitro vascularized tumor-endothelial co-culture model to study the 
influence of paracrine signaling on angiogenesis. Results revealed that the type of 
tumor cells present, cell-cell interactions, seeding density, matrix concentration, 
and growth factors are all involved in eliciting an angiogenic response, and it is 
important to use a system that allows for the presence of all these factors to under-
stand the complexity of tumors To gain a further understanding of cancer and its 
progression, additional parameters such as flow, pressure and soluble factor 
gradients, need to be investigated. This led to the development of the collagen-based 
microfluidic vascularized tumor platform. The platform, shown in Fig. 8 allows for 
high imaging resolution and dynamic monitoring of drug/nanoparticle transport and 
angiogenic vessel sprouting [71]. The microchannel is composed of collagen type I 
embedded with green fluorescent protein (GFP) tagged MDA-MB-231 breast can-
cer cells with an inner lumen of TIME cells and enclosed in fluorinated ethylene 
propylene (FEP) capped with polydimethylsiloxane (PDMS) sleeves. Complete 
details for the development of the microfluidic tumor model can be found in previ-
ous publications from the Rylander group [1, 71]. Briefly, collagen type I solution 
containing MDA-MB-231 cells was injected into the FEP housing with a needle 
placed through the center. After polymerization, the needle was removed and a solu-
tion of TIME cells was injected into the hollow lumen left behind by the needle. 
Next, a 72 h graded flow preconditioning treatment was applied to the microchan-
nels exposing the TIME cells to shear stress from 0.01 to 0.1 dyn/cm2 in order to 
develop a confluent endothelium as displayed in Fig. 8b, c. Once the channels are 
prepped, the FEP enclosure and a water bath enable refractive matching allowing 
for undistorted imaging of the system. This system was used to study tumor and 
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endothelial intercellular signaling and particle transport in response to hemody-
namic flow typical of the TME [1, 71, 72].

Using the collagen based microfluidic vascularized tumor model described 
above, the Rylander group has gained insight into the difference between intracel-
lular signaling in mono vs co-culture and in static vs flow models. They investigated 
and compared the influence of mono and co-cultures of MDA-MB-231 and TIME 
cells in 2D tissue culture flasks and in the 3D microfluidic vascularized tumor plat-
form exposed to either static or flow conditions. Perfusion of media through the 
microchannel was used to impose physical fluid shear stresses on the endothelium 
as well as simulate tumor-relevant hemodynamic stresses in the system, which are 
important for regulating reciprocal tumor-endothelial expression of angiogenic 
growth factors. Studies have shown that fluid shear stresses are linked to endothelial 
cell transcription, proliferation, barrier transport properties, and modulation of their 
cytoskeleton [69, 72–77] as well as stimulating and directing the migration of can-
cer cells [65, 78, 79]. Gene expression measured with reverse transcription poly-
merase chain reaction (RT-PCR) revealed that MDA-MB-231 cells cultured in static 
3D microfluidic platforms compared to 2D culture had a significant increase in 

c
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Fig. 8  Tumor-endothelial co-culture in microfluidic collagen hydrogels (a) Experimental setup of 
microfluidic vascularized tumor platform. (b) Schematic of a 3D microfluidic tumor vascular 
model in which cancer cells seeded in the bulk of hydrogel surround endothelial cells lining the 
lumenal surface of the central microchannel. (c) Co-culture maintains growth of MDA-MB-231-
GFP breast cancer cells and TIME red fluorescent protein (RFP) cells within physiologically rel-
evant geometries. Image 24 h post-culture. Scale bar is 200 μm [1]
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expression of matrix metalloproteinase 9 (MMP9), an enzyme that degrades the 
ECM, as well as proangiogenic factors platelet-derived growth factor B (PDGFB) 
and angiopoietin 2 (ANG2). In the presence of flow, PDGFB and VEGF-A expres-
sions were higher in comparison to 3D static conditions. Additionally, when co-
cultures of MDA-MB-231 and TIME cells were studied, 3D co-culture exposed to 
flow showed an increased expression of proangiogenic factors of VEGF-A, ANG2, 
PDGFB, and MMP9 compared to 3D monocultures of MDA-MB-231 cells. In the 
absence of flow, only VEGFA expression was upregulated [1] These results indicate 
the importance of multicellular interactions in tumor platforms as well as the pres-
ence of hydrodynamic tumor vascular environment.

Subsequent published work by the Rylander group further investigated the effect 
of shear stress on angiogenic response and barrier function of endothelial cells [71]. 
They exposed the microfluidic vascularized tumor platform composed of 
MDA-MB-231 monoculture or co-culture of MDA-MB-231 and TIME cells to 
three different shear stresses, 4 dyn/cm2 (normal microvascular wall shear stress), 1 
dyn/cm2 (low microvascular wall shear stress), and 10 dyn/cm2 (high microvascular 
wall shear stress). Angiogenic response was quantified by performing PCR and 
ELISA for the presence of angiogenic markers such as VEGF, bFGF, and angiopoi-
etins 1 and 2 (ANG1, ANG2). Vessel permeability was determined by perfusing the 
channel with fluorescent nanoparticles ranging from 20 to 1000 nm and fluores-
cently labeled dextran. The study revealed that the wall shear stress caused by the 
fluid flow down regulated angiogenic factors released by MDA-MB-231 cells in the 
presence of an endothelium but had no effect in the MDA-MB-231 mono-cultures 
as shown in Fig. 9a, suggesting that wall shear stress influences the behavior of the 
endothelial cells which then in turn regulate the behavior of surrounding tumor 
cells. Barrier function of the endothelial cells was also shown to be influenced by 
both the wall shear stress and the presence of tumor cells as revealed in Fig. 9b. 
Dextran permeability studies revealed that exposure of the endothelium in both 
mono and co-culture conditions to the three wall shear stresses resulted in decreas-
ing permeability with increasing wall shear stress. Endothelial cells have been 
shown to elongate and align in the direction of flow and a higher shear stress can 
lead to the formation of a tighter and confluent endothelium [69, 74, 77]. Additionally 
under all three flow conditions, co-cultures of tumor and endothelial cells resulted 
in a leakier vessel compared to an endothelial monoculture. Previous studies have 
shown that contact between tumor and endothelial cells results in detachment and 
apoptosis of the endothelial cells [58–60]. This phenomenon combined with the 
paracrine signaling release of proangiogenic factors could be responsible for the 
increased vessel permeability in the tumor-endothelial co-culture microfluidic plat-
form. Further permeability studies performed with fluorescently labeled dextran 
and 1 μm particles depicted in Fig. 10 reveal a size exclusion function of the endo-
thelial barrier as the small dextran particle were able to easily extravasate in the 
collagen type I matrix whereas the 1 μm particles were too large to cross the endo-
thelium. While the platform developed by the Rylander group has been used primar-
ily to understand breast cancer, the platform has the ability to be employed for a 
variety of cancers. By tuning the ECM stiffness, composition, porosity, and using 
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appropriate cell types, microenvironments of desired properties can be created reca-
pitulating cell-cell and cell-ECM interactions of different cancers by following the 
same preparation protocol. This model can also be easily adapted to study specific 
stages of tumor progression such as angiogenesis or metastasis.

In addition to the Rylander group, several other groups have developed microflu-
idic platforms to investigate tumor mechanisms such as angiogenesis or metastasis. 
Tien et al. have been developing platforms fabricated from PDMS to house layers of 
macromolecular hydrogels that can be stacked together to form channels incased by 
the hydrogel scaffold using additive methods [81]. The Beebe group used a viscous 
finger patterning method to create endothelialized lumen structures composed of 
human umbilical vein endothelial cells (HUVECs) within a collagen type I and 
matrigel hydrogel to study the role of VEGF and 10 T1/2 smooth muscle cells on 
angiogenesis [81]. They were able to create channels of various geometries with 
proper endothelial barrier function confirmed through permeability studies of fluo-
rescein isothiocyanate (FITC) labeled bovine serum albumin (BSA). Using their 
finger patterning method, they created VEGF gradients and showed that HUVEC 
sprouting occurred in the direction of VEGF source and co-culture of HUVECs 
with 10 T1/2 cells resulted in a decrease in sprouting regardless of VEGF presence. 
Other groups have combined additive methods with lithographic techniques to 
develop in vitro microfluidic vascular networks (μVN) in a three dimensional col-
lagen scaffold for studying angiogenesis and thrombosis [82]. μVNs seeded with 

Fig. 9  Effect of wall shear stress on expression of engiogenic factors and endothelial permeability. 
(a) High wall shear stress down-regulates tumor-expressed angiogenic factors in the presence of an 
endothelium. Tumor mono-cultures or co-cultures with endothelial cells were cultured under the 
72 h. preconditioning flow rate, after which the target wall shear stress (τW = 1, 4, or 10 dyn/cm2) 
was introduced through the microchannel for a total 6 h. Total tumor mRNA was then isolated for 
gene expression analysis. Relative mRNA to GAPDH mRNA expressed as a fold induction ± 
standard deviation (n = 4) *P < 0.05. Scale bars are 200 μm [71]. (b) Effective permeability coef-
ficient, Pd, decreases as a function of increasing wall shear stress and increases during co-culture 
with tumor cells. Pd of 70 kDa Oregon Green-conjugated Dextran across the endothelialized 
microchannel decreases as τW increases for both mono-culture and co-culture with tumor cells, 
with a statistically significant reduction at τW = 10 dyn/cm2 relative to the preconditioned endothe-
lium *P < 0.05. Pd during co-culture was significantly increased for all τW relative to mono-cul-
tures #P < 0.05. Representative images of 70 kDa Oregon Green-conjugated Dextran diffusion 
across the endothelialized microchannel for the case of τW = 10 dyn/cm2. Scale bar is 200 μm [71]
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HUVECs demonstrated appropriate endothelial morphology, intracellular junc-
tions, and barrier function. In μVN co-cultures of HUVECs with human brain vas-
cular pericytes (HBVPCs), half of the groups showed sprouting of HUVECs 
whereas the other half revealed a retracted endothelium from the walls of the micro-
channels. Additionally, they confirmed that their μVNs could be adapted to study 
thrombosis.

Another notable group in cancer microfluidics is the Kamm group who has 
developed multiple cancer microfluidic models to study angiogenesis and metasta-
sis. Examples of their work include using microfluidic platforms to recreate cell-cell 
signaling present in bone and muscle microenvironments to investigate the metasta-
sis of breast tumor cells to these particular organs [83]. They used 5 mg/ml fibrin 
gels that were embedded with primary hBM-MSCs, osteo differentiated (OD) 
hBM-MSCs, and HUVECs to create the bone microenvironment and for the muscle 

Fig. 10  Extravasation of 70 kDa Oregon Green-conjugated Dextran (a) and 1 μm nanoparticles 
from the microchannel (b). (a) Each image shows a microfluidic vascularized 3D tumor platform. 
The two bright red lines seen in the first image correspond to TIME-RFP cells that form the border 
between the microchannel in the middle of each image and the collagen surrounding it. Unlabeled 
MDA-MB-231 breast cancer cells are embedded in the collagen surrounding the microchannel. 
The green signal apparent in each image was produced by 70 kDa Oregon Green-conjugated 
Dextran. The first image corresponds to 15 min after flow containing the 70 kDa Oregon Green-
conjugated Dextran was introduced to the microchannel at a flow rate corresponding to a wall 
shear stress of τW = 1 dyn/ cm2. Each corresponding image is 10 min after the previous one. As can 
be seen by the increase in green signal, the 70 kDa Oregon Green-conjugated Dextran continu-
ously diffuses out of the microchannel through the endothelium and into the collagen for the dura-
tion of the 70  min study. (b) Endothelium prevents extravasation of 1 μm nanoparticles from 
microchannel. Each image shows half of a microfluidic vascularized 3D tumor platform. The red 
signal seen in the left half of the image was produced by 1 μm red fluorescent polystyrene nano-
spheres. The bright red line in the middle of each image corresponds to TIME-RFP cells which 
form a barrier between the microchannel and collagen ECM. The green signal seen in the right half 
of each image corresponds to MDA-MB-231-GFP breast cancer cells embedded within the colla-
gen. The first image corresponds to 30 min after flow containing the 1 μm red fluorescent plastic 
nanospheres was introduced to the microchannel at a flow rate corresponding to a wall shear stress 
of τW = 1 dyn/ cm2. Each corresponding image is 60 min after the previous one. As can be seen, the 
1 μm nanospheres are prevented from extravasating out of the microchannel into the collagen by 
the endothelium for the duration of the 6 hour study
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mimic, they replaced the OD hBM MSCs with C2C12 cells. They introduced a 
MDA-MB-231 cell solution into a neighboring channel and observed the extravasa-
tion of the MDAs into the bone microenvironment was much higher than extravasa-
tion into the muscle microenvironment. This group has also developed a collagen 
type I microfluidic model embedded with endothelial cells to study the influence of 
transendothelial flow as a mechanical regulator of angiogenesis [84]. Endothelial 
cells were cultured on stiff collagen gels and subjected to no flow (control), apical-
to-basal, or basal-to-apical flow for 24 hours. They found basal-to-apical transendo-
thelial flow induced sprouting and triggered invadopodia supporting the group’s 
hypothesis that transendothelial pressure gradients produced by basal-to-apical flow 
promote sprouting angiogenesis.

Other groups developing novel microfluidic platforms for cancer research 
include Song et al., who have designed a microfluidic vasculature system capable of 
site specific activation of the endothelium to model the interactions between circu-
lating cancer cells and the endothelium during metastasis [85]. They used their 
microfluidic system to produce site-specific stimulation of endothelium with 
CXCL12, a chemokine involved in metastasis, on adhesion of circulating breast 
cancer cells to endothelium. Results from the study demonstrate that circulating 
breast cancer cells adhere to endothelium when stimulated from the basal side with 
CXCL12 suggesting the signaling system CXCL12-CXCR4 as a potential target for 
therapies aimed at blocking metastasis.

In addition to tumor platforms, microfluidic technology has been adapted to cre-
ate organ level models such as those for liver and heart tissue with varying degrees of 
vascularization. These models were primarily developed independently and few 
attempts have been made to enable the interaction of all these microenvironments to 
study their collective influence on tumor behavior. Some microfluidic-based organ-
on-a-chip systems have multiple cell culture chambers connected with microchannels 
[70, 86–89]. However, the cell volume in these microsystems is limited and does not 
allow statistically significant observations. Most of these systems are 2D and cannot 
truly represent the 3D in vivo cellular microenvironment. In addition, the fabrication 
and operation of these multi-organ microsystems are costly and cumbersome, and 
not suited for high-throughput implementation. These limitations need to be 
addressed because organ level functions and multi-organ interactions are crucial 
when evaluating drug toxicity or studying metastasis of tumor cells to specific organs. 
As a result, many groups including the Rylander team, are investigating methods to 
create multi organ and tumor systems to gain insight into multi-system response.

4  �Conclusion

In vitro models have been invaluable tools for gaining improved understanding of 
cancer biology and progression. Conventional 2D systems and animal models have 
provided researchers with a framework upon which to elucidate the basic principles 
of cancer biology but are limited. Attributes such as relative cost and complexity 
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have necessitated the development of 3D models to act as a bridge between conven-
tional 2D cell culture systems and animal models. 3D tumor platforms are able to 
recapitulate the cell-cell and cell-matrix interactions found in vivo. The introduction 
of microfluidic technology has resulted in the development of advanced 3D tumor 
platforms that allow researchers to recreate the dynamic tumor niche. Ongoing can-
cer research utilizes various 3D models such as transwell assays, polymer hydro-
gels, spheroids, and microfluidic systems and these models vary from group to 
group in cell type, ECM protein composition, geometry, and fabrication technique. 
Currently, no one platform can recreate all the dynamic complexities present in the 
TME such as stromal cells, various gradients, and the immune response. 
Advancements in the development of more physiologically relevant platforms will 
provide a deeper understanding of the complex behavior of tumors and uncover new 
approaches to diagnosis and treatment.
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Abstract  Patients with advanced cancers are frequently diagnosed with bone 
metastasis, which is an incurable condition associated with pathological bone 
remodeling. Despite its widespread impact, understanding of the mechanisms 
underlying bone metastasis remains relatively limited. While traditional cancer 
research approaches focus on cancer cells, increasing evidence suggests a role for 
their surrounding microenvironment in tumorigenesis and metastasis. Therefore, 
model systems recapitulating physiologically relevant cell-microenvironment inter-
actions are needed in order to study the specific underlying signaling mechanisms. 
Tissue-engineered, humanized in vitro models may provide an attractive alternative 
to conventional cell culture and rodent models, as they offer systematic control of 
microenvironmental aspects relevant to basic and translational studies of bone 
metastasis. Here, we use breast cancer as an example to review metastasis-associated 
changes to the bone microenvironment and current approaches to study bone metas-
tasis. In light of their limitations, we discuss tissue-engineered model systems of 
bone metastasis as a promising alternative, and describe specific design parameters 
that should be considered when developing such models. Collectively, engineering-
inspired culture approaches will be valuable to investigate the functional contribu-
tion of the microenvironment to the development, progression, and therapy response 
of bone metastasis.
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1  �Introduction

Metastasis accounts for approximately 90% of cancer-related deaths [1] and very 
frequently targets the skeleton [2]. In particular, patients with advanced breast and 
prostate cancer, but also with lung, thyroid, and kidney cancers, are often diagnosed 
with incurable bone metastasis [3]. The pathological bone remodeling associated 
with skeletal metastasis increases morbidity and mortality, and can span a wide 
spectrum of changes that range from excess new bone formation, as in the case of 
prostate cancer, to complete bone degradation, as often observed with breast cancer 
[4, 5]. Despite its devastating socioeconomic consequences, our understanding of 
the molecular, cellular, and tissue-level mechanisms that underlie bone metastasis 
remains relatively limited.

Traditionally, most cancer research has centered on cancer cells; however, it is 
now well accepted that the microenvironment in which cancer cells are located is 
equally important. In fact, an accumulating body of work suggests that tumors can 
only develop in a permissive context that may, for example, form during the process 
of aging or inflammation, while a healthy or embryonic microenvironment can pre-
vent tumorigenesis [6]. Although most studies on tumor-microenvironment interac-
tions have been performed in the context of primary tumors, the same concepts 
apply to secondary tumors that have spread to distant sites including the skeleton. 
Indeed, the “seed and soil” hypothesis has long argued that metastasis is a non-
random process which specifically targets organs that provide fertile ground for 
tumor cells to seed [7, 8]. Nevertheless, due in part to a lack of relevant model 
systems, there exists relatively little knowledge about the surrounding “soil”, or 
microenvironment, and what makes it fertile for seeding and progression of 
metastases.

Historically, bone metastasis has been studied in conventional two-dimensional 
(2D) cell culture and mouse models. However, both approaches are limited in their 
ability to recapitulate conditions characteristic of human disease. More specifically, 
species-specific differences in mice often prevent extrapolation of results to patients, 
while 2D cultures lack physiologically relevant 3D cell-microenvironment interac-
tions. Nevertheless, these contextual cues are critical regulators of the phenotypic 
changes that mediate metastasis, including proliferation, differentiation, and gene 
expression [9]. To address this challenge, cancer biologists increasingly utilize 
tumor spheroids and organoids. Still, these systems are not easily suited to recapitu-
late the unique cell-cell and cell-extracellular matrix (ECM) interactions as well as 
mechanical forces intrinsic to bone metastasis. Tissue-engineered, humanized in 
vitro models may provide an attractive alternative and advance basic and transla-
tional studies of bone metastasis.

In this chapter, we will use breast cancer as an example to introduce biological 
changes to the bone microenvironment associated with metastasis and review cur-
rent approaches to study the underlying mechanisms. Subsequently, we will discuss 
tissue-engineered model systems of bone metastasis as a valuable alternative and 
define specific design parameters that should be considered when developing such 
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models. Collectively, engineering-inspired culture approaches will be valuable to 
investigate the functional contribution of the microenvironment to the development, 
progression, and therapy response of bone metastasis.

2  �The Microenvironment in Bone Metastasis

2.1  �Bone Structure and Homeostatic Bone Remodeling

The skeleton serves to provide structural support in the body, and is constantly 
undergoing remodeling (~10% annually [10]) to maintain mechanical strength and 
integrity. Bone remodeling is a sequential process by which bone is degraded/
resorbed (osteolysis) and then replaced by newly formed bone (osteogenesis). At 
the cellular level, osteolysis and osteogenesis are carried out by bone-degrading 
osteoclasts, bone-forming osteoblasts, and mechanosensing osteocytes. Through 
acid and protease secretion, osteoclasts primarily function to degrade bone matrix, 
a composite material composed of collagen type I fibrils that are reinforced by 
hydroxyapatite (HA) nanocrystals [11]. Osteoclasts are hematopoietic in origin and 
derived from macrophage/monocytes that have differentiated and fused (i.e. osteo-
clastogenesis) in the presence of osteoblast-derived cues (e.g. receptor activator of 
nuclear factor kappa-B ligand [RANKL], macrophage colony-stimulating factor 
[M-CSF]) [12]. Osteoblasts, on the other hand, are derived from bone marrow mes-
enchymal stem cells (BM-MSCs) via transforming growth factor-beta (TGF-β), 
bone morphogenetic protein (BMP), and WNT signaling [10]. Following behind 
osteoclasts, osteoblasts deposit new collagen type I matrix for mineralization, then 
undergo apoptosis or become lining cells or osteocytes. Generally accepted as the 
primary mechanosensors in bone, osteocytes form an interconnected network 
embedded within bone matrix, and secrete factors that regulate osteoclastogenesis 
(e.g. RANKL) and osteoblast differentiation (e.g. TGF-β) in response to physical 
forces [13]. Critical to the balance of bone resorption and formation is the local 
strain environment in the bone, which is modulated by external mechanical stimuli. 
For example, increases in mechanical loading of the bone (e.g. due to physical 
activity) lead to a net increase in osteogenesis whereas reductions in loading (e.g. 
due to bed rest) promote osteolysis [14]. In the context of breast cancer, tumor cells 
deregulate the above-described homeostatic signaling between bone cells and 
mechanical stimuli to drive their own growth and metastatic potential.

2.2  �The Vicious Cycle of Bone Metastasis

Bone metastasis results when cancer cells originating from a primary tumor initiate 
secondary tumors in the skeleton. The metastatic process is highly selective [8]; 
primary tumor cells must successfully invade local tissue, intravasate into nearby 
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blood vessels, and circulate systemically while evading the immune system, before 
localizing and extravasating into bone. Even then, the disseminated cells must sur-
vive a period of dormancy before reactivating to establish secondary tumor growth 
[15]. Survival at each of these steps is rate-limiting and requires crosstalk between 
a cancer cell and its microenvironment. The bone matrix exemplifies fertile “soil” 
for cancer cells, as it is packed with morphogens (i.e. growth factors, cytokines, 
chemokines) that attract tumor cells and feed their growth. For example, the seques-
tration of osteoblast-secreted stromal-derived factor-1 (SDF-1/CXCL12) in the 
bone ECM is not only important for homing of CXCR4-expressing immune, hema-
topoietic, and stem cells, but also plays a role in seeding and proliferation of breast 
cancer cells in bone [16–19].

Once localized to the bone secondary site, tumor cells modify the microenviron-
ment in their favor by deregulating the signals that govern homeostatic bone remod-
eling in a feed-forward loop that promotes bone metastatic progression. While 
osteogenesis appears to be essential for initial seeding of metastasis [20], osteolysis 
is the primary outcome at later stages of breast cancer bone metastasis. Tumor cells 
activate the latter process by secreting elevated levels of parathyroid hormone-
related peptide (PTHrP), which stimulates the secretion of osteoblast-derived 
RANKL to increase osteoclast activation and bone resorption [21–23]. Increased 
bone resorption, in turn, leads to the release of matrix-bound growth factors (e.g. 
TGF-β, BMPs) that further enhance tumor growth, in a process known as the 
“vicious cycle” of bone metastasis [4, 11, 24]. This vicious cycle is additionally 
stimulated by elimination of functional osteoblasts [25]. Furthermore, upregulated 
RANKL-independent signaling mechanisms may play an important role in bone 
metastasis, for example, tumor cells expressing elevated levels of interleukin-8 (IL-
8) and lysyl oxidase (LOX) also exhibit increased migration [26] and invasiveness 
[27], and have been correlated with increased osteolysis [28, 29].

More recently, experimental evidence has suggested that tumor cells at the pri-
mary site may direct the formation of distant “pre-metastatic niches” primed for 
metastatic initiation even prior to their own dissemination. Through endocrine-like 
actions, primary tumor cells release factors that circulate systemically and trans-
form cell behavior from afar in a manner that may ultimately direct organ-specific 
metastasis [30, 31]. For example, primary breast cancer in rodent models changes 
bone strength, structure, and mineralization, suggesting that circulating factors may 
play a role in this process [32]. Indeed, tumor-free mice that were injected with 
tumor cell-conditioned media similarly present with osteolytic lesions, confirming 
that systemically circulating tumor-derived factors (e.g. LOX) lead to pre-metastatic 
conditioning of the bone [33]. However, whether these changes to the bone ECM 
are critical to bone metastasis remains to be confirmed. Studies with cancer cell-
derived extracellular vesicles (e.g. exosomes) strongly suggest this possibility 
because they have been demonstrated to direct organotropic metastasis via pre-
metastatic niche development at sites such as the lungs and the liver [34, 35]. 
Developing models to specifically investigate the interactions between tumor cells 
and the bone microenvironment at each stage of the metastatic cascade will further 
mechanistic understanding of bone metastatic progression (Fig. 1).
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3  �In Vivo Models of Bone Metastasis

Various mouse models of bone metastasis have advanced our knowledge of how 
tumor cells interact with the bone microenvironment, but not all aspects of human 
disease may be mimicked with this approach. Transgenic mice reflecting certain 
genetic mutations found in human breast cancer have facilitated greater under-
standing of tumor growth and invasion, and tumor-immune interactions. For 
example, overexpression of the oncogenes Her2/neu, Ras, and Myc is commonly 
driven by the Mouse Mammary Tumor Virus (MMTV) promoter [36]. Immune-
competent MMTV-driven mice develop spontaneous mammary tumors, but bone 
metastasis occurs rarely in such models [36]. In fact, most spontaneous breast 
cancer models in rodents do not metastasize to the bone, and thus other approaches 
are often utilized.

Fig. 1  Design parameters to incorporate into engineered tumor microenvironments for studies of 
bone metastasis, including cell-matrix interactions, cell-cell interactions, and mechanical forces
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Inoculation of breast cancer cells through various injection routes has yielded 
greater rates of bone metastasis compared to transgenic models. Following 
orthotopic injection into the mammary fat pad, the murine breast cancer line 4T1 
has limited ability to spontaneously metastasize to bone after 3–6 weeks, while its 
clonal subline 4T1.2 exhibits strong bone tropism [37]. The 4T1 model provides the 
opportunity to study the full bone metastatic cascade in mice, as well as tumor-
immune studies in syngeneic BALB/c mice. However, by the time bone metastases 
become apparent, the tumor burden is typically high at the orthotopic site and in the 
lungs, leaving a small time window to study bone metastasis [36]. Intracardiac 
injection through the left ventricle introduces tumor cells directly into the systemic 
circulation, improving rates of bone metastases [38]. While this model skips key 
initial steps of the metastatic process, it has enabled study of factors that influence 
tumor cell seeding and colonization of bones, including the development of bone-
tropic sub-lines of the human breast cancer cell line MDA-MB231, as well as the 
identification of a bone metastasis gene signature [39, 40]. Intraosseous injections, 
for example by the intratibial route, place tumor cells directly into the bone marrow 
cavity, allowing study of tumor-bone microenvironmental interactions. This 
approach is limited to the late stages of the metastatic cascade, but has been espe-
cially useful in studying the vicious cycle of bone metastasis [41] and the effective-
ness of potential treatments such as bisphosphonates [42], denosumab [43], and 
even mechanical loading [14]. Collectively, these techniques have shed light on 
several aspects of breast cancer bone metastasis, however they remain limited by 
their inability to recapitulate species-specific interactions between human breast 
cancer cells and human bone in the presence of a functional immune system [44].

Orthotopic injection of human breast cancer cells into mice with implanted 
human bone tissue may overcome this issue, and confirm a role for human-specific 
microenvironmental aspects of bone in driving metastasis [45]. The use of patient-
derived xenografts (PDX) models, in which tissue from patient primary tumors is 
transplanted to immunodeficient mice, has been rising because they offer improved 
predictive value for malignant potential compared to cancer cell lines [46]. Indeed, 
tumor cells derived from PDX models have displayed spontaneous metastases simi-
lar to those of patients, and as such may metastasize to bone in the host mouse [47]. 
Still, many of these models lack immune interaction, which could be addressed by 
engrafting human hematopoietic cells within the immunodeficient murine hosts 
(e.g. nude [48], SCID [49–51], NOD-scid [52]). These humanized models aim to 
confer partial human immunity to the hosts, however the success of these approaches 
has been limited by eventual takeover of the hematopoietic compartment by host 
immune cells and low life spans of mice [53]. Collectively, mouse models of bone 
metastasis have led to much advancement in our understanding of the disease. Even 
so, using these models to study the spatiotemporal dynamics of bone metastasis, 
species-specific differences, and the role of the immune system continues to be a 
challenge. While certainly limited in their ability to recapitulate full biologic com-
plexity, in vitro culture platforms may address some of these challenges, as they 
enable the study of human cells under well-defined conditions, in a patient-specific 
manner, at reduced cost, and with fewer ethical issues relative to animal studies.
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4  �Tissue-Engineered Models to Study Bone Metastasis

4.1  �Dimensionality: 2D Versus 3D

Standard 2D monolayer cultures of human cancer cells have provided valuable 
insights on cancer biology and informed therapeutic development. However, these 
2D culture models are unable to recapitulate most of the heterogeneous interactions 
within the tumor microenvironment in vivo, including those involving the surround-
ing extracellular matrix (ECM), as well as other resident cell types, and external 
physical forces [9, 54]. In fact, cells cultured in 3D compared to 2D exhibit appre-
ciably altered proliferation [55], differentiation [56], metabolism [57], and protein 
expression [58, 59].

3D cancer cell cultures more appropriately mimic tumors in vivo, as tissue level 
interactions and dimensionality influence tumor growth [60–62], migration [63], 
signaling [64, 65], and drug response [66]. For example, multicellular spheroids 
recapitulating certain aspects of tumor heterogeneity and transport limitations in 
vivo have led to improved understanding of antitumor drug resistance [67]. Tumor 
organoids, which are spheroids cultured from primary cells, can retain patient-
specific genetic and pathological characteristics, and have helped elucidate 
genotype-drug interactions and niche contributions to growth, metastasis, and drug 
response [68–70]. While tumor spheroids and organoids have also been used to 
study the role of ECM in regulating invasive behavior of tumor cells [71], they typi-
cally lack cell-matrix interactions characteristic of bone. Furthermore, they exclude 
tumor-stromal cell interactions and mechanical stimuli, thus more physiologically 
relevant 3D models of the bone microenvironment are needed to investigate the 
mechanisms of bone metastasis [54].

4.2  �Cell-Matrix Interactions

4.2.1  �Organic Matrix (Collagen, Decellularized Matrices, etc.)

To study tumor-matrix interactions, natural ECM-derived materials such as colla-
gen type I and reconstituted basement membrane (i.e. Matrigel®) are frequently 
used due to their cytocompatibility, inclusion of cell adhesion sites, remodelability, 
as well as the ability to control physical matrix properties (e.g. porosity, fiber struc-
ture, stiffness) through casting conditions (e.g. temperature, concentration, pH) [72, 
73]. Matrigel® and collagen type I hydrogels have also been used to direct stem cell 
osteogenic differentiation and mineralization [74–78], leading to compositional 
similarities to organic bone matrix. However, batch-to-batch variability and inabil-
ity to control specific biological, biochemical, and biophysical characteristics of 
these matrices [54, 79] limit study reproducibility and thus, mechanistic 
understanding.
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In particular, the ECM composition, structure, and mechanical properties (e.g. 
stiffness, or elastic modulus) encountered by cells in the bone microenvironment are 
not reflected or independently controllable in collagen type I or Matrigel®-based 
hydrogels models. For example, ECMs at common metastatic sites (bone, lung, 
brain) are complex in their composition and physical properties, yet most naturally-
derived hydrogels comprise only one individual component that does not capture 
the tissue-specific integrin-ECM interactions that critically mediate breast cancer 
cell adhesion and motility (Fig. 2a) [80]. In addition, the stiffness of bone is orders 
of magnitude greater than the upper limit possible using natural ECM hydrogels 
[84]. As substrate mechanics are critical in regulating BM-MSC osteogenic differ-
entiation [85, 86], tumor cell malignancy [87], as well as the progression of bone 
metastasis (Fig. 2b) [81, 84], the inability to capture bone ECM mechanics inher-
ently limits the physiologic relevance of these models. Furthermore, varying the 
concentration of collagen gels to control bulk stiffness simultaneously alters fibril-
lar network structure and adhesive ligand density, which independently modulate 
cell behavior [88]. Inability to recapitulate biochemical and physical properties of 
bone matrix restricts the physiologic relevance of cell behavior in hydrogel cultures, 

Fig. 2  Cell-matrix interactions. (a) Tissue-specific ECM protein density and composition influ-
ence breast cancer cell adhesion and motility [80]. (b) Osteolytic PTHrP gene expression increases 
with substrate modulus for bone-metastatic breast (MDA), lung (RWGT2), and prostate (PC3) 
cancer cell lines [81]. (c) Compared to collagen type I matrices (COL I), decellularized osteoblast-
derived matrix (OBM) bone tissues induce greater alignment of prostate cancer cell lines (PC3 and 
LNCaP) [90]. (d) Breast cancer cells penetrate deeper into and adhere better onto mineralized, 
HA-containing scaffolds. Arrows = walls, asterisks = pores, scale bars = 200 μm [83]. (Figures 
reproduced with permission from Royal Society of Chemistry, Elsevier, and Public Library of 
Science)
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which may be improved by using platforms that allow systematic control of such 
parameters.

Decellularized matrices, which preserve the natural composition and structure 
laid down by osteogenic cells, not only direct osteogenic differentiation of BM-MSCs 
[89], but have also facilitated studies of tumor cell-ECM interactions. Compared to 
2D collagen matrices, decellularized matrices derived from primary human osteo-
blasts have been shown to enhance alignment, migration, and osteogenic gene 
expression of prostate cancer cells (Fig. 2c) [90] as well as bone-metastatic breast 
cancer cells [82]. The feasibility of long-term studies with cell-derived ECMs can be 
further improved by surface-anchorage, a technique that preserves structural integ-
rity of the ECMs and prevents their detachment in response to cell-mediated traction 
forces [91]. BM-MSCs in such cultures deposit even more physiologically relevant 
ECMs under macromolecular crowding conditions [92]. This results in enhanced 
expansion of hematopoietic progenitor cells, indicating that tumor cells may also 
respond to such conditions. Still, cell-derived matrices are commonly derived from 
monolayer cultures. Given that cellular ECM deposition is influenced by the under-
lying substrate [93], these ECMs may still not fully recapitulate the in vivo ECM 
structure and composition that can independently affect availability of ECM binding 
sites, and subsequent phenotypic changes of secondary cell types [94].

Decellularized bone tissue offers compositional and structural matrix cues inher-
ent to native bone that may be explored for studies of bone metastasis. Indeed, 
decellularized bone tissue alters cellular phenotypes, and can support osteogenic 
differentiation of progenitor cells (adipose-derived stem cells [95], embryonic stem 
cells [96], BM-MSCs [97, 98]) as well as studies of tumor cell-bone interactions 
[99, 100]. However, it is worth noting that bone tissue architecture, marrow mechan-
ics, and mineral content can vary greatly within a single bone, let alone across 
samples and species, limiting reproducibility of these models [101, 102]. These 
changes are important, for example, as bone mineral materials properties can 
independently modulate tumor cell behavior [103]. This suggests that bone metas-
tasis models of the ECM should not only recapitulate proper organic ECM composi-
tion, but also the respective mineral component.

4.2.2  �Inorganic Matrix (Mineral)

Along with collagen, HA mineral platelets constitute a fundamental building block 
of bone matrix, however few bone metastasis models incorporate this inorganic 
matrix component. Inclusion of HA nanoparticles within 3D scaffolds enhances 
osteogenic differentiation of stem cells in bone tissue engineering approaches [104–
106], but has also been demonstrated to affect breast cancer cell adhesion and secre-
tion of pro-osteoclastic IL-8 (Fig.  2d) [83]. Accordingly, biomaterial substrates 
mineralized by incubation with Simulated Body Fluid (SBF) equally promote adhe-
sion and proliferation of breast cancer cells [107]. However, it should be noted that 
the materials properties of HA itself can vary extensively depending on patient age 
and disease [108]. In particular, HA particle size, crystallinity, and carbonate 
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substitution are parameters that may vary in the presence of a secondary and/or 
primary mammary tumor [109, 110]. Hence, synthesis schemes that allow the for-
mation of HA crystals with defined nanoparticle properties have been developed 
[103, 111]. Indeed, polymeric scaffolds containing HA with differentially con-
trolled particle size and crystallinity impact breast cancer cell adhesion, prolifera-
tion, and osteolytic factor secretion as a function of varying HA characteristics 
[103]. While these in vitro studies strongly suggest a regulatory role of HA materi-
als properties in bone metastasis, the in vivo relevance of these findings will need to 
be confirmed. Furthermore, HA is associated with collagen type I fibrils in the body. 
Hence, strategies to mineralize collagen fibrils based on SBF incubation [112, 113] 
and mineral co-precipitation during fibrillogenesis [114] should be considered to 
establish platforms that will allow dissection of the individual and combined effects 
of bone organic and inorganic ECM components during the pathogenesis of bone 
metastasis.

4.3  �Cell-Cell Interactions

4.3.1  �Direct: Cell-Cell Contact in Co-cultures of Tumor and Bone Cells

While isolating tumor cell interactions with the bone ECM will be essential for 
studies of skeletal metastasis, direct interactions of tumor cells with osteoblasts, 
osteoclasts, and other cells located in the bone are equally important. To design 
model systems that recapitulate these interactions, a variety of existing co-culture 
approaches initially developed for regenerative approaches [115–118] or studies of 
bone biology [119, 120] could be easily adapted. Still, mimicking the bone remod-
eling process in vitro remains a significant challenge due to the long time frames 
over which bone cells mature and the need for continuous supplementation of osteo-
genic precursor cells to carry out bone formation following resorption by osteo-
clasts. Nevertheless, appropriate combination of culture substrates and cell types 
can recapitulate conditions observed in vivo and thus, may ultimately reveal novel 
insights. For example, co-culturing breast cancer cells and osteoclasts within min-
eralized, collagenous osteoblastic tissue upregulates osteoclast differentiation and 
downregulates osteoblast differentiation, both of which are features observed in 
osteolytic bone lesions in vivo [121]. While this specific tri-culture model is very 
promising and yields physiologically relevant cell behavior, it may not be easily 
implemented in many conventional biology labs due to the need for custom bioreac-
tors to ensure adequate nutrient and waste transport for the 3D tissue.

To circumvent the challenge of implementing long-term tri-cultures, a majority 
of co-culture studies focus solely on the interactions between tumor cells and a 
single type of bone cell. Several studies have explored the interactions between 
breast cancer cells and osteoblastic cells in co-culture, demonstrating that their 
interaction stimulates osteoclast formation [125, 126], exhibits hallmarks of in vivo 
bone metastatic progression [127, 128], and upregulates expression of the meta-
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static gene metadherin in breast cancer cells (Fig. 3a) [122]. Biomimetic 3D bone 
scaffolds have been increasingly used for these co-cultures, as they can help to 
simulate the behavior of cancer cells in vivo [122, 129]. In addition, co-culture of 
metastatic breast cancer cells with osteoclast precursor cells supplemented with 
soluble RANKL can mimic tumor-induced osteolytic activation in culture due to 
increased osteoclast formation [126]. Together, these studies may further improve 
understanding of how breast cancer cells alter the signaling between osteoblasts and 
osteoclasts that is critical to the development of bone metastasis. Nevertheless, cur-
rent approaches primarily focus on osteoblasts and osteoclasts and typically disre-
gard other bone-resident cells that may play equally important roles. For example, 
bone marrow progenitor cells such as hematopoietic stem cells are recruited to the 
bone via similar signaling pathways (e.g. the SDF-1/CXCR4 pathway) as tumor 
cells and, in fact, directly compete with tumor cells in the bone marrow niche [130–
132]. To fully understand the mechanisms of pre-metastatic niche development and 

Fig. 3  Cell-cell 
interactions. (a) Increasing 
ratios of MSCs co-cultured 
with breast cancer cells 
(MDA-MB-231, BrCa) in 
bone-mimetic scaffolds 
yield greater metastasis-
associated gene expression 
of metadherin (MTDH) 
[122]. (b) Exosomes 
derived from prostate 
cancer cells transform 
BM-MSCs into pro-
migratory, alpha smooth 
muscle actin (αSMA) 
expressing myofibroblasts. 
Scale bars = 100 μm [124]. 
(Figures reproduced with 
permission from Elsevier 
and Impact Journals)
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the vicious cycle of bone metastasis, culture models that incorporate crosstalk 
between various different populations of bone-resident cells and tumor cells will be 
essential. Finally, for effective therapeutic targets to be identified, it will be critical 
to determine whether phenomena observed in co-cultures are dependent on direct 
cell-cell contact or on paracrine signaling between cells.

4.3.2  �Indirect: Membranes, Cell-Derived Factors, Soluble Cues

Non-contact co-cultures utilizing transwell inserts have enabled study of the effects 
of bi-directional paracrine signaling between breast cancer cells and osteoclasts 
[133] as well as between breast cancer cells and BM-MSCs [123] in 2D cultures. To 
permit more physiologically relevant communication between multiple cell types, 
non-contact 3D co-cultures have also been established, for example, by placing two 
scaffolds, each seeded with either breast cancer cells or BM-MSCs, into a single 
well for culture [123]. Using this method of indirect 3D co-culture, BM-MSC 
osteogenic differentiation is decreased in the presence of breast cancer cells. While 
these findings suggest that breast cancer cell-secreted factors reduce osteogenic dif-
ferentiation of BM-MSCs, the opposite, namely enhanced osteogenic differentia-
tion of BM-MSCs, has also been shown [134]. Hence, it is imperative to consider 
whether bidirectional paracrine signaling is necessary for the given research ques-
tion. Indeed, the importance of such feedback is underscored by studies implanting 
engineered bone microenvironments into tumor-bearing mice, in which BM-MSC 
migration from implants to mammary tumors in turn affects metastatic growth and 
frequency [135]. Furthermore, tissue-engineered bone implants have also high-
lighted that BM-MSCs exposed to BMP-2, a growth factor commonly associated 
with both osteogenesis [136] and tumorigenesis [137], enhances bone metastatic 
colonization [138]. Hence, methods to isolate the signaling of specific cell-secreted 
biomolecules remain relevant.

Historically, the effect of tumor-derived morphogens on cell signaling including 
BM-MSC migration [139], gene and protein expression [140], and differentiation 
[134], as well as osteoblast inflammatory response [141] have been frequently iso-
lated with conditioned media. More recently, however, it has become clear that con-
ditioned media not only contains secreted biomolecules, but also tumor cell-shed 
extracellular vesicles (EVs; e.g. exosomes, microvesicles) and that these EVs may 
be critical for tumor initiation and progression. More specifically, EVs are 
membrane-enclosed vesicles that are produced by tumor cells and can be isolated 
from conditioned media via size-based sorting and filtration techniques [142, 143]. 
EVs can promote cancer progression via stably transported cargo molecules (e.g. 
proteins, miRNAs, DNA). Additionally, cancer cell derived-EVs can direct organ-
specific metastasis [35], transform the behavior of BM-MSCs and other stromal 
cells toward cancer-promoting phenotypes (Fig. 3b) [124, 144], and increase the 
metastatic potential of poorly metastatic cells [145]. However, the exact mechanisms 
underlying these observations are not well understood. For example, whether tumor 
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cells within bone shed different populations of EVs relative to those located at the 
primary site, and how these vesicles transmit information to recipient cells remains 
largely unclear. Studying the biogenesis and signaling mechanisms intrinsic to EVs 
in physiologically relevant models of bone metastasis promises to shed some light 
on these phenomena.

4.4  �Mechanical Forces

Considering the load-bearing nature of bone and its functional adaptation to 
mechanical forces, as well as the observation that mechanical cues can affect bone 
metastatic progression, appropriate mechanical stimuli should be considered when 
designing bone metastasis models. In the context of bone regeneration, various bio-
reactor platforms (spinner flasks [146], rotating-wall vessels [147], direct perfusion 
[148], direct compression [149]) have been developed to impart physical forces that 
promote bone tissue formation. Similar setups can also be applied to probe the func-
tional impact of such stimuli on the pathogenesis of bone metastasis. In general, 
tumor growth within bones induces static compression, which can enhance meta-
static phenotypes in prostate cancer cells via osteocyte-secreted factors [150]. On 
the other hand, external cyclic compression of tumor-bearing tibiae to mimic the 
effect of physical activity has been shown to inhibit secondary tumor growth and 
osteolysis [14]. Together, these findings indicate that physical forces modulate met-
astatic progression, but the underlying mechanisms may be diverse. While load-
bearing physical activity imparts cyclic compressive loads on bone-resident cells in 
vivo, it also generates interstitial flow that in and of itself can alter cell behavior due 
to altered transport of nutrients and waste products as well as small scale mechani-
cal forces (e.g. shear stress, drag forces) [152]. Indeed, introducing interstitial flow 
into collagen scaffolds using microfluidic approaches influences the direction of 
breast cancer cell migration (Fig. 4a) [151]. Additionally, flow-derived shear stresses 
may regulate the drug resistance of tumors as suggested by studies in which tissue-
engineered bone tumors were cultured in a flow perfusion bioreactor [153]. Whether 
these differences were mediated by direct effects on the tumor cells, altered trans-
port of soluble factors, or a combination of the two remains to be investigated. 
Similarly, direct cyclic compression of HA-containing scaffolds using a custom bio-
reactor with loading platen upregulates expression of genes associated with bone 
metastasis by breast cancer cells (Fig. 4b) [14], while the same stimuli promote 
osteogenic differentiation of BM-MSCs when exposed to breast cancer cell-derived 
soluble factors [134]. Again, whether these changes are due to direct effects on the 
tumor cells or altered transport phenomena has yet to be elucidated. Nevertheless, 
these studies collectively underscore the need to incorporate physiologically rele-
vant mechanical stimuli into bone metastasis models. This approach will be particu-
larly useful in co-culture models involving osteocytes, given the key role of these 
cells in mechanotransduction [154].
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5  �Future Perspectives

In conclusion, 3D tissue-engineered models of cancer bone metastasis have the 
potential to more accurately define the functional interplay between tumor and 
bone-resident cells that regulates bone metastasis. However, current models remain 
limited in their ability to fully recapitulate in vivo complexity of microenvironmen-
tal factors, including matrix properties (organic and inorganic components, mechan-
ical properties), bone-resident cellular compartments (osteoblasts, osteocytes, 
osteoclasts, adipocytes, endothelial cells, immune cells), and physical forces (inter-
stitial flow and cyclic compression). Looking forward, thorough characterization of 
metastasis-associated material changes to the bone microenvironment will be criti-
cal to more appropriately model and study their functional consequences. 
Considering the systemic nature of cancer metastasis, integrating these models with 
body-on-a-chip systems that also represent other organ sites will enable examina-
tion of relative metastatic frequencies as well as mechanistic investigations. The 
knowledge to be gained from integrative models of bone metastasis will inform 

Fig. 4  Mechanical forces. 
(a) Microfluidic device 
generating a consistent 
interstitial flow field via 
pressure gradient across 
cell-embedded collagen I 
gel. Breast cancer cell 
migration occurs against 
the flow direction [151]. 
(b) Direct compression of 
breast cancer cell-seeded 
scaffolds in a loading 
bioreactor reduces 
expression of osteolysis-
associated gene Runx2 
[14]. (Figures reproduced 
with permission from 
National Academy of 
Sciences and John Wiley 
and Sons)
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therapeutic development, and when using patient-derived cells these models could 
provide predictive insights for precision medicine.
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Abstract  Cancer remains a leading cause of death in the United States and other 
developed countries. In nearly all cases, the cause of death is related to complica-
tions associated with tumor metastasis to distant sites such as the brain, lung, liver, 
and bone. A central feature of tumor progression is the acquisition of a blood sup-
ply, which provides nutrients for the growing tumor as well as conduits for transport 
of cancer cells. Our understanding of how a tumor acquires and manipulates a blood 
supply has been gleaned largely from animal models, but more recent advances in 
tissue engineering and microfabrication have led to clever 3D in vitro models of 
tumors that include blood vessels. This chapter will first briefly review the process 
of blood vessel growth including our knowledge of blood vessels within the cancer 
microenvironment, and discuss the most recent advances to mimic blood vessel 
growth in the tumor microenvironment using 3D in vitro culture methods. Finally, 
we discuss several important factors that control blood vessel growth including 
hypoxia, cellular metabolism, and tissue mechanics, which provide rich opportuni-
ties for future investigation.

Keywords  3D models • Tissue engineering • Cancer microenvironment • Hypoxia 
• Mechanics • Metabolism • Metastasis

1  �Introduction

Angiogenesis, the process of vessels sprouting from existing blood vessels, is a 
critical event in numerous pathophysiological processes, including embryogenesis, 
wound healing, inflammation, diabetes, and cancer. Early growth of a neoplastic 
tissue engenders a metabolic deficit (e.g., glucose and oxygen) that limits growth. 
Compensatory mechanisms that permit additional growth include changes in 
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metabolism and the acquisition of a blood supply. The access to vasculature allows 
tumors to disseminate cancer cells to distant organ sites, leading to the formation of 
metastatic lesions. The hypothesis that angiogenesis is required for tumor growth 
was first proposed by Folkman in 1971 [1]. Thereafter, there has been reaffirmation 
of this concept by independent groups [2–5]. As a result, anti-angiogenic therapy is 
part of the treatment regimen for some types of solid cancers including breast, lung, 
and renal cancers.

The biology of angiogenesis within the tumor microenvironment has been largely 
studied in either mouse models or simple 2D monolayer culture systems (Fig. 1). 
Although these classical model systems have provided a wealth of understanding, 
they have limitations and there remains a need for novel model systems that can 
further improve our understanding of angiogenesis. Animal models offer a complex 
tissue environment compared to 2D cell cultures, but the biology of these animal 
models is simply not human. A more recent model used to study cancer biology is 
the patient-derived xenograft (PDX) in which a human tumor is implanted either 
subcutaneously or orthotopically in an immunocompromised mouse. The major 
limitation in the subcutaneous model is that it lacks important features of the origi-
nal tumor microenvironment. In contrast, orthotopic tumor xenografts are implanted 
at the original tumor site and are considered more reliable for studying the biology 
or predicting drug response in humans. Nonetheless, in both cases the tumor xeno-
grafts are surrounded by non-human tissue stroma, developed in the absence of a 

Fig. 1  Advantages and disadvantages of tumor model systems. Experimental model systems of 
the tumor microenvironment (TME) broadly include four categories: (a) traditional 2D monolayer 
cell culture, (b) 3D in vitro multicellular models, (c) animal models, and (d) human models. While 
simple and inexpensive, 2D monolayer culture cannot replicate the essential heterotypic cell-cell 
and cell-matrix interactions that have proven essential in the biology of the TME. Animal models 
can replicate the integrated response of the whole animal, but many times the immune system is 
compromised to allow the study of human cells and the temporal and spatial resolution of the TME 
is severely limited. While humans represent the “perfect” system, studies are limited to more 
advanced cancers, and most interventions, including genetic manipulation, are not possible. 
Advanced 3D in vitro multicellular models allow the step-by-step incorporation of key compo-
nents in the TME, and high spatial and temporal resolution of dynamic events. While it may be 
difficult to fully recapitulate the TME in vitro, new advances in microfabrication and imaging 
provide opportunities to tease apart complex cell-cell and cell-matrix dynamics in the TME. The 
arrows linking the models are purposely two-way as observations made in one system can answer 
questions, but also generate new hypotheses that can be tested or confirmed in alternate systems. 
While all four approaches are important, a 3D in vitro model can provide unique opportunities to 
study angiogenesis in the tumor microenvironment
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normal immune response, and take several months to grow [6, 7]. Furthermore, the 
animal models are expensive to maintain, are not high-throughput, provide barriers 
to some imaging technologies, and provide inherently limited spatial and temporal 
resolution. The 2D culture systems, on the other hand, are much easier to develop 
and utilize. However, these systems lack the fundamental complexity of the multi-
cellular 3D tissue microenvironment. These limitations have led to the development 
of 3D culture systems, which are positioned between 2D and animal models in 
terms of advantages and limitations (Fig. 1).

The idea of mimicking 3D tissue function in vitro is not new in cancer research; 
in fact, tumor spheroids were first presented nearly four decades ago [8]. Since then, 
the model systems have evolved from 3D tumor spheroids comprised solely of can-
cerous cells to tumor spheroids composed of a mixture of cancer and stromal cells, 
vascularized tumors, and more recently perfused vascularized tumors [8–10]. 
Despite the recent progress that has been made in the field using conventional bio-
logical models, we still do not have a complete picture of the impact of microenvi-
ronmental factors that dictate the formation and maintenance of cancer-associated 
blood vessels. Herein we provide a limited discussion of the biological pathways of 
angiogenesis; unique features of vessels within the cancer microenvironment; the 
important roles of hypoxia, cellular metabolism, and mechanics on tumor angiogen-
esis; and tumor metastasis as a backdrop to understand how the creation of in vitro 
3D tumor organoids can be used to further augment our understanding of tumor 
angiogenesis and its role in tumor progression.

2  �Cell Signaling Pathways in Tumor Angiogenesis

The growth of blood vessels from existing blood vessels to meet the metabolic 
needs of a tumor defines tumor angiogenesis (Fig.  2a) [11]. The important pro-
angiogenic factors involved in cancer are vascular endothelial growth factor 
(VEGF), placental growth factor (PlGF), and angiopoietin-1 (ANG1) [12]. These 
pro-angiogenic factors activate otherwise quiescent vessels and “turn on” the so-
called angiogenic switch. VEGF has been extensively studied for how it activates 
the angiogenic program [12]. Vessel exposure to proangiogenic factors leads to 
vasodilation and increased vascular permeability. The endothelial cells lining the 
vessel degrade the basement membrane by proteolytic activity of matrix metallo-
proteinases (MMP). The endothelial cells detach and organize into a new branch in 
which the endothelial cell leading the branch is called a tip cell and the endothelial 
cells following are called stalk cells (Fig. 2b). The tip cells sense gradients of mor-
phogens and guide the direction of the new sprout. The tip cell restricts the stalk 
cells from transforming into other tip cells by secreting delta-like ligand 4 and sig-
naling through the NOTCH-mediated pathway. The stalk cells, on the other hand, 
are responsible for proliferating and forming continuous extension branching from 
the original vessel. Eventually vessel junctions are reestablished, proteolytic activ-
ity is neutralized, the basement membrane is synthesized, and pericytes are recruited 

Building Better Tumor Models: Organoid Systems to Investigate Angiogenesis



120

to stabilize the nascent vessels. The processes that stabilize the vessels are 
conducted by numerous molecular pathways mediated by platelet-derived growth 
factor B (PDGF-B), ANG-1, transforming growth factor-β (TGF-β), ephrin-B2 and 
NOTCH. The WNT signaling pathway also plays a role in tumor angiogenesis 
[13, 14]. Endothelial cells express an array of WNT ligands and their frizzled (FZD) 
receptors, some of which are essential for stimulating endothelial cell proliferation 
[14]. One of the regulators of WNT signaling is β-catenin. Activation of WNT/β--
catenin signaling can induce numerous tumor growth genes including Myc, Axin2, 
and Zeb1 in vivo. In contrast, abnormal β-catenin activation and signaling has been 
associated with solid stress from tumor masses [13, 14].

Another important cell signaling pathway that regulates vessel integrity is the 
angiopoietin (ANG) and TIE signaling system; this pathway stimulates basement 
membrane deposition to promote vessel tightness [15, 16]. However, dysregulation 
of ANG and TIE signaling in sprouting endothelial cells can lead to vascular perme-
ability, inflammation, and defects that allow for tumor metastasis [17]. Finally, 
p21-activated kinases (PAKs) alter RhoGTPase signaling, causing irregular actomyosin 

Fig. 2  Angiogenesis in the tumor microenvironment. (a) Angiogenesis is required to promote 
tumor growth. The angiogenesis in tumors of mice was captured using optical frequency domain 
imaging (OFDI) technique. This high resolution microscopy shows tumor associated vasculature 
is dense and unorganized compared to surrounding non-tumor tissue. The red and yellow indicate 
the depth of the tissue and blue indicates lymphatics. Scale bar = 500 mm (reprinted with permis-
sion [11]). (b) Numerous signaling factors, including soluble growth factors and membrane bound 
receptors, integrins, and junction proteins, play a role in the development of vasculature during 
tumor progression. Such signaling is regulated both via tumor cells as well as vascular cells, 
including the tip cell of blood vessels undergoing angiogenesis
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contractility and actin dynamics, and altered cell motility and permeability in 
endothelial cells [18, 19]. Furthermore, work by Ghosh et al. has shown that endo-
thelial cells in the tumor microenvironment demonstrate aberrant Rho activity and 
fail to respond to mechanical strain in the same manner as normal endothelial cells 
[20]. In addition to altering cell motility and permeability, disruption of actin 
dynamics also changes contractile forces and tension in cells, resulting in changes 
to the transcriptional regulators YAP and TAZ [21–23]. Studies are beginning to 
investigate the exact mechanisms that YAP and TAZ have on endothelial cells in 
cancer-associated blood vessels, but some preliminary work reveals that transloca-
tion of YAP/TAZ to the nucleus can upregulate the expression of target genes such 
as connective tissue growth factor (CTGF) and can lead to an increase in monocyte 
adhesion to endothelial cells [21].

3  �Organoid Systems to Model Angiogenesis

The early 3D systems were mainly devoted to create vessels to study activation of 
angiogenic programs. In these systems, either a single suspension of endothelial 
cells or endothelial cell coated microbeads were embedded into extracellular matrix 
(ECM) gels, such as collagen, fibrin, or Matrigel [24, 25]. These gels were placed in 
micro-well plates or similar assemblies to generate a 3D culture system. These 
approaches have successfully yielded capillary microvessels with lumens, but these 
systems have several limitations. The vasculature was not designed for perfusion of 
fluid through the vascular lumen, the vasculature formed was not stable over time, 
and creating controllable temporal and spatial concentration gradients around the 
vasculature is difficult.

The rapidly emerging “organ-on-a-chip” field utilizes tissue engineering and 
microfabrication to create in vitro microtissues in platforms that are optically clear, 
cost-effective, have high spatial and temporal resolution, can capture events in real 
time, and have the potential to be high-throughput. These systems are proving criti-
cal for uncovering novel aspects of angiogenesis. The general method to fabricate 
the organ-on-a-chip platform begins with the computer-aided design of the device. 
A mask is printed from these designs, and used to create a master mold. The master 
mold is fabricated using soft lithography techniques, in which a silicon vapor coated 
with photoresist, such as SU8, is covered with the mask and exposed to UV. The UV 
light polymerizes the exposed area of photoresist, which is the area of device design 
on the mask. The non-polymerized photoresist is etched, and the master mold is 
used to create numerous replicas of the device design using polymers such as 
polydimethylsiloxane (PDMS). The devices made of PDMS are ideal for many cell 
culture applications, including tumor organoids, as they are permeable to oxygen, 
transparent, and have a similar refractive index to glass to facilitate optical 
imaging.

We and others have developed several microfluidic platforms that capture fea-
tures of the human microcirculation (Fig.  3) [26–32]. A critical feature of the 
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Fig. 3  In vitro blood vessels created by coating microfluidic channels with endothelial cells. (a1) 
Device design for coating endothelial cells on the surfaces of the PDMS and collagen gel. (a2) The 
endothelial cells (green) form monolayer in the device, and (a3) angiogenesis is observed from 2D 
coat into 3D collagen gel (reprinted with permission from [30]. (b1) Device design to create hol-
low tubes of circular cross section in collagen gel by using silicon master mold. The surface of the 
collagen tube are coated with endothelial cells to form a vessel. (b2) These vessels stained with 
endothelial specific CD31 (red) sprout and (b3) exhibit barrier function as they retain dextran in 
the lumen (green). Scale bar in b2 and b3 shows 100 μm (reprinted with permission from [27]). 
(c1) The channels in the hydrogel were developed by using viscous finger patterning and then (c2) 
endothelial cells (green) were coated on the hollow structures. (c3) These vessels show angiogenic 
response (red) to VEGF concentration gradients. Scale bar in c2 and c3 show 500 and 50 μm, 
respectively (reprinted with permission [32]). (d1) PDMS device in which a cylindrical tube is 
created in collagen gel using needle of 400 μm diameter. (d2) The gel cylinder was coated with 
endothelial cells (green). (d3) When the vessels exposed to angiogenic factors show angiogenesis. 
Scale bars in d2 and d3 are 100 μm. Scale bar in the insert of d3 is 50 μm (reprinted with permis-
sion from [31])
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microcirculation is the hollow capillary structure through which blood or a blood 
substitute can flow. The studies use mainly two approaches to create these struc-
tures. The first approach is lining a conduit with endothelial cells. Some studies 
first create a perforated rectangular shaped conduit in PDMS, and coat one side or 
all sides of the conduit with endothelial cells [30]. Others have used a more sophis-
ticated approach of creating a cylindrical conduit in an ECM gel (i.e., collagen or 
fibrin) and then coat the lumen of the cylinder with endothelial cells [27, 31]. Once 
the endothelial cells adhere to the wall of the conduit and spread they form tight 
junctions with physiological permeability coefficients [27]. This method generally 
creates large diameter (>100 μm) endothelial cell-lined tubes [27, 31, 32]. These 
endothelial-lined tubes can then be exposed to various levels of concentration gra-
dients, which are created by using additional microfluidic lines. There are several 
creative designs to establish concentration gradients using microfluidics. These 
device designs initiate angiogenesis in response to physiological concentration lev-
els of VEGF, bFGF, and several other proangiogenic factors or cocktails of factors 
[27, 31, 32]. As the endothelial cells are coated, a challenging task is to maintain 
the density of endothelial cells and shape of the tube to accurately mimic the 
in vivo vasculature.

The second approach to generate microvessels follows the developmental pro-
cess of vasculogenesis, in which the endothelial cells are encouraged to self-
assemble into capillaries (Fig. 4). In this method, the microvessels are produced 
from endothelial cells and stromal cells that are initially randomly distributed in an 
ECM. The stromal cells are a necessary component as they secrete factors necessary 
to support vessel formation, in particular tube formation and stabilization [33–35]. 
Our lab has shown that cord blood-derived endothelial cells and human lung fibro-
blasts in a fibrin gel generate dynamic, interconnected, and perfusable networks of 
microvessels [29]. When implanted in the mouse, the microvessels anastomose to 
mouse vasculature and become functional [36, 37].This co-culture system provides 
a more physiologic alternative, compared to assays using only endothelial cells [27, 
31, 32], to mimic in vivo angiogenesis. Moreover the physical dimensions, including 
diameter, of the microvasculature formed by our assay resembles that of the in vivo 
microvasculature (<50 μm).

Vasculogenic vessel formation has also been shown to be facilitated by other 
types of stromal cells, such as bone marrow derived stromal cells [28]. In the 
context of tumor angiogenesis, such a system could be of interest, as bone marrow 
is one of the most frequent metastatic sites for multiple types of solid tumors, 
including breast, and colon cancers. Our lab has been working to develop micro-
fluidic systems to place tumors in the immediate vicinity of perfused microvascu-
lar tissue developed by this vasculogenic process [38]. These systems are designed 
to recapitulate microenvironment of early and advanced tumors and study angio-
genesis in response to the microenvironmental perturbations described in the fol-
lowing sections.
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Fig. 4  Microfluidic systems to create in vitro vascular networks by vasculogenesis process. (a1) 
Device design for creating endothelial network from randomly distributed endothelial cells and 
normal lung fibroblasts in fibrin gel. (a2) The endothelial cells (green) form interconnected net-
work of vessels (reprinted with permission from [29]). (b1) One approach to connect the vessels
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Fig. 4  (continued) with the fluidic lines of PDMS device is to coat the fluidic lines with endothe-
lial cells. (b2) The endothelial cells in the fluidic line connect with the vessel network in the gel 
forming a perfused network of vessels (reprinted with permission from [35]). (c1) Microfluidic 
platform design used to create vascular network from bone marrow derived mesenchymal stem 
cells and endothelial cells in fibrin gel. (c2) The micrograph shows endothelial network in this 
device (red). The scale bar is 200 μm (reprinted with permission [28]). (d1) Microfluidic platform 
used for co-culture of endothelial cells and pericytes in fibrin gel. (d2) The system supports forma-
tion of endothelial network (red) formation with pericyte coverage (green). The scale bar is 
100 μm. The figure is reprinted from [26], and is covered under Creative Commons Attribution 
(CC BY) license

4  �Hypoxia and Tumor Angiogenesis

4.1  �Overview

The deficiency of oxygen, an essential nutrient for cell proliferation and survival, is 
a critical stimulus for acquiring new blood vessels. Hypoxic tumors activate molec-
ular programs that lead to secretion of proangiogenic factors by the tumor as well as 
tumor-associated stromal cells. Tumor hypoxia has been associated with poor 
patient prognosis, with clinical studies showing that advanced breast cancers have a 
median oxygen tension of 10 mmHg, compared with 65 mmHg in normal breast 
tissue [39–41]. Hypoxic cores exist in advanced stage tumors [42], and can also 
exist in tumors as small as 400 μm in diameter [43]. In hypoxic conditions, angio-
genesis is primarily regulated by hypoxia inducible factors (HIFs). Of the highly 
conserved HIF family of transcription factors, HIF-1 has been the best studied [44–
46]. It is known to be a heterodimer of α-subunit (HIF-1α) and a β-subunit (HIF-1β), 
where subunits are members of the basic helix-loop-helix (bHLH)-containing PER-
ARNT-SIM (PAS) domain family of transcription factors. In addition to HIF-1α and 
HIF-1β, there are two additional oxygen regulated α-subunits are (HIF-2α and 
HIF-3α) and two other constitutively expressed β-subunits (HIF-2β, and HIF-3β). 
Furthermore, the low oxygen environment stabilizes HIF-1α in endothelial cells as 
well [47].

The HIF-1 activation follows a series of molecular events. Starting at oxygen 
concentrations below 6%, HIF-1α stabilizes and translocates from the cytoplasm to 
the nucleus, where it dimerizes with HIF-1β [48]. HIF-1 then binds to hypoxia 
responsive elements (HREs) within the promoters of HIF target genes leading to the 
increased expression of proangiogenic factors such as vascular endothelial growth 
factor (VEGF), VEGF-R2, angiopoietin 1/2, fibroblast growth factor, platelet-
derived growth factor, and the decreased expression of anti-angiogenic factors such 
as thrombospondin-1 and carbonic anhydrase-9 [49]. In addition to angiogenesis, 
HIF-1 can activate more than a hundred genes that control important cellular pro-
cesses such as epithelial-mesenchymal transition, stem-cell maintenance, and 
metabolism that impact tumor cell invasion, metastasis, metabolic reprograming, 
and resistance to therapy [4].
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4.2  �Controlling and Measuring Oxygen In Vitro

The traditional method to create hypoxic conditions utilizes cell culture incubators, 
where blending excess nitrogen with air lowers oxygen concentration. Alternatively, 
the exchange of oxygen from air can be controlled by an air tight glove box equip-
ment, or hypoxic conditions can simply be generated due to consumption of oxygen 
by cell culture. Additionally, chemicals that consume oxygen, such as sodium nitrate, 
can also be used to manipulate oxygen tension [50]. Alternatively, cobalt chloride 
can stabilize HIF-1α in the presence of normoxia, and allows for more flexible data 
collection. This “pseudo-hypoxic” condition can simulate the impact of HIF-1α, but 
cannot fully recapitulate all features that hypoxia has on cell function [51].

Microfluidic devices have become attractive systems to study hypoxia due to 
their inherently small size, and thus small diffusion distances. A common technique 
to reduce oxygen in microfluidic devices is to use separate channels containing an 
oxygen scavenger such as sodium nitrate (Fig.  5). These channels are separated 
from the tissue chambers by a semipermeable material, such as PDMS, that allows 
diffusion of oxygen but not water [52–54]. By altering the concentration and flow of 
the scavenger, the oxygen tension within the device can be controlled with high 
spatial and temporal resolution. PDMS is ideally suited as a material of construction 
for these device as it is a highly permeable material with respect to oxygen com-
pared to relatively impermeable materials such as cyclic olefin copolymer, polysty-
rene, polypropylene, poly(methacrylic acid), polyurethane, and poly(methyl 
pentene) [55]. By choosing an appropriate coating and/or using an oxygen scaven-
ger, a wide range of oxygen concentrations can be controlled to study tumor hypoxia 
and its effects.

A major advantage of using in vitro systems is that real time oxygen measure-
ments can be performed in a live tissue culture with minimal disruption of biologi-
cal processes. The gold standard for the oxygen sensors is Clark-type electrodes 
which measure oxygen by detecting a current flow caused by the reduction of oxy-
gen [56]. However, the method is operationally complex and less sensitive for oxy-
gen measurement relative to other methods. Recently, more sensitive techniques 
have been developed that employs an oxygen sensitive luminophore. The lumines-
cence of oxygen sensitive dyes is inversely proportional to the concentration of 
oxygen. When the dyes are excited by a laser in the presence of oxygen, the excited 
state energy of the phosphorescent indicator molecule is absorbed by oxygen instead 
of being emitted as a luminescent photon. In other words, oxygen quenches the 
phosphorescence, and reduces the lifetime of the phosphorescence decay. Generally, 
a shorter luminescence lifetime indicates a higher oxygen concentration. The life-
time of the phosphorescence, as opposed to the intensity, is a more robust method as 
it is insensitive to photobleaching and independent of the concentration of the dye. 
Detecting the luminescence lifetime generally requires a more complicated experi-
mental setup because a pulsed laser needs to be used [57].

While many research groups have focused on controlling the oxygen environ-
ment around tumor spheroids, some groups, including ours, have begun to control 
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Fig. 5  Manipulating and measuring oxygen concentrations in vitro. (a) Oxygen scavenger lines 
can be designed into microfluidic platforms to generate hypoxic conditions inside tissue chambers. 
Typically these include materials such as sodium sulfite. (b) PhLM is a method used to measure 
oxygen concentrations in 3D culture systems. Using a pulsed laser to excite the oxygen sensitive 
dye and measuring the dye’s lifetime of decay, a longer phosphorescent lifetimes correspond to 
lower oxygen concentrations

oxygen tension in vascularized tumors [52, 53, 58]. Due to the role that the vascular 
network has in oxygen regulation and the interaction between the tumor and the 
vasculature during hypoxia, the inclusion of these components in the next genera-
tion of tumor organoid models is critical for a complete understanding of angiogen-
esis in the tumor microenvironment.
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5  �Cellular Metabolism and Angiogenesis in the Tumor 
Microenvironment

5.1  �Overview

Endothelial cells act as a semi-permeable barrier between the circulating blood and 
various tissues. Being in direct contact with the blood, endothelial cells have the 
most ready access to the nutrients needed for healthy cell growth, including glucose, 
glutamine, and oxygen but are also responsible for delivering these nutrients to the 
surrounding tissue. Endothelial cells are able to balance their own metabolic needs 
and transport duties by executing a specific metabolic program that shares many 
similarities with cancer cell metabolism.

Endothelial cells are highly glycolytic and consume glucose at a high rate. Even 
during quiescence, endothelial cells generate more than 80% of their ATP through 
glycolysis alone [59, 60]. Glycolysis in endothelial cells tends to favor lactate as its 
end product, as less than 1% of pyruvate generated by glycolysis is oxidized in the 
tricarboxylic acid (TCA) cycle. By reducing the utilization of oxidative phosphory-
lation (OxPhos) and thus reducing the amount of consumed oxygen, they are able to 
more effectively deliver oxygen to the tissues.

When appropriate signals are received to form tip cells and induce angiogenesis, 
phosphofructokinase-2/fructose-2,6-bisphosphatase 3 (PFK2 or PFKFB3) expres-
sion is upregulated (Fig. 6). PFK2 converts fructose-6-phosphate into fructose-2,6-
bisphosphate (F2,6BP), a potent regulator of phosphofructokinase-1 (PFK1) which 
converts F6P into fructose-1,6-bisphosphate (F1,6BP), considered the first commit-
ted step in glycolysis. VEGF and fibroblast growth factor 2 (FGF2) have been shown 
to increase PFK2 expression and glycolysis. Kruppel-Like Factor 2 (KLF2), a tran-
scription factor which responds to hemodynamic-induced stress on the EC glycoca-
lyx, has been shown to reduce PFK2 expression in quiescent endothelial cells (De 
Bock et al.; Doddaballapur et al.; De Bock, Georgiadou, and Carmeliet). By upregu-
lating PFK2 and increasing levels of F2,6BP, PFK1 activity and flux through gly-
colysis are both greatly increased. In many other cells, such as immune cells, this 
activation would lead to a 20- to 30-fold increase in glycolytic flux but only a two-
fold increase occurs in endothelial cells. The end products, lactate, can later be used 
as a mitochondrial fuel by other stromal cells or regenerated through gluconeogen-
esis after reaching the liver.

Similar to endothelial cells, most tumor cells are highly glycolytic even in the 
presence of oxygen, known as Warburg Metabolism, and have reduced OxPhos 
[61]. In contrast to endothelial cells, tumor cells have a high rate of proliferation, 
and consume large quantities of glucose [61]. The rapid use of glucose and excre-
tion of lactate in the tumor microenvironment stimulates angiogenesis. In low glu-
cose conditions, endothelial cells can utilize Fatty Acid Oxidation (FAO) and amino 
acid metabolism, especially glutaminolysis, to supplement their energetic and mac-
romolecular needs. FAO catabolizes circulating triglycerides to create acetyl-CoA, 
which can then be used for energy production in the TCA or for lipid synthesis and 
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Fig. 6  Endothelial cell metabolism in cancer associated angiogenesis. (a) In normal tissues, ECs 
in blood vessels demonstrate a quiescent phenotype, with limited glycolysis for energy production 
due to hemodynamic stress-induced stimulation of Kruppel-Like Factor 2 (KLF2). In tip cells, 
glycolysis is upregulated by several growth factors and downregulation of KLF2 by reduced flow 
also serves to increase glycolytic flux as ECs become activated to proliferate and develop new 
vasculature via angiogenesis. (b) Nanostructure Imaging Mass Spectrometry of rat brain sections 
b. to resolve metabolic differences by brain region (reprinted with permission from [62]). An initia-
tor is used, similar in function to the matrix from MALDI techniques, to desorb and ionize metabo-
lites before analysis by mass spectrometry. Each metabolite can be visualized in its own ion image, 
as shown to the right, which allows for label-free spatial tracking of multiple metabolites in a tissue 
sample
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also yields NADPH as a byproduct. Glutaminolysis catabolizes glutamine, whose 
concentration in tissues is typically 5 μM, yielding glutamate, which is then con-
verted to α-ketoglutarate and can enter the TCA cycle. Glutamate can also act as a 
nitrogen source for amino acid or nucleotide synthesis and an NADH source. These 
alternative energy sources facilitate angiogenesis into the tumor microenvironment, 
which is typically hypoxic and low in nutrients necessary for proliferation.

5.2  �Methods to Characterize Cellular Metabolism In Vitro

There are several techniques that have been utilized to study metabolism in 2D cul-
ture and are being adapted to study 3D tissues in vitro. Three promising options 
include the Seahorse Extracellular Flux (XF) Assay, Fluorescence Lifetime Imaging 
Microscopy (FLIM), and Mass Spectrometry (MS) based metabolomics analysis. 
Direct in vitro studies of metabolism in complex tissues, including organoids com-
posed of multiple cell types, create many challenges compared to standard 2D meta-
bolic analyses due to the heterogeneity of the system and the need to analyze 
multiple focal planes.

The SeaHorse XF assays are useful to characterize a broad metabolic phenotype 
(i.e., primarily glycolytic or OxPhos) using a microwell plate format. They employ 
a probe containing an embedded oxygen-sensitive fluorophore and an embedded 
proton-sensitive fluorophore to monitor minute changes in acidity and oxygen con-
centration which can then inform the oxygen consumption rate and the extracellular 
acidification rate. The former is characteristic of OxPhos whereas the latter is indic-
ative of glycolysis with lactate as the terminal end product (Fan et  al.). The XF 
assays were originally developed for 2D cell culture, but have since been adapted to 
analyze spheroids as well, allowing for the rapid profiling of organoids grown in 
spheroid plates [62]. This system has the advantage of being label free, high-
throughput, customizable for reagent studies, and fully adapted to 3D assays. 
However, it measures only two of the tens of thousands of possible metabolites, and 
contains no spatial resolution.

Fluorescence Lifetime Imaging Microscopy (FLIM) utilizes confocal or multi-
photon microscopy with rapidly pulsed lasers to detect the lifetime of endogenous 
fluorophores. FLIM can offer incredible temporal resolution, on the order of nano-
seconds, of the chemical state of a system. In vivo and in vitro, NADPH, NADH, 
and FAD are fluorescent molecules with a myriad of functions tied to the metabolic 
state of the cell and the ratios of protein bound to unbound forms is indicative of 
cellular metabolism [63, 64]. FLIM is incredibly sensitive due to the natural sensi-
tivity of the fluorophores to their local chemical environment; bound forms of these 
molecules show a significant increase in lifetime (for NAD(P)H, 3.2 ns) over their 
unbound, free solution forms (for NAD(P)H, 0.8 ns) and can thus be used to meta-
bolically profile cells [65, 66]. More recently FLIM has been used in 3D tumor 
organoids to assess cell proliferation [67]. Because this is a microscopic technique, 
it also offers high spatial resolution, permitting insight into the subcellular ratios of 
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each of these fluorescent molecules. NADH and NADPH are nearly identical spectrally, 
but there have been some inroads into differentiating their FLIM signals, which is 
an important distinction due to the distinct roles of NADH in energy production and 
NADPH in biomolecule production and redox state maintenance [68, 69]. FLIM, 
however, is limited to those metabolites which are inherently fluorescent, and 
requires relatively expensive equipment.

By far the most robust technique for studying metabolism is Liquid 
Chromatography-Mass Spectrometry (LC-MS). LC-MS allows for the detection 
and quantification of nearly the entire metabolome of a sample. In 2D cell culture, 
cells are grown in culture medium, fixed (usually with ice cold methanol), and the 
metabolites are extracted using a mixture of organic and aqueous solvents before 
being passed through a chromatography column and analyzed by mass spectrome-
try. The combination of LC-MS allows for the separation of metabolites based on 
both the retention time (LC) and mass to charge ratio (MS) that allows for high reso-
lution detection and identification of each metabolite. By comparing the metabo-
lomes or specific metabolites of two nearly identical samples grown in different 
conditions, known as differential metabolomics, enriched pathways dependent on 
these differences can be elucidated. In addition, isotope labeling allows for the 
tracking of metabolites through different pathways through the detection of strong 
isotope peaks and the use of metabolic flux analysis using isotopically labeled 
metabolites yields a more complete picture of the metabolic network. The main 
shortcoming of this technique is that this represents an “average” metabolome for 
the sample, so extending this technique to 3D tissues results in a total loss of spatial 
resolution and a lack of cell specificity. To ameliorate the loss of specificity, cell 
sorting techniques can be used although this also presents its own set of challenges 
and disadvantages in sample handling.

Mass Spectrometry Imaging (MSI) is a Matrix Assisted Laser Desorption/
Ionization (MALDI) variant that uses a laser and specific analyte preparation to 
desorb and ionize metabolites from finely sectioned tissues before running typical 
mass spectrometry and analysis. The details of MSI preparation and analysis are 
active areas of research and have been recently reviewed [70]. However, the result 
of an MSI experiment recreates the metabolome at each point with sub-micrometer 
resolution while retaining the spatial organization of the analyzed tissue [62]. By 
analyzing adjacent tissue sections histologically, metabolic differences between 
adjacent cells are resolvable as well. Very recently, MSI has been used to investigate 
tumor organoids in 3D to investigate topics such as drug delivery/penetration and 
the impact of hypoxia [71–73].

All three techniques outlined here have inherent strengths and weaknesses. Both 
XF and FLIM techniques can repeat measurements on the same sample and require 
little preparation, but offer somewhat limited information about the system, while 
LC-MS and MSI offer more complete information, but require more time, effort, 
and preparation to execute and analyze and are terminal experiments. As this is still 
a developing field of research, future advances may offer greater ease or scope for 
these techniques or new techniques altogether but metabolic studies of complex 3D 
tissues are finally possible. Being able to analyze cellular metabolism in tumor 
organoids will create a more complete picture of tumor angiogenesis.
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6  �Biomechanics in Tumor-Associated Angiogenesis

6.1  �Overview

In addition to changes in metabolism and oxygen tension, biomechanical forces can 
regulate angiogenesis [74, 75]. Physical forces, including extracellular matrix 
(ECM) stiffness, compressive/contractile forces exerted due to cell proliferation and 
other cellular activities, and fluid forces exerted by blood and plasma flow have all 
been shown to be critical regulators of angiogenesis (Fig. 7) [76–82]. The composi-
tion, and therefore effective stiffness, as well as the organization of the ECM sur-
rounding the tumor also plays a role in mechanically regulating angiogenesis 
[83–88]. Increased peritumoral ECM stiffness correlates with increased potential 
for angiogenesis and metastasis. Furthermore, both tumor cells and endothelial cells 

Fig. 7  Macromechanical forces in tumor progression. Typically, three different types of forces are 
considered important in tumor progression. Interstitial flow (red) generated by developing vascu-
lature within the tumor promotes vessel growth at the periphery of the mass. Compressive forces 
and strains (purple) increase as tumor cells divide uncontrollably, putting pressure on the sur-
rounding ECM. Finally, ECM surrounding the tumor can apply compressive forces (green) as 
more ECM is deposited by tumor and stromal cells, effectively creating a dense capsule of tissue 
containing the tumor mass
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can actively remodel the ECM to facilitate enhanced angiogenesis as well as promote 
metastasis. Compressive forces in the tumor microenvironment are a result of the 
unchecked proliferation of tumor cells that are constrained by surrounding ECM 
and stromal cells [14, 89]. Finally, at the cellular level, contractile behaviors of cells 
in the tumor microenvironment can alter angiogenesis and tumor progression 
[90–93]. Enhanced mechanosignaling from cancer-associated fibroblasts (CAFs) 
and tumor cells alter ECM alignment and remodeling, promoting both enhanced 
angiogenesis and tumor cell metastasis [94–99]. Recent work has demonstrated that 
paracrine regulation to limit the number of tip cells occurs through the Notch path-
way, which has been shown to be mechanosensitive [100, 101]. Furthermore, the 
shift from quiescent vascular endothelial cell to migrating tip cell mimics the phe-
notypic change seen in epithelial to mesenchymal transformation (EMT). In both 
cases cell-cell junction proteins are dramatically downregulated and cells become 
more migratory. Several groups have demonstrated that EMT is regulated through 
active biomechanical forces including cell-cell tension and contractile forces [92, 
102–104].

Endothelial cells are also exquisitely sensitive to fluid flow including intralumi-
nal flow, interstitial flow over and around the basolateral surface, and intercellular 
(transmural) flow between cell junctions. While interstitial flow of plasma can 
enhance angiogenic signaling in endothelial cells as well as invasive pathways in 
tumor cells, luminal flow of blood through vessels limits the angiogenesis [30, 105, 
106]. Importantly, the leaky and tortuous nature of blood vessels in the tumor micro-
environment impacts the magnitude and variance of all of these flows.Luminal flow 
exerts shear stress that regulates nitric oxide production by endothelial cells, which 
in turn limits endothelial cell sprouting and angiogenesis [30]. The interstitial flow 
of plasma leaks across the capillary wall and is reabsorbed in post capillary venules. 
Thus, the interstitial flow exerts transmural shear forces on the endothelial junc-
tions, pressure forces from apical to basal, and basal to apical sides of the endothe-
lial tube. The transmural flow has been shown to facilitate angiogenesis in a shear 
stress dependent manner [107]. Transmural flow is characterized by Starling’s Law, 
in which the driving force is the arithmetic sum of hydrostatic and oncotic pressure 
differences across the wall of the vessels. The transmural flow exerts shear stress, 
the magnitude of which not only depends on the flow across the vessels but also on 
the size of vessel perforations. Interestingly, the vessel perforations in organs 
throughout the human body vary, indicating differential potential of organs for 
angiogenesis in response to transmural flow. The basal to apical interstitial flow, like 
that in post-capillary venules, has been shown to activate and directionally guide 
angiogenesis [108]. However, apical to basal flow, like that in capillaries, does not 
activate angiogenesis, indicating the direction of flow is important in activating the 
angiogenic program (Fig. 8).

Finally, tumor cells themselves can sense shear stress, leading to changes in the 
production of soluble mediators that directly impact angiogenesis such as VEGF, 
HIF1, and matrix metalloproteinase 9 [109, 110]. The shear forces are transmitted 
in cells by several mechanisms, including integrin signaling pathways and surface 
glycocalyx signaling. Integrins on the surface of endothelial cells attach to the ECM 
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surrounding the cells and begin the formation of focal adhesions (FAs) inside the 
cell. Over 200 proteins have found to be associated with FA formation and many of 
these or their downstream effectors are either mechanosensors or mechanoregula-
tors. A full review of FA and glycocalyx signaling in tumor-associated angiogenesis 
is outside the scope of this book chapter but can be found in other excellent reviews 
[81, 111–116].

Fig. 8  Angiogenesis models for studying metastasis. (a) A microfluidic device that simulates fea-
tures of intravasation includes a collagen filled central chamber with HT1080 fibrosarcoma cells 
(red) migrating towards an endothelial cell (green) lined fluidic line. Scale bar 30 μm (reprinted 
with permission from [155]). (b) An alternate 3D model of intravasation includes a spheroid of 
cells comprised of both endothelial cells (red) and SW620 colon carcinoma cells (green) embed-
ded in a collagen gel that contains fibroblasts. Microvessels sprouts from the spheroid and cancer 
cells intravasate and migrate within the vessel lumen. Scale bar 100 μm (reprinted with permission 
from [9]). (c) A model of tumor cell extravasation using a similar microfluidic device as in (a). 
Here endothelial cells line a fluidic channel (gray) and a collagen gel (green) is placed adjacent to 
the abluminal surface at specified regions. Tumor cells (breast cancer, MDA-MB-231) are intro-
duced through the microfluidic channel, and evidence of extravasation is demonstrated (white 
arrow). Red label is VE-cadherin, and blue is the DAPI stained nuclei of the endothelial cells 
(reprinted from [160] and is covered under Creative Commons Attribution (CC BY) license)
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6.2  �Angiogenesis Models to Elucidate the Impact 
of Mechanical Forces

Early understanding of biomechanical pathways involved in tumor-associated 
angiogenesis came exclusively from 2D monolayer cultures, either on uncoated or 
ECM-protein coated tissue culture plastic or glass. Another level of complexity in 
2D monolayers is derived when polyacrylamide (PA) gels are functionalized with 
collagen or fibronectin before cells are seeded onto the substrate [117–119]. The 
advantage of this system is that the PA gels can be synthesized over a wide range of 
stiffness values with great control. ECM proteins, either collagen or fibronectin, can 
then be covalently bonded to the PA gels permitting cell culture. Numerous groups 
have used these gels to probe the mechanoregulation of cell behavior including FA 
formation and regulation of cell contractile behavior. The disadvantage of this 
widely used system is that it is limited to 2D studies. Recently, work from the 
Takyama lab has utilized this protocol in conjunction with PDMS-soft lithography 
and 3D collagen gels to generate hybrid platforms that allow for spatial control over 
cell seeding with the benefit 3D cell culture in ECM-based gels [120]. The 2D PA 
system has also been utilized to study the effects of matrix stiffness, specifically 
crosslinking of collagen by lysyl oxidase, on the upregulation of VEGF in hepato-
cellular carcinomas [119].

Additionally, there have been several studies that demonstrate remarkable differ-
ences in 2D and 3D signaling behavior, especially of endothelial cells [121]. A key 
demonstration of this occurs in integrin signaling regulation where FAs in 3D are 
formed and degraded much more quickly than in 2D. FAs are dynamic in 3D and 
the inhibition of specific integrins can either promote or inhibit faster migration [87, 
113, 122, 123]. Results from studies such as these have prompted a new wave of 
tumor angiogenesis research incorporating the techniques used in tissue engineer-
ing to generate 3D organoids to replicate the native tumor microenvironment. These 
models have gone through several iterations, at first only including tumor cells and 
then adding more cell lines to recapitulate the complex multicellular environment. 
This includes stromal or support cells, immunological cells, and endothelial cells in 
the surrounding blood vessels. While numerous research groups have adopted 3D, 
multicellular approaches to study specific tumor types, metastatic potential, and 
cellular pathway regulators, there has been limited investigation of biomechanical 
regulation of tumor progression, specifically angiogenesis, in this type of model.

Tissue engineering protocols allow for several methods of spatial control over 
cellular seeding in either synthetic polymer or ECM-derived materials. One of the 
approaches is a “self-assembled” technique, in which cells are simply mixed 
together for co-culture before casting of the matrix in a premade mold or dish, and 
sometimes includes external mechanical stimulation from moving culture platforms 
including orbital shakers or rotating vessel wall bioreactors [85, 124–127]. 
Furthermore, many of these studies represent nascent research in developing novel 
platforms and are limited in their ability to interrogate the role of biomechanics in 
angiogenesis associated with tumor progression. Bates et  al. demonstrated that 
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blocking integrin function in such self-assembled organoid models of colorectal 
cancer blocked tumor progression [128]. Vascularized liver buds have been gener-
ated via these same techniques, with a possible dependence on stromal cell contrac-
tile behavior for tissue assembly [129–131]. The advantages of this protocol are that 
the cells naturally orient themselves in a manner replicating the native in vivo tumor 
microenvironment. However, there is incomplete spatial control of this process, lim-
iting the type of results that can be gleaned from such studies. However, these mod-
els are still important tools to understand tumor angiogenesis, and have demonstrated 
the importance of CAFs in promotion of tumor associated blood vessel growth 
through factors including VEGF, HIF-1a, caveolin-1 [31, 97, 132].

Another approach to investigate the role of biomechanics on angiogenesis in 3D 
tumor organoids involves the use of animal models. A recent study demonstrated the 
mechanosensitive nature of angiogenesis using the avian choiroallantoic membrane 
(CAM) model in the developing avian embryo [133]. Rings containing a collagen 
gel were implanted on top of the membrane, with tension induced in only the outer-
most layer of tissue. Harvested gels showed invasion of blood vessels due to tensile 
forces generated by the implant. This same model was utilized by another group to 
explore how crosslinks affecting biomechanical properties of the collagen gels 
altered VEGF production in tumor spheroids seeded onto the CAM [134].

Microfluidic model systems, as described above, provide a novel technique to 
study the effects of luminal and interstitial flow in a 3D tumor microenvironment 
containing self-assembled vasculature network with the further advantage of high 
levels over spatiotemporal seeding, flow conditions, and ease of visualization in real 
time during experiments. By controlling device parameters and fluidic pressures in 
feeding chambers, the precise direction and magnitude of interstitial flow can be 
manipulated, allowing for creation and monitoring of soluble signaling factor gradi-
ents that alter angiogenesis in the tumor microenvironment. We have developed mul-
tiple microfluidic devices that controls interstitial flow and permits tumor growth in 
the presence of self-assembled vasculature [29, 38, 135–137]. Others have utilized 
similar techniques to study the effects of ECM composition and stiffness, effects of 
diffusion of growth factors, alterations in cell phenotypes in co-culture and nascent 
vasculature biomechanical properties such as permeability [138–142]. The contin-
ued advance of model systems will continue to enhance our understanding of the role 
of mechanical forces on angiogenesis in the tumor microenvironment.

7  �Intravasation and Extravasation in Tumor-Associated 
Angiogenesis

7.1  �Overview

Numerous outstanding recent reviews are available that cover the general metastatic 
process of cancer [143–146], as well as those focusing specifically on the role of the 
endothelium including intravasation (tumor cells entering the circulation) and 
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extravasation (tumor cells exiting the circulation) [147–150]. In addition, a recent 
review describes in vitro and in vivo models that have been developed to probe the 
metastatic process including some of the very recent advances in microfluidic and 
“organ-on-a-chip” technologies [151]. Thus, this section will succinctly review the 
metastatic process, features of this process that involve the circulation which have 
been captured with in vitro models, and then focus on features of the metastatic 
cascade which specifically involve the circulation that have proven difficult to simu-
late including possible strategies moving forward.

Tumor metastasis is the process by which a primary tumor is able to success-
fully move, or metastasize, to another location in the body. While complex, many 
steps in the metastatic cascade have been described. For an epithelial-based tumor 
(which comprise approximately 80% of all tumors), the process can be summa-
rized in five steps: (1) dedifferentiation from an epithelial phenotype to a migra-
tory mesenchymal cell phenotype, usually termed epithelial-mesenchymal 
transition (EMT), (2) intravasation of the mesenchymal phenotype tumor cell, or 
clusters of tumor cells, from the primary tumor into the circulation, (3) survival 
within the circulation, (4) attachment to an endothelial cell at a distant site and 
extravasation from the circulation, and (5) survival and differentiation in a recep-
tive stroma from the mesenchymal tumor cell phenotype back to an epithelial cell 
phenotype, termed mesenchymal-epithelial transition (MET). Engaging the circu-
lation is a necessary step for successful metastasis. Intravasation, survival in the 
circulation, and extravasation (steps 2–4) all uniquely require or utilize the vascu-
lar network. Although specific features of these events have been demonstrated 
in vitro, several important features have not, and numerous important questions 
remain unanswered.

Intravasation occurs in what is generally referred as the metastatic niche, a tumor 
microenvironment that contains the necessary factors for successful migration and 
entry into the circulation. The development of the metastatic niche is complex but 
involves the release of growth factors and trophogens from the endothelium that 
encourage the clustering of tumor-associated myeloid cells, platelets, and tumor 
cells towards the vascular supply. For example, endothelial cells in cancer-associated 
blood vessels have differential expression of adhesion molecules, P- and E- selectin, 
that recruit attachment of leukocytes to the metastatic niche [74]. Also, increased 
release of stromal derived factor-1 (SDF1) from endothelial cells leads to recruit-
ment of endothelial progenitor cells to the metastatic niche. The recruitment of 
additional cell types, along with altered expression on endothelial cells, leads to a 
cascade of cell secreted factors, such as VEGF, endostatin, and other pro-tumor 
growth factors that characterize the metastatic niche and contributes to metastasis 
[74, 152]. Using murine and zebrafish models, and 3D organotypic microvascular 
niches, Ghajar and co-workers demonstrated that endothelial tip cells of cancer-
associated blood vessels have decreased expression of pro-dormancy factor, throm-
bospondin-1, and enhanced expression of pro-tumor factors, periostin and TGF-β1, 
that encourages tumor cell migration [153].
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7.2  �Methods to Investigate Intravasation and Extravasation 
of Tumor Cells

Intravasation from within the metastatic niche requires the tumor cell(s) to cross the 
basolateral side of the endothelial cell. This necessitates overcoming the endothelial 
basement membrane and intercellular functional proteins. There is general consen-
sus that intravasation occurs in vessels that are part of the tumor microenvironment 
and thus have characteristic features which are different from vessels in non-
cancerous tissue including increased permeability and less basement membrane. 
Several relatively sophisticated 3D in vitro models of intravasation have recently 
been presented. At least two groups have utilized soft lithography to create a micro-
fluidic device to mimic intravasation. In both cases tumor cells could migrate across 
an ECM hydrogel (collagen or fibrin) and then engage the abluminal surface of an 
intact layer of endothelial cells [154, 155]. Zervantonakis et al. coated a microflu-
idic line on the other side of the ECM that was lined with a confluent layer of endo-
thelial cells [155]. The tumor cells could then penetrate the abluminal surface of the 
endothelial cells, thus mimicking intravasation. Strengths of this approach include 
the 3D migration of tumor cells in response to controlled gradients, and the con-
trolled migration of tumor cells across an endothelial monolayer. The models are 
also easily adaptable to include other cells such as macrophages [155], and stromal 
cells [154]. In either case, the endothelial cell phenotype was not conditioned by the 
tumor microenvironment and only immortalized cell lines were utilized.

Ehsan et al. presented an alternate strategy to create a 3D in vitro model of intrav-
asation by co-culturing endothelial cells and tumors cells in a spheroid and placing 
this spheroid in a fibrin gel [9]. A spontaneous vessel network formed within the 
spheroid and also sprouted from the spheroid. A colon cancer cell line intravasated 
into the vessel network, and they showed this process was related to EMT and the 
expression of the transcription factor SNAIL. Strengths of this model include the 
creation of a vascular network in close proximity to the tumor, and a true 3D vascu-
lar network. The surrounding matrix did contain stromal cells, but their work was 
also limited to immortalized cancer cell linesand there was no flow within the vessel 
lumens.

Mimicking the step of tumor cell survival in the blood vessel is problematic due 
to the complexity of blood and its components (e.g., platelets, leukocytes, clotting 
factors) and the mechanical microenvironment. Most cancer cells in the circulation 
do not survive; those cancer cells that do survive are able to overcome the shear 
stress and immune system by aggregating together and/or interacting with platelets 
[149]. These events have generally been captured using in vivo mice models and 
post-sacrifice observations of metastasis [156, 157]. This approach has been useful 
to identify some of the key cells and proteins involved, but lack temporal and spatial 
resolution. No in vitro model to date has been able to capture these dynamic events.

Extravasation requires the tumor cell(s) to cross from the luminal side of the 
endothelial cell, and thus crossing the intercellular junctional proteins and basement 
membrane, in that order. In contrast to intravasation, extravasation occurs at sites 
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distant from the primary tumor and thus the endothelium is generally considered to 
be normal, but specific to the organ. Many details of how a tumor cell attaches and 
transmigrates the endothelium have been worked out using Transwell© [158] cham-
bers and 2D laminar flow chambers [159]. Some of the mechanisms parallel the 
steps of neutrophil adhesion and paracellular transmigration including the expres-
sion of PECAM1 and E-Selectin on the endothelial cells and αVβ3 integrin and 
CD44 on the cancer cell. A more advanced 3D microfluidic model was recently 
reported and demonstrated flow and extravasation of cancer cells through a micro-
fluidic channel lined with endothelial cells [160]. The major weaknesses in the cur-
rent in vitro models of extravasation are the lack of organ endothelial specificity. 
Most models have utilized human umbilical vein endothelial cells (HUVECs) [158, 
161] cultured on a fibronectin coated membrane of collagen gel, and thus they do 
not contain organ specific features of the endothelial cell [162] or vascular architec-
ture [163]. Overcoming these challenges in the mimicry of tumor cell extravasation 
represents a tremendous opportunity to enhance our understanding of tumor progression.

8  �Summary and Future Directions

In this chapter, we have discussed the process of angiogenesis in tumor organoids, 
the development of novel model systems for its study, as well as numerous results 
garnered from such studies. Increasingly, researchers are trying to recapitulate the 
complex native in vivo tumor microenvironment to provide an enhanced under-
standing of tumor progression for the purpose of developing novel therapeutic strat-
egies. Initial research strategies utilized simple co-culture systems, either 2D or 3D, 
or mouse models, both of which present limited spatial or temporal control in eluci-
dating the cues that regulate angiogenesis and tumor progression. The recent trend 
is the generation of sophisticated organ-on-a-chip systems where researchers can 
control spatial and/or temporal patterning of cells in matrices that mimic the native 
tumor tissue. Furthermore, use of microfluidic systems based on optically transpar-
ent materials permits real-time analysis of angiogenesis in the tumor microenviron-
ment. Modular control over factors including hypoxia, shear flow, biomechanical 
properties, and gradients of growth factors permit interrogation of tumor progres-
sion at previously unimaginable resolution and physiological relevance.

As this field develops further, we predict that we will generate models combining 
the numerous factors discussed in this chapter, to generate in vitro systems that fully 
recapitulate the complex, native tumor microenvironment. By enhancing our under-
standing of how these features alter not only tumor cell behavior, but also endothe-
lial cells of tumor-associated vasculature and the processes accompanying tumor 
development including intravasation/extravasation, we increase the likelihood of a 
breakthrough scientific discovery that will allow for development of novel anti-
cancer treatment strategies, targeting the processes we are only beginning to fully 
understand due to our refined models of tumor organoid angiogenesis.
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Abstract  The central challenge inherent to conventional cell culture systems in 
general and tumor systems in particular is that any but the most rudimentary studies 
requires an enormous amount of infrastructure and handling capabilities to investi-
gate numerous, interdependent variables in discrete samples. In addition, analysis of 
outcomes is both separate and potentially challenging. Significant strides have been 
made to address both of these challenges through the use of microfluidic technolo-
gies and cell culture techniques toward the goal of an integrated delivery and assess-
ment platform that recapitulates in vivo conditions. Here, we review microfluidic 
approaches that enable the study of cells and cell culture, with specific applications 
to cancer cells and tumor organoids.
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1  �Introduction

The structures, functions, responses, remodeling, and interactions of complex tis-
sues are represented most accurately in vivo. This fact has made the use of animal 
models a constant in biological research since before the formal inception of the 
field, but the modern use of animals also presents a variety of challenges, including 
ethical concerns, expense and infrastructure requirements for maintenance, and 
limitations in analytical diagnostics of living systems. Perhaps most critically to 
biomedical research, there is also often only poor association between animal mod-
els and humans, meaning that even successful findings in a mouse or primate may 
not necessarily translate to success in patients.

In response to these challenges, and in balancing the need to protect human sub-
jects with the need for experimentation, cell culture emerged as a critical technology 
in the early to mid twentieth century. Pioneering work using explanted tissue [36] 
and the later identification of nutrient requirements for growth media [19] laid a 
foundation for the approach. However, only upon the report of the first human cell 
line [28] did the full potential impact of cell culture in relation to biomedical 
research become clear. Since that time, a wide range of human cell lines have been 
produced and used to bolster fields like oncology, virology, and pharmaceutics. 
Nonetheless, working with plate-, dish-, or media-based cell culture brings with it 
challenges in implementation. For example, systematic delivery of drugs and analy-
sis of response must conventionally be done either manually or through the use of 
robotic handling equipment that can entail significant infrastructural requirements 
and costs.

For these reasons, miniaturization, integration, and automation have long been a 
central goal in the field, and microfluidic devices have been a major focus of this 
drive due to their strong potential to touch on each of the cogent factors. In this 
chapter, we aim to describe the use of microfluidics in probing cell behavior, either 
independently, in culture, or in pseudo-tissue 3D constructs (organoids), with a spe-
cific focus on cancer. We will first review fabrication methods commonly used to 
realize the microfluidic architectures themselves, specifically to highlight the capa-
bilities available to researchers in the discipline. Then, we will discuss strategies for 
interfacing cells within devices, moving from single cells to traditional 2D cell cul-
tures and finally to the integration of 3D cell culture for in situ study. Finally, we 
will describe an assortment of analytical techniques available for assessing cells and 
their behaviors when they are in microfluidic structures.

2  �Microfluidic Devices

Broadly, microfluidic devices are fabricated, chip-based fluid handling systems that 
use microchannels with dimensions in the hundreds of μm or less to achieve low 
fluid volume. Microfluidics can in principle be produced at low cost and 
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high-throughput to enable potential widespread use of what Manz, et  al. first 
referred [47] to as a micro total analysis system: miniaturized fluid manipulation, 
mixing, and delivery to an integrated sensor for self-contained analytical assess-
ment. Beyond reduced fluid volume and automated handling, such systems can also 
offer increased sensitivity, massively parallel processing, and portability, making 
obvious their potential utility in fields like biodefense, molecular analysis, and cel-
lular biology. Just some of the biological assays integrated with microfluidic struc-
tures include polymerase chain reaction (PCR) amplification of DNA [58, 86], 
sequence analysis [1], and immunoassays [34]. These capabilities can be realized 
using devices produced through a variety of techniques, each varying in applicable 
materials, attainable resolution, and degree of difficulty to perform.

Microfluidic structures have traditionally been made using techniques originat-
ing from the production of electronic devices, and these methods continue to be 
common to several of the most widely used fabrication approaches. Briefly, photo-
lithography can be performed by first coating a substrate with a thin film of photo-
sensitive polymer (photoresist) and then defining channel shapes with UV light 
through either a direct contact shadow mask or patterned exposure (Fig. 1a, i–iii). 

Fig. 1  Basic microfluidic device definition. (a) Scheme for photolithographic device definition. A 
substrate coated with photoresist (i) is exposed with UV light through a photomask (ii) to define an 
exposed region (iii) that is soluble in developer. Following development to remove exposed resist 
(iv), remaining resist can be used as an etch mask to remove substrate material (v). A flat substrate 
with inlet/outlets can then be bonded to the structured surface to enclose the device (vi). (b) Cross-
section of the device, showing fluid flow pathway (arrows)
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More rarely, an electron beam can also be used to expose certain types of resist, 
yielding exceptionally high-resolution features. Typically, resist exposure solubi-
lizes it to a developer solution (i.e. negative lithography), which is subsequently 
used to remove patterned regions selectively, leaving access to the underlying sub-
strate (Fig. 1a, iv). The resulting structured resist layer can subsequently be used as 
an etch mask, followed by total removal of the resist layer to leave a monolithic 
substrate with defined topological structures (Fig. 1a, v). Bonding of a second flat 
substrate to this surface and supplying inlet/outlet ports (Fig. 1a, vi) results in an 
enclosed channel structure with no intrinsic dead volume (Fig. 1b).

Early work [48] defined devices in silicon substrates in this way. The use of sili-
con brought specific advantages, including high planarity and the availability of a 
large selection of etching modalities, especially isotropic (unidirectional) ones. 
However, the disadvantages were numerous. First, silicon is expensive, setting a 
high potential cost of resulting devices. Second, it is opaque, making any optics-
based analytical approaches impossible. Third, it is a stiff material, making it not 
only unsuitable for biological applications like direct integration with mechanosen-
sitive cells, but also limiting overall devices to being passive in nature. Without 
actuating elements, integrated manipulation was made challenging, with flow 
requiring external pumps and mixing limited to feature-based techniques [44]. 
Integration of glass substrates [74] using essentially the same process, while bring-
ing with it a reduction in planarity and etching options, was able to improve devices 
in terms of cost and optical transparency. However, its own inflexibility did little to 
address the issues inherent to silicon stiffness.

In response, the Whitesides group introduced [18] an alternative approach for 
patterning elastomeric polymers referred to as soft lithography. Fundamentally, the 
technique involves using topographically-patterned solid substrates (Fig. 2a, top), 
fabricated as described above or as the direct products of high aspect ratio photoli-
thography, as negative molds (Fig.  2a, middle) for heat-curable polymers like 
polydimethyl siloxane (PDMS). The relief structure is subsequently removed from 
the mold (Fig. 2a, bottom) and bonded to glass slides or other PDMS components 
to be used as channel elements. This advancement brought with it numerous advan-
tages. For example, process costs were reduced, with PDMS being relatively inex-
pensive and the structured mold itself becoming reusable. The materials were 
transparent and considerably easier to integrate with biological systems, being gas 
permeable and having mechanical properties that could in principle be adjusted, at 
least to some degree. And perhaps most significantly, the intrinsic flexibility of 
PDMS lent itself to actuation. This latter idea was elegantly demonstrated by the 
Quake lab [79] when they showed that patterned thin films of PDMS layered atop 
one another could be used to form active control elements. By forming independent 
channels that cross each other’s path, hydraulic pressure in one chamber (control 
line) could be used to deform the elastomeric barrier separating them, causing 
obstruction of the other chamber (flow line) (Fig. 2b). Additionally, alignment and 
alternating actuation of several series valves of this kind could produce peristaltic 
pumping of fluid. Crucially, the bottom-up, parallel production of these structures 
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make them capable of supporting systems of nearly arbitrary complexity [3] (c.f. 
Fig. 2c).

Due to these advantages, PDMS-based microfluidics continues to be the domi-
nant approach, but some challenges do remain. One pertains to the infrastructure 
required to operate active microfluidics, including those described above. Hydraulic 
pressure control of valves and pumps typically requires either an external pressure 
supply [79] or vacuum [51], depending on the actuation approach taken. This neces-
sitates potentially bulky equipment to support a given device. In addition, each actu-
ating element can require an independent pressure control, making all but the most 
basic device architectures complex to control. In the laboratory setting, this may not 
be an issue, but it does negatively impact some of the overarching goals of the tech-
nology; namely true miniaturization, portability, and even accessibility. While alter-
native actuation approaches are being pursued [32], an off-shoot of traditional 
microfluidics has emerged that instead operates based on the principle of capillary 
action to produce flow, using paper as a central component [49, 50]. Paper microflu-
idics are built on chromatographic or filter papers and are usually fabricated using 
photolithography as above, but towards the goal of defining hydrophilic channels 
through which fluids can flow. These devices typically  – but not always [77] 

Fig. 2  PDMS and tape microfluidics. (a) PDMS replica molding scheme, wherein an etched sub-
strate (see Fig. 1) is coated in PDMS, which is then cured and removed to yield a relief structure. 
(b) Schematic cross-section of Quake-style microfluidic valves. Top: Beginning, multi-layer struc-
ture featuring a centralized layer for flow lines (‘F’) and control lines (‘C’) above and below (chan-
nel direction is into the page). Bottom: Hydraulic pressure (‘P’) actuates the flexible layers, closing 
the flow lines. Each valve is individually addressable. (c) Example of a complex microfluidic 
device incorporating structures like those in (b) as valves and pumps (Adapted with permission 
from [29], Copyright © 2007, American Chemical Society). (d) Basic scheme of self-alignment to 
form a tape microfluidic device, in which patterned adhesive films are folded around a flexible 
actuation layer. (e) Example of multilayer self-alignment pattern (left) and the resulting, multi-
channel device (right). (d, e) Adapted with permission from [12], Copyright © 2014, Royal Society 
of Chemistry
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–incorporate no internal control elements and are inherently a unidirectional flow, 
single-use system. In addition, the analytical capabilities integrated into paper 
microfluidics are largely confined to colorimetric ones. However, the advantages 
include extreme low cost of materials as well as ease of use and interpretation, all of 
which are important factors, especially in low resource settings.

A second challenge with conventional PDMS microfluidics concerns the use of 
multiple layers to form control and flow channel combinations in complex device 
architectures. Microscopic interlayer registration is essential in such structures, and 
is made more relevant as the number of elements increases, where even a slight 
lateral or rotational shift can cause severe misalignment. Here, the usually advanta-
geous flexibility of PDMS layers can create problems in handling while its transpar-
ency can make visual inspection difficult. An approach that specifically responds to 
this challenge is the emerging technique of tape microfluidics [12], wherein an over-
all structure resembling PDMS microfluidics is made by layering patterned adhe-
sive films. The layers themselves  – essentially double-sided tape  – are typically 
produced either by razor plotter or laser etching. Multiple, computer-designed lay-
ers can be fabricated as a monolithic film featuring perforations to promote directed 
folding, enabling self-alignment of the overall structure (Fig. 2d). Because the tapes 
themselves are usually not particularly elastomeric, flexible polymeric films like 
PDMS or polyvinyl chloride can be inserted between strata to act as actuating lay-
ers. Crucially, however, these layers are unpatterned, require no alignment, and are 
bonded to the surrounding layers by the adhesive intrinsic to the tapes. Stacked lay-
ers can be sandwiched between solid substrates (e.g. glass or polystyrene slides 
with inlets/outlets) or even between non-adhesive elastomeric films to produce an 
overall device with high flexibility and potential complexity [12] (c.f. Fig. 2e).

The main disadvantage with tape microfluidics as compared to conventional 
PDMS is feature resolution, which is typically hundreds of micrometers laterally 
and limited by tape thickness vertically (also typically 100–200 μm). While these 
values can be improved, they are already sufficiently sized to house small numbers 
of cells, which is the most pertinent factor for our present discussion. In addition, 
these devices also typically still rely on external infrastructure for hydraulic actua-
tion, much like PDMS microfluidics. However, the advantages brought on by the 
approach include easy, rapid prototyping of devices and extremely low cost of mate-
rials, making them attractive for a range of potential applications.

3  �Interfacing Single Cells with Microfluidic Systems

A basic notion for integrating cells, including cancer cells, with microfluidics is to 
introduce a cell suspension to a device and retain one or more for subsequent prob-
ing. The most straightforward method of accomplishing this utilizes the valve ele-
ments that can be incorporated in modern microfluidic devices, especially PDMS 
and tape-based devices. Here, a dilute suspension of cells is introduced to a micro-
fluidic device and when a cell enters a target region, valves on either side of it are 
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closed to prevent its escape [63, 65] (Fig. 3a). A cell can in principle be held in this 
state for an arbitrary time, but a major challenge is that the closed valves may limit 
delivery of nutrients and oxygen and the removal of waste products via the main 
channel, reducing cell viability. While many cancer cells are robust, this must be 
accounted for in most cases, potentially through side channels and/or perfusion 
elements.

Another fundamental approach to achieve cellular isolation is the use of mechan-
ical or structural components for capture. For example, because of the layer-by-
layer structure of microfluidic devices, porous thin films can be easily incorporated 
as barriers between layers, and thus can be organized such that fluid flow is directed 
through the pores. By engineering the pore size, cells larger than the size cutoff can 
be sterically captured [8, 31]. Besides incorporation of alternative extrinsic materi-
als like porous membranes, the same microfabrication approaches used to define the 
channels and control elements in a microfluidic device can also themselves be used 
to define physical barriers within the chamber. This approach can be utilized in a 
number of ways. First, discrete structures can be formed around a region that hinder 
passage of target cells within them sterically, forming essentially ‘jail bars’ around 
a cell [66] (Fig. 3b). In this case, a cell must enter the region either by squeezing 
through the gaps via applied pressure or other forces, or enter when it is of a small 
enough size to pass and then grow inside the constriction. In a related method, 

Fig. 3  Single cell studies in microfluidic devices. (a) Isolation of a single cell using microfluidic 
valve actuation. Top: device layout with valves labeled 1–3. Bottom: fluorescent micrograph of 
captured Jurkat cell labeled with calcein AM (Reprinted with permission from [65], Copyright © 
2006, Springer). (b) A single yeast cell (green) trapped sterically by a microfabricated structure in 
a microfluidic device (Adapted with permission from [66], Copyright © 2006 John Wiley & Sons, 
Ltd). (c) A microfabricated array of structured posts for hydrodynamic capture of individual 
human cervical carcinoma cells. Flow direction for capture is from top. Inset: micrograph of typi-
cal captured cell (Reprinted with permission from [17], Copyright © 2006, Royal Society of 
Chemistry). (d) Cell encapsulation device, showing cells flowing in from left and being captured 
in single droplets to right (Reprinted from [60] and licensed under a Creative Commons Attribution 
3.0 Unported License). (e) Dielectrophoretic capture of mouse fibroblasts at the high field regions 
(gaps) of a microfabricated structure inside a microfluidic device (Adapted with permission from 
[27], Copyright © 2010 American Institute of Physics). (f) Demonstration of positioning of indi-
vidual cells (yeast) by optical tweezer in a microfluidic channel (Adapted with permission from 
[22], Copyright © 2009, Royal Society of Chemistry)
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microwells [62] can be fabricated in a microfluidic chamber [33, 42], sized to allow 
only one target cell to fit within them. By introducing cells in suspension, simple 
sedimentation can be used to fill the wells, after which excess materials can be eas-
ily flowed away, leaving individual isolates. This approach has been applied to the 
study of myelomonocytic leukemia cells, for example [42]. Inversely, arrays of pil-
lars can be fabricated along a chamber to act as continuous size-exclusion for flow-
ing cells. This approach can capture cells too large to pass through the constrictions, 
retaining them for further assessment, and has the further advantage of being inher-
ently selective by size. This enables, for example, the capture and study of circulat-
ing tumor cells [16, 38], which are large compared to other components of blood.

Similar to but distinct from size-exclusion is the use of microfabricated struc-
tures to isolate cells via hydrodynamic capture. In this approach, a combination of 
structure conformation and a continuous flow work to hold a single cell in place, 
and elements are included to make the seeding process self-limiting. An early exam-
ple of this concept [82] used a lateral microwell. Incorporated into the walls of this 
well were drain channels to allow fluid flow. Using adjacent fluidics, Jurkat cells 
(used to probe T cell leukemia) could be delivered to the trap using a steerable flow 
focus, and once there, the presence of the cell occluded the small drain channel, thus 
preventing additional cells from entering. While pioneering, this approach was 
serial, only allowing assessment of a single cell at a time. A subsequent technique 
[17] addressed this by instead utilizing a large array of discrete structures, each of 
which was capable of capturing a single cell (Fig. 3c). Here, rectangular pillars with 
a concave feature on one face were constructed in a microfluidic device. With flow 
direction into the structured surface, fluid would be drawn into the concave feature 
and stagnate, thus drawing objects like cells to that point. However, when filled, the 
flow pattern was altered such that fluid was directed around the pillar, keeping a cell 
statically trapped. In this way, thousands of individual HeLa (human cervical carci-
noma) cells could be isolated and studied in situ within an active device. Many other 
clever variations on a similar theme have likewise been demonstrated, including 
devices for repeatable trap and release of individual cells [76].

A separate approach to single-cell isolation is the concept of microencapsula-
tion, wherein cells are compartmentalized into droplets in a device [4, 60, 83] 
(Fig. 3d). The introduction of aqueous solution into hydrophobic fluid such as min-
eral oil produces an immiscible phase. Within a microfluidic environment, the result 
can be a series of discrete droplets formed by periodic pinched flow. Crucially, the 
dispensing of the aqueous solution can be regulated by differential pressures and 
channel dimensions, allowing droplet dimensions to be tailored. By suspending 
dilute cells in the aqueous solution and engineering sufficiently small droplets, indi-
vidual cells can be isolated. Through condition optimization, a high yield of drop-
lets containing only a single cell can be achieved, though there are statistically many 
empty droplets and likely some featuring more than one. Although this approach is 
very effective and has been applied to the study of cancer cells ranging from lym-
phoma [4] to carcinoma [83], there are specific aspects that must be taken into 
account when using it. For instance, captured cells are confined to very small vol-
umes with no exchange, and therefore viability may again be a concern. Furthermore, 
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while cells are isolated form one another, they are also isolated from the device 
environment, which can present challenges for some analytical assessments.

Finally, there is the potential of incorporating electromagnetic forces for the cap-
ture of individual cells in a microfluidic device. A common example of this is 
dielectrophoresis (DEP), or the use of alternating current electric fields to attract 
cells to a given location [27, 84]. This effect refers to the force induced on dielectric 
materials in a non-uniform alternating electric field. By patterning electrodes within 
a microfluidic device, such a field can be produced to attract individual cells 
(Fig. 3e). Unlike electrophoresis, DEP does not act only on charged materials, but 
instead acts on all dielectrics to varying degrees. What’s more, the force and indeed 
its direction depend strongly on variables like the electrical permittivity of the object 
and its surrounding media, object size and shape, and the frequency at which the 
field alternates. Notably, these factors give DEP a great deal of potential selectivity, 
through which a subset of cells could be isolated and probed from within a mixture 
and then replaced by another based on differential properties.

A second example of electromagnetic capture in single cell isolation is the use of 
optical tweezers [30]. In this technique, dielectric objects like cells can be attracted 
to the focus of an incident laser beam in solution via a gradient force created by the 
refractive index mismatch between the object and its surrounding media. Because 
modern microfluidic systems are both optically transparent and thin enough to sup-
port the short working distances required for most optical tweezers, integration of 
such technologies is relatively straightforward. Once combined, the optical trap can 
be used to temporarily arrest cells, either individually or in arrays [81] (Fig. 3f), and 
direct target cells into neighboring flows [21] or chambers [22, 52, 59] for analysis. 
Importantly, despite the high power lasers used for these applications, heating dam-
age inflicted on trapped cells has been found to be negligible [54].

4  �Interfacing 2D Cell Culture with Microfluidic Systems

While approaches for interfacing single cells with microfluidics are effective for 
many applications, a central limitation is that such an arrangement does not reflect 
the environment cells usually encounter in vivo, where they are only rarely isolated 
from neighboring cells and cell signals – an exception being circulating tumor cells, 
for example – and are normally interfaced with extracellular matrix (ECM). As an 
iteration of complexity, we now discuss the incorporation of 2D cultures.

Most methods of achieving 2D culture on a chip resemble conventional dish- and 
plate-based culture studies, only reduced in size. In general, this means that target 
substrates within a microfluidic device are coated with a surface relevant to cell 
adhesion, cells are seeded onto that surface, nutrients and other factors are provided, 
and cells allowed to grow to confluency (Fig. 4a). The coatings used in this process 
are inspired by those used in conventional culture, typically involving components 
of the ECM like fibronectin [29], collagen [10, 56], and gelatin [80]. One factor that 
must be considered in a microfluidic environment, however, is that these coatings 
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Fig. 4  2D cell culture in microfluidic environments. (a) Example 2D cell cultures from individual 
growth chambers in the device shown in Fig. 2c, showing (phase contrast images with superim-
posed false color DAPI stain) stem cells grown in normal growth media (left) and under osteogenic 
conditions. Differentiation can be observed (Adapted with permission from [29], Copyright © 
2007, American Chemical Society) (b) Rendering of device architecture for studying interactions 
of metastatic breast cancer cells with pseudo endothelium grown on a porous membrane. (c) Top: 
an optical image and corresponding diagram of the total device. Bottom: example fluorescent 
micrographs of metastatic breast cells in three regions. (b, c) Adapted from [73] under the terms of 
the Creative Commons Attribution License
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should be introduced only to a designated growth chamber and not indiscriminately 
throughout all channels, as cells seeded in control elements, for example, are likely 
to interfere with proper functioning of the device. This patterning can be 
accomplished through a variety of approaches, including use of passivation layers 
and strategic valving during introduction of coating solutions.

Another consideration is the reduction in fluid volume, the result of which is that 
nutrients and oxygen must be refreshed and waste products expelled at a higher rate 
than in conventional culture. This is typically achieved via perfusion and/or con-
stant flow to the chamber through the microfluidic network surrounding it. One 
approach that directly responds to this need is the use of porous membranes, similar 
to but distinct from what was described above for single cell capture. In this case, 
flow is not directed though the membrane, but instead cells are seeded and cultured 
on top of it. The result is access of cells to a neighboring channel via the pores, 
which can be used not only for supplying nutrients, but also for recapitulating spe-
cific physiological conditions necessary for the study of certain cells, including 
adhesion of metastatic breast cancer cells to microvascular endothelia [73] (Fig. 4b, 
c) and others [23, 39].

The strongest advantage in performing 2D cell culture in a microfluidic system 
is the potential for studying many cultures in parallel [29], especially under varying 
conditions. The automation, and individual addressability offered by microfluidics 
enables complex screening of cellular response to differential stimuli in a compact 
format that would require significant infrastructure.

5  �Interfacing 3D Cell Culture with Microfluidic Systems

Conventional 2D cell culture on a dish or plate is limited in its ability to reproduce 
the 3D microenvironment in which cells normally reside. 3D in vitro cell culture 
techniques ensure that cells experience unbiased 3D motility and interact not only 
with each other, but also with factors in the ECM. Consisting largely of glycopro-
teins, the ECM serves as the primary facilitator of cellular communication, and 
interactions with it are known to regulate cell migration, differentiation, and tissue 
organization in vivo. This suggests that cells in 3D environments are more represen-
tative of normal cell behavior; a concept that is supported by numerous studies eval-
uating the functionality of cells in each. For example, colon cancer cells in 2D plated 
culture have been found to display an epithelial phenotype and did not metastasize 
while the same cells in a hydrogel-based 3D microenvironment did metastasize [71].

Numerous techniques exist to produce 3D culture, but among the simplest con-
ceptually is the use of hanging drops to form self-assembled structures. Here, cells 
suspended in a nutrient rich fluid are pipetted into a well or onto a concave plate 
such that a droplet is formed and held in place by surface tension. The cells naturally 
collect at the bottom of the drop where they self-assemble into a spheroid. The 
resulting structures feature cellular organization, a self-produced scaffold, and 
exhibit intracellular communication [78]. Furthermore, hanging drop spheroid 
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formation is a relatively simple technique, and provides consistent geometry with 
easily accessed constructs. However, incorporating this technique within a micro-
fluidic device presents a variety of challenges. The chamber in which the cells reside 
must support pipetting of fluid to form the suspended drop and thus cannot be 
embedded in a closed system like a sealed microfluidic device. More importantly, 
the process is not typically suitable for a continuous flow environment, as the 
approach relies on a single, discrete droplet of liquid to promote spheroid forma-
tion, which is normally incongruent with a fluid-filled network. Nonetheless, inte-
gration of microfluidics into the system has been demonstrated, wherein a device 
was used as a delivery vehicle for cell suspension to open-air hanging drops and a 
means of network interconnectivity [25] (Fig.  5a). Much like the conventional 
approach, the microfluidic form enables reproducible spheroid production with dif-
ferent cell types, including colon carcinoma (HCT-116). Unlike the conventional 
technique, multiple cell types can be utilized in parallel on the same chip, are inter-
connected via an active fluidic network that features a route for continuous nutrient 
supply for long-term experiments.

Another distinct method that resembles hanging drop spheroid production con-
ceptually, but is more easily compatible with microfluidics, is so-called “gel free” 
3D construct formation [57] (Fig. 5b). Here, cells are introduced to a chamber fea-
turing microfabricated pillars for steric capture of conglomerations. Incubated with 
these cells is a polymeric intercellular linker that induces cell-cell adhesion. 
Crucially, this linker is transient, with a half-life on the order of days, and so does 
not remain within the final construct, but does enable extended cell-cell interaction 
that ultimately promotes the native formation of ECM. In this way, a final construct 
featuring interconnected and reasonably self-organized cells is produced, similar to 
a spheroid. In addition, the structure in which it resides is separated from the wider 
microfluidic environment only by a porous barrier of micropillars, enabling nutrient 
supply as above and potential for interconnectivity between discrete constructs.

While these approaches enable the use of ECM produced natively by the cells 
themselves, alternative scaffolds may also provide a similar microenvironment and 
facilitate communication between cells. Natural materials like agarose and gelatin 
can serve as scaffolding, as can synthetic polymers, but purified components of 
biological ECM are among the most important materials for this task since they 
intrinsically possess qualities of in vivo matrices. To this end, some of the most 
widely used biomaterials include collagen, fibronectin, vitronectin, laminin, and 
hyaluronic acid [61]. Each of these materials can in principle provide an environ-
ment for cell support by using cross-linkers to induce hydrogel formation.

Cell laden hydrogels are central to one of the most promising 3D culture tech-
nologies, 3D bioprinting [53], in which artificial tissue constructs over a large range 
of sizes and with nearly arbitrary shape are produced through layer-by-layer manu-
facturing (Fig. 5c). This approach has tremendous potential and various modalities 
of it have been developed to form multi-domain [68] and complex, organ-like struc-
tures [75], but its integration with microfluidics is particularly problematic. This is 
because, as a nozzle-based technology, open access to the deposition chamber is 
required, rendering biofabriaction in situ in a closed mcirofluidic environment 
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impossible. It is feasible in principle to manufacture a bioprinted structure prior to 
sealing of a microfluidic device, but even then, the resolution of the technique – 
typically [67] 100–300 μm – is such that stresses may be induced or large fluidic 
devices may be necessitated.

Several approaches are able to address this integration challenge, one of which 
utilizes a paper-based matrix to support the 3D cell culture [14]. Here, hydrogel 
precursor with cells mixed in can be loaded into a patterned paper substrate (Fig. 5d) 
that can be integrated with a wider paper microfluidic infrastructure. Crucially, 
these patterned layers can be stacked to form interconnected gel-laden networks of 
like or diverse cell types [15], reminiscent of the bottom-up manufacturing of 3D 
bioprinting. Just one example application of this paper-based solution examined the 
effect of radiation on a 3D model of lung cancer [69]. However, one possible chal-

Fig. 5  3D cell cultures in microfluidic devices. (a) A microfluidic embodiment of the hanging 
drop method of spheroid formation. Top: overall device design, featuring discrete open-air cham-
bers for droplet formation. Bottom: side view showing sixteen individual hanging drops under 
varying conditions (Reprinted with permission from [25], Copyright © 2014, Macmillan Publishers 
Limited) (b) Schematic of a gel-free culturing technique using microfabricated barriers and a poly-
meric intercellular linker to promote adhesion. Inset shows optical micrograph of actual device 
with cell culture (Adapted with permission from [57], Copyright © 2008, Elsevier Ltd.) (c) Cartoon 
depicting (extrusion based) 3D bioprinting, in which cell laden gel precursor is deposited by pres-
sure (red arrow) as a nozzle is manipulated in three dimensions to yield predetermined structures. 
Right: Image of bioprinter in use (Adapted with permission from [53], Copyright © 2014, 
Macmillan Publishers Limited). (d) Schematic representation of paper microfluidic 3D cell culture 
built up from patterned paper layers (Reprinted with permission from [69], Copyright © 2016, 
Elsevier BV). (e) In situ photopatterning of multidomain constructs, showing successive introduc-
tion of hydrogel precursors, exposure through progressively larger photomasks (mask is black and 
exposed regions are darkened), and flushing (i–iii) to yield a multicomponent structure (iv). 
Bottom: Optical micrograph of an example total structure, with layers labeled by colored dyes
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lenge for this platform in general was discussed above: because fluids are delivered 
via capillary action, it is not trivial to change those conditions in situ with paper 
microlfuidics in general, requiring other means of control [13].

A second approach used to overcome the bioprinter integration problem is the 
patterned gelation of cell-loaded hydrogel precursor in predetermined locations 
within an assembled microfluidic device, with the most promising route being pho-
topatterning [2, 41, 72]. The use of a photoinitiator can allow a hydrogel to cross-
link rapidly under UV exposure, very similar to the photolithography methods used 
in making several types of microfluidics. By delivering a mixture of hydrogel pre-
cursor, photoinitiator, and target cells throughout a device chamber, gelation can be 
induced at discrete locations via patterned exposure through the transparent support 
substrate. Subsequent washing of unexposed precursor and cells yield a monolithic 
construct with properties similar to those of 3D bioprinted structures, but in a micro-
fluidic architecture. One limitation of this approach relative to bioprinting is that the 
UV exposure affects the precursor in a columnar fashion, reducing the ability to 
include multiple discrete domains in the vertical direction. However, the use of 
sequential exposures does enable the building of complex, multi-domain polymer-
ized structures in the lateral dimension. An example of this type of additive manu-
facturing is shown in Fig. 5e, where a series of photomasks are used to form multiple 
interfaces. The same technique can be used with cell mixtures to produce tissue-like 
organoids as well, including with cancer cells. Crucially, in situ photopatterning of 
(cell-laden) hydrogels, much like photolithography, can be performed massively in 
parallel to produce a large number of nearly identical, multifaceted structures simul-
taneously. When combined with the potential addressability of complex microflu-
idic design, this enables the realization of large numbers of discrete 3D cell cultures 
with individual control of conditions to support systematic studies of qualities like 
drug response.

6  �Analytical Approaches Interfaced with Microfluidics

Having discussed techniques for interfacing cells and cell culture with microfluid-
ics, we now review an assortment of analytical approaches that enable quantitative 
and qualitative assessment in situ; a critical component in the development of a 
micro total analytical system. Many, but not all, of these approaches involve the 
miniaturization and/or integration of techniques established in larger systems like 
conventional cell culture, slides, or microarrays. The most common analytical 
approach in this vein is optical microscopy, aided by the thin, transparent substrate 
layers utilized in most devices that make optical access easy. Optical microscopy 
can be used for the examination of the viability, motility, and signaling through the 
use of fluorescent reporters. While microscopy requires external infrastructure to 
perform and is therefore not strictly on-chip, we discuss it here because of both its 
analytical power and the potential for integration with mobile devices [46] that 
could maintain portability.

S.A.P. Rajan et al.



163

Simple vitality is among the most important metrics for cells, reporting on both 
the suitability of growth conditions and the response to changing stimuli in a given 
system. Optical assessment can probe this with relative ease using LIVE/DEAD 
staining [40] (Fig. 6a). Briefly, cells are exposed to two compounds: calcein ace-
toxymethyl ester, a membrane permeable molecule that is activated to fluoresce by 
esterase activity in living cells, and ethidium homodimer 1, an intercalating nucleic 
acid dye that is not membrane permeable, but can enter the permeabilized mem-
branes of dead cells. The result is that living cells are stained with one color, and 
dead cells with another, enabling quantification of overall cell viability. One limita-
tion to this approach is that it is irreversible, offering only a snapshot of cell vitality. 
But, especially when conducted in microfluidic devices where multiple cell culture 
structures could be probed independently and at different time points, LIVE/DEAD 
assessment is critical for measuring not only environmental or chemical effects on 
cell health, but also in determining the fundamental ability of the culturing tech-
nique to support cells in the first place.

Direct live cell imaging with fluorescent tags is also extremely valuable. For 
example, dyes with low toxicity, such as Hoecst 33,258, which binds the minor 
groove in A-T dense areas of duplex DNA [43], or cells designed to produce fluo-
rescent proteins allow cells to be imaged dynamically with fluorescent microscopy. 
This capability can be used, for example, to monitor cancer cell motility in the study 
of chemotaxis [45, 85] and metastasis [70]. The analysis of cellular migration is 
particularly well-studied in a microfluidic environment due to its thin (quasi-1D) 
nature and the ability to control factors like hydrostatic pressure. Alternatively, fluo-
rescent reporters can also be activated by common signaling pathways, allowing 
aspects like metabolism and cell signaling to be studied. A variety of approaches 
enable components of many different pathways to be probed in this way [11, 64].

There are of course a large number of non-imaging techniques that can be inte-
grated with microfluidics to assess cells and cell behavior as well. One that is very 
specific to the microfluidic environment is flow-based mechanical testing of indi-
vidual cells, in which a channel with one or more restrictions smaller than the diam-
eter of a cell is used to determine the moduli of passing cells. In general, flow forces 
are used to squeeze a cell through the constriction, during which either deformation 
associated with the translocation (Fig. 6b) or the additional time required for pas-
sage is monitored and used to determine fundamental properties of each cell. 
Mechanical testing is not viable for cells in culture per se, due to the interconnected-
ness of the cells under those conditions, but individual cells can be assessed rapidly. 
This approach is particularly valuable for screening cancer cells [6], for which 
mechanical properties are known to change relative to their non-cancer counter-
parts, but it can be applied to other types of cells as well [37].

Biochemical assays are a driving force in cell and cell culture analytics for the 
quantification of specific analytes in solution. Such assessments are akin to fluores-
cent reporters as described above, but encompassing a wider range of targets and 
enabling more multiplexed detection. The major example of this type of assay is the 
enzyme-linked immunosorbent assay, or ELISA [20]. Broadly, ELISA encompasses 
techniques that use a combination of antibodies for a target antigen and (most 
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Fig. 6  Microfluidic integration of analytical approaches. (a) Top: Fluorescent image of mCherry 
(nuclear stain) colorectal carcinoma cells in central region of a concentric, bi-region construct in a 
microfluidic device (overlaid on brightfield; outer layer dyed green). Bottom: LIVE/DEAD of cells 
after 72 h (~75% viability). (b) Top: schematic of flow-based mechanical testing device. Bottom: 
micrograph of a cell in a microfabricated constriction. Red lines indicate cell length (Reprinted 
with permission from [6], Copyright © 2011, Royal Society of Chemistry) (c) Top: diagram of in 
situ microfluidic ELISA assay. Bottom: calibration plot between target analyte concentration and 
ELISA fluorescent signal (Reprinted with permission from [24], Copyright © 2001, Elsevier BV). 
(d) Mechanism of on-chip impedance measurement for probing cell motion, showing the transient 
presence of a cell distorting AC field lines between electrodes. (Reprinted with permission from 
[26], Copyright © 2001, Royal Society of Chemistry)
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typically) a chemiluminescent, fluorescent, or colorimetric reporter enzyme to pro-
duce a quantifiable signal. The most powerful variety of this is the sandwich assay, 
in which unlabeled primary antibodies are immobilized to a solid substrate and 
secondary antibodies with a bound reporter are introduced. In the presence of the 
antigen, the reporter becomes linked to the substrate as well. ELISA has been inte-
grated with various forms of microfluidics, wherein antibodies may be linked to 
either the walls and support substrates of a fluidic chamber in a conventional device 
[24] (PDMS or tape, for example; see Fig. 6c) or within the porous structure of a 
paper microfluidic device [5]. In either case, a major advantage can be found in the 
ultra-low fluid volumes attainable in the reduced environments, which can enable 
extremely sensitive detection and quantification. Additionally, immobilization in 
small area regions can potentially enable screening of a large number of indepen-
dent targets simultaneously.

Finally, a range of electrical measurements have been integrated with microfluid-
ics through the use of fabricated electrodes positioned within the device. One major 
example of this is impedance spectroscopy, in which pairs of electrodes are used to 
probe cells that pass between them [26] (Fig. 6d). The approach can be used to 
determine cellular migration, including in tumor models [55], and also yields 
frequency-dependent measurements of single-cell dielectric properties, which vary 
dramatically based on cell type and activity. This is true, for instance, with cancer 
cells having varying metastatic potential [9], suggesting possible routes to sorting 
and detailed study of subpopulations.

Another typical form of in situ electrical detection is electrochemical assess-
ment, which can be used to probe chemical analytes in solution through three com-
mon means: potentiometry (measurement of potential differences between 
electrodes), coulometry (measurement of induced current as a function of time), and 
voltammetry (measurement of current as a function of voltage). This family of 
methods is especially powerful in determining enzymatic kinetics in closed systems 
[35], but has two significant limitations: first, only chemical reactions that involve 
an electrochemically active substrate or product can be probed, and second, it can 
be challenging to differentiate multiple analytes in the same system. For these rea-
sons, electrochemical detection is also frequently used along with antibodies cou-
pled to enzymes that produce electrochemically-active elements, enabling electrical 
readout of ELISA-like signals [7].

7  �Conclusions

With an ability to support cellular growth and proliferation in a controlled environ-
ment and a potential for direct assessment of outcomes, microfluidic technology 
enables extensive experiments to be performed in a miniaturized format. In a gen-
eral sense, the technology therefore supports measurements that might in principle 
be pursued at a larger scale, but with a requirement for considerably less infra-
structure and manual preparation. Here, we have discussed the fundamentals of 
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microfluidic technology, methods for coupling cells and cell culture to them, and 
major techniques for determining responses. While the platform is powerful for 
many applications beginning from fundamental studies of single cell behavior, we 
believe one of its most important applications will be in the study of tumor behavior 
in the form of complex organoids. Few techniques are capable of recapitulating 
the three-dimensional, multidomain structures of in vivo tumors, and fewer still 
are both at a scale that avoids necrosis and are easily integrated with control and 
analytical elements. As a result, microfluidic measurement of tumor organoids will 
enable a better understanding of cancer biology through in vitro observation and 
offer a route to study cancer drug responses through combinatorial processing.
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Abstract  The stiffness of a cell’s microenvironment influences its behavior. Testing 
the effect of stiffness, or elasticity, on tumor cell behavior requires a matrix that 
provides the integrin binding sites that are found in stroma. Collagen I is a major 
component of stroma and allows integrin binding, but when it is reconstituted after 
extraction and solubilization, it is difficult to work with and too soft to model tumor 
tissue. Although the stiffness of collagen I matrices can be adjusted by changing 
collagen concentration, doing so also affects the number of integrin binding sites 
available to cells, confounding experimental variables. The goal of this work was to 
tune collagen I matrices over a range of elasticities (1–6 kPa) relevant for modeling 
normal and tumorous breast tissue, without altering the density of cell-matrix 
ligands. This was accomplished by functionalizing collagen I with glycidyl methac-
rylate (GMA), and using lithium acylphosphinate (LAP) as a photoinitiator of GMA 
cross-linking. Cross-links were photoactivated by irradiating the GMA-
functionalized collagen at 365 nm for 2 min or less (4.4 mW/cm2). Breast cancer 
cells (MDA-MB-231) survived and migrated on these matrices. Collagen I-GMA 
gels can be used to ascertain how varying extracellular matrix elasticity affects 
breast cancer cell behavior.
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1  �Matrix Stiffness Regulates Cell Behavior

The stiffness of cell matrices is an important consideration in tumor cell studies 
because human tissues exhibit a wide range of characteristic stiffnesses, or elastici-
ties, according to type; neurons experience an elastic modulus less than 100 Pa, but 
osteoblasts experience an elastic modulus of 20,000 Pa [1]. Similarly, normal and 
diseased states of the same tissue type confer a significant difference in stiffness, for 
example in breast tumors. While the elastic modulus of normal breast tissue ranges 
in the low hundreds of Pascals, average breast tumor stiffness is ~4000 Pa [2].

A cancer cell leaving a tumor is thus descending a stiffness gradient. A few rea-
sons for this higher stiffness in tumors have been suggested. Breast tumor develop-
ment is accompanied by increased extracellular matrix (ECM) deposition, and 
particularly, an increase in collagen V content from less than 0.1% to 10% of stro-
mal collagens [3, 4]. Proliferation of mutated cells in acinus lumens and an increase 
in interstitial fluid from leaky vasculature in tumors also increase pressure [1].

Furthermore, cells respond to variations in ECM stiffness. When mammary epi-
thelial cells (MECs) were cultured on polyacrylamide of varying stiffnesses cross-
linked with ECM, they retained a polarized, acinar structure on stiffnesses 
comparable to normal breast tissue, but this structure was lost at higher stiffnesses 
comparable to breast tumor tissue (Fig. 1) [2]. Vidi et al. demonstrated that polar-
ized tissue architecture regulates the maintenance of genome integrity in MECs, 
suggesting that the properties of a cell’s microenvironment affect processes in the 
nucleus and the genome [5].

A remarkable demonstration of the degree to which ECM stiffness can regulate 
gene expression was the observation that mesenchymal stem cells differentiated 
into entirely different cell types, neurons vs. osteoblasts, when cultured on soft and 
stiff substrates, respectively [6]. The substrate used in this experiment was poly-
acrylamide coated with collagen I; the stiffness was adjusted by altering the concen-
trations of acrylamide and bis-acrylamide cross-linker. In this way biochemical 
signals (e.g. ligand density, growth factors) were kept constant while the stiffness 
was varied, demonstrating that the mechanical property was responsible for the 
change.

ECM stiffness is conveyed into the cell as a force across integrins into focal 
adhesions, which can convert force into a biochemical signal and cellular response. 
Integrins themselves respond to force by clustering and conformational changes. 
Other mechanotransducers in focal adhesions, such as α-actinin, vinculin, talin, and 
p130Cas respond to forces to, for example, allow binding of signaling molecules, 
like MAPK1 [7, 8]. The folded up p130Cas substrate domain demonstrates a strik-
ing example of one way a mechanical force can be converted to a biochemical sig-
nal; cell stretching unfolds it, exposing phosphorylation sites for Src family kinases  
and leading to activation of other signaling molecules [9]. Forces transduced via 
integrins can also signal a contractile response in the actomyosin cytoskeletal net-
work via ERK and ROCK activation [2].
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It has been suggested that cells have “tensional homeostasis”, or respond to the 
stiffness of their surroundings by altering their internal mechanics in response to the 
mechanics of their microenvironment [2]. One effort to provide evidence for this 
hypothesis used a model system of MEC cell lines transformed by overexpression 
of ErbB2, a breast cancer biomarker, and/or 14-3-3ζ, which confers resistance to 
apoptosis upon extracellular ligand detachment. These were seeded on collagen I 
gels of increasing concentration, and thus stiffness. The effective G’, or stiffness, 
within cells was measured by passive particle tracking microrheology. The G’ of 
cells overexpressing ErbB2 appeared to increase when cultured on collagen I gels 
of increased stiffness [10]. However, because ligand density, and not just stiffness, 
increases with increasing collagen I concentration, the effect could have been the 
result of either property.

2  �Ideal Properties of a Stiffness Model

Many cell culture models have been developed with variable stiffness for determin-
ing cell responses. Some of these are synthetic (polyacrylamide, PEG-diacrylate), 
and some are based on extracellular matrix proteins. Ideally, a 3D cell culture model 
for assessing cell responses to microenvironment stiffness should allow for (1) cell 
integrin binding, (2) cell migration in 3D, and (3) tunable stiffness (independent of 
ligand density). Cell culture matrices ought to represent an optimal balance between 
physiological relevance and simplicity. The natural cell microenvironment is too 
complex to recreate exactly at this point and have full control of relevant 
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Fig. 1  Matrix stiffness modulates integrin adhesions to regulate MEC growth and behavior [2]
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biochemical and physical variables. Figure 2 shows the normal histology of breast 
tissue. Epithelial cells form a mammary duct, or acinus, which is lined by myoepi-
thelial cells and the basal lamina [11]. The basal lamina is composed primarily of 
laminin and collagen IV [12]. A number of proteins make up the breast stromal tis-
sue, including collagens I, III, and V, proteoglycans, glycoproteins, and fibronectin 
[3, 12, 13]. Metastastic cells from an acinus en route to nearby arterioles, for exam-
ple, would traverse this matrix.

Collagen I, one of the fibrillar collagens (fibrillar collagens include I, II, III, V, 
XI, XXIV, and XXVII), is the most abundant protein in interstitial and stromal tis-
sues. As such, it is a physiologically relevant choice of matrix for studying invasive 
behaviors of breast cancer cells.

3  �Collagen I Structure and Mechanics

Collagen I fibrils form porous matrices in vivo that mechanically support tissue 
structure. The basic unit of a collagen I fibril is a right-handed triple helix composed 
of three left-handed polypeptide helices, two α1 and one α2, held together by hydro-
gen bonds between prolines and glycines. These triple helices, called tropocolla-
gens, are secreted by cells and then self-assemble into staggered bundles with 4–5 
tropocollagens per cross-section, to form microfibrils. Microfibrils are cross-linked 
with each other via the oxidation of lysines by lysyl oxidase to form fibrils which 
are hundreds of nanometers in diameter [14].

To use collagen matrices for cell culture, the cross-links in native collagen are 
broken down by acid extraction to produce monomeric, soluble collagen [15]. Upon 
neutralization of this solution at 37  °C, fibrils reform in vitro. Temperature, pH, 

Fig. 2  Normal histology of breast tissue. Stromal collagen is pink. Sketch is based on microscopy 
from [11]
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ionic strength of the solution, and collagen concentration all affect the kinetics of 
fibril formation as well as the fibril diameters [16–18]. Confocal reflectance micros-
copy images of 2 mg/ml collagen gels formed at 32, 27, and 22 °C show pore size 
increases from 7 to 12 μm, and fibril diameter increases from 51 to 65 nm with 
decreasing temperature [17]. Pore sizes of collagen matrices at 1.2  mg/ml and 
2.4 mg/ml concentrations were approximately 3 μm and 2 μm, respectively, when 
measured from reconstructed CRM images [19]. Based on this data, the predicted 
pore size for the 8.8 mg/ml collagen gels in this work would be less than 1 μm.

The compressive elastic modulus of individual collagen I fibrils ranges from 2 to 
200 MPa, depending on pH and ionic strength of the buffer in which they are mea-
sured [20, 21]. These numbers are 3–4 orders of magnitude larger than the compres-
sive elastic moduli of collagen gels determined by indentation. These moduli range 
from 300–3000 Pa, depending on collagen concentration (3–9 mg/ml) [22].

4  �Stiffening Collagen I Matrices

Although collagen I matrices are frequently used in cell culture, in vitro they have a 
limited range of stiffness and unstable mechanical properties, which lead to incon-
sistent reproducibility. Compression of collagen I has been used to increase its elas-
ticity and mechanical stability, but this also results in increased cell-collagen ligand 
density [23]. Collagen I matrices have also been stiffened by mixing with agarose, 
but agarose fills the pores between collagen fibrils and thus slows cell invasion [24]. 
A number of chemical and enzymatic methods for cross-linking collagen I have 
been used, including EDC/NHS, methacrylate, glutaraldehyde, genipin, riboflavin, 
and transglutaminase [25–30]. Synthetic matrices like polyacrylamide and PEG 
hydrogels have more easily tunable elasticity, and can be cross-linked with ECM 
proteins for integrin binding. Polyacrylamide gels can be tuned to E values, or stiff-
nesses, ranging from the low hundreds to hundreds of thousands of Pascals simply 
by changing the concentrations of acrylamide and bis-acrylamide, making them 
particularly suitable for mimicking tissue stiffnesses [31]. One well-established 
protocol for 3D culture is to seed cells on polyacrylamide coated with ECM pro-
teins, then overlay with a layer of collagen I [32, 33]. A disadvantage of this system 
is that it is mechanically non-homogeneous above and below cells, and ligand 
density-independent tuning of the stiffness of the matrix is only possible in the layer 
below the cells.

For 3D culture matrices, cross-linkers also should be cytocompatible before and 
during matrix cross-linking, since the cells are usually embedded in the matrix prior 
to the cross-linking process. Glutaraldehyde, for example, is cytotoxic and thus not 
ideal for cross-linking collagen matrices after embedding cells. Genipin, naturally 
found in gardenia fruit extract, is less cytotoxic but must be used at low concentra-
tions (<5  mM) if cells are embedded in the gel during cross-linking. Genipin 
cross-linked collagen also turns a dark purple color, and fluoresces when excited 
with 590 nm light with intensities dependent on the degree of cross-linking [27].
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Some of the above cross-linking methods, riboflavin and methacrylate, are pho-
toactivatable with UV light. One advantage of photoactivation is the capability for 
post hoc stiffness tuning, as well as the possibility for precise patterning of varying 
stiffnesses within gels. Photomasks could potentially be designed to create stiffness 
gradients for studying durotaxis, for example. One potential disadvantage includes 
cytotoxicity of the photoinitiators, which form free radicals upon photoactivation. 
Riboflavin generates superoxide radicals in the presence of 465 nm light, and the 
photoactivated riboflavin and superoxide radicals both enable cross-linking of col-
lagen [34]. Tronci et al. functionalized collagen I with the organic cross-linkers gly-
cidyl methacrylate (GMA) and 4-vinylbenzyl chloride (4VBC) [35]. A nucleophilic 
reaction functionalized the methacrylate or vinylbenzyl groups to the ε-amino 
groups of collagen lysines. Functional groups on lysines of neighboring collagen 
molecules are linked together when they interact with free radicals produced by 
photoactivation of Irgacure 2959® (I2959) with UV light. Any free radical-forming 
initiator can be used in this system to form cross-links between the functional 
groups.

5  �Measuring Stiffness with Atomic Force Microscopy (AFM)

Although there are a number of methods for determining mechanical properties of 
collagen, atomic force microscopy is one that can be used to determine the com-
pressive elastic modulus of a material at the approximate scale that a cell would be 
exerting force. The primary components of an atomic force microscope (AFM) 
include a cantilever with a probe (which can vary in shape and size), a laser which 
reflects off the top of the cantilever at an angle determined by the extent of cantile-
ver deflection, and a photodiode which registers a voltage based on the extent of 
deflection of the laser (Fig. 3). The voltage is converted back to units of deflection 
using the calibrated sensor response in nm/V for each cantilever.

The deflection vs. indentation curve can then be converted to a force vs. indenta-
tion curve using the cantilever spring constant, and this curve is fitted using the 
Hertz model,
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where F is force, E is the Young’s modulus (elastic modulus), ν is the Poisson’s ratio 
of the material, R is the radius of the spherical probe on the cantilever, and d is the 
indentation depth of the sphere in the material [36]. The Hertz model assumes that 
the medium is elastic and fills an infinitely large half-space, the contact surfaces are 
“even”, and the surfaces are frictionless [37].

Neither collagen I nor polyacrylamide is a purely elastic material, but the Hertz 
model still fits their force vs. indentation curves well [38, 39]. Furthermore, because 

A.M. Smelser et al.



177

the contribution of the viscous component depends on the relaxation time of the gel, 
if the indentation curves are acquired at the same indentation speed for all measure-
ments, comparison of these elastic moduli is still valid. Adhesion is also an issue 
when indenting collagen I, particularly, but probes can be coated to reduce this 
effect.

6  �Method for Tuning Collagen I Stiffness

6.1  �Functionalization of Collagen I

To functionalize rat tail collagen I (Corning Life Sciences, Inc) with 4-vinylbenzyl 
chloride or glycidyl methacrylate, high concentration collagen I in 0.02 M acetic 
acid was diluted to 0.25 wt% in deionized water, stirred on ice, and neutralized with 
1 M NaOH. Based on a trinitrobenzene sulfonic acid (TNBS) assay it was previ-
ously determined there were 6 x 10−4 mol lysines per gram of collagen I. This is a 
reasonable result given a tenuous theoretical value of 4 x 10−4 mol lysines per gram 
(~91 lysines in triple helix of MW ~250 kDa), calculated from the amino acid com-
position of the alpha-1 and alpha-2 chains of collagen I from Rattus norvegicus, for 
which 11% of amino acids are unspecified [40]. Either 4-vinylbenzyl chloride or 
glycidyl methacrylate was added at a 75 molar ratio relative to the collagen lysines. 
Triethylamine was added as a catalyst for the substitution reaction at an amount 
equimolar with the cross-linker, and 1% Tween-20 was added to solubilize the 
cross-linker in solution. The reaction mixture was stirred at RT overnight. The func-
tionalized collagen was precipitated out of solution by stirring in at least 10 volumes 
of 200 proof ethanol overnight, then centrifuging at 5000 rpm for 30 min in a Sorvall 
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Fig. 3  Schematic of 
contact atomic force 
microscopy (AFM) for 
determination of the elastic 
modulus of a sample
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RC-5B Superspeed Refrigerated Centrifuge. The ethanol was decanted, and pellets 
were re-dissolved in 0.02 M acetic acid. Re-dissolved functionalized collagen I was 
dialyzed in at least 10 volumes of 0.02 M acetic acid overnight to dilute out any 
remaining ethanol, then lyophilized. Lyophilized collagen I-GMA or -4VBC was 
re-dissolved in 0.02 M acetic acid at 8–13 mg/ml as needed for use.

To determine the concentration of re-dissolved, functionalized collagen I, the 
Bicinchoninic Acid (BCA) Protein Assay (Pierce) was used because it yielded more 
consistent absorbance readings between repeats and more linear standard curves 
than the Bradford Protein Assay (Bio-Rad). Absorbances of the functionalized col-
lagen I solutions at 280 nm were not used for concentration determination because 
one of the cross-linkers, 4VBC, contains a benzene ring, which would absorb at this 
wavelength.

The concentration of stock collagen I used for producing standard curve dilu-
tions had been determined by pyrochemiluminescence by Corning® and was 
reported on the product label. The Pierce protocol for the BCA assay was followed 
with the major modification being the addition of 0.0035% sodium dodecyl sulfate 
(SDS) to the BCA reagent. SDS was added based on work by López et al. which 
showed that the addition of 0.0035% SDS increased the sensitivity of the Bradford 
assay to collagen relative to non-collagen proteins, possibly by altering conforma-
tional structure of collagen molecules to increase their binding capacity [41].

The trinitrobenzene sulfonic acid (TNBS) colorimetric assay for determination 
of free ε-amino groups was used to determine the percentage of collagen lysines 
that were functionalized with cross-linker [35, 42]. The percent functionalization 
was determined from the moles of free lysine per gram collagen for functionalized 
and non-functionalized collagen samples as follows:
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In initial experiments, functionalization of collagen with GMA was achieved by 
addition of GMA at a molar ratio of 50 relative to collagen lysines. The percent 
lysine functionalization for these batches varied between 20–60%. The final batch, 
however, was made using a GMA/lysine molar ratio of 75, and percent functional-
ization increased to 80%. The percent functionalization achieved with 4VBC was 
generally lower, ranging between 4 and 30%, even when the molar ratio of 4VBC 
relative to collagen lysines was increased from 50 to 75.

6.2  �Photoinitiator Synthesis

Initially, Irgacure® 2959, or 2-hydroxy-1-[4-(2-hydroxyethoxy) phenyl]-2-methyl-
1-propanone, was used as a photoinitiator for cross-linking of functionalized colla-
gen, since it is commonly used for biological applications [35]. The molar 
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absorptivity of I2959 at 365 nm was not sufficient to induce cross-linking by irra-
diation with 8 W bulbs in a UVP transilluminator for up to 1 h. Even at 302 nm, for 
which its molar absorptivity is higher, sufficient cross-linking required at least 
30  minutes of irradiation. Collagen I-GMA solutions of approximately 5  mg/ml 
(determined by Bradford, rather than BCA Assay) were mixed with 1.0% I2959 by 
irradiating 30, 60, and 90 min at 302 nm, and the elastic moduli of resulting gels 
were determined by AFM. The elastic moduli averaged 480 ± 93 Pa, 908 ± 200 Pa, 
and 1024 ± 203 Pa, respectively.

These times required for adequate cross-linking (30–90 min) were too long for 
3D culture applications with cells embedded in gels, because cell exposure to UV 
light should be minimal. Additionally, the shorter wavelength required for cross-
linking, 302 nm, is more likely to induce DNA damage than 365 nm UV. In a cyto-
toxicity experiment, 30  min of irradiation at 302  nm resulted in less than 50% 
survival of breast cancer (MDA-MB-231) cells (no collagen, no photoinitiator), 
when inspected using Trypan Blue exclusion dye three days later.

For these reasons, an alternative photoinitiator was tested. Fairbanks et  al. 
showed that lithium acylphospinate (LAP) had a higher efficiency as a photoinitia-
tor than I2959 when PEG-diacrylate was irradiated with 365 nm UV light (2009). 
The use of this longer wavelength UV light for irradiation is advantageous because 
it reduces the potential for DNA damage in cells that may be embedded in the col-
lagen gels during cross-linking. LAP was synthesized according to the literature 
[43, 44]. The crystallized, washed lithium acylphosphinate was dissolved in deion-
ized water at 4 mM to acquire an absorption spectrum and determine if it showed 
peak absorption near 365 nm as expected. Figure 4a shows the confirming absorp-
tion spectrum. In a direct comparison between 2.2  mM (0.07%) LAP, 2.2  mM 
(0.05%) I2959, and water as a control, the collagen I-GMA gel (3.8 mg/ml) with 
LAP remained flat and intact when tipped after 10 min of irradiation (365 nm), but 
the I2959 and control gels did not. LAP was a more efficient photoinitiator for 
cross-linking collagen I with 365  nm irradiation, and was used in subsequent 
experiments.
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Fig. 4  (a) Absorbance spectrum of 4 mM lithium acylphosphinate from 300 to 600 nm, confirm-
ing a peak in absorbance near 365 nm. Cuvette path length is 1 cm (b) Setup for cross-linking of 
functionalized collagen gels
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6.3  �Photoactivation of Cross-Links in Collagen

Photo-crosslinkable collagen gels were made by mixing functionalized collagen 
with NaOH and 10X Dulbecco’s Phosphate Buffered Saline (DPBS) for neutraliza-
tion, phenol red for confirmation of neutralization, and LAP for photoactivation. 
Collagen I-4VBC differed from collagen I-GMA in that it gelled rapidly upon neu-
tralization, interfering with thorough mixing, so it was mixed only with LAP and 
was cross-linked at acidic pH. A positive displacement pipet (Gilson) was used for 
pipetting high concentration functionalized collagen, to prevent loss of sample due 
to adhesion within the tip. After mixing by pipetting ~20X, the mixture was briefly 
centrifuged to remove air bubbles. This mixture (20 μL) was added to a 5 × 5 well 
cut out of 0.5  mm thick cell culture grade silicone sheet (Electron Microscopy 
Sciences) in a glass-bottom culture dish coated with 3-aminopropyltriethoxysilane 
and glutaraldehyde for protein adhesion. Coverslips coated with Rain-X were 
placed on top to flatten the gel surface.

Once the mixture was formed in the dish, it was placed in an N2 environment for 
at least 2 min to prevent formation of reactive oxygen species (ROS) that could 
interfere with the cross-linking reaction (Fig. 4b). It was then irradiated by a Blak-
Ray® B-100A High Intensity UV lamp (100 W, 365 nm) for 60–120 s. The inten-
sity of irradiation was 4.4  mW/cm2. Gels were stored in DPBS or cell culture 
medium.

6.4  �Calibrating the AFM for Stiffness Measurements

To ascertain the precision and accuracy of elastic measurements made with a new 
AFM, polyacrylamide gels, which are well-characterized in the literature in the 
appropriate range of stiffness, were used as a standard. Polyacrylamide gels were 
made to target an elastic modulus of 6000 Pa, which is near the high end of the 
range of elastic moduli relevant to this study [1]. The weight percents of acrylamide 
and bis-acrylamide were chosen based on work by Yeung et al. showing how the 
elastic shear modulus, G’, varies with these amounts [31]. We assumed G’ is related 
to the Young’s modulus, E, by a ratio of 1/3, because the Poisson’s ratio (ν) of poly-
acrylamide gels is ~0.5 [45, 46], and because,

	
E G= +( )2 1 ν

	
(3)

To make the polyacrylamide gels, 7.5% acrylamide was mixed with 0.08% 
bis-acrylamide, 0.1% ammonium persulfate, and 0.003% N,N,N′,N′-
tetramethylethylenediamine. Thick gels were made by pipetting mixtures into 
cylindrical molds with radii of 6 mm and heights of 5 mm on glass-bottom dishes 
coated with 3-aminopropyltriethoxysilane and glutaraldehyde for adhesion. Rain-
X®-coated coverslips and 50 g weights were placed on top to ensure flat surfaces. 
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Thin gels were made by pipetting into 10 x 10 x 1 mm square silicone wells. Gels 
were stored in PBS and transported the same day for measurement on the AFM.

An MFP-3D-BIO AFM (Asylum Research) was used to acquire force vs. inden-
tation curves. Silicon cantilevers were gold-coated and tipless (AppNano). A 6 μm 
carboxylate-coated polystyrene bead (PolyBead®) was glued to the end of the can-
tilever with marine epoxy (Loctite®). The beads were subsequently coated with 
poly-L-lysine-PEG (PLL-PEG, SuSos) or Rain-X to reduce adherence to the sub-
strate. Cantilever spring constants were determined by the Sader method in air [47]. 
The Sader method uses the cantilever’s resonance frequency, which is determined 
by recording the cantilever’s thermal oscillations in air. From these thermal oscilla-
tions, the angular resonance frequency, ω0, and quality factor, Q, were calculated by 
the software to determine the spring contant as follows:

	
k b LQf= ( )0 1906 2

0 0
2. ρ Γ ω ω

	
(4)

where ρf is the density of the medium (air), b and L are the width and length of the 
cantilever, and Γ(ω0) is the hydrodynamic function [47]. Using this method, the 
spring constant of the cantilever used for the calibration experiments was deter-
mined to be ~55 pN/nm. The cantilever sensitivity (nm/V) was determined by 
indenting a glass coverslip in water or buffer; from a linear fit of this deflection vs. 
indentation curve and from the spring constant, the sensitivity could be calculated 
by the software. For measurements of polyacrylamide, the force distance used was 
1 μm, velocity was 1 μm/s, and the trigger voltage was 1 V. The resulting force vs. 
indentation curves were fit with the Hertz model (Eq. 1).

The same polyacrylamide gels were also measured by an ElectroForce indenter 
(Bose®) to confirm the AFM measurements. The indenter system determines the 
elastic modulus by compression, like the AFM, but at a larger scale and with a more 
direct readout. The gel is compressed at a user-determined rate of displacement 
between two flat platens (larger in diameter than the gel) as shown in Fig. 5a, and a 
load cell in line with one of the platens yields a force readout. Platens were coated 
with dodecane to reduce the adherence of gels to the platen for unconfined 
compression.

True stress, σ, and true strain, ε, were determined as follows,
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where σ is true stress, ε is true strain, F is the force exerted on the gel, H0 is the 
initial height of the gel, ΔH is the resulting change in height after a given time 
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Fig. 5  (a) Compression of elastic gel with macroscale indenter (b) Representative Bose® mac-
roscale indenter true stress vs. true strain curve (circles) with linear regression fit (line) for a poly-
acrylamide (0.75% acrylamide, 0.08% bis-acrylamide) gel. Slope of linear regression is the elastic 
modulus (c) Representative AFM force vs. indentation curves for the same polyacrylamide gel 
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(line). The retraction curve dips below the extension curve, indicating some adhesion between 
probe and substrate
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interval, and d is the initial diameter of the gel [48]. True stress and true strain differ 
from engineering stress and strain by accounting for the increasing diameter of the 
material as it is compressed. The elastic modulus, E, was determined as the slope of 
the linear fit of true stress plotted against true strain, according to the relation,

	 σ ε= E 	 (7)

On separate days, three polyacrylamide gels were made up with the same com-
position targeting 6 kPa, and on the same day each was made it was measured twice 
at each of three random locations by AFM. The average elastic modulus for the 
three gels was 9.11 ± 0.87 kPa, 9.39 ± 0.55 kPa, and 8.84 ± 0.16 kPa, which shows 
good consistency despite differences in thickness (1 and 5 mm), as there was no 
significant difference between average elastic moduli of these gels by the ANOVA 
test, p = 0.31. These elastic moduli are higher than expected according to the litera-
ture, so one gel was made and measured on the AFM, then measured on the mac-
roscale indenter on the same day. The average modulus for this gel as measured by 
the AFM was 8.99 ± 0.12 kPa, and by the indenter was 8.53 ± 0.37 kPa. Example 
data for the indenter and AFM are shown in Fig. 5b, c, respectively.

The agreement between measurements from the two different instruments sup-
ports the accuracy of both. The expected modulus from the literature, however, was 
much lower, which could be explained by differences in storage time prior to mea-
surement. When a gel was made according to the same method but stored in PBS for 
4 days prior to measurement, the average elastic modulus was 5.92 ± 0.58 kPa, in 
agreement with the literature, so it is possible that swelling by storage in buffer 
could be responsible for the difference. Polyacrylamide gel swelling over time by 
storage in water causes Poisson’s Ratio to drop from 0.50 to 0.26, indicating that 
storage conditions affect their mechanical properties [46]. These results demon-
strate the consistency of the measurements made using the atomic force microscope 
and the described cantilever calibration method. The good agreement with measure-
ments made by the macroscale indenter supports their accuracy. The discrepancy 
with literature values could be explained by different degrees of swelling.

6.5  �Collagen I-GMA Spanned the Range of Breast Cancer-
Relevant Stiffnesses

The elastic moduli of 6.5 mg/ml collagen-GMA gels irradiated for durations from 5 
to 120 s increased from ~300 Pa (5 s) to ~1000 Pa (90 s). When irradiated for 120 s, 
the modulus dropped back to 500  Pa. These results demonstrate that the elastic 
moduli of collagen I-GMA gels cross-linked using LAP increase with irradiation 
time, up to a maximum. The maximum elastic modulus here, ~1000  Pa, was 
achieved after 90 s, whereas the original protocol using I2959 required 90 min of 
irradiation. Collagen I-4VBC gels (6.5 mg/ml) had higher elastic moduli than col-
lagen I-GMA for up to 30 s of irradiation, which was expected since 4VBC is a 

Stiffness-Tuned Matrices for Tumor Cell Studies



184

shorter cross-linker [49]. For both cross-linkers, elastic moduli of gels appeared to 
drop when irradiation times were prolonged beyond a certain time. This drop in 
modulus could be due to alteration of collagen structure by the accumulation of 
superoxide radicals [50]. Additionally, the peak time could be changed; gels made 
from a different batch of collagen I-GMA and at higher concentrations had higher 
moduli at longer irradiation times. This change in irradiation time for the peak mod-
ulus could be explained by the higher percent functionalization in the second batch.

Work with collagen I-4VBC was discontinued because elastic moduli of these 
gels cross-linked at neutral pH were inconsistent. These solutions gelled inconsis-
tently because, unlike collagen I-GMA, they formed fibrils rapidly upon neutraliza-
tion, which impeded proper mixing. For example, a gel mixed at acidic pH had an 
elastic modulus of 757 ± 54 Pa, but for another gel mixed at neutral pH, the elastic 
modulus had a much higher standard deviation, 682 ± 319 Pa. Another cause for 
inconsistency in these functionalized collagen gels may have been degradation of 
the functionalized collagen stock over time. For example, 5 mg/ml collagen I-4VBC 
gels made 3 months apart from the same stock had elastic moduli of 1307 ± 51 Pa 
versus 675 ± 372 Pa.

To stiffen collagen gels further to suitably represent tumorous breast tissue, col-
lagen I-GMA gels were prepared at a higher concentration of collagen I-GMA 
(8.8 m/gml vs. 6.5 m/gml) and a lower concentration of LAP (1.1 mM vs. 2.2 mM). 
To represent normal breast tissue, non-functionalized collagen I gels were mixed 
according to the same recipe, except without LAP, then allowed to gel for 2–3 h in 
a 37 °C, 5% CO2 incubator. All collagen gels were stored in DPBS overnight prior 
to measurement of elastic moduli.

Figure 6 shows the elastic moduli of 8.8 mg/ml collagen I-GMA gels irradiated 
for 60 and 120 s compared to the elastic modulus of 8.8 mg/ml non-functionalized 
collagen. The elastic modulus of 8.8 mg/ml collagen I-GMA gels is higher than 
non-functionalized collagen gelled by neutralization and 37 °C temperature. These 
high concentration cross-linked collagen I- GMA gels can be tuned to stiffnesses 
ranging from the stiffness of normal breast tissue to the stiffnesses of breast tumors 
by irradiating gels with 365 nm UV for 2 min. or less.

7  �Matrix Stiffness Affects Invasive Behavior

Certain cell types respond to the stiffness of their environments by altering their 
migration. Lo et al. demonstrated that 3T3 fibroblasts preferentially migrate toward 
the stiff end of a stiffness gradient [51]. This behavior is termed “durotaxis”. 
Vascular smooth muscle cells also undergo durotaxis in 2D on collagen-coated 
polyacrylamide [52]. Raab et al. observed durotaxis in mesenchymal stem cells in a 
semi-3D system; cells were seeded on collagen I-coated polyacrylamide with a 
stiffness gradient ranging from 1 to 34 kPa, and then after adherence, cells were 
overlaid with more collagen I [33]. Ovarian cancer cells, on the other hand, tend to 
metastasize to soft tissues, so different cell types may respond differently to envi-
ronment stiffness. McGrail et al. compared metastatic characteristics between these 
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cells on soft and hard substrates and demonstrated that they migrate more, have 
higher traction stress, elongate to the mesenchymal phenotype, and express lower 
levels of cytokeratin on the soft substrates [53].

Increased breast tissue stiffness does not seem to be solely an effect of cancer, as 
was described in section 1, but may also contribute to its progression. Increased stiff-
ness and mammographic density, which correlates with increased stromal collagen 
content relative to fat, are also risk factors for breast cancer [54–57]. Furthermore, 
cross-linking of collagen in mammary fat pads of mice by injecting fibroblasts with 
heightened lysyl oxidase expression led to breast tumor progression. In vitro, stiffen-
ing by addition of ribose (150 Pa vs 110 Pa) led to clustering of cell integrins and 
increased invasion in a model breast cancer cell line [58]. On the other hand, Fenner 
et  al. observed that more metastases occurred after cutting out compliant tumors 
from mice than occurred after cutting out stiff tumors [59]. Thus, the effect of stiff-
ness on the invasiveness of breast cancer cells is not yet clear. Collagen I matrices 
tuned by GMA cross-linking provide a ligand density-controlled, biomimetic system 
with an appropriate stiffness range for determining the effect of stiffness on breast 
cancer cell migration. The MDA-MB-231 breast cancer cell line survived and 
migrated on these gels and can be assayed by measuring speeds of individual cells. 
The following work is a proof of concept for conducting such experiments.

8  �Migration Assay on Stiffness-Tuned Collagen I

Collagen I and collagen I-GMA gels (8.8 mg/ml) were prepared according to the 
method described in section 6.5, but as thin layers (≤90 μm). Polystyrene beads 
(90 μm) were mixed into the collagen, and 10 μL of mixture was added to the center 

Fig. 6  Elastic moduli of non-functionalized collagen I gels and collagen I-GMA gels (8.8 mg/ml) 
irradiated 60 and 120 s. Error bars represent standard deviation of 15 total measurements on 3 
gels, 5 per gel
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of a delrin ring on a 50 mm glass-bottom dish that was coated with APTES and 
glutaraldehyde for gel adherence. A delrin piston with a Rain-X®-coated coverslip 
glued to the end was dropped onto the droplet to make a thin gel with a flat surface 
(Fig. 7). Collagen I-GMA gels were irradiated with 365 nm UV for 120 s, with an 
intensity of 4.4 mW/cm2.

MDA-MB-231 cells (100,000–200,000) were seeded on the surface of the gels in 
complete mammary epithelial growth medium (MEGM) with bovine pituitary extract 
(BPE), and 1–3 days later, stained with CellTracker™ Green CMFDA. Fluorescent 
cells were imaged with a 20X objective for 20 h with a Nikon Eclipse Ti inverted 
epifluorescence microscope equipped with a FITC fluorescence cube, while main-
tained at 37 °C and 5% CO2 atmosphere. A scientific CMOS camera (pco.edge, PCO, 
Kelheim, Germany, 6.5 μm × 6.5 μm pixel size) acquired one image every 10 min. An 
automated shutter (Uniblitz VS25, Vincent Associates) in the fluorescence excitation 
path prevented bleaching of the fluorophore between images.

An ImageJ bandpass filter was applied to images to eliminate features larger or 
smaller than cells for ease of tracking. Contrast-limited adaptive histogram equal-
ization was performed with a window half size of 100 × 100, and slope of 2. Icy 
bioimage analysis software (Quantitative Image Analysis Unit, Institut Pasteur) was 
used for tracking cell migration. The Active Contours plug-in was used to outline 
the cells and track these over time; it allows user-defined ROI to be drawn around 
individual cells, then the borders snap on to the outline of the cell automatically. Ten 
to twenty isolated cells were selected for each gel, avoiding those that appeared to 
be floating or likely to be difficult to track. Track manager yielded the center coor-
dinates each frame. Figure 8 shows the initial image of a video with Active Contours 
outlines and tracks.

Average frame-to-frame speed (μm/h) was acquired for each cell track from the 
coordinates of the centers of the cells as follows:
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where N is the total number of images in the track, xn and yn are the coordinates of 
the centers of the cell in each image, and t is the time when each image was taken, 
0.17 h (10 min) apart. The average frame-to-frame speeds of all cell tracks were 
averaged together for three collagen I gels and for three collagen I-GMA gels.
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Fig. 7  Schematic of setup 
for making thin collagen 
gels [60]
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MDA-MB-231 s survived on both collagen I and collagen I-GMA gels. The aver-
age frame-to-frame speed of cells seeded on non-functionalized collagen I was 
0.88 μm/h, and on collagen I-GMA irradiated for 120 s was 0.67 μm/h. None of the 
cells on the cross-linked gels had average speeds that exceeded 2.5 μm/h, while 
some reached nearly 4 μm/h on regular collagen I. Because the seeding densities 
were not controlled across these two stiffness conditions, it is not possible to con-
clude from these data whether stiffness or seeding density is responsible for these 
differences. These results demonstrate the feasibility of future migration experi-
ments and analysis, in which cell seeding density will be controlled.

9  �Conclusions

Photoactivated cross-linking of collagen I-GMA using LAP as a photoinitiator pro-
vides a way to tune collagen I stiffnesses from 1 to 6 kPa, matching that of normal 
breast tissue and that of breast tumors, without changing the concentration of col-
lagen I. This provides a way to assess whether breast tumor cells respond to stiffness 
in their environment independently of ligand density and fibril alignment. 
Photoactivation also provides the potential for creation of stiffness gradients and 
patterns by using easily produced photomasks. The concentration of collagen 
I-GMA necessary to achieve this range in these studies, however, is higher than 
ideal for invasion studies with embedded tumor cells in 3D culture. Migration of 
MDA-MB-231 cells in collagen I matrices of density 5 mg/ml or higher is signifi-
cantly impeded (private communication, Dr. Nicholas Kurniawan). In future, devel-
opment of less dense collagen I gels with equivalent stiffnesses, and lower doses of 
UV would be beneficial to development of invasion assays in 3D.

Fig. 8  Bandpass-filtered fluorescence images of MDA-MB-231 cells seeded on thin layers of col-
lagen I (8.8 mg/ml). Figure also shows Icy software Active Contours outlines (multi-colored) and 
tracks (yellow). Scale bar is 100 μm. (a) is non-functionalized collagen I, and (b) is collagen 
I-GMA cross-linked by irradiation for 120 s
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However, MDA-MB-231 cells survive and migrate on the surface of these col-
lagen I-GMA gels. Average migration speeds for cells on both non-functionalized 
collagen I and UV-crosslinked, collagen I-GMA gels were less than 1 μm/h. The 
methods here provide a way to determine whether matrix stiffness, independently of 
ligand density, influences speeds of MDA-MB-231 cells in 2D. In combination with 
photomasks, it may be possible to create stiffness gradients for durotaxis assays 
within these UV-crosslinked collagen I gels. Stiffness gradients have already been 
made in synthetic hydrogels by using photoactivated cross-linking; Yeung et al. and 
Sunyer et al. used transparency masks with printed gradients and a sliding mask, 
respectively, to create stiffness gradients [31, 61]. Although stiffness gradients in 
collagen and gelatin matrices have also been achieved by non-photoactivating meth-
ods, the use of photoactivation in conjunction with patterned photomasks may open 
the door for precise and varied stiffness patterns that would not be feasible using 
these other methods [62, 63].

As a final note for future work toward development of 3D tumor models and inva-
sion assays, in early experiments cross-linking 3.8  mg/ml collagen I-GMA, 
MDA-MB-231 cells were embedded into the gels by mixing them into the collagen 
mixture prior to irradiation. Irgacure 2959® was used as a photoinitiator, and a UVP 
transilluminator was used to irradiate gels at 302 nm for 5 min. Cells were stained with 
calcein AM and fluoresced, indicating they survived the irradiation and cross-linking 
of collagen. Furthermore, they visibly migrated inside the gel. These results suggest 
the potential for using collagen I-GMA gels for performing durotaxis assays inside 3D 
matrices, not just by tracking the motion of cells on the surface of these gels.
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Abstract  Three-dimensional organoid and organoidal cell cultures can recreate 
certain aspects of in vivo tumors and tumor microenvironments, and thus can be 
used to test intratumoral interactions and tumor response to treatments. In silico 
organoid models, when based on biological or clinical data, are an invaluable tool 
for hypothesis testing, and provide an opportunity to explore experimental condi-
tions beyond what is feasible experimentally. In this chapter, three different 
approaches to building in silico organoids are described together with methods for 
integration with experimental or clinical data. The first model will be used to deter-
mine the mechanisms of development of breast tumor acini, based on their in vitro 
morphology. The second model will be used to predict conditions for the most 
effective cellular uptake of therapies targeting pancreatic cancers that incorporate 
intravital microscopy data. The third model will provide a procedure for assessing 
patients’ response to chemotherapeutic treatments, based on the biopsy data. For 
each of the models, a protocol will be proposed indicating how it can be used to 
generate testable hypotheses or predictions. These models can help biologists in 
determining what experiments should be performed in the laboratory. They can also 
assist clinicians in assessing cancer patients’ response to a given therapy and their 
risk of tumor recurrence.
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1  �Introduction

With the recent advances in three-dimensional (3D) culture technology, there is 
increased interest in utilizing such multicellular systems to investigate how they 
develop, how the transition from non-tumorigenic to malignant colonies takes place, 
to examine how they respond to various therapies, and to test different treatment 
options. While these in vitro models are obviously a simplification of an in vivo tis-
sue structure and function, they mimic in vivo physiology better than 2D cell cul-
tures, and are much easier to handle than in vivo models.

In the 3D organotypic cultures, the individual cells derived from immortalized 
cell lines are grown in the extracellular matrix (ECM) constructs, such as Matrigel, 
and self-assemble into 3D multicellular architectures. These cultures recapitulate 
the structure of the tissue from which they are derived: either a hollow epithelial 
acinus resembling the normal cyst or duct [5, 7, 14, 35, 48, 50] or the fully filled 
spheroid that has tumor-like features [4, 6, 7, 13, 21, 46]. However, these cultures 
usually contain only one type of cells, and thus are a very simplified representation 
of the in vivo tissues. The ultimate experimental goal is to grow an organoid, a mul-
ticellular system that is complex enough to attain the morphology, cellular hetero-
geneity, stromal composition, and some functionality of the in vivo organ, but that 
is still amenable to control and analysis [17, 34, 49]. Nevertheless, both organotypic 
cultures and tissue organoids need to be kept in the 3D culture for a significant 
length of time to either reach a size comparable to in vivo tumors (organotypic cul-
tures) or to observe the results of anti-cancer therapies (organoids). Integrating 
laboratory experiments with in silico approaches can reduce the time and amount of 
experimental work.

Mathematical modeling in silico of organoids can provide a platform for sys-
tematically testing how perturbations in individual components of the complex 
organoid system influence their emerging properties. Computer simulations can be 
performed on a high-throughput scale that is not feasible in a laboratory setting. A 
large number of parameters can be varied in these simulations simultaneously and 
over a wide range of values that allows the factors that are essential for answering 
the investigated question to be identified. Such broad and multiparametrical studies 
can generate various experimentally testable hypotheses and point toward direc-
tions that are worth pursuing experimentally. Moreover, they can also indicate 
which potential experiments will not show any promising results and thus may be 
omitted. This will provide a cost-effective tool for selecting which experiments 
should be carried on.

In this chapter, we present examples of mathematical modeling of tumor organoids 
and organotypic cultures. In the first example, we discuss how the mathematical 
model IBCell (Immersed Boundary model of the Cell) can be used to delineate cell-
intrinsic properties that lead to perturbations of the structure of normal mammary 
acini and result in the development of tumor multicellular spheroids. Mammary acini 
are one of the first organotypic cultures to have been grown in 3D microenvironments. 
While they are composed of epithelial cells only, they arise due to local interactions 
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between non-tumorigenic cells by repeated proliferation, cell differentiation, and self-
organization into a shell of cells enclosing the hollow lumen. The IBCell is an in silico 
organoid, a computational analog of the 3D in vitro organotypic cultures. In the sec-
ond example, we present a mathematical model microPK/PD (microscale pharmaco-
kinetics/pharmacodynamics) that utilizes the tumor tissue architecture digitized from 
an experimental sample. Our focus of interest here is the tumor microenvironment on 
the microscopic scale, and simulating drug or imaging agent transport through the 
tissue. This model is a simplification of the in vivo tissue, but it includes tumor cells, 
stroma, interstitial fluid, and tumor vasculature. As such, it takes into consideration a 
section of the whole tumor organoid. We finish by putting forward the idea of a Virtual 
Clinical Trials model that can be used to simulate how a cohort of tumors (based on 
either mice or human histology) will respond to a particular treatment. This will pro-
vide a way to formulate a personalized treatment based on the tissue sample acquired 
from a patient’s biopsy.

2  �In Silico Organoid Model of Mammary Acini

Epithelial tissues are one of the most abundant tissues in the human body. They 
cover cavities and the surfaces of many organs, including breast ducts and lobules, 
the bronchi and alveoli of the lungs, and the endocrine glands. They form well-
organized, multicellular systems consisting of a layer of tightly packed epithelial 
cells enclosing a lumen cavity and surrounded by the basement membrane and by 
other types of cells. The maintenance of epithelial structure and function depends 
on physical interactions and chemical signals shared locally between individual 
neighboring cells. For example, epithelial cells develop specialized cell–cell con-
nections, such as adherens junctions, which mechanically attach cells to one another. 
Similarly, cell surface receptors, such as integrins, transmit forces from the external 
environment. Additionally, cells develop gap junctions that mediate the passage of 
chemical and electrical signals between neighboring cells and provide a mechanism 
for coordinating the activities of individual cells in the tissue. Thus, mechanical 
signals sensed by the cell result in activation of intracellular biochemical signaling 
pathways, which in turn regulate cell behavior [2, 16, 24].

To preserve the integrity of the epithelial tissue, most of the cellular processes, 
such as initiation of cell growth, selection of the axis of cell division, or the induc-
tion of cell death, must also be correlated with the actions of neighboring cells and 
the dynamically evolving microenvironment [12, 27]. The disruption of the normal 
epithelial tissue architecture, such as filling the lumen with malignant cells observed 
in ductal carcinomas in situ (DCIS), is one of the initial symptoms of progression to 
epithelial tumors [3, 45]. From this perspective, the emergence of pre-invasive can-
cers can be viewed as tissue homeostatic imbalance, in which the natural symbiosis 
between cellular and microenvironmental components is perturbed [36].

Mammary acini are 3D organotypic cultures that are in vitro models of breast 
epithelia. The most commonly used mammary acini cell lines are the non-tumorigenic 

Mathematical Modeling of Tumor Organoids: Toward Personalized Medicine



196

human MCF10A cells. When these cells are cultured on top of Matrigel, they 
undergo several rounds of divisions, forming first a multicellular spheroid, before 
the cells in an outer layer differentiate and self-organize into a shell of epithelially 
polarized cells. This epithelial cell layer surrounds the hollow lumen that arises from 
inner cells’ death by apoptosis [4, 5, 37]. Such 3D organotypic cultures provide a 
useful tool for dissecting cell–cell interactions that are important in mammary gland 
development and its homeostatic maintenance. They are also used to study the 
impact of different physical and chemical microenvironments on mammary cell 
transformations that lead to MCF10A malignant mutants [20, 21, 31, 46, 51].

To delineate differences in the development of normal and tumorigenic mam-
mary acini and to identify which intrinsic or extrinsic cues can lead to the develop-
ment of malignant spheroids, we created a computational analog of the acini 
organotypic culture: the IBCell model [38]. IBCell was calibrated to quantitatively 
reconstruct the development of both the MCF10A acini and the MCF10A-HER2 
mutant. The exploration of differences in model parameter values and model rules 
suggested that the observed acinar morphology distortion may result from the loss 
of negative feedback from secreted ECM proteins responsible for acinus 
stabilization.

2.1  �Outline of Our Approach

Here, we present a general framework in which IBCell is used to identify core alter-
nations between normal and malignant cells by integrating the in silico model with 
3D experimental acinar morphologies. We use confocal images of multicellular 
spheroids arising from non-tumorigenic cell lines grown in 3D cultures as hollow 
acini, and employ them to calibrate IBCell. This IBCell-tuned model is subsequently 
used for the double-tuning process with morphologies from 3D cultures of specific 
acinar mutants. By quantitatively reproducing morphologies and growth dynamics 
of both experimental systems, we can determine which model features must be set 
up differently. Thereafter, these differences in parameter values are used to suggest 
potential mechanisms that lead to such morphological (and molecular) distortions 
arising in mutant cells as compared to non-tumorigenic cells. The proposed proce-
dure is outlined in Fig. 1.

2.2  �The IBCell Model

In the IBCell model, the cells are represented as deformable bodies filled with a 
viscous, incompressible fluid and equipped with a set of cell membrane pseudo-
receptors. For the application to MCF10A cells, we considered receptors responsi-
ble for the initiation of cell growth, death, adhesion to other cells or to the ECM, and 
epithelial polarization (Fig. 1a, top row). Based on the cell receptor composition 
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(the percentage of each kind of receptors) and the specific receptor thresholds, the 
cell can undergo one of the following processes: growth, proliferation, division, 
epithelial polarization, or apoptosis. The morphologies of multicellular structures 
emerge spontaneously as a function of interacting cell processes and the prescribed 
threshold levels for active receptors. For example, the cell can grow only if a certain 
percentage of all cell pseudo-receptors take on the function of growth receptors, or 
the cell becomes epithelially polarized if the percentage of cell adhesive and ECM 
receptors reaches the prescribed thresholds. These receptor threshold levels define 
how sensitive the cell is to the given cues. Therefore, when the cues change, the 
cells undergo spontaneous state-switching (e.g., from growing to resting or to 
dying), as the receptors become engaged in particular processes. Model mechanical 
aspects are defined by the introduction of physical forces to enable cell membrane 
elasticity and expansion during cell growth, formation of a contractile ring during 
cell division, and a dynamic assembly and disassembly of adhesive contacts between 
neighboring cells (Fig. 1a, bottom row). More details on the model mathematical 
framework are included in Appendix A and [38, 40].

Fig. 1  IBCell model—in silico analog of mammary acini organotypic culture. The IBCell model 
of individual deformable cells (a) is tuned to fluorescent data collected from non-tumorigenic 
mammary acini morphologies (b). By exploring the IBCell Morphochart—the parameter space of 
cellular processes thresholds—different mutant morphologies can be identified (c). The 
Morphocharts are used for double-tuning of IBCell to match morphologies and cell counts for 
acinar mutants (d). This allows for identification of model parameters that differentiate between 
the two simulation sets (e), and suggests experiments to test molecular differences between normal 
and mutant cells (f)
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2.3  �IBCell Calibration

The IBCell calibration process is based on confocal images of central cross-
sections from MCF10A spheroids, stained with nuclear markers for cell nuclei 
(DAPI), apoptosis (antibodies against cleaved caspase-3), and proliferation (Ki-
67). The acini grown in Matrigel culture were collected every four days during 
a 20-day period, fixed, and stained. The confocal images of the central cross-
section of each acinus (Fig. 1b, top row) were segmented, cellular nuclei delin-
eated, and the intensities of red (for caspase-3) and green (for Ki67) wavelengths 
used for determining the counts of growing, dying, and the total number of cells 
(Fig. 1b, bottom row). The goal was to reproduce the acinar shapes, averaged 
cell counts, and spatial locations of proliferating and dying cells at each time 
point at which the experimental data were collected. For example, initially, the 
proliferating cells were detectable in the whole cluster; at the later stages, the 
growing cells were mostly confined to the outer layer; in contrast, the dying 
cells were located inside the cluster only. As a result of this tuning process, we 
identified a set of model parameters that reproduced an acinar morphology and 
growth dynamics in good quantitative agreement with the experimental cellular 
baseline of MCF10A cells. More detailed description of this calibration process 
can be found in [44].

2.4  �IBCell Morphocharts

Once the model is calibrated with data from a non-tumorigenic cell line, the 
three thresholds for growth, death, and ECM receptor ratio constitute a baseline 
parameter set for producing an acinus of normal morphology. This combination 
of thresholds can then be utilized as the initial seed for a suite of simulations 
that systematically examine model outcomes when all three thresholds are var-
ied simultaneously and produce a Morphochart—a multidimensional parameter 
space of acinar morphologies (Fig. 1c, top set of images). These outcomes can 
then be grouped into similarity classes depending on their morphologies 
(Fig. 1c, bottom row). A broad region in this parameter space that consists only 
of hollow acini of various areas, cell counts, and luminal sizes is indicated by 
red color. A smaller subregion, shown in blue, contains morphologies of par-
tially or fully filled lumina (corresponding to ductal carcinomas in situ, DCIS). 
Another region, colored yellow, represents acini of degenerated, non-circular 
shapes. Finally, the green area outside the indicated regions contains multicel-
lular morphologies that are not stabilized and are still growing. Interestingly, 
each of these morphological classes corresponds to experimental acinar mutants 
(compare [43, 39]).
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2.5  �Double-Tuning of IBCell

In order to delineate differences between a non-tumorigenic cell line and its spe-
cific mutant, an IBCell double-tuning technique was developed. This method is 
presented here using an example of the MCF10A-HER2 mutant [44]. The double-
tuning process requires an adjustment of the receptor thresholds (for cell growth, 
death, and ECM-dependent inhibition of cell growth) to match qualitatively and 
quantitatively experimental data from 3D cultures of both MCF10A and MCF10A-
HER2 cells. The model already calibrated with the MCF10A data has to be read-
justed to match MCF10-HER2-derived data (Fig. 1d, top row). As in the case of 
model calibration, the confocal images of spheroids derived from the mutant cell 
line were collected at various stages of their development and quantified by count-
ing the number of cells stained with DAPI (blue), Ki67 (green), and caspase-3 
(red). Visually, these MCF10A and MCF10A-HER2 data sets differ in the size of 
generated spheroids, in the lack of lumen in the mutant spheroids, and in numerous 
proliferative events observed even at the latest stages of the mutant development. 
By inspecting the Morphochart for the MCF10A-calibrated model, changes can be 
foreseen in IBCell pseudo-receptor thresholds that lead to reproduction of the 
structural and temporal sequences of MCF10A-HER2 development (Fig. 1d, bot-
tom row). These new receptor threshold values (for cell growth, death, and ECM) 
constitute the baseline for reproduction of the growth dynamics and morphology of 
the MCF10A-HER2 mutant.

2.6  �Identification of Potential Mechanisms of Mutant 
Development

The double-tuning procedure determines the parameter ranges for which IBCell 
generates morphologies that quantitatively reproduce experimental data from either 
the MCF10A acini (red region in Fig. 1e) or MCF10A-HER2 spheroids (dark green 
region in Fig. 1e). Interestingly, the tuned and double-tuned regions highlight that 
there is a degree of variability in the cellular processes that match the experimental 
data. These two parameter subspaces define how the processes need to be shifted in 
order to generate the MCF10A-HER2 mutant spheroid and not the MCF10A hollow 
acinus. These subspaces also indicate that, consistent with experimental observa-
tions, the growth threshold is upregulated and the apoptotic threshold is downregu-
lated (dark green region occupies higher thresholds for death and lower for 
proliferation, when compared to red MCF10A region). However, IBCell simula-
tions revealed also upregulation of the ECM threshold (the green region is above the 
red one), suggesting that either the ECM protein level is lower around the MCF10A-
HER2 spheroids, preventing the cells from becoming growth-arrested, or that the 
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MCF10A-HER2 cells require higher concentrations of ECM proteins for entering 
into the growth-arrested state that subsequently would result in stabilization of the 
whole structure. These differently set up model parameters provide two potential 
mechanisms of acinar morphology distortion and testable hypotheses about the 
mechanisms of the absence of growth arrest in the mutant spheroids.

2.7  �Experimental Validation

The IBCell parameter corresponding to ECM density was treated in the model in a 
quite generic way. However, experimentally, it may be matched with density of 
ECM proteins, such as collagen, elastin, fibronectin, or laminin. In our case, the 
ECM proteins that accumulated around both the MCF10A and MCF10A-HER2 
structures were treated with an antibody against the laminin (Ln-332), a basement 
membrane component required for proper polarization of mammary epithelial acini. 
As expected, Ln-332 was present along the perimeter of both structures, MCF10A 
and MCF10A-HER2 (Fig. 1f, top rows). Nonetheless, their intensities at the later 
stages of development saturated on different levels with significantly lower and 
irregularly distributed intensities around the MCF10A-HER2 cells (Fig. 1f, bottom 
row). This confirmed the hypothesis that the loss of negative feedback from secreted 
ECM proteins is responsible for the defect in acinus stabilization.

2.8  �Genotype-to-Phenotype Bridging with IBCell

One of the major challenges in biology is the mapping of genotypic changes to 
phenotypic outcomes. Molecular alterations in individual cells lead to complex 
emergent tissue phenotypes, such as distorted tissue architecture or unsuppressed 
cellular growth. However, the way in which oncogenic mutations and other molecu-
lar changes lead to tumorigenesis and, especially, how molecular alterations lead to 
specific alterations of epithelial architecture are not yet fully understood. This is a 
challenging problem because it requires integration across several scales: from 
genes, to molecules, to cellular core traits, to multicellular organization. Our model 
of epithelial morphogenesis is able to link molecular alterations to epithelial mor-
phology through cellular core processes. With the IBCell double-tuning procedure 
and the construction of the Morphocharts, we can investigate the mapping between 
molecular and cellular processes via multicellular organization by projecting mor-
phologies of experimental multicellular culture systems onto the model parameter 
space and identify which cellular processes are altered. Since the dysmorphic 
IBCell-generated mammospheres reproduce observed abnormal morphologies 
caused by changes in cancer-related genes, our model establishes a multiscale link 
between molecular and cell/tissue scales.
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3  �In Silico Organotypic Model for Drug Delivery in Tumors

One of the most critical issues limiting the effectiveness of chemotherapy is ineffi-
cient drug delivery to each individual cell within the tumor tissue. There are several 
barriers impacting the transvascular, interstitial, and transmembrane transport of 
drug particles. These include high interstitial fluid pressure inside tumors, tumor and 
stromal cellular architecture, fiber alignment and composition of the extracellular 
space biochemical milieu, charges on the cell membranes, and tissue metabolic land-
scape [1, 22, 28, 41]. Additionally, the tumor tissue is highly heterogeneous, which 
is manifested on various levels, from irregular tumor vasculature to non-homogeneous 
spatial locations and sizes of tumor cells, to variable levels of receptors expressed on 
cell membranes, to diverse genetic profiles among the neighboring tumor cells [47]. 
Furthermore, many tumors contain regions with highly irregular gradients of metab-
olites or severely low levels of nutrients, in which tumor cells often become resistant 
to drugs. These cell- and tissue-related aspects of tumor heterogeneity that lead to 
disturbed drug delivery and to failure of chemotherapeutic treatments are difficult to 
test in animal experiments in their entire complexity. The systematic manipulations 
of tumor microenvironment or drug properties that would allow for development  
of more specific and deeply penetrating drugs capable of reaching the regions of 
densely packed cells or hypoxic cells distant from the vessels, while minimizing 
toxic effects on normal cells, are still not experimentally achievable. Therefore, 
experimentally-informed mathematical models of tumor tissues are vital for in-
depth exploration of microenvironmental barriers to drug delivery, even if, by their 
nature, these models are a simplified representation of the biological systems.

In order to explore and quantify the spatio-temporal dynamics of the imaging or 
therapeutic agents that diffuse through the interstitial space and bind to the tumor cell 
membrane receptors, we developed a computational tissue-based model, microPK/PD, 
which represents the tumor organoid. This model has been used to test how modulation 
of drug biophysical and biochemical properties or adjustment of drug release schemes 
can improve the delivery of therapeutic agents to a tissue and their efficacy at single-
cell level. Such computational models not only allow for the broad exploration of the 
drug properties beyond experimental limits, but also can reduce the experimental costs.

3.1  �Outline of Our Approach

Here, we illustrate how to identify the optimal conditions for the maximum receptor 
saturation and binding in an in silico multicellular model of a heterogeneous tumor 
tissue that has been informed by the 3D data from dorsal window chamber experi-
ments. In our approach, the microPK/PD model was first calibrated based on experi-
mental data, and a set of parameters that characterize the imaging agent was used 
for in vivo studies. This allowed us to represent faithfully the key components of the 
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biological system. Next, we explored the model parameter space beyond what was 
done in laboratory experiments by sampling the values of biochemical and bio-
physical properties of the agent. We also considered two different agent release 
schemes. The outcomes of our studies revealed which combinations of the consid-
ered factors—the agent properties (diffusion, affinity), tissue topology (density, cel-
lular loci), agent concentrations and/or extravasation rates—are critical for agent 
optimal delivery and cellular uptake on the level of individual cells. This approach 
can be adjusted to represent different ligand–receptor interactions and various tumor 
tissue architectures, including digitization of the patients’ biopsy samples and/or 
resected tumors for the assessment of personalized treatment procedures. The sche-
matic of our approach is summarized in Fig. 2.

3.2  �The Image-Based microPK/PD Model

In order to build an in silico organoid that would be representative of a slice of a 
tumor tissue, we included in the microPK/PD model a segment of tumor vasculature 
from which the agent molecules are released, the explicitly defined individual tumor 
cells and the extracellular matrix that fills the interstitial space and is interpenetrated 
by the diffusive agent molecules. The biological base for our model is provided by 
the intravital dorsal window chamber experiments (Fig. 2a). In these experiments, 
the tumor construct containing the Su.86.86 human pancreatic cancer cells express-
ing the membrane-bound toll-like receptor 2 (TLR2) was exposed to the fluores-
cent, cyanine-5-marked ligand (TLR2L-Cy5), which bound to these cell receptors 
with high affinity and specificity. The confocal images acquired from these experi-
ments at several time points during the period of 30 days have captured the spatio-
temporal transport of the imaging agent molecules and their uptake by the tumor 
cells. Therefore, in the in silico model, the molecules of a fluorescent imaging agent 
were modeled as individual particles slowly extravasating from blood capillaries 
and spreading through the tumor (Fig. 2b).

To define the topology of a computational tissue, we used a set of confocal 
images that included a bright field image and a fluorescent red channel image 
(Fig. 2c) of a tumor tissue interpenetrated by the imaging agent. The cell sizes and 
shapes, as well as the location of active receptors on each cell boundary, were iden-
tified from the intensity of the emission wavelength of Cy-5 probe (red channel) 
along cell surfaces. The TLR2-Cy5 extravasation was modeled as a continuous 
constant-rate influx of ligand particles to mimic the intravenous injection and match 
the experimental observations. The virtual ligand transport through the interstitial 
space utilizes Brownian motion, and ligand–receptor binding affinity is assumed 
high to agree with the experimental data. The transport of the virtual agent particles 
takes place from the capillary located along the left boundary of the computational 
domain into the explicitly defined tissue architecture, and the tissue clearance takes 
place along the right boundary. Details of the mathematical framework of this model 
are given in Appendix B.
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3.3  �microPK/PD Model Calibration

Quantification of the binding process between agent molecules and the membrane-
bound receptors, together with bound complex internalization within the cell cyto-
plasm, was determined from the red channel images collected at different time 
points of the experiment. Digitization of experimental data allowed for assessment 
of the minimum residence time on the cell membrane (Fig. 2d), before the endocy-
tosis process of the entire complex into cell cytoplasm took place. microPK/PD 
simulations permit tracing the agent dynamics in space and in time (Fig. 2e) for 
multiple ligand concentrations. A total of six experimental time points were used for 
model calibration and for quantitative reconstruction of the experimental time-
dependent association kinetics curve (red line in Fig. 2f) by fitting to the one-phase 
association kinetics equations (Appendix B). To determine virtual concentrations of 
the ligand that match experimental data, several concentrations were used in simula-
tions (black points in Fig. 2f), and the resulting data points were fitted to the associa-
tion kinetics curves (black lines).

Fig. 2  microPK/PD model—in silico analog of tumor tissue organoid. Data images from dorsal 
window chamber experiments (a) were digitized for visualization and quantification (b). Image-
based tissue architecture was explicitly reproduced in the model (c), and the process of ligand–
receptor binding was quantified spatially (d). The progression of imaging particles’ transport 
through the tissue (e) generated by microPK/PD allowed for calculations of the association kinet-
ics for various ligand concentrations (f). Exploration of model parameter space: diffusion, affinity, 
and particle release schemes (g) led to scientific predictions (h)
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3.4  �microPK/PD Predictions of Improved Drug Efficacy

While initially the microPK/PD model was calibrated to reproduce particular exper-
imental data, we further explored the effects of various combinations of agent prop-
erties and different delivery schemes on agent efficacy. First, we used the association 
kinetics fitted for a fast release of ligand particles and tested a wide range of diffu-
sion values that covered a spectrum from small, rapidly diffusing to larger and less 
soluble molecules, as well as diverse binding affinities (Fig. 2g). The results indi-
cated that ligand affinity plays a significant role for small, rapidly diffusing agents, 
which become uniformly distributed within the tumor tissue, thus enabling uniform 
access to the ligand for every cell membrane receptor. However, in certain cases, 
this led to incomplete saturation on the single-cell level. Strikingly, we observed 
that, for the fast release scheme, the agents with moderate affinity bound to the cell-
surface receptors with similar efficacy to that of the high-affinity molecules released 
at a slower rate (Fig.  2h). These predictions of microPK/PD may help the drug 
development community in designing chemical compounds of preferable properties 
that ensure the maximum effect in patient-specific extracellular matrix environ-
ments, tumor topologies, and receptor expression levels [18, 19].

4  �In Silico Organoid Models for Personalized Medicine

Most cancers are diagnosed by inspecting patients’ biopsy samples stained with 
various immunohistochemical (IHC) markers. This allows a pathologist to recog-
nize the patterns of normal, tumor, and stromal cells within the tissue and to assess 
the level of their distortion as compared to non-tumorigenic tissues. However, the 
current histologic system does not enable further predictions of how the patient will 
respond to available therapies and of the probabilities that the treated tumors will 
recur. Being able to predict early, such as at the time of the tumor pre-treatment 
biopsy, how the patient will respond to the available therapies would provide an 
opportunity for more personalized medical care.

Mathematical modeling and computational simulations based on patients’ indi-
vidual tumor samples can provide the means to test various combination therapies 
in silico before any treatment is administered to the patient. With a validated model, 
an extensive series of simulations can be undertaken to test various dosing, timing, 
and order of drugs. Therefore, for each patient’s data, a virtual clinical trial can be 
designed that will provide an optimized anti-cancer therapy customized for that 
patient. Moreover, such virtual trials can be performed during therapy to test how 
treatment can be adapted in order to benefit the patient the most.

We envision that the patient will follow the schematics presented in Fig. 3. The 
patient will undergo a routine biopsy procedure to collect a tissue sample for further 
diagnosis (Fig. 3a). Following current clinical practice, the tissue will be stained 
with hematoxylin and eosin (H&E) to identify the tumor cells and their nuclei. 
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Subsequently, it will be sliced and fixed on the glass slide (Fig. 3b) and then exam-
ined under the microscope by a pathologist (Fig. 3c). However, for the purpose of 
the virtual trials, it will also be scanned and digitized (Fig. 3d). The magnified, high-
resolution images of various tissue sections will be subjected to advanced image 
analysis techniques (Pathomics—the omics techniques applied to pathology images, 
Fig. 3d2 ) to identify and quantify the morphological and immunochemical features 
of individual tumor cells. This will involve segmentation of individual cell nuclei 
and cell cytoplasm and extraction of both the physical and molecular features in 
each individual cell. The physical features may include morphological parameters, 
such as cell and nuclei size, shape, and compactness, and the cytoplasm to nucleus 
ratio. The molecular futures include cell and cytoplasm staining intensity for each 
individual tumor or stromal cell, as well as the localization of tumor tissue vascula-
ture, and/or the extracellular matrix fibrous composition. The quantified features 
can be used to characterize the tumor tissue state, such as its metabolic landscape 
pathology [25, 26] or tissue microenvironmental habitats [8, 10]. These quantified 
features can also be utilized to define cellular phenotypes for in silico Virtual 
Pathology modeling (Fig. 3e).

To determine the likelihood of the tumor being either responsive to the therapy 
or resistant, we combine the models described in Section 2 and Section 3, leading to 
a Virtual Pathology model highlighted in Fig. 3e2 . The patient’s digitized histology 

Fig. 3  Virtual Clinical Trials model—in silico analog of patient’s tumor. Patient’s biopsy tissue 
(a) sliced and fixed on a glass slide (b) is used for evaluation by a pathologist (c). Digitized image 
of this tissue (d) is used for quantitative assessment (Pathomics) of cell and stroma individual 
features (d2). Digitized tissue slides are also used for in silico modeling (Virtual Pathology) of 
various anti-cancer therapies (e), based on the patient’s individual 3D tissue reconstruction and 
computer simulations of tumor response to therapies (e2). This provides support for clinical deci-
sions about the outcomes of various therapies (f)
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tissue will be used to simulate drug penetration following the microPK/PD model. 
The digitized consecutive tissue slices (the z-stack) will be used to reconstruct the 
whole 3D tumor tissue by quantifying spatial configuration of tumor vasculature, as 
well as tumor cell sizes, their spatial configuration, and packing density. This metric 
will be used to reconstruct the tumor spheroid using the IBCell approach. With this 
model, the tumor response to a given treatment protocol will be simulated, and the 
tumor growth curves representing tumor dynamic response to the given therapy 
schedule will be recorded. By systematically varying the order of drugs, their timing 
(the length of the vacation periods between consecutive drug administrations), and 
dosage, we will be able to identify the optimal treatment schedules for a particular 
patient’s tumor. Since tumors are very heterogeneous and can differ significantly 
between individual patients, the virtual clinical trials concept will provide support 
for clinical decisions (Fig. 3f), and can be tailored for each patient independently, 
providing a way of devising personalized treatment protocols.

5  �Discussion

Mathematical modeling, when based on biological or clinical data and validated 
either in laboratory experiments or by using retrospective patient data, can be an 
invaluable tool for hypothesis testing. It offers the opportunity to run simulations 
with numerous parameters modified simultaneously, in order to predict the most 
favorable outcomes, whether that means suggesting new in  vitro experiments or 
optimal drug treatment schedules. In this chapter, we described three different 
approaches to build in silico organoids or organotypic culture models and how they 
can be integrated with experimental or clinical data. For each of the models, we 
proposed a protocol indicating how these models can be used to generate testable 
hypotheses or predictions.

The IBCell model, an in silico analog of an organotypic culture of tumor spher-
oids, permitted examination of the intimate interactions between individual epithe-
lial cells and testing how certain modifications in cell responses to extrinsic cues led 
to the development of distorted acinar morphologies. An interesting extension of 
this model would be to incorporate in it the mechanisms of drug action and to inves-
tigate how acinar morphology can change in response to different anti-cancer drugs.

The microPK/PD model, which is an in silico analog of tumor tissue organoid, 
allowed testing of how to design imaging agent properties and delivery schedules to 
achieve the most efficient cellular uptake. While our application dealt with a non-
therapeutic fluorescent imaging agent, it would be interesting to extend this model 
by including the cytotoxic drugs and larger vascularized tumors. In particular, it 
could take advantage of the properties of clinically approved targeted agents and 
patients’ biopsy samples that are routinely collected in clinic, and can provide a 
cost-effective tool for personalized drug delivery protocols.

We also proposed the Virtual Clinical Trials model, in which patient tumor-
specific data quantified from initial diagnostic biopsies will be used to predict the 
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most effective treatment protocols. Whereas in this chapter we provided only a gen-
eral idea of such a model application, a bona fide example of the Virtual Clinical 
Trial model for osteosarcomas (VirtuOso) that predicts tumor chemoresistance to 
the standard-of-care therapy has been recently published [42]. In this work, we 
described in detail how the model can be validated in the so-called learning phase, 
using the retrospectively collected patient data and survival information. After vali-
dation, the model may be used for prospectively collected data (the so-called trans-
lational phase of the model) in a way similar to that described in the current 
chapter.

Although much bench effort devoted to testing how tumor cells respond to thera-
pies has been acquired using conventional 2D culture systems, it is now evident that 
they do not fully replicate the complexity of cancers. In fact, cell gene expression 
patterns, cell–cell interactions and cell response to therapeutic insults vary greatly 
between 2D and 3D cultures [15, 30]. We have shown previously, using a 3D in 
silico model of multicellular spheroids, that, when cells are organized into tight 3D 
cell clusters, their response to cell cycle inhibitor drugs is altered when compared to 
more dispersed colonies [23]. In fact, numerous cells were growth-arrested in the 
G1 phase of the cell cycle, owing to contact inhibition with the neighboring tightly 
packed cells, and did not respond to the G2/M checkpoint inhibitors at all. However, 
small perturbations in this growth-arrested system resulted in tumor rapid out-
growth, despite the application of drugs.

Recently, there has been growing interest in investigating how the heterogeneous 
and dynamically changing tumor microenvironment influences the development of 
drug resistance in tumor cells [9, 29]. Particular attention is paid to the role of 
regions with unevenly distributed or low levels of nutrients or drugs. In these dereg-
ulated regions, the treatment often fails because of unsuccessful delivery or already 
disrupted cellular processes and signaling pathways. We have focused previously on 
two such regions: hypoxic niches containing low levels of both oxygen and drug; 
and pharmacological sanctuaries in which there is a normoxic level of oxygen but a 
very low concentration of drugs. Using an in silico analog of tumor organoid con-
sisting of a vascularized tissue with micrometastatic tumor growth, we investigated 
whether these regions play a role in the emergence of resistance to DNA-damaging 
drugs [11, 32]. Our simulations revealed that tumor cells located in the regions with 
distorted levels of oxygen and/or drug may remain in a dormant, non-proliferative 
state, which allows them to overcome the drug-induced damage. As a result, these 
cells become resistant, implying that the drug-limited hypoxic niches and pharma-
cological sanctuaries play a significant role in altering cell response to treatments. 
Understanding the strategies pursued by tumor cells in order to survive under 
extreme microenvironmental conditions is another critical factor in the targeting of 
cell–ECM interactions and the development of new treatments.

Predictive models such as those described in this chapter can help researchers in 
the initial screening of a broad range of experimental conditions, before deciding 
which should be followed up in the laboratory. They can also assist pathologists and 
clinicians in assessing patients’ risk for tumor recurrence or metastasis. Furthermore, 
they can improve the development of clinical trials by providing more objective 
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means for patient selection and stratification. Ultimately, our goal is to develop 
computational systems that may be incorporated into the pathologist’s and clini-
cian’s decision-supporting toolboxes.
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�Appendix A: Mathematical Framework of the IBCell Model

The IBCell model belongs to the class of fluid-structure interaction models, and 
utilizes the immersed boundary method framework [33, 38]. The boundaries of all 
cells Γ are discretized, and every material point X(l,t) represents a cell pseudo-
receptor (l is a position along the boundary, t denotes time). The forces F(l,t) defined 
at each boundary point (Eq. A1) arise from combining the elastic properties of cell 
boundaries, from cell-to-cell adhesion, and from contractile forces splitting a cell 
during its division. In this equation, G denotes spring stiffness, and L denotes spring 
resting length. These forces are applied to the surrounding fluid, as described in Eq. A2. 
The source points Yk and sink points Zm are placed in the cell local microenviron-
ment, and the source and sink values S+(Yk,t) and S−(Zm,t) are chosen such that they 
balance around each cell separately (Eq. A3). They assume the non-zero values only 
during cell growth (proliferation) or cell shrinkage (apoptosis). The transitions 
between the material points on cell boundaries and the Cartesian grid x = (x1,x2) in 
the domain Ω (Eqs. A3 and A7) are defined using the two dimensional Dirac delta 
function δ (Eq. A4). The fluid flow is described using the incompressible Navier-
Stokes equation (Eq. A5), where p is the fluid pressure, μ is the fluid viscosity, ρ is 
the fluid density, s is the local fluid expansion, and f is the external force density. 
Eq. A6 is the law of mass balance. All material boundary points are carried along 
with the fluid (Eq. A7). The kinetics of ECM proteins γ(x,t) is defined along the cell 
boundaries and includes: constant secretion of ECM (at a rate κ1) along the cells’ 
basal domains and ECM decay (at a rate κ2) around all the cells’ boundaries (Eq. 
A8). More details on the mathematical formulation of IBCell and the implementa-
tion of cell life processes can be found in [38, 40, 44].
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�Appendix B: Mathematical Framework of the microPK/PD 
Model

The microPK/PD model is a discrete Brownian diffusion model, defined on an 
irregular domain and coupled with binding kinetics equations. In this model, the 
explicitly defined tumor cells {Cl}l=1,…,N (l is a cell index) are assumed to be non-
motile and non-proliferative. The individual cell Cl is identified by a set of mem-
brane virtual receptors Cl = {(Xi, Yi) l, Ai

l, Bi
l}i=1…M

l, where (Xi,Yi) l are the coordinates 
of the ith receptor, Ai

l is affinity to the receptor, and Bi
l is a receptor saturation level. 

Initially, the model was calibrated to the experiment-based values for moderate dif-
fusion coefficient (D = 2.5 x 10−5 mm2/s), high binding affinity (KA = 100), and a 
slow release scheme (as if during intravenous injection). Subsequently, it was used 
to explore the parameter space beyond the experimental boundaries. The transport 
of particles is modeled as Brownian motion with an effective diffusion coefficient D 
that was varied between 10−4 and 10−6 mm/s2. Receptor binding affinity is defined 
as the probability with which a ligand molecule binds to the receptor after success-
ful recognition. Therefore, three conditions for the binding probability are used: 
strong (100%), moderate (10%), or weak (1%). This results in three values of the 
pseudo-association constant (KA): 100, 10, and 1, respectively.
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The motion of a ligand particle (x,y) at the n + 1 time point is defined by Eq. (B1). 
The cell membranes are non-penetrable for the ligand particles, unless they are 
successfully recognized by receptors (Eq. B1a). The successful ligand–receptor 
binding condition (BC) requires that the agent particle is in close proximity to the 
receptor, i.e., ||(xj,yj)n – (Xi,Yi)l|| < rmin, where (xj,yj)n are coordinates of a jth ligand 
particle at nth simulation step, (Xi,Yi)l are coordinates of the ith receptor of the lth cell, 
and rmin is the criterion for a minimum distance. In addition, the receptor may not be 
saturated (number of already bound particles is below Bi

l), and the probability of 
binding meets the affinity criterion. Otherwise, if the new position will result in a 
particle crossing the cell boundary without satisfying the BC, the particle’s position 
will remain unmodified (Eq. B1b) or continue to move through the tissue space with 
Brownian motion, as in Eq. (B1c), where Δt is a time step, ϖ a randomly chosen 
direction of motion. The effective diffusion coefficient D is defined in Eq. (B2), 
with kB being the Boltzmann constant, R the ligand molecule radius, and η the tissue 
viscosity. The receptor–ligand binding is quantified by fitting the association kinet-
ics to simulated data that represent the averaged saturation per tissue area as a func-
tion of time (Eq. B3), where B corresponds to the receptor saturation parameter 
describing ligand–receptor complex formation [RL], with values between initial 
saturation and the maximum saturation B0 and Bmax, respectively; k is a reaction rate 
constant; t is time. Equation (B4) gives the logarithmic formula used to generate 
specific binding curves from multiple ligand concentrations, where B, B0, and Bmax 
are saturation parameters, KD is a dissociation constant, h is the Hill slope defining 
the steepness of the fitting curve, and [L] is ligand concentration.
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