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Copyright# 2009 by John Wiley & Sons, Inc. All rights reserved.

Published by John Wiley & Sons, Inc., Hoboken, New Jersey.

Published simultaneously in Canada.

No part of this publication may be reproduced, stored in a retrieval system, or transmitted in any form or by

any means, electronic, mechanical, photocopying, recording, scanning, or otherwise, except as permitted

under Section 107 or 108 of the 1976 United States Copyright Act, without either the prior written

permission of the Publisher, or authorization through payment of the appropriate per-copy fee to the

Copyright Clearance Center, Inc., 222 Rosewood Drive, Danvers, MA 01923, (978) 750-8400, fax (978)

750-4470, or on the web at www.copyright.com. Requests to the Publisher for permission should be

addressed to the Permissions Department, JohnWiley & Sons, Inc., 111 River Street, Hoboken, NJ 07030,

(201) 748-6011, fax (201) 748-6008, or online at http://www.wiley.com/go/permission.

Limit of Liability/Disclaimer of Warranty: While the publisher and author have used their best efforts in

preparing this book, they make no representations or warranties with respect to the accuracy or comple-

teness of the contents of this book and specifically disclaim any implied warranties of merchantability or

fitness for a particular purpose. Nowarranty may be created or extended by sales representatives or written

sales materials. The advice and strategies contained herein may not be suitable for your situation. You

should consult with a professionalwhere appropriate. Neither the publisher nor author shall be liable for any

loss of profit or any other commercial damages, including but not limited to special, incidental, conse-

quential, or other damages.

For general information on our other products and services or for technical support, please contact our

Customer Care Department within the United States at (800) 762-2974, outside the United States at (317)

572-3993 or fax (317) 572-4002.

Wiley also publishes its books in a variety of electronic formats. Some content mat appears in print may not

be available in electronic formats. For more information about Wiley products, visit our web site at www.

wiley.com.

Library of Congress Cataioging-in-Publication Data:
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6.1. Introduction 178
6.2. Synthesis of AuNPs 179
6.3. Characterization of AuNPs 179
6.4. AuNPs as Detecting Labels for Affinity Biosensors 181
6.5. Conclusions 191

References 192

7. Quantum Dots for the Development of Optical Biosensors
Based on Fluorescence 199
W. Russ Algar and Ulrich J. Krull

7.1. Introduction 200

vi CONTENTS



7.2. Quantum Dots 205
7.3. Basic Photophysics and Quantum Confinement 207
7.4. Quantum Dot Surface Chemistry and Bioconjugation 212
7.5. Bioanalytical Applications of Quantum Dots as Fluorescent

Labels 225
7.6. Fluorescence Resonance Energy Transfer and Quantum

Dot Biosensing 232
7.7. Summary 238

References 239

8. Nanoparticle-Based Delivery and Biosensing Systems: An Example 247
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SERIES PREFACE

Nanoscience and nanotechnology refer broadly to a field of applied science and

technology whose unifying theme is the control of matter on the molecular level in

scales smaller than 1micrometer, normally 1 to 100 nanometers, and the fabrication of

deviceswithin that size range.Nanotechnology also refers to themanufacture of nano-

sized systems that perform specific electrical, mechanical, biological, chemical, or

computing tasks.

Nanotechnology is based on the fact that nanostructures, nanodevices, and

nanosystems exhibit novel properties and functions as a result of their small size.

It is a highly multidisciplinary field, drawing from such subjects as applied physics,

materials science, colloidal science, device physics, supramolecular chemistry, and

mechanical and electrical engineering. Given the inherent nanoscale functions of the

biological components of living cells, it was inevitable that nanotechnology would

also be related and applied to the life sciences through the application of nanoscaled

tools to biological systems aswell as the uses of biological systems as templates in the

development of novel nanoscaled products. Much speculation exists related to what

new science and technology may result from the synergy of the disciplines

mentioned. Nanotechnology can be seen as an extension of existing sciences to the

nanoscale level.

Two primary approaches are used in nanotechnology. In the bottom-up approach,

materials and devices are built from molecular components which assemble them-

selves chemically by principles of molecular composition. In the top-down approach,

nanoobjects are constructed from larger entities without atomic-level control. The

impetus for nanotechnology comes from a renewed interest in colloidal science,

coupled with a new generation of analytical tools such as the atomic forcemicroscope

and the scanning tunneling miccroscope. Combined with refined processes such

as electron-beam lithography and molecular-beam epitaxy, these instruments allow

the deliberatemanipulation of nanostructures and have led to the observation of novel

phenomena.

Examples of nanotechnology inmodern use are themanufacture of polymers based

on molecular structure and the design of computer chip layouts based on surface

science. Despite the great promise of numerous nanotechnologies, such as quantum

dots and nanotubes, real commercial applications havemainly used the advantages of

colloidal nanoparticles in bulk form, such as in suntan lotion, cosmetics, protective

coatings, and stain-resistant clothing.
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Research in the field of nanoscience and technology is very active and is expected

to remain so for the foreseeable future. The Wiley Series in Nanoscience and

Nanotechnology will be focused on the following important topics:

* Basic nanoscience
* Nanotechnology tools
* Nanomaterials
* Nanobiosensors
* Nanobiotechnology
* Nanotechnology for environment.
* Nanotechnology and energy
* Nanotechnology and electronics/computers
* Nanotechnology and ethical issues

We welcome coverage of other topics in response to issues that arise in coming

months. All topics will be edited by experts the various nanoscience and nanotech-

nology fields andwill serve as a reference source for this new and exciting science and

technology. Collaborations are welcome!

ARBEN MERKOÇI

Series Editor

Bellaterra, Catalonia, Spain

July 2008
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PREFACE

The implementation of nanoscience and nanotechnology achievements in bioanalysis

is the main objective of this book, whose aim is to explaining to readers several

strategies related to the integration of nanomaterials with bioanalytical systems as one

of the hottest topics of today’s nanotechnology and nanoscience. Novel concepts are

shown, together with practical aspects of nanoscale material’s integration into

biosensing systems. This integration is due to the capacity of nanomaterials to provide

special optical or electrical properties as well as stability and to minimize surface

fouling of the sensing systems where they are being integrated.

Various nanomaterials, including carbon nanotubes, nanoparticles, nanomagnetic

beads, and nanocomposites, are being used to develop highly sensitive and robust

biosensors and biosensing systems. The materials mentioned are attractive probe

candidates because of their (1) small size (1 to 100 nm) and correspondingly large

surface-to-volume ratio; (2) chemically tailorable physical properties, which relate

directly to size, composition, and shape; (3) unusual target binding properties; and

(4) overall structural robustness.

This is an interdisciplinary book dedicated to professionals who have an interest in

the improving the current bioanalytical techniques andmethodologies by implement-

ing nanoscience and nanotechnology in general and nanomaterials in particular. The

goal is to present the most recent scientific and technological advances as well as

practical bioanalytical applications based on the use of nanomaterials. It will be an

important reference source for a broad audience involved in the research, teaching,

learning, and practice of nanomaterial integration into biosensing systems for clinical,

environmental, and industrial applications.

Bioanalysis in general andbiosensor fields in particular are showing special interest

in nanobiomaterials. Nanomaterials bring several advantages to bioanalysis. Their

immobilization on sensing devices generates novel interfaces that enable sensitive

optical or electrochemical detection of molecular and biomolecular analytes. More-

over, they are being used as effective labels to amplify the analysis and to design novel

biomaterial architectures with predesigned and controlled functions with interest for

several applications. Achieving higher sensitivities and better and more reliable

analysis are one of the objectives of DNA probes and immunoanalysis.

Carbon nanotubes (CNTs) represent one of the building blocks of nanotechnology.

With one hundred times the tensile strength of steel, thermal conductivity better than

that of all but the purest diamond, and electrical conductivity similar to that of copper

but with the ability to carry much higher currents, CNTs seem to be a very interesting

xvii



material. Since their discovery in 1991, CNTs have generated great interest for future

applications based on their field emission and electronic transport properties, high

mechanical strength, and chemical properties. The structural and electronic properties

of CNTs provide themwith distinct properties for facilitating direct electrochemistry

of proteins and enzymes compared to other types of materials used so far. The

bioelectrochemistry and optical properties, alongwith some other interesting features

of CNTs coupled to several bioanalytical procedures, are also presented.

Nanoparticles of a variety of shapes, sizes, and compositions are changing the

bioanalytical measurement landscape continuously and so are also included. Nano-

particles can be used, for example, in quantification or codification purposes, due to

their chemical behavior, which is similar to that of smallmolecules. They also provide

novel platforms for improving the activity of DNA probes, antibodies, or enzymes.

Nanoparticles may be expected to be superior in several ways to other materials

commonly used in bioanalysis. They are more stable and cheaper, allow more

flexibility, have faster binding kinetics (similar to those in a homogeneous solution),

and have high sensitivity and high reaction rates formany types ofmultiplexed assays,

ranging from immunoassays to DNA analysis.

Improving the current bionalytical techniques and methodologies and finding

novel concepts and applications in bioanalysis are two of the most important

objectives of nanotechnology and nanoscience today. Advances in nanotechnology

are affecting existing technologies and leading to the development of novel

bioanalytical tools and techniques through improvements in precision and speed,

lower sample requirements, and the ability to performmultiple detections in smaller

devices. Novel biosensing systems that require less sample material are being

developed so as to perform sophisticated tests at the point of care (e.g., blood

analysis using a handheld device within a few minutes) and make possible the

multiplex analysis (i.e., simultaneous and fast analysis of more than one variable).

Analysis of the structure of living cells in real time and in the intact organism (in

vivo) as opposed to using laboratory-prepared samples (in vitro), as well as

molecular analysis (DNA, RNA, and protein analysis), including biosensors based

on nanomaterials, represent challenges not only for basic research in nanotech-

nology but for the bioanalysis community, which is willing to see new input from

this novel area of research that is developing so fast.

In this context the book introduces novel concepts that are being achieved in the

area of bioanalysis based on the fact that nanomaterials are opening up new

opportunities not only for basic research but overall, are offering new tools for real

bioanalytical applications. The focus is on the latest tendencies in the field of

nanoparticles, carbon nanotubes, and nanohannels: integration into bionalytical

systems, including sensors and biosensors.

The area of biosensing using nanotechnology is providing the information

necessary for real applications of nanomaterials and related nanotechnologies. The

book should act as a very interesting interface of information between complemen-

tary fields, thus opening up new opportunities for researchers and others. It will also

support doctoral students and those involved in learning and teaching nanobiotech-

nological applications in bioanalysis.
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How does the bionalytical community implement the spectacularly bright future

offered us by nanoscience? What are the challenges facing bioanalysis in our

nanoscale future? How do we move from an almost science fiction level toward

real-world outcomes in nanotechnology? The bioanalytical community will be

better able to respond to these questions in the future after reading this book, which

not only compares nanomaterials to conventional materials but also gets inside the

response mechanisms related to such improvements.

The book’s fifteen chapters deal with the most successful nanomaterials used so

far in biosensing: carbon nanotubes, nanoparticles, and nanochannels, including

detection strategies ranging from optical to electrochemical techniques. Each

chapter provides a theoretical overview topic of interest as well as a discussion of

the published data with a selected list of references for further details. The book

provides a comprehensive forum that integrates interdisciplinary research and

development of interest to scientists, engineers, researchers, manufacturers, tea-

chers, and students in order to present the most recent advances in the integration of

nanomaterialswithbioanalysis as they relate to everyday life.The bookpromotes the

use of novel nanomaterials in biosensors and biosensing systems through introduc-

tion of the highest-quality research in the field of nanomaterial-based bioassay.

ARBEN MERKOÇI

Bellaterra, Catalonia, Spain

July 2008
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CHAPTER 1

Carbon Nanotube–Based Sensors
and Biosensors

RICHARD G. COMPTON, GREGORY G. WILDGOOSE, and ELICIA L. S. WONG

Physical and Theoretical Chemistry Laboratory, Oxford University, Oxford, United Kingdom

1.1 Introduction to the structure of carbon nanotubes

1.2 Electroanalysis using CNT-modified electrodes

1.2.1 Historical background

1.2.2 Electron transfer at graphitic carbon electrodes: The role of edge-plane defects

1.2.3 Exceptions to the rule that edge-plane defects are the important electroactive sites

on CNTs

1.3 Advantageous application of CNTs in sensors: pH sensing

1.4 Carbon nanotube–based biosensors

1.4.1 Introduction

1.4.2 Surface functionalization of carbon nanotubes and configuration of a CNT-based

electrochemical biosensor

1.5 Using CNTs in biosensor production for medical diagnostics and environmental

applications

1.5.1 Medical diagnostics

1.5.2 Environmental applications

1.1 INTRODUCTION TO THE STRUCTURE OF CARBON NANOTUBES

In recent years carbon nanotubes (CNTs) have attracted, and continue to attract,

considerable interest in a wide variety of scientific fields, not least that of the

electroanalytical and bioelectroanalytical communities. However, before we summa-

rize some of themain properties of CNTs thatmake them an interesting and often ideal

material to use in electrochemical sensors and biosensors, let us begin by highlighting

perhaps the most common misconception found in the literature concerning

Biosensing Using Nanomaterials, Edited by Arben Merkoçi
Copyright � 2009 John Wiley & Sons, Inc.
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CNTs: who should actually be credited with their discovery. Numerous examples can

be found among the many thousands of carbon nanotube papers that begin with an

erroneous introductory phrase along the lines of: ‘‘Since the discovery of CNTs in

1991 by S. Iijima . . .’’, with subsequent sentences proceeding to list themuch vaunted

electrical and mechanical properties of CNTs. Certainly, Iijima’s 1991 high-profile

publication inNature [1] brought the idea of nanometer-sized carbon fibers back to the

attention of a wider scientific audience, particularly as, after the excitement created

over the discovery of fullerenes, scientists were starting to think aboutmaterials on the

truly ‘‘nano’’scale. In fact, Iijima and Ichihashi shouldmore correctly be creditedwith

the first convincing discovery of single-walled carbon nanotubes (consisting of a

single sheet of graphite rolled into a seamless tube) in their 1993paper [2]. The case for

who discovered multiwalled carbon nanotubes is more complex, with the earliest

possible claim dating from as far back as 1952! However, work from 1976 by Oberlin

and Endo [3] and in 1978 byWiles and Abrahamson [4] (subsequently republished in

1999 [5]) present arguably the earliest and clearest characterization of what would

later be recognized as multiwalled CNTs. For a more detailed discussion of who

should be credited with the discovery of CNTs, the interested reader is directed to the

comprehensive editorial by Monthioux and Kuznetsov [6].

Structurally, CNTs can be approximated as rolled-up sheets of graphite. CNTs are

formed in two principal types: single-walled carbon nanotubes (SWCNTs), which

consist of a single tube of graphite, as shown in Figure 1.1, and multiwalled carbon

nanotubes (MWCNTs), which consist of several concentric tubes of graphite fitted

one inside the other. The diameters of CNTs can range from just a few nanometers in

the case of SWCNTs to several tens of nanometers for MWCNTs. The lengths of the

tubes are usually in the micrometer range.

Conceptually, the way in which the graphite sheet is rolled up to form each

nanotube affects the electronic properties of that CNT. In general, any lattice point in

the graphite sheet can be described as a vector position (n,m) relative to any given

origin. The graphite sheet can then be rolled into a tube such that the lattice point

chosen is coincident with the origin (Figure 1.1). The orientation of this roll-up vector

relative to the graphite sheet determines whether the tube forms a chiral, armchair,

or zigzag SWCNT, terms that describe the manner in which the fused rings of a

graphite sheet are arranged at the termini of an idealized tube.Alternatively, SWCNTs

are more precisely described in the literature by the roll-up vector coordinates as

[n,m]-SWCNTs. It has been shown that when |n�m|¼ 3q, where q is an integer, the

CNT is metallic or semimetallic and the remaining CNTs are semiconducting [7,8].

Therefore, statistically, one-third of SWCNTs are metallic depending on the method

and conditions used during their production [7] and can possess high conductivity,

greater than that ofmetallic copper, due to the ballistic (unscattered) nature of electron

transport along a SWCNT [9].

If one considers the structure of a perfect crystal of graphite, two crystallographic

faces can be identified, as shown in Figure 1.2. One crystal face consists of a plane

containing all the carbon atoms of one graphite sheet, which we call the basal plane;

the other crystal face is a plane perpendicular to the basal plane, which we call the

edge plane. By analogy to the structure of graphite, two regions on a CNT can be

4 CARBON NANOTUBE–BASED SENSORS AND BIOSENSORS



identified (and are labeled in Figure 1.1) as (1) basal-plane-like regions comprising

smooth, continuous tube walls and (2) edge-plane-like regions where the rolled-up

graphite sheets terminate, typically located at the tube ends and around holes and

defect sites along tube walls. As we discuss in Section 1.2, it is these edge-plane-like

defects that are crucial to an understanding of some of the surface chemistry and

the electrochemical behavior of CNT (MWCNT, in particular)–based analytical and

bioanalytical systems.

FIGURE 1.1 (a) How the lattice vectors a1 and a2 of a graphene sheet can be used to describe

a ‘‘roll-up’’ vector to form a single-walled carbon nanotube; (b) space-filled model of a

‘‘zigzag’’ (n,0)-SWCNT.

FIGURE 1.2 Crystal faces of a highly ordered crystal of graphite and the formation of an

edge-plane step defect.
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In the case of MWCNTs, a number of morphological variations are also possible,

depending on the conditions and chosen method of CNT formation [e.g., chemical

vapor deposition (CVD) or the high-voltage arc discharge method (ARC)] [10]. They

can be formed as hollow-tube (h-MWCNTs), herringbone (hb-MWCNTs) [10], or

bamboo-like (b-MWCNTs) [11]. The different internal structures of h-MWCNTs

and b-MWCNTs are clearly visible in the high-resolution transmission electron

microscopic images shown in Figure 1.3. In h-MWCNTs the graphitic tubes are

oriented parallel to the tube axis and the central cavity remains open along the entire

length of the h-MWCNT. The hb-MWCNTs and b-MWCNTs differ in that the

graphitic tubes are oriented at an angle to the axis of the nanotube in both cases,

but while the central cavity remains open in the hb-MWCNTs, in the b-MWCNTs the

central cavity is periodically closed off into compartments similar to the structure of

bamboo, fromwhich the b-MWCNTname is derived. The interested reader is directed

to a fascinating insight into the mechanism of b-MWCNT formation from metal

nanoparticle catalyst ‘‘seeds’’ using the CVD method in real time by Lin et al. [12]

using transmission electronmicroscopy. FromFigure 1.3 it is also apparent that, due to

the nonaxial arrangement of graphitic tubes in the hb-MWCNTs and b-MWCNTs,

a greater number of edge-plane-like defect sites are formed along the length of the

nanotubes compared to the h-MWCNTs.

In the case of MWCNTs it has recently been proposed that only the outer two or

three graphitic tubes carry any significant current along the tube length except at the

FIGURE 1.3 Three morphological variations of MWCNTs, and high-resolution transmis-

sion electron micrograph images of (a) bamboo-like and (b) hollow-tube MWCNTs.
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ends of the tubes [13]. This is due to the mismatch and poor overlap of p-orbitals
between different tubes within the multiwalled structure, where adjacent tubes may

show different metallic or semiconducting properties. However, at the ends of the

tubes, because of the higher energy density at these reactive edge-plane-like sites,

intershell electron hopping is possible and the current is discharged by the entire

ensemble of tube ends [13].

These inherent properties of CNTs, together with their high aspect ratio and the

ability to incorporate them easily and rapidly onto or into an electrode substrate

(as either randomnetworks or as highly ordered andwell-defined nanoscale structures

such as vertical arrays, which are discussed in later sections), have resulted in CNTs

being used in numerous electroanalytical and bioelectroanalytical applications and

sensors. Furthermore, as the CNTs often possess chemical reactivity and surface

functional groups similar to those of graphite, their properties can be tailored in

an advantageous manner by chemically modifying the surface of the CNTs using

an extraordinary variety of synthetic strategies, some of which are reviewed in later

sections of this chapter.

1.2 ELECTROANALYSIS USING CNT-MODIFIED ELECTRODES

1.2.1 Historical Background

Thefirst reported use ofCNTs in electroanalysiswas the pioneeringwork ofBritto and

co-workers in 1996 [14]. By incorporating CNTs into a paste electrode using

bromoform as the binder, they were able to explore the electrochemical oxidation

of dopamine. However, the number of papers using CNTs in electroanalysis exploded

at around the turn of the twenty-first century, due in large part to the pioneering

work of JosephWang, then at the University of NewMexico, whose article had, as of

August 2007, received almost 260 citations [15]! By modifying a glassy carbon (GC)

electrode with a sprinkling of CNTs, Wang et al. reported that the biologically

important molecule nicotinamide adenine dinucleotide (NADH) could be detected

at amuch lower potential than at a bare GC electrode in the absence of nanotubes [16].

This work inspired a new trend within the electroanalytical community, and the race

was on to modify electrode substrates, usually but not always a GC electrode, with

CNTs which were then found to allow the ‘‘electrocatalytic’’ detection of literally

hundreds of inorganic and biological analytes, such as insulin [17], uric acid [18],

catechol [19], morphine [20], brucine [21], cytochrome c [22], galactose [23],

glucose [24], nitric oxide [25], and horseradish peroxidase [26], aswell asNADH [16]

and hydrogen peroxide [27], the latter two of which comprise important subs-

trates, cofactors, and products for more than 800 enzymes. The list of analytes that

could be detected electrocatalytically at these CNT-modified electrodes was

(and perhaps still is) increasing at a rate of more than a dozen or more new analytes

each week.

The apparent electrocatalytic benefit of using a CNT-modified electrode was

typicallymanifested by a lower detection limit, increased sensitivity, and in particular,

ELECTROANALYSIS USING CNT-MODIFIED ELECTRODES 7



a lower overpotential at which the analyte was detected compared to the unmodified

electrode substrate [28]. However, at the time, very few researchers were asking what

the underlying physical cause of this apparent electrocatalytic behavior could be

attributed to—it was as if this effect was considered to be due to some intrinsic,

almost ‘‘magical’’ property of the CNTs themselves! This question prompted further

investigation of the electrochemical behavior ofCNTs [29–31]. In order to understand

the electrocatalytic behavior observed at CNT-modified electrodes, it is first necessary

to understand the electrochemical behavior of an analogous electrode substrate:

graphite, in particular where on a graphite electrode the electroactive sites for electron

transfer are located.

1.2.2 Electron Transfer at Graphitic Carbon Electrodes: The Role
of Edge-Plane Defects

Over the past three decades there has been a strong interest in understanding the

fundamentals of electron transfer at graphite electrodes. To do this, it is necessary to

fabricate an electrode that has a well-defined structure, and as such, most research

is usually carried out on highly ordered pyrolytic graphite (HOPG) electrodes.

The basal-plane crystal face of a HOPG consists principally of atomically flat terraces

of graphite. However, the main difficulty faced when trying to understand electron

transfer at graphite electrode surfaces is that these surfaces are inherently spatially

heterogeneous. Even the most carefully prepared surface of a HOPG possesses step

defects (on a well-prepared surface these defects can comprise as little as 0.2% of the

total surface coverage [32]) which reveal thin bands of the edge-plane face of the

HOPG crystal, the height of which varies as multiples of 0.335 nm. These nanobands

of edge-plane regionsbreakup the large,flat, basal-plane terraces into islands up to1 to

10mm in size, depending on the quality of the HOPG crystal and the surface

preparation [33–35]. The rates of electron transfer at these two crystal faces are very

different. Therefore, any attempt to simulate the electrochemical and coupled mass

transport processes at such spatially heterogeneous electrode surfaces normally

requires that we solve prohibitively computationally demanding three-dimensional

problems.

In Recent work by Davies et al. within the Compton group, a method of modeling

such spatially heterogeneous electrode surfaces using a diffusion domain approxi-

mationwas developed [29,36,37]. Themathematical and computational details of this

model are left to the interested reader, but the resulting benefit of this powerful

approach is that the physical model that one is attempting to simulate is reduced

from an almost intractable three-dimensional problem to a much more manageable

two-dimensional problem [29,36,37]. By simulating experimental data obtained

at a HOPG electrode using standard redox probes such as ferrocyanide/ferricyanide

and hexamineruthenium(III)/(II), Davies et al. suggested that while the electron

transfer rate at the edge-plane step defects on the HOPG surface, k0edge, was relatively

fast (typically on the order of 10�2 cm=s), the electron transfer on the basal-plane

regions of the HOPG surface was occurring so slowly ðk0basal < 10� 9 cm=sÞ as to be

almost zero. In other words, the entire faradaic electron transfer process occurs solely,
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or almost solely, at the edge-plane sites, while the basal-plane remains effectively

electrochemically inert [29,37]!

Having made these strong claims, Davies et al. proceeded to design an elegant

experiment by which they could generate data that would support their hypothesis

convincingly. The obvious approach would be to compare the voltammetric response

of a bare HOPG electrode with the response at the same electrode that has the edge-

plane sites blocked with an insulating layer, and record the lack of any faradaic

voltammetric response at such an electrode. Unfortunately, this approach has been

prohibitively difficult to achieve. However, the alternative approach, insulating

the basal-plane and leaving only the edge-plane sites exposed, is relatively straight-

forward, thanks to a method adapted from the work of Penner et al. [38–40].

By electrodepositing MoO2 only along the edge-plane step defects on a HOPG

electrode, then covering up the basal-plane terraces with an insulating polymer, and

finally removing the MoO2 with dilute acid to expose just the edge-plane nanobands,

Davies et al. were able to investigate the voltammetry arising solely from these edge-

plane regions of the graphite crystal (see Figure 1.4) [29,41].

In this way they could decouple the electron transfer at the basal- and edge-plane

sites. The voltammetric response to standard redox probes, produced by revealing

only the edge-plane nanobands on the HOPG surface, was almost indistinguishable

from that of the bare HOPG surface, providing conclusive experimental evidence

that the basal-plane regions of a graphite electrode are indeed electrochemically inert,

and that the edge-plane sites on such an electrode surface are the active sites for

electron transfer [29,41].

Many other graphitic electrodematerials, such as carbon powder, carbon fiber, and

in particular carbon nanotubes, are constructed from essentially the same building

blocks as HOPG: namely, graphene sheets. Therefore, it was proposed byDavies et al.

that if edge-plane defects on HOPG are the sites of electron transfer, the same is

probably true for other forms of graphitic materials, including carbon nanotubes.

(More specifically, we are limiting this argument to MWCNTs. In the case of

SWCNTs, the smaller size of the nanotubes requires greater curvature of the walls

of the tubes, reducing the overlap between neighboring p-orbitals in the delocalized

p-electronic structure, and therefore possibly imparting more chemical and electro-

chemical reactivity to the tube walls.)

These insights prompted Banks et al. to repeat some of the original experiments

which had claimed that CNTswere apparently electrocatalytic, except that in addition

to comparing the voltammetry at a CNT-modified and blank GC electrode, they

performed additional control experiments comparing the CNT-modifiedGC response

to that of basal-plane pyrolytic graphite (BPPG) and edge-plane pyrolytic graphite

(EPPG) electrode surfaces [29,30,42–44]. In almost every case the ‘‘electrocatalytic’’

response of the CNT-modified GC, both in terms of the reduction in the required

overpotential at which each analyte could be detected and the lower detection limits

obtained, was identical to that of an EPPG electrode (Figure 1.5) [45]. Thus, the

apparent electrocatalytic behavior of CNT-modified electrodes was confirmed

as being due simply to increasing the number of edge-plane sites on the electrode

surface. By modifying the electrode substrate with CNTs, one is in effect converting
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the electrode substrate surface into something that more closely resembles an EPPG

electrode, albeit in a rather expensive fashion! Furthermore, the work of Banks and

Compton showed that inmost cases, EPPGelectrodes are in fact the electrodematerial

of choice for the electroanalysis of a wide range of analytes [43].

Further confirmation that the electroactive sites on CNTs were located at the

edge-plane-like tube ends was provided by Jurkschat et al. [46]. In this work, MoO2

FIGURE 1.4 Four stages used to fabricate ‘‘nanotrenches.’’ Only the edge-plane sites on an

HOPG surface are shown. (From ref. 41, with permission. Copyright � 2005 Wiley-VCH

Verlag GmbH & Co. KGaA.)
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waselectrodepositedonto anh-MWCNT-modifiedelectrode in amanner similar to the

work described above on HOPG surfaces. Again, the MoO2 is deposited only on the

electroactive sites. High-resolution transmission electron microscopy was performed

on the MoO2-modified h-MWCNTs, which revealed that the deposits of MoO2 were

found only at the ends of the tubes, forming nanoplugs of MoO2 (Figure 1.6) [46].

1.2.3 Exceptions to theRule ThatEdge-PlaneDefectsAre the Important
Electroactive Sites on CNTs

There are currently only three known exceptions to the rule that it is the edge-plane-

like sites onMWCNTs that are responsible for anyelectrocatalytic detectionof a given

analyte. These are the detection of halothane, hydrazine, and most important for

biosensors, hydrogen peroxide. All three of these analytes are detected at lower

overpotentials at an h-MWCNT-, b-MWCNT-, or SWCNT-modified GC electrode

than at an EPPG electrode and with a larger peak current and hence lower limit of

detection and sensitivity. However, the CNTs used in these experiments were all

made using the chemical vapor depositionmethod, and as such, contain remains of the

metal nanoparticle catalysts, such as iron and copper, used to grow the nanotubes.

FIGURE 1.5 Overlaid voltammetric response of an EPPG, BPPG and MWCNT modified

BPPG electrode in a 1mM solution of potassium ferrocyanide with 0.1M KCl as supporting

electrolyte. (Adapted from ref. 42, with permission.)
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It was found that most common purification methods, such as washing the CNTs in

mixtures of concentrated mineral acids, did not remove all of these metal impurities;

the residual metal nanoparticles were found to be occluded within the walls of the

h-MWCNTs and b-MWCNTs, which prevents their complete removal by such

chemical methods [47–49].

Further control experiments were performed using iron oxide microparticles

abrasively immobilized onto a BPPG or EPPG electrode, which demonstrated that

in the cases of hydrazine and hydrogen peroxide, it was the occluded iron/iron oxide

nanoparticle impurities in the CNTs that were responsible for the electrocatalysis

observed [47,48]. In the case of halothane, residual metallic copper nanoparticle

impurities also occluded within the walls of the h-MWCNTs and b-MWCNTs were

shown to be the electroactive sites [50].

In summary, the authors recommend that caution be employed when claiming

any electrocatalytic detection of analytes using CNTs. In all cases the appropriate

control experiments using EPPG electrodes should be performed. In rare cases where

the CNT-modified electrode is still behaving in an electrocatalytic manner, further

control experiments should be performed to elucidate the physical origins of this

phenomenon.

FIGURE 1.6 (a) Electrodeposited nanoplug; (b) SEM image of the nanoplug decorated

h-MWCNTs (nanoplugs circled); (c) HRTEM image of a nanoplug at the end of a MWCNT

showing theMoO2 lattice spacings; (d) same as (c) butwith a different focus showing the fringes

of the carbon sheets at the end of the nanotube and the darker mass of the MoO2 nanoplug.

(From ref. 46, with permission. Copyright � 2006 Wiley-VCH Verlag GmbH & Co. KGaA.)
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1.3 ADVANTAGEOUS APPLICATION OF CNTs IN SENSORS:
pH SENSING

Having shown in Section 1.2, that for most electroanalytical applications EPPG

electrodes are often superior to CNT-modified electrodes as electrode substrates of

choice, the obvious question is: Why is there still such an intense interest in using

CNTs in electroanalysis and bioelectroanalysis? Reassuringly, the use of CNTs in

sensors and biosensors still offers many practical and analytical benefits. The small

size of the CNTs allows the prospect of sensor miniaturization down to the

nanoscale, possibly allowing the study of many intracellular processes in vivo

without causing substantial damage to the structural integrity of the cells being

studied [51,52]. Their high aspect ratio imparts many benefits, such as the ability to

construct vertically aligned arrays of CNTs, or nanoarrays, with correspondingly

improved sensitivity and lower detection limits of target analytes [53–55].

Alternatively, their high aspect ratio and the hydrophobic nature of the native CNTs

allows one to encapsulate them in certain types of protein or enzyme. The nanotube

then acts as a molecular ‘‘wire,’’ allowing us to probe the electron-transfer properties

of redox active sites buried deep in the hydrophobic interior of the protein or enzyme,

which would otherwise be inaccessible using conventional electrodes (where the

electrons would be required to tunnel over large distances, typically greater than

10 to 13A
�
, through the protein structure to reach the active site) [54,56–59]. Finally,

CNTs (MWCNTs in particular) possess a chemical reactivity similar to that of

graphite itself. Thus, one can fabricate chemically modified CNTs using the same

vast range of techniques that have been developed for the modification of graphite

electrodes, and thereby ‘‘tailor’’ the properties of the CNT-based sensor in a

controlled fashion, to impart the desired beneficial behavior of the sensor toward

the system under investigation.

The range of modification techniques is vast—being limited more by the imagi-

nationof the researcher than anything else—but several commonmethods are abundant

in the literature, including (but not limited to): (1) physical adsorption (including

layer-by-layer assembly and self-assembled monolayer formation), (2) radical

attack, (3) electrophilic attack, (4) nucleophilic attack, (5) esterification/amidification,

(6) intercalation (full or partial), (7) agglomeration, and finally, (8) forming carbon

nanotube paste electrodes with the modifying species incorporated into the binder. Of

these methods, the ones most commonly employed in bioanalysis are methods of

physisorbing biological species onto CNTs or covalently attaching them through the

formation of esters or amides. The latter is facilitated by both the presence of surface

carboxyl groups, which naturally decorate the edge-plane defects on CNTs, and an

abundance of available amine groups on the hydrophilic exterior or terminus of many

enzymes or protein structures. The surface coverage of carboxyl groups on the CNTs

can be increased by various methods, such as stirring a suspension of nanotubes in a

mixture of concentratedmineral acids (e.g., a 3 : 1 mixture of sulfuric and nitric acids),

which in turn increases the efficiency of any coupling reaction to the biological species

of interest. Furthermore, the large surface area and structure of CNTs make them ideal

supports for variousmetal nanoparticles andquantumdots for both sensing andcatalyst
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applications,which are dealtwith in other chapters of this book andare reviewedby, for

example, Wildgoose et al. [60].

The area of chemically modified CNTs for electroanalysis and bioelectroanalysis

has also been subject to substantial review, and we shall not repeat the exercise

here except to direct the interested reader to references 51–52, 61. Nevertheless, one

noteworthy aspect of using chemically modified CNTs that has recently arisen from

the authors’ own work is the observation that the pKa values of chemical species

attached to CNT surfaces can differ markedly from that of species in solution.

This effect has important implications in two areas of bioanalytical importance:

(1) in designing syntheses, for example, involving the formation of esters or amides to

the surface carboxyl groups on CNTs (either those that occur naturally or those that

have been introduced by prior chemical modification), where a consideration of

relative pKa values of both reactants can be crucial in determining a successful

synthetic outcome; and (2) in the design and construction of sensors that respond to

changes in the pH of the solution, which is one of the most important, but often

overlooked, analyticalmeasurements that canhave ahuge effect inbiological systems.

Heald et al. reported the covalent chemical modification of MWCNTs with

anthraquinone radicals generated via the chemical, as opposed to electrochemical,

reduction of 1-anthraquinonediazoniumchloridewith aqueoushypophosphorous acid

(50% v/v H3PO2) [62]. The anthraquinone-modified MWCNTs (AQ-MWCNTs)

exhibited a quasireversiblevoltammetric response, corresponding to the two-electron,

two-proton anthraquinone/anthrahydroquinone redox couple shown in Figure 1.7.

Due to the concomitant proton and electron transfer, the peak potential of the

anthraquinone/anthrahydroquinone couple depends on the solution pH according to

a modified form of the Nernst equation: For

AQ-MWCNTsþ 2e� þ 2Hþ !AQH2-MWCNTs

E ¼ E0
f �

2:303RTm

nF
log

[AQH2-MWCNTs]

[AQ-MWCNTs][Hþ]
[AQH2-MWCNTs] ¼ [AQ-MWCNTs] pH ¼ � log ([ Hþ ])

MWCNT

O

O

OH

OH

+2e-+2H+

-2e--2H+

FIGURE 1.7 Two-electron, two-proton redox couple of the anthraquinone/anthrahydroqui-

none modified MWCNTs. (From ref. 62, with permission. Copyright � 2004 Wiley-VCH

Verlag GmbH & Co. KGaA.)
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Therefore,

E ¼ E0
f � 0:059 pH at 298 K

In the expressions above R, T, and F are the universal gas constant (J/mol �K),
temperature (K), and the Faraday constant (C/mol), respectively; n and m are the

number of electrons and protons transferred, respectively (in this case n¼m¼ 2); and

E and E0
f ðVÞ are the peak potential and the formal potential of the anthraquinone/

anthrahydroquinone redox couple, respectively. Heald et al. reported that the

AQ-MWCNTs exhibited a linear shift in peak potential, with an almost nernstian

gradient of�56mV per decade increase in pH over the entire pH range studied, from

pH 1.0 to pH 14.0 (Figure 1.8) [62].

Note that in solution, the pKa value corresponding to the removal of the first proton

from the anthrahydroquinone molecule is about 10, while the pKa for removal of the

second proton is around 12. Thus, a plot of peak potential versus pH for anthraquinone

in solution would show deviations from linearity around pH 10 and again around

pH 12. The fact that the AQ-MWCNTs exhibit a linear response over the entire pH

region up to pH 14 indicates that the pKa of the anthrahydroquinone molecules

attached to the MWCNT surface has been altered to beyond pH 14, one of the largest

reported shifts in pKa on any carbon surface. Thus, Heald et al. proposed that this

advantageous effect could be exploited to develop the AQ-MWCNTs into a reliable,

calibration-less, pH sensor which has subsequently been patent protected [63].

Later, Masheter et al. extended the derivatization method of Heald et al. to study

the shifts in pKa of anthraquinone-modified CNTs of different morphologies,

b-MWCNTs, h-MWCNTs and SWCNTs and used these to explore where on the

CNT surface the reactive sites for the attachment of the anthraquinonyl radical were

likely to be [64]. In the case of the MWCNTs it was concluded that the majority of

anthraquinonyl radicals modify the edge-plane-like sites at the tube ends, whereas

a greater degree of sidewall functionalization occurs for the SWCNTs, reflecting their

greater reactivity [64]. Interestingly, the shift in the pKa of the anthrahydroquinone

species covalently attached to CNTs compared to the solution-phase pKa values was

found to depend on the morphology of the CNTs.

To explore this further, Masheter et al. covalently attached the anthraquinone

species to the surface of graphite powder forming AQ-carbon and also attached

antrhaquinone-2-carboxylic acid to aniline groups covalently attached to the surface

of theCNTsandgraphite, formingAQ-AN-carbonorAQ-AN-CNTs (Figure 1.9) [64].

This coupling method has the effect of attaching the anthraquinone center to the

graphitic surface through a ‘‘spacer’’ molecule, extending the anthraquinone group

farther from the surface of the carbon material into the solution phase. The effect

on the pKa values of the anthrahydroquinone groups is summarized in Table 1.1.

The differences in the pKa values are attributed to the anthraquinone groups found in

different molecular environments (solvation spheres, solvent ordering/disordering

etc.) on the surface of eachmaterial, which is influenced directly by themorphology of

the CNTs or graphite powder [64].
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Finally, Abiman et al. studied the shift in pKa of 4-carboxyphenyl groups attached

covalently to graphite and glassy carbon surfaces [65]. In the solution phase

4-carboxybenzene has a pKa of 4.20 at 298K. On the surface of glassy carbon the

pKa was found to shift to 3.25, while on the surface of graphite the pKa was shifted

in the opposite direction, to 6.45 [65]. The thermodynamic parameters controlling

these shifts were investigated and it was found that the degree and direction of the shift

in pKa are dominated by the entropy change upon ionization of the carboxyl groups.

This, in turn, can be related to the different hydrophobicity and hydrophilicity of

FIGURE 1.8 (a) Overlaid oxidative and reductive square wave voltammograms for

AQ-MWCNTs at pH 1.0, 4.6, 6.8, 9.2, and 12.0, at 293K; (b) plot of peak potential vs. pH

from the square-wavevoltammetry ofAQ-MWCNTs over the pH range pH1.0 to 12.0 at 293K.

(From ref. 62, with permission. Copyright � 2004 Wiley-VCH Verlag GmbH & Co. KGaA.)
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graphite andglassy carbon, and reflects the role of the solvent ordering anddisordering

around the interface, as intimated earlier byMasheter et al. [64]. Thus,whendesigning

synthetic strategies to modify CNTs with biological species for bioanalysis involving

the formation of ester or amide linkages, researchers should be aware that the pKa

values of the carboxyl, hydroxyl, or amino groups on the CNT surface may differ

markedly from their value in bulk solution. This, in turn, will affect the choice of

reagents and synthetic strategy used to produce the successful modification desired.

Having introduced the reader to the use of CNTs in electroanalysis, and highlighted

the many pitfalls to be avoided, we now turn our attention to the use of CNTs in

bioelectroanalysis and biosensors.

FIGURE 1.9 Derivatization of graphitic carbon with antrhaaquinone-2-carboxylic acid.

(From ref. 64, with permission. Copyright � 2007 Royal Society of Chemistry.)

TABLE 1.1 Peak Potential Variation with Increasing pH and the pKa Values Observed

for AQ-Modified CNTs and Graphite Powdera

Material

Shift in Peak Potential

per pH Unit Below the

pKa Value/mV per pH Unit pKa1 pKa2

Anthraquinone in solution 58 10 12

AQ-h-MWCNT 55 13

AQ-b-MWCNT 58 >14

AQ-SWCNT 57 >14

AQ-carbon 60 >14

AQ-AN-h-MWCNT 58 12

AQ-AN-b-MWCNT 54 13

AQ-AN-SWCNT 58 >14

AQ-AN-carbon 57 10 12

Source: From ref. 64, with permission. Copyright � 2007 Royal Society of Chemistry.
aNote that where both protons are lost simultaneously, only one pKa value is reported.
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1.4 CARBON NANOTUBE–BASED BIOSENSORS

1.4.1 Introduction

Biosensors represent a plausible and exciting application in the field of nanobiotech-

nology. The most widespread biosensors, which have made their most significant

commercial inroads, are perhaps the portableglucose sensors used bydiabetic patients

tomeasure bloodglucose level.These are available fromhigh-street chemists andhave

been around for more than three decades. Small commercially available handheld

devices such as the FreeStyle Lite from Abbott Diabetes Care employ an enzyme

(glucose oxidase) that catalyzes the oxidation of glucose. In doing so, it transfers

an electron between the target analyte and the enzyme in close proximity to an

electrode within the device, which is then converted into a measure of blood glucose

concentration. The deceptively simple, and extremely portable, glucose biosensor

has effectively met the needs of 1 to 2% of the world’s population that have diabetes,

thus generating high market demand for such sensors and fueling the development of

the associated biosensor technologies.

So questions arise as to what exciting features these devices possess that mark its

attractiveness to the marketplace. Biosensors are simple analytical devices that com-

bine thehigh sensitivity and specificityof a biologicalmoleculewith theversatility of a

range of different physical transducers (Figure 1.10) to convert a biological response

or biorecognition event into a readable digital electronic signal. Therefore, a typical

biosensor consists of three parts: (1) a biological, biologically derived, or biomimetic

sensing element; (2) a physical transducer; and (3) a detector. The sensing elements or

receptors employed can exploit the bioaffinity interactions, as is the case with

antibodies, cell receptors, nucleic acids, imprinted polymers, or catalytic reactions

as would be carried out by whole organisms, tissue sample cells, organelles, or

FIGURE1.10 Biosensor that consists of a biorecognition layer on a transducer attached to an

analytical output. (Adapted and modified from ref. 66, with permission. Copyright � 2007

World Scientific Publishing.)
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enzymes. Biosensors can be classified into various groups according to signal

transduction or biorecognition events. On the basis of transducing elements, biosen-

sors can be categorized as piezoelectric, optical, or electrochemical sensors [66].

Piezoelectric transducers interconvert mechanical deformation when an electrical

potential is applied tomeasuremass or viscoelastic effects through the use of acoustic

waves, surface acoustic waves, or Love waves. Optical transducers exploit properties

such as simple light absorption, fluorescence, bio- or chemiluminescene, and refrac-

tive index to transduce the biological responses. Electrochemical transducers utilize

current or electrical charge to translate the recognition events. Regardless of the

transducing elements, the main advantages offered by the biosensors over conven-

tional analytical techniques are the possibility ofminiaturization, for the sensing to be

conducted on-site, and the ability to measure the target analytes in complex matrices

with minimal sample preparation. Although many of the biosensors developed might

not be able to compete with conventional analytical methods in terms of accuracy

and reproducibility, they can be used in view of providing enough information for

routine testing and screening of samples rapidly and with ease.

For biosensors to be workable, several requirements need to be satisfied. First,

an easy-to-construct sensing yet reproducible interface is required to output a reliable

assay signal. Second, the transducing element and method of detection need to be

(1) highly specific to the recognition events to an extent that they can differentiate

and/or exclude all the nonspecific interaction, (2) highly sensitive with a relatively

high signal-to-noise ratio to minimize a false-positive or false-negative outcome,

(3) low cost by using the least amount of expensive sensing or labeling materials, and

(4) user friendly. Third, the ability to withstand extreme conditions (i.e., sustain

sterilization under autoclaving conditions) is also ideal. Finally, the next generation

of biosensors will also require arrayable designs that can be functionalized and

monitored in a multiplex fashion (see Figure 1.11).

FIGURE 1.11 Ultrasensitive multiplex electronic biosensor based on CNTarray. The insets

on the right represent application in DNA (top) and antigen (bottom). (Adapted and modified

from www.cict.nasa.gov.)
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To fulfill all or most of the prerequisites mentioned above, researchers have

begun to investigate a novel class of nanomaterials to enhance the response of

biosensors. One-dimensional nanostructures are particularly attractive for bioelec-

tronic detection because of their high surface-to-volume ratio and novel electron

transport properties. Their electronic conductance is strongly influenced by minor

surface perturbations (such as those associated with the binding of macromole-

cules). The extreme smallness of these nanomaterials would allowpacking of a huge

number of sensing elements onto a small footprint of an array device. In particular,

CNTs have attracted much attention (owing to their excellent electrical, mechan-

ical, optical, and thermal properties [67–69]) since their discovery and have paved

theway to new and improved sensing devices. For example, an extremely important

challenge in amperometric enzyme electrodes is the establishment of satisfactory

electrical communication between the active site of the enzyme and the electrode

surface. The redox center of most enzymes is electrically insulated by a glycopro-

tein shell. Because the enzyme is embedded deep within the shell, it cannot be

oxidized or reduced at an electrode at any potential. The possibility of direct

electron transfer between enzymes and electrode surfaces could result in the

development of superior reagentless biosensing devices, as it eliminates the need

for co-substrates or mediators and allows efficient transduction of the biorecogni-

tion event. In fact, both Gooding’s [70] and Willner’s [71] groups have reported

the direct electrochemistry of enzymes and proteins at CNT-modified electrodes.

The enhanced electrochemical response obtained at CNT-modified electrodes is

due largely to the small size of CNTs. In effect, CNTs have the ability to reduce the

distance between the redox site of a protein and the electrode. Since the rate of

electron transfer is inversely dependent on the exponential distance between the

redox center and the electrode, the overall rate of the electrochemical process is

subsequently enhanced. In addition, CNTs are also used in the modification of

electrode surfaces or to modify biological receptor molecules such as proteins

(enzyme electrodes) [72–75], antibodies (immunosensor) [76], or oligonucleotides

(nucleic acid sensing devices) [74,77].

With regard todifferent transducingelements, thepiezoelectricmethod is generally

used to study the adsorption properties of biomaterials to CNTs [78]. There is also a

report on the use of surface-acoustic waves to enhance the alignment of thiolated

CNTs on gold electrodes [79]. The information obtained by using the piezoelectric

technique is extremely helpful in characterizing and aligning CNTs, but its use in any

biosensing application is limited. Current biological sensing techniques that rely on

optical detection principles using CNTs are inherently complex, requiring multiple

preparative steps, multiple reagents, signal amplification, and complex data analysis.

Although the techniques are highly sensitive and specific, they are generally more

difficult tominiaturize.However, a recent report on the development of a near-infrared

optical biosensor which uses the modulation of SWCNTs’ fluorescence emission

in response to changes in glucose concentration is extremely promising [80]. The

advantage of a near-infrared optical biosensor is its potential for implantation

into thick tissue or whole-blood media, where the transduction signal is allowed to

penetrate up to a greater distance. Such a passive, optically responsive biosensor may
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allow the realization of continuous analyte detection in vivo using an external,

miniaturized excitation and detection device [80].

Electrochemical CNT-based biosensors are studied widely, owing to the remark-

able ability of CNTs to enhance the electrochemical reactivity of biomolecules and to

promote the electron-transfer reactions of proteins [70,71]. These properties make

CNTs extremely attractive for a wide range of electrochemical biosensors, ranging

from amperometric enzyme electrodes to DNA biosensors. In this section, state-of-

the-art designs of electrochemical CNT-based biosensors are discussed, along with

practical examples of such devices.

1.4.2 Surface Functionalization of Carbon Nanotubes and
Configuration of a CNT-Based Electrochemical Biosensor

Immobilization of biomolecules onto CNTs has been pursued in the past, motivated

by the prospects of using CNTs as new types of biosensor materials. A prerequisite for

research in this area is the development of chemical methods to immobilize biological

molecules onto CNTs in a reliable manner. The successful realization of CNT-based

biosensors also requires proper control of their chemical and physical properties aswell

as their functionalization and surface immobilization to the physical transducer. There

are several ways to functionalize the surface of CNTs, but these can be generalized into

two main domains: (1) noncovalent functionalization and (2) covalent modification.

Functionalization ofCNTsbynoncovalentmethods is used primarily to preserve the

sp [2] nanotube structure, and thusCNTs’ electronic characteristics. Commonmethods

of noncovalent functionalization of CNTs include encapsulation, adsorption (physical

and chemical), and the exploitation of hydrophobic interactions. The selective opening

at the capped region (ends) of nanotubes by oxidants [81,82] has promoted extensive

experiments involving the filling of the inner hollow cavity. For example, metallothio-

nein proteins have been encapsulated inside open nanotubes using wet techni-

ques [74,77,83]. The opened nanotubes were prepared by refluxing the closed tubes

with nitric acid for 24 hours to purify and open the tube at the capped region, followed

by washing with distilled water and drying in vacuo. Then the opened nanotubes were

suspended in an aqueous protein solution for 24 hours [83]. Several proteins were also

found to adsorb on CNTs via hydrophobic interactions between the nanotubes and the

hydrophobic domains of the proteins [84,85]. Antibody and DNAmolecules have also

been observed to adsorb onto CNTs via nonspecific interactions [77].

A recent innovative approach to noncovalent biofunctionalization of CNTs invol-

ves the irreversible adsorption of the pyrene moiety of the aqueous bifunctional small

molecule 1-pyrenebutanoic acid succinimidyl ester (see Figure 1.12) onto the

inherently hydrophobic surfaces of CNTs in an organic solvent [73]. The pyrenyl

group, being highly aromatic in nature, is known to interact strongly with the

basalplane of graphite via p-stacking [86] and is believed to interact strongly with

CNTs in a similar manner. Subsequently, the proteins, which are generally rich in

surface amines, are attached to the surface-immobilized ester through carbodiimide

coupling to form an amide bond. Yet another inventive strategy for the noncovalent

immobilization of enzyme onto CNTs is achieved through layer-by-layer assembly.
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Stepwise layer-by-layer assembly of multilayer enzyme films on a CNT templatewas

performed using alternate electrostatic deposition of oppositely charged polyion

[poly(diallyldimethylammonium chloride)] and enzyme (alkaline phosphatase) [87].

The enzyme in the film is accessible by the substrate of the enzyme (a-naphthyl
phosphate), and the entire layer-by-layer assembly enables signal amplification for

ultrasensitive detection of nucleic acids (down to 80 DNA copies) [87].

While the biomolecules can be linked to the carbon nanotubes via noncovalent

attachment, the use of covalent chemistry is expected to provide the best stability,

accessibility, and selectivity. Although covalent functionalization will unavoidably

lead to a disruption of the carbon nanotube–delocalized p-system, this offers a

convenient and controllable means of tethering molecular species. Covalent immo-

bilization of biological molecules to CNTs is often achieved using oxidized CNTs.

An overview of the covalent attachment process is as follows: CNTs are oxidized

either by sonicating [70] or refluxing [75] in concentrated acid solution, resulting in the

formation of carboxylic acid groups at the ends and sidewalls of the CNTs.

The resulting carboxylic acids on the surface of the CNTs are then reacted with

amino functional groups of the biological receptors via carbodiimide coupling. As an

example, successful attachments of bovine serum albumin (BSA) protein [75] and

glucose oxidase enzyme [88] to the sidewalls of CNTs via amide linkages have been

demonstrated. End-wall attachment of the biomolecules, such as glucose oxidase [71]

and microperoxidase MP-11 [70], to CNTs has also been shown. Recently, bienzy-

matic (glucose oxidase and horseradish peroxide) modification and assembly of

CNTs covalently linked with a poly(amidoamine) (PAMAM) dendrimer have been

demonstrated [89]. This is achieved by using amidation reaction to link the dendrimer

FIGURE1.12 Anchored succinimidyl ester to form amide bonds for protein immobilization.

(From ref. 73, with permission. Copyright � 2001 American Chemical Society.)
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to the CNTs, followed by the reduction of Schiff bases formed between the CNT-

linked dendrimer and bienzymes using sodium borohydride [89].

We have discussed the functionalizaton of CNTs, but questions arise as to how one

links the CNTs onto the electrochemical transducer.Most common approaches can be

generalized into three categories: (1) CNT-coated electrodes, (2) CNT-biocomposite

electrodes, and (3) CNT-aligned electrodes. The simplest route to CNT-coated

electrodes is through drop coating of a random tangle of nanotubes onto the electrode

surface. First, the CNTs are randomly dispersedwith the aid of sonication in a solvent,

deposited on the electrode surface, and allowed to dry under ambient conditions or

under an infrared lamp. The dispersion of CNTs in aqueous solution can be facilitated

by an appropriate surfactant, such as dihexadecyl hydrogen phosphate [90]. Instead of

aqueous media, various organic solvents, such as dimethylformamide (DMF), have

been used as the dispersing solvent. TheCNT-coated electrodes are then immersed in a

buffered solution containing a dilute amount of the biomolecule of interest, which

allows for physisorption of the biomolecules onto theCNT-coated electrodes. Proteins

with an accessible redox active center close to their surface, such as cytochrome

c [22,91] and horseradish peroxidase [92], have been immobilized successfully onto

CNT-coated glassy carbon electrodes. Even proteins with a redox active center

embedded deep within the glycoprotein shell, such as glucose oxidase, still exhibit

well-behaved reversible redox response after adsorption onto the CNT-coated glassy

carbon electrode [93]. One other approach in preparing CNT-coated electrodes is

through the use of Nafion, a perfluorinated sulfonic acid ionomer with good ion-

exchange and biocompatibility properties that is very effective as a protective coating

for glucose sensors [94,95]. Successful immobilization of glucose oxidase onto a

Nafion/CNT-coated electrode has been demonstrated, and the electrode was shown to

benefit greatly from the antifouling and discriminative properties of the Nafion film,

exhibiting efficient electrocatalytic action toward hydro- gen peroxides [96].

CNT-biocomposite electrodes are also used commonly in the preparation of

CNT-based electrochemical biosensors, which consist of a mixture of CNTs, binder,

and biomolecules. The main advantage of CNT–biocomposite electrodes over CNT-

coated electrodes is the renewable sensing surface offered by the CNT–biocomposite

designs. Conventional CNT–biocomposite electrodes aremade fromCNT carbon paste

electrodes, constructed by mixing carbon powder with different binders, commonly

mineral oil [97,98] or bromoform, in conjunction with CNTs and biomolecules. Such

composite electrodes combine the ability of CNTs to promote electron-transfer reac-

tions with the electrical conductivity of the paste electrode materials. A binderless

CNT–biocomposite electrode has been fabricated by mixing glucose oxidase with

CNTs, followed by packing this mixture firmly into a 300-mm polyimide tubing before

inserting theentire setup intoa21-gaugeneedle, formingamicrosensor forglucose [99].

Another innovative improvement in the construction of CNT–biocomposite elec-

trodes, which providesmoremechanical strength to the biosensors, involves the use of

CNTs and Teflon compositematerials [100]. The use of Teflon as a binder for graphite

particles has shown it to be extremely useful for various electrochemical sensing

applications. Unlike the early CNT carbon paste biocomposite electrodes, the new

CNT–Teflon biocomposite devices rely on the use of CNTs as the sole conductive

component, rather thanutilizing it as themodifier in connectionwith another electrode
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surface. The bulk of the resultingCNT–Teflon electrode serves as a ‘‘reservoir’’ for the

enzyme, in a manner similar to their graphite-based counterparts [100]. Prominent

electrocatalytic activity of CNTs toward hydrogen peroxide is still observed using the

CNT–Teflon–glucose oxidase biocomposite design.

Both the CNT-coated and CNT–biocomposite electrodes result in an unknown

spatial relationship between the biological molecules and the CNTs. As a result,

an effectiveway to counter this limitation is to align the shortened CNTs perpendicular

to an electrode surface, which gives rise to CNT vertically aligned electrodes.

This vertical alignment not only improves the electrical contact between the sensing

element and the physical transducer, but also ensures that the sensor is free of impurities

originating from the solvents or binders. Another major advantage of such an assembly

is the ability to construct arrays ofCNTnanoelectrodes inwhich theverticalCNTarrays

exhibit high electrocatalytic activity coupled with fast electron transfer [101,102]. For

example, Gooding et al. [70] and Potolsky et al. [71] refer to the vertical CNTarrays as

CNT ‘‘nanoforests’’ that can act as molecular wires to allow electrical communication

between the underlying electrodes and redox proteins. Their data suggest that the CNT

nanoforests behave in an electrically similar fashion to metal wires, conducting

electrons from an external circuit to the redox sites of enzymes. The CNT-aligned

electrodes are prepared by linking the carboxylated open ends of nanotubes chemically

to self-assembledmonolayers of cysteamine onagold surface (seeFigure1.13) [70,71].

FIGURE1.13 Construction of SWCNT-based glucose oxidase (GOx) electrode (FAD, flavin

adenine dinucleotide, an enzyme cofactor), and AFM images of SWCNT covalently linked to a

cystemine monolayer associated with an Au electrode after 90 and 180 minutes of coupling.

(From ref. 71, with permission. Copyright � 2004 Wiley-VCH Verlag GmbH & Co. KGaA.)
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One limitation of such an assembly is that the highly conductive CNT nanoforests are

linked in series with a layer of insulating cysteamine that can impede the electron

transfer. Therefore, recent advances on growing the CNTs [103] directly on metallic

substrates such as platinum electrodes have been investigated to eliminate this barrier

layer [104]. In this approach theCNTarraywas grownby the chemical vapor deposition

(CVD) method on a platinum electrode [104]. Successful attachment of glucose

oxidase onto the CNT arrays grown on platinum and its ability to monitor glucose

has also been demonstrated [105].

1.5 USING CNTs IN BIOSENSOR PRODUCTION FOR MEDICAL
DIAGNOSTICS AND ENVIRONMENTAL APPLICATIONS

In the arena of medical diagnostics and environmental applications, nanotechnology-

based biosensors could be used, for example, to replace more costly and tedious

laboratory methods for monitoring a patient’s blood for proteins, chemicals, and

pathogens, and also for monitoring pollutants in the environment. In this section,

different types of CNT-based electrochemical biosensors used in the fields of

medical diagnostics and environmental applications are discussed. Most commonly

used CNT-based electrochemical biosensors are generalized into three categories:

immunochemical, enzymatic, and DNA-based biosensors.

1.5.1 Medical Diagnostics

Early diagnosis of cancer is vital to increase the chances of successful treatment of the

disease. This requires extremely sensitive methods to detect the cancer biomarkers,

such as mutated genomic sequences, present at ultralow levels during early stages of

the disease. In particular, clinical measurement of collections of cancer biomarkers

shows great promise for highly reliable predictions for early cancer detection. Point-

of-care DNA screening for early cancer detection will require low-cost methodology

for rapid detection ofmutated genomic sequenceswith high selectivity, and sensitivity,

while maintaining minimum sample amount and operational simplicity. DNA elec-

trochemical biosensors, based on nucleic acid recognition processes, are currently

being developed toward the goal of rapid, simple, and inexpensive testing of genetic

and infectious diseases. Electrochemical hybridization biosensors rely on the immo-

bilization of a single-strandedDNAprobe onto the transducer surface that converts the

formation of double-stranded DNA into a useful electrical signal.

An impressive number of inventive strategies for electrochemical DNA sensing

have emerged. Recently published review articles byKerman et al. [106], Drummond

et al. [107],Wang [108], andGooding [109] summarized the state of the art and recent

trends in electrochemical DNA biosensor technology. The most common strategy for

the electrochemical detection of hybridization is through the use of a redox-active

label where there is a change in affinity of the redoxmolecule toward the probe single-

stranded-DNA-modified interface before and after exposure to the target DNA.

An alternative strategy to using redox-active-labeled systems is the label-free

approach, which relies on the intrinsic redox-active properties (e.g., direct oxidation)
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of DNA bases (guanine or adenine). In both cases, amplification of the current signal

arising from the hybridization event between the probe and the target is desirable to

achieve low detection limits.

The performance of DNA hybridization biosensors can greatly benefit from the use

ofCNTs. Such improvements are attributed to enhanced detection of the target guanine

as well as to the use of CNT carrier platforms. For the label-free electrochemical

detection methods, a novel approach to amplifying the guanine oxidation current is

through the use of MWCNTs [110]. The advantage of CNT-modified glassy carbon

electrodes has been illustrated in comparison with the common unmodified glassy

carbon, carbon paste, and graphite pencil electrodes. For example, a significantly

enhanced guanine oxidation current is observed when the direct electrochemistry of

guanine is performed at a MWCNT-modified glassy carbon electrode compared to an

unmodified glassy carbon electrode using cyclic voltammetry (CV) [90]. Wang et

al. [110] reported an 11-fold increase in the guanine oxidation current using CVat an

end-functionalizedMWCNT-DNA-modified glassy carbon electrode for the detection

of DNA sequences related to the breast cancer BRCA1 gene compared to a MWCNT-

free glassy carbon electrode. In addition to glassy carbon electrodes, similar enhance-

ment of the guanine DNA response was reported at MWCNT paste electrodes [111].

Further enhancement of the guanine oxidation current is demonstrated by Kerman et

al. [112]. The group designed a label-free DNA biosensor using sidewall- and end-

functionalized MWCNT, as shown in Figure 1.14. The efficient electron-transfer

ability of MWCNTs, and a larger surface area for DNA immobilization through

sidewall- and end-functionalized MWCNTs, further lowered the detection limit, to

levels that are compatible with the demand of genetic testing [112].

FIGURE 1.14 Surface construct of the SWCNT immunosensor that has been equilibrated

with an antigen after binding with the antigen is shown in the left.While the right hand diagram

depicted the immunosensor after treating with HRP CNT-Ab2 to obtain amplification by

providing numerous enzyme labels per binding event. HRP, horseradish peroxidase, Ab,

antibody. (Reproduced in part from ref. 114. with permission. Copyright � 2006 American

Chemical Society.)
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For assaying using a redox-active-labeled system, the hybridization is transduced

bya change in themagnitudeof the label’s electrochemical current after hybridization.

The labels range from redox-active DNA-specificmolecules (DNA groove binders or

intercalators) to enzymes and metal nanoparticles. Enzyme labels hold great promise

for the electrochemical detection of DNA hybridization, since their biocatalytic

activity provides the amplification essential for monitoring at low target levels.

Coupling the catalytic amplification of enzyme tags with additional amplification

properties of CNTs is desirable to enhance the sensitivity of DNA bioassays. As an

example,Wang et al. [113] demonstrated the strong accumulation ofmultiple alkaline

phosphatase (ALP) onto CNT-modified electrodes. This allowed the transduction

of target DNA at extremely low levels using chronopotentiometry to measure the

products of the enzymatic reaction. In this case, CNTs play a role in amplification of

the transduction process. An evenmore sensitive protocol for detecting DNAwas also

described recently based on coupling of several CNT-derived amplification processes.

In this instance, the CNTs play a dual amplification role in both recognition and

transduction events. The protocol involves a sandwich hybridization between mag-

netic beads andALP-derivedCNTs, followed by enzymatic amplification (addition of

substrate) and finally, the chronopotentiometric stripping detection of the product at

the CNT-modified electrode.

Recently, the combination of electrochemical immunosensors using SWCNT

forest platforms with multilabel secondary antibody–nanotube bioconjugates for

highly sensitive detection of a cancer biomarker in serum and tissue lysates has been

described [114]. This is achieved through self-assembly of 20 to 30-nm-long

terminally carboxylated SWCNT into nanoforests standing in upright bundles on

Nafion/iron oxide-decorated conductive surfaces, followed by attachment of anti-

bodies to SWCNT nanoforest platforms. This approach provided a detection limit

of 100 aM for prostate-specific antigen in 10 mL of undiluted calf serum and shows

excellent promise for clinical screening of cancer biomarkers using biosensing

technology.

a-Fetoprotein (AFP) is another tumor marker of interest. In healthy human serum,

the average concentration of AFP is typically below 25 ng/mL, and an elevated

AFP concentration in adult plasma may be an early indication of some cancerous

diseases. Recently, a new immunosensor consisting of gold nanoparticles and Azure

I–MWCNT composite membranes for the detection of AFP was reported (see

Figure 1.15 for the assembly of the this AFP biosensor) [115]. The immunosensor

is fabricated by coating Azure I on MWCNT-modified glassy carbon electrode,

followed by adsorption of gold nanoparticles onto the Azure I–MWCNT surface by

electrostatic interactions. Subsequently, AFP antibodies were assembled onto the

surface of gold nanoparticles. Finally, horseradish peroxidase was employed to

prevent nonspecific binding and to amplify the amperometric signal of the antigen–

antibody reaction. This immunosensor showed high sensitivity with a low detection

limit of 0.04 ng/mL, owing to the synergistic augmentation provided by Azure I and

the MWCNTs in facilitating electron-transfer processes.

In addition to the cancer biomarkers, detection of glucose is one of the most

frequently performed routine analyses in the medical field. High demand for such
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detection in body fluids arises from the need to lower the mortality of a population

diagnosed with diabetes. Glucose sensors normally incorporate glucose oxidase

(GOx), which catalyzes the oxidation of glucose using oxygen as an electron

acceptor. The hydrogen peroxide generated is then detected electrochemically at the

electrode surface. A remarkable amount of innovative designs for CNT-based

electrochemical glucose sensors are reported in the literature. Generally, there are

three construction methodologies of CNT-based glucose biosensors: biocomposite

casting, electropolymerization, and nanoparticle decorations.

A new glucose biosensor has been fabricated by immobilizing GOx into a sol–gel

composite at the surface of a BPPG electrode modified with MWCNTs [116].

The CNT/sol–gel GOx biocomposite electrode gave a detection limit of 50 pM,

a sensitivity of 196 nA/mM, and a response time of less than 5 s. Instead of sol–gel,

Nafion had also been used as a GOx immobilization medium. In this case, the glucose

biosensor is fabricated by casting a mixture of sonicated Nafion solution consisting

GOx and MWCNTS onto a glassy carbon electrode. [117]. The CNT/GOx/Nafion

glassy carbon electrode displayed a sensitivity of 330 nA/mM, a detection limit of

4mM, and a response time of less than 3 seconds.

Immobilization of GOx into an electropolymerizedmatrix is an alternativemethod

for the fabrication of CNT-based glucose sensors. Conducting polymers such as

poly-o-aminophenol (POAP) [118] and polypyrrole (PPy) [101,119] are used in the

constructionof theseglucose biosensors. The electropolymerization of the conducting

polymers and immobilization of GOx is achieved using either performing cyclic

voltammetry [118] or by holding the working electrode at a fixed potential for a fixed

amount of time [119] in a mixture containing the polymers and GOx. The resulting

conducting polymer/GOx/MWCNT biosensors lead to attractive, low-potential

detection of the hydrogen peroxide liberated. The glucose biosensors fabricated

FIGURE 1.15 Fabrication of an AFP immunosensor. (From ref. 115. with permission.

Copyright � 2007 American Chemical Society.)

28 CARBON NANOTUBE–BASED SENSORS AND BIOSENSORS



using this technique offer higher sensitivity than the casting method; for example, a

sensitivity of 735 nA/mM is obtained using POAP as the conducting polymers in the

construction of the glucose biosensor [118].

An even better sensitivity, up to 256mA/mM [120], can be achieved through

the incorporation of metal nanoparticle into the CNT-based glucose biosensor, as the

nanoparticles exhibit enhanced catalytic activity, good biocompatibility, and a large

surface area. As an example, platinum nanoparticles with a diameter of 2 to 3 nmwere

prepared and used in combination with SWCNTs for the construction of electro-

chemical glucose biosensors, with remarkably improved sensitivity toward hydrogen

peroxide [121]. The biosensor is constructed by drop-casting a solution containing

SWCNT and Pt nanoparticles in Nafion on a glassy carbon electrode before further

adsorption of GOx onto the SWCNT/Pt/Nafion-modified electrode. Nafion was used

to solubilize the SWCNTs and it also displayed strong interactions with Pt nano-

particles to form a network that connected Pt nanoparticles to the electrode surface.

A high sensitivity of 2.1mA/mM is obtained for this construct. An even higher

sensitivity of 256mA/mM is reported when Cu nanoparticles (4 to 8 nm in diameter)

were used [120].

In addition to glucose, dopamine is another molecule of clinical interest, as a

deficiency of dopamine in the brain is believed to cause schizophrenia and Parkinson’s

disease. A modified carbon paste electrode is prepared by incorporating thionine–

Nafion supported on MWCNT [122]. The thionine–Nafion/MWCNT carbon paste

electrode possess an efficient electrocatalytic activity for the electrochemical oxida-

tion of dopamine. As a result, this dopamine biosensor shows good sensitivity for

submicromolar detection of dopamine and good selectivity in clinical and pharma-

ceutical preparations. Besides using thionine–Nafion, conducting polymers have

also been employed as the biosensing element in CNT–modified electrodes. As an

example, a polypyrrole–MWCNT nanocomposite film is used for the detection of

dopamine via impedance measurements [123]. The composite film shows a notably

larger affinity to dopamine in neutral phosphate buffer and gives a low limit of 1.7 nM

with good selectivity and stability.

Recently, a new electrochemical method was reported for the selective determi-

nation of dopamine with laccase/MWCNT-based biosensors prepared by cross-

linking laccase into a MWCNT layer confined on a glassy carbon electrode [124].

A combination of the chemical properties inherent in dopamine, coupled with the

multifunctional catalytic properties of laccase and the excellent electrochemical

properties of CNTs enables laccase/MWCNT-based biosensors to behave extremely

well toward the selective determination of dopamine. A laccase/MWCNT-based

biosensor is able to detect dopamine with the coexistence of physiological levels of

interferents such as ascorbic acid and 3,4-dihydroxyphenylacetic acid [124].

1.5.2 Environmental Applications

Although commercial pressures drive the development of biosensors in the medical

and pharmaceutical sectors, public concern for the environment has also stimulated
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the application of biosensors to measure pollutants and other environmental hazards.

CNTs are used to improve the operational characteristic of the biosensors, as they

provide a larger surface area and offer good catalytic activity.

Organophosphorous insecticides constitute a very large class of chemical pesti-

cides, and toxicity is associated primarily with the capacity of the chemical to inhibit

acetylcholinesterase enzyme activity within nerve tissue. Recently, an enzyme-based

biosensor using CNTs which is sensitive to several organophosphate pesticides

has been developed [125]. This enzyme-based biosensor measures the hydrogen

peroxide produced during the catalysis of acetylcholine by acetylcholinesterase–

choline oxidase enzymes to detect organophosphorous compounds with high sensi-

tivity, large linear range, and lowdetection limits. Such characteristics are attributed to

the catalytic behavior of CNTs to promote the redox reaction.

One other attractive method to detect organophosphorous pesticides involves the

use of enzyme organophosphorous hydrolase, which converts organophosphorous

compounds into p-nitrophenol that can be oxidized at a CNT-modified electrode as

demonstrated by Wang’s group [126]. These CNT-modified electrodes gave a stable

amperometric signal for p-nitrophenol over a duration of about 60 minutes and can

detect paraoxon and parathion as low as 0.15 and 0.8 mM, respectively.

Besides organophosphorous compounds, CNT-modified electrodes have also been

used to sense phenolic compounds. Phenolic compounds occur naturally in many

vegetables and fruits. However, it is crucial to monitor the phenolic content in food

samples and in the environment, as some of the phenols are toxic. A CNT/Nafion-

modified glassy carbon electrode has been developed for the detection of phenol in

solution. To increase the sensitivity of the phenolic biosensor, enzymes are incorpo-

rated into the CNT-modified electrode. One example is the adsorption of the enzyme

tyrosinase onto a CNT-modified glassy carbon electrode [127]. Tyrosinase catalyzes

the oxidation of phenolic compounds to quinones, which can be detected electro-

chemically at the electrode. Another example is a CNT paste electrode modified with

polyphenoloxidase, which enables the sensing of various phenolic compounds,

including phenol, catequine, and catechol in real pharmaceutical products [97].
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Copyright � 2009 John Wiley & Sons, Inc.

39



2.1 INTRODUCTION: CNT ARRAYS FOR BIOSENSING

Carbon nanotubes (CNTs) can form a conductive, semiconductive, or insulating

nanoscale material [64]. Of these types, the metallic variety is best suited for

conducting biologically derived signals in an electrochemical biosensor. Electro-

chemical biosensors are generally based on enzymatic catalysis of a substrate

conversion that produces a flow of ions. These sensors are constructed of three

electrodes: a reference electrode, an active electrode (the CNT array), and a sink

electrode. Often, a counterelectrode is used as an ion source. The target analyte

participates in the reaction that takes place on the active electrode surface, and the ions

produced create a potential that is subtracted from the reference electrode to generate a

signal. An array of metallic CNTs alone will not guarantee a successful electrochem-

ical biosensor, as there are many other factors in play. In this chapter we focus on

interfacingCNTarray nanostructures with biomolecules at an active electrode surface

to achieve maximum performance of amperometric biosensors.

Several design goals in building the ideal CNT array biosensor are represented

schematically in Figure 2.1. Oriented immobilization schemes ensure that the

isotropic display of biomolecules is in a functional state; maintenance of solvent

accessibility allows immobilized biomolecules to interact with solution-based targets

without steric hindrance from the CNT surfaces. Self-assembly and regeneration

enables experimental repeats and automation on the same sensor surface, and multi-

plexing facilitates the detection of scalable target species on the same platform.

Impressive advances in the discovery and controlled growth of CNTs provide a

major focus for device development in current nanotechnology. Since the discovery of

CNTs [35], or perhaps the more applicable ‘‘rediscovery’’ of CNTs [54], many

FIGURE 2.1 Guiding principles for nanoscale biosensors.
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synthesis techniques have been devised that produce CNTs in bulk scale quantities,

including arc discharge [20,36], laser ablation [79], and chemical vapor deposition

(CVD) [49].The controlledgrowthofCNTs into ordered compositions forms the basis

formany array-based CNT biosensors, and a template-based form of CVDgrowth has

been the leading synthesis technique.

Highly ordered arrays of vertically oriented CNTs are typically grown via thermal

decomposition of carbon precursors onto seeded metallic nanoparticles within a

nanoscale anodic aluminum oxide (AAO) template. The anodizing voltage used to

create the pores in the AAO template forces the CNTs to grow in predefined

geometries. AAO template nanotubes are characterized by a narrow size distribution,

large-scale periodicity, and high densities, with diameters ranging from ten to

hundreds of nanometers and lengths up to 100mm.

Higher-ordered CNT arrays are also possible, including Y-junction CNTs within

the nanopore array [48]. Meng et al. extended the capability of AAO template

synthesis by creating controllable, hierarchical Y-junction CNTs and Ni nanowires

via sequential reduction in anodizing voltage [53]. Similarly, Au Bouchon reported

orthogonal multibranching growth via plasma-enhanced CVD and a self-seeding Ni

catalyst [1]. Wei devised a scheme for multibranching through control of the gas flux

and composition, avoiding templates or additives [86]. These advances have yet to

flourish in CNT array biosensors, but the ability to create these branched CNT

structures may provide opportunities for more advanced biosensor capabilities in

the future.

Beyond the benefit of highly controlled geometrical arrays of metallic nanotubes,

CNTs grown inAAO templates are also electrically insulated from each other [47,96].

This feature may ultimately enable high-density multiplexed CNT array biosensors

using individual CNTs in parallel as a sensing platform. This is a particularly difficult

challenge; the thermal noise limits sensitivity and necessitates that many individual

nanotubes within the array be wired together via metallic deposition. These ordered

CNT compositions provide an opportunity to form conductive arrays to detect

biologically derived electronic signalswith high sensitivity and specificity [37,74,91].

2.2 FUNCTIONALIZATION OF CNTs: CONTROLLING DISPLAY
THROUGH COVALENT ATTACHMENT

The rapid progress in biomolecule-functionalized CNTs plays a central role in the

interdisciplinary field of CNT-based nanobioelectronics and nanobiotechnology. To

interface individual CNTs to soluble biologically significant targets, it is crucial

that multifunctional molecular linkers be developed. For this reason, the attach-

ment of biomolecules to CNTs has been a strong focus in biosensor technology

[37]. The two potential biomolecule immobilization sites, the sidewalls and the tips

of the CNT surfaces, are crucial to the function of nanotubes and biomolecules

acting in concert. Biomolecules have a wider variety of attachment sites than

CNTs, and knowing the basics can ensure successful CNT array interfacing in

electrochemical biosensors.
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2.2.1 Immobilization Sites on CNT Arrays

There are several means of attaching biomolecular recognition elements to the two

distinct regions of a CNT, specifically the tips and the sidewalls. To date, it remains

undetermined which of these two surfaces is more useful for biomolecule immobi-

lization. In applications where physical access to the sidewalls is limited, such as

densely packed arrays of CNTs, tip conjugation may be preferred. However, the high

aspect ratio of CNTs presents a much larger surface for conjugation to the sidewalls

relative to the tips, and therefore more area for biomolecule attachment. In other

biosensors that have a single CNT spanning two electrodes, such as in a field-effect

transistor, theseCNTbiosensors leavenooptionother than sidewall conjugation.Tasis

et al. examined the covalent and noncovalent approaches for linking to functionalized

and solubilized nanotubes, with particular emphasis on the change of inherent CNT

properties upon modification [77]. However, solublized nanotubes may not be truly

representative of the field of nanosenors as awhole, sincemanyapplications use arrays

of CNTs grown directly on the biosensor substrate.

2.2.1.1 Tip-Directed Attachments CNTs can be visualized as graphene

sheets of carbon that are rolled to form a tube. Where the perfect rolled hexagonal

latticeof carbon is interrupted, thedanglingbonds canbeoxidized to formacarboxylic

acid (�COOH), which is a useful group for covalent modifications. Tsang et al.

reported a simplemethod for using nitric acid to open nanotubes selectively at regions

ofhighcurvature (i.e., the tips) to increase thenumberof reactivecarboxylic acids [82].

These carboxylic acids aremore densely located at the tips of theCNT, butmay also be

present in the defects in the sidewalls, as depicted in Figure 2.2. Several oxidation

methods are now reported, most often a 6MNaSO4/2MHNO3 acid mixture, often in

combination with sonication to increase the rate of formation of tip and sidewall

FIGURE 2.2 CNT configurations in (a) bulk and (b) template synthesis used in biosensing,

and common routes for biomolecule immobilization.
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carboxylic acids [93,94]. Nyugen et al. reported a simple method of air oxidation

followed by a 12%HCl rinse to remove themetallic nanoparticles that are used to seed

vertically aligned CNTs in CVD production [55]. Because many nanoparticles can

transition between electronic states (e.g., Fe2þ $ Fe3þ ), these metal structures tend

to foul the specific electrochemical signatures of biomolecules. On the other hand,

these same catalyst particles may actually be one factor responsible for the enhanced

signals observed from CNT biosensors [71].

Themost common reaction used to functionalize tips ofCNTswith biomolecules is

the zero-length heterobifunctional cross-linker 1-ethyl-3-(3-dimethylaminopropyl)

carbodiimide hydrochloride (EDC). This forms a covalent peptide bond between

carboxylic acids on the CNT tips and amines (�NH2) that are present on many

biomolecules. It is common practice to add N-hydroxysuccinimide ester (NHS) or its

water-soluble analog sulfo-NHS to increase the efficiency of the linkage via stabi-

lization of the reactive intermediate, as outlined in Figure 2.3. The resulting peptide

bond is rather stable but is susceptible to hydrolytic cleavage in aqueous solutions over

time. EDC/NHS can also be used to attach other heterobifunctional molecules with

one amine and one additional reactive group to enable virtually any other chemical

ligation route. For example, the heterobifunctional cross-linker 2-(2-pyridinyldithio)

ethanamine hydrochloride (PDEA), featuring one amine and one pyridinyldithiol

group, can be used to covalently bridge the carboxyl on the CNT tip and a thiol moiety

on a biomolecule.

Beyond EDC/NHS covalent chemistries, a 1,3-dipolar cycloaddition of azo-

methine ylides, generated between an a amino acid and an aldehyde, covalently

functionalizes CNTs at 130�C [24,25]. This process cannot be used in conjunction

with biomolecules that cannot withstand the thermal treatment. Aryldiazonium salts

(�N:N) can also functionalize CNTs in the presence of ionic liquids andK2CO3 in a

mild chemical process [29]. Unfortunately, this methodology is not species selective

and will target groups that are very common in biomolecules, including amines

(�NH2), alcohols (�OH), sulfhydryls (�SH), and aldehydes (�COH).

2.2.1.2 Sidewall-Directed Attachments The cylindrical sidewalls of the

CNTs are very hydrophobic and can be modified through the adsorption of any

nonpolar species. A wealth of research has been published on the sidewall

functionalization of CNTs in an attempt to increase their aqueous solubility,

which is important for biomolecule immobilization procedures. A good candidate

for sidewall functionalization is the molecule 1-pyrenebutanoic acid, succinimidyl

ester (P-130). This heterobifunctional molecule effectively adsorbs irreversibly to

the hexagonal lattice via a pyrene moiety, forming a p-stacking interaction of the

sp2 orbitals between the curved hexagonal lattice of the CNT sidewalls and the

pyrene group. The other end of P-130 presents a reactive succinimidyl ester for

further functionalization to amine-containing biomolecules similar to the EDC/

NHS tip-conjugation method. Through hydrophobic interaction with the sidewall,

P-130 linkage avoids the alteration of CNT conductive properties that is un-

avoidable in tip-directed methods that involve strong acid treatments [10]. Acid

exposure to create reactive tip functionalities will introduce greater interruptions
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within the crystalline nanotube sidewalls and reduce charge transfer through the

nanostructure.

Another useful reaction, the gold standard of ‘‘click’’ chemistry, is a copper

catalyzed Huisgen 1,3-dipolar cycloadditon between azides and alkynes. Using a

hydrophobic interaction between the sidewalls and a benzene ring, an adsorbed cross-

linker is able to display a reactive alkyne for subsequent ligation with azide-modified

polystyrene via a 1,2,3-triazole to the sidewalls of CNTs [46]. The rate of electron

transfer through triazole linkages has been studied and can achieve rates greater

than 60,000 per second in certain assemblies [19]. This approach may therefore

provide a functional organic bridge for electron flow into CNTs. Furthermore, the

FIGURE2.3 Covalent chemistries for cross-linking biomolecules with sensor substrates: (a)

EDC/NHS reaction for linking amines to carboxyls; (b) click reaction for linking azides to

alkynes via a copper-catalyzed 1,3-dipolar cycloaddition.
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copper-catalyzed reaction can be carried out at room temperature, enabling covalent,

species-selective linkages between biomolecules and the CNT array.

2.2.2 Oriented Immobilization of Biomolecular Probes

At the nanoscale, every molecule counts. In order to have accurate nanoscale

biosensors, the biological element must remain in an active functional state. An

overarching goal of biosensor design is the orientation of biological elements by

immobilization through a single location, not the stochastic ensemble that is often the

case. The most direct path to achieving uniform orientation of biological elements is

through covalent-bond formation. However, direct covalent immobilization of bio-

molecules may result in a decrease or total loss of target recognition in some cases,

manifesting itself in high variability between nanoscale biosensors.

CNTs have just two chemically distinguishable regions for attachment, but

biomolecules are not that simplistic. When interfacing biomolecules with inorganic

biosensor elements such as CNTs, knowledge of potential attachment sites on those

biomolecules is a must. Nucleic acids, synthetic analogs, peptides, and proteins

represent a diverse library of biosensor recognition elements, and the tools to

functionalize CNTs with these molecules are of crucial importance. The following

sections will serve as a guide for biomolecule attachments, potential chemical routes,

and limitations but is bynomeans exhaustive.For amoredetailed reference, the author

highly recommends Hermanson’s Bioconjugate Techniques.

2.2.2.1 Nucleic Acids EDC/NHS chemistries can be applied to orient DNA/

RNA recognition elements, as they can readily bemodified to feature a single reactive

group in their sequence that does not interfere with their complementary DNA/RNA

targets. Commercial synthesis is amature technology, and common endmodifications

include amines and thiols (�SH) that are not naturally present inDNA/RNA.Avariety

of commercially available cross-linkers (e. g., Pierce Biotechnologies) can be used to

attach CNTs covalently to these modified nucleic acids with different spacer lengths.

Biotinylation (see Section 2.3.2) of nucleic acids is also a commercially available

option, or alternatively, is readily achievedwith a variety of cross-linkers. As a rule of

thumb, the acceptable range of DNA/RNA lengths for a stable and specific interaction

between stands is roughly 20 to 25 base pairings. Shorter strands may not possess the

desired interaction strength,while longer strandsmay favor other assemblies than 1 : 1

complementary pairing, especially in RNA.

DNA has also been shown to coil helically around the sidewalls of CNTs without

chemical modification. This sequence-dependent coiling of double-stranded DNA

around CNTs serves to facilitate their geometrical separation by anion-exchange

chromatography [97] and size-exclusion chromatography [33]. These techniques are

applied to sort nanotubes into distinct, application-specific populations by homo-

genizing their electronic properties within complex populations. Array-based bio-

sensors may borrow this trait and tailor DNA sequences to contain a specific region to

coil around the sidewalls of CNTswhile still presenting a complementary sequence to

capture the desired nucleic acid target.
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2.2.2.2 Peptides Peptides are made from a combination of the 20 amino acids,

and sometimes nonnative amino acids, and this complexity can provide more

functionality than that of their nucleic acid counterparts. Peptides also have some

control over their moieties for covalent immobilization, although less than that of

DNA/RNA. At each end of the amino acid chain there is a single amine and a single

carboxyl at theN-terminus andC-terminus, respectively. Potentially reactivemoieties

also exist in the side chains of several amino acids (amino acid–reactive moiety):

lysine–amine, aspartic acid–carboxyl, and glutamic acid–carboxyl. To limit the

attachment site to a single moiety, terminal cysteines may be introduced to provide

a reactive thiol group for further covalent linkage via a maleimide, iodoacetyl, or

pyridyldithiol group. The cysteine’s thiol group can also covalently bind noble metal

surfaces such as gold nanoparticles [11]. Cysteinesmay not always be the best option;

cyclized peptides can require disulfides for proper function, and these peptides would

be unable to attach covalently through thiols.

Peptides may also link selectively through hydrophobic interaction with CNT

nanostructures. Wang et al. used phage display to discover peptides rich in histidine

and tryptophan residues and having a selective affinity for CNTs by favoring a central

hydrophobic sequence with short hydrophilic termini [84]. This noncovalent means

may serve as a short consensus sequence that could assemble longer peptides and

recombinant proteins to CNT sidewalls.

2.2.2.3 PeptideNucleicAcids Another possibility is theuseofpeptidenucleic

acids (PNAs), which are similar to DNAwith the same A–T,G–C base pairings, but

replace the polyphosphate sugar backbone with a poly-N-(2-aminoethyl)glycine

backbone linked together by peptide bonds [5,56]. PNA has two main advantages

overDNA.Since it is a nonnativemolecule, it is not recognized by enzymes that cleave

DNA/RNA or proteins/peptides. In addition, PNA has a stronger DNA-binding

capacity, due to the elimination of electrostatic repulsion between the negatively

charged phosphate backbones of each strand. Thus, shorter PNA sequences can be

used in complexenvironments to achieve the same interaction strengthof longerDNA/

RNA sequences. Like proteins, PNA contains a single amine at the N-terminus and a

single carboxylic acid at the C-terminus, but these moieties are found nowhere else in

its sequence. EDC/NHSchemistrieswill orient PNAonCNTarray biosensors through

the N-terminus [70,87] provided that the hydrophobic sidewalls of CNTs do not

interact with the PNA, as has been reported with DNA [97] and peptides [84].

2.2.2.4 Proteins Proteins represent more challenging opportunities as recog-

nition elements in CNT biosensors. They have a defined recognition area determined

by the complex arrangement of their lengthy (n> 100) amino acid sequence.

Hydrophobic adsorption to the sidewalls can diminish activity or even render the

protein ineffective, specifically for biosensor applications [91]. The standard EDC/

NHS chemistry is by far themost commonly employedmeans andwill attach proteins

covalently through anyexposed lysine residue.Unfortunately, since lysine is a charged

residue, it is often present in abundant quantities on the solvent-exposed surface of

proteins. As in hydrophobic adsorption, the result is a randomly oriented recognition
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element that may decrease or even completely abolish its native recognition capacity

at the single molecule level.

Covalent immobilization through nonabundant residues, such as the thiol moiety

on the side chain of the amino acid cysteine, can be achieved readily via maleimide,

iodoacetyl, or pyridyldithiol chemistries. Although cysteine residues present a single

reactive thiol group and their overall content is low, these residues are often critical for

protein function and are rarely exposed to the solvent. Their innate ability to form

disulfides helps to stabilize the structure of proteins and their potential complexeswith

other proteins. Formation of disulfides from two free thiols between proteins can also

activate cellular machinery [30]. In this way, covalent attachment through these thiols

may reduce downstream function in more complex biosensors. Regardless of these

limitations, many proteins can have their disulfides reduced to active thiols with the

addition of a reduction agent such as DTT, BME, or TCEP and be covalently attached

by this means. It is important to note that with the exception of TCEP in conjunction

with maleimide reactions, the reduction agent must be removed from the reaction

mixture prior to covalent bond formation.

2.2.2.5 Recombinant Engineering of Specific Protein Functionalities
Recent progress in single molecule atomic force microscopy has lead to the increased

use ofmutants with cysteines expressed at theN- or C-termini, facilitating an oriented

thiol linkage ofmolecular-engineered proteins. For example, a de novo designed 4-a-
helix bundle carboprotein has been engineered recombinantly to contain a terminal

sequence of multiple cysteines that can be used to link them covalently to sensor

surfaces [3]. Redox enzymes can also employ a multithiol linkage strategy to orient

themselves on sensor surfaces [28].

Aside from the inclusion of additional cysteines, one alternative is to incorporate a

nonnatural amino acid that displays a single chemically reactive species, such as an

azide or an alkyne, via auxotrophic expression. This technique takes a genetically

modified cell that cannot produce a particular DNA-encoded amino acid (e.g.,

methionine), and the cellular machinery replaces it with an alternative, noncanonical

amino acid in the peptide chain. Upon auxotrophic protein expression, methionines

coded in the sequences are replaced by homoazidoalanine or an amino acid featuring

an alkyne on its side chain, as seen in Figure 2.4. Thesemoieties are readily ‘‘clicked’’

to form specific and stable triazole linkages. Using auxotroph bacteria, Kiick et al.

pioneered such azide incorporation into engineered sites within recombinant proteins

that were capable of the click reaction [41]. Link et al. improved this process using

extremely pure CuBr as the catalysis for copper-catalyzed triazole formation on

bacterial cell surface glycoproteins [50].

2.2.3 Solvent Accessibility

Oriented covalent immobilization may not be the only requirement for functional

display of biomolecules on CNTarrays. As an example, many redox enzymes require

substrates to bind to a definitive site on the enzyme for substrate conversion and

electronic signal acquisition. If the attachment site on the biomolecule is near orwithin
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FIGURE 2.4 Auxotrophic expression of the nonnative amino acid homoazido alanine. The

tRNA that would typically insert a methionine now inserts a homoazido alanine in order to dis-

play an azide functionalitywithin the sequenceof the recombinantly produced protein or peptide.
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FIGURE 2.5 Cyclic voltammetry of two redox protein–CNT electrode conjugates in the

presence of 50mMglucose. The redoxprotein linked to the tips (a) produces a very definedpeak

around the expected redox potential (0.42V vs. Ag/AgCl), while the sidewall-adsorbed protein

(b) produces a broader peak at a slightly higher potential (0.58V vs. Ag/AgCl). A control

electrode (c) was capped and coated with surfactant to block protein attachment and has no

distinguishable peak. On a second control electrode (d), no redox protein is added. (From

ref. 91, with permission.)
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this crucial catalytic site, the substrate may not be converted because it cannot access

this region freely.The result of this blockage at the protein’s active site is a reduction or

complete loss of bioelectrocatalytic signal, which in turn would lead to decreased

performance and greater variability between biosensors.

For instance, when the redox protein glucose oxidasewas attached to either the tips

or the sidewalls on a CNT array biosensor, dramatically different redox events were

observed with cyclic voltammetry experimentation, as seen in Figure 2.5. The tip-

directed scheme has a much narrower redox peak, whereas the sidewall scheme has

significant broadening in its corresponding peak. This result may be partially

explained by the fact that the tip immobilization scheme allows for a more uniform

substrate access to the enzyme’s binding site,whereas the sidewall immobilization did

not allow for such uniform substrate access in solvent [91].

2.3 SELF-ASSEMBLING INTERFACES: ANCHOR-PROBE APPROACH

Beyond the need to control the isotropic display ofbiological recognition elements lies

the capability to reuse the sensor in an automated fashion. A disposable sensor most

will probably not require regeneration, butmost CNT biosensors have not yet reached

this level of cost efficiency. Complete senor regeneration also allows for repeat

experiments on the same sensor as well as computer automation for varied exper-

imental conditions.

Biological recognition is a reversible, noncovalent process that can be defined

mathematically in termsof affinity for onemolecule to interactwith another.Drivenby

intermolecular forces (electrostatic, van der Waals, hydrogen bonding) in a solvent,

affinity is a function of the rate at which molecules associate and subsequently

dissociate from their complexation. Use of capture interfaces for biosensors would

ideally feature a fast association rate and a slow dissociation rate, ensuring efficient

capture with minimal target leaching. The target species should remain in place until

its desired time of release.

Regeneration of the sensor surface is not without limitations. The immobilized

capture interfacemay not completelywithstand the regeneration conditions. That is,

there may be a decrease in activity for the capture interface over time. Incomplete

regeneration, on the other hand, leads to ‘‘memory effects’’; a small amount of

material remains captured on the biosensor, decreasing the total signal to a given

amount of target substrate. Furthermore, nonspecific accumulation of material on the

CNT and capture interface may reduce the response to a given target over multiple

cycles.

One approach to incorporating self assembling interfaces on CNTarray biosensors

can be described as an anchor-probe self-assembly scheme. In this scheme,the anchor

is covalently linked via isotropic display to a specific region of the CNT surface. The

probe component is able to noncovalently recognize the anchor component and bind

with high affinity and selectivity. Through this means, sensor surfaces can be

constructed, deconstructed, and reconstructed for multiple experimental cycles as

envisioned in Figure 2.6.
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FIGURE2.6 Self-assembly and regeneration of a CNT sensor surface using an anchor-probe

strategy. (a) Oriented covalent attachment of the anchor (light gray) to the CNT tips enables a

recognition surface for the probe (dark gray). (b) Upon addition of the probe in solution, self-

assembly is able to display the target molecule isotropically through the capture component.

(c) The biological component is free to access the solvent and its native target. Upon addition of

a regeneration solution that disrupts biological assembly, the capture probe is washed from the

surface (d) and can be reapplied for further experimentation.

2.3.1 DNA–RNA–PNA

DNA and RNA provide the ideal candidates for biomolecule capture and display on

CNT interfaces. Simply by raising the temperature, complete dissociation of nucleic

acid strands can be achieved. The specific temperature is dependent on the A–T, C–G

pairings and can be calculated by the length of the oligo-DNA or oligo-RNA pairings:

For < 20 nucleotide : Tm ¼ 2ln
For 20--35 nucleotides : Tm ¼ 1:46ln

Where Tm is themelting temperature and ln is the effective length of primer¼ 2� (no.

of G þ C) þ (no. of A þ T). Disruption of the hydrogen bonding with chaotrophic

agents such as concentrated urea or guanidine hydrochloride may provide an

alternative means to weaken or even dissociate the complementary strands on a

biosensor surface if high temperatures are to be avoided. For example, for each 1%

formamide, Tm is reduced by about 0.6�C, while the presence of 6M urea reduces Tm
by about 30�C.

2.3.2 Biotin–Streptavidin

What if there were a way to have a strong interaction between two molecules that

would serve as a generic capture moiety? Nature has already provided us with these
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tools. Perhaps the most commonly employed biological recognition pairing is that of

the small protein streptavidin and the smallmolecule biotin (also knownas vitaminH).

This interaction is virtually irreversible, possessing an extraordinarily high affinity,

KD� 10�15. Unfortunately, this strong interaction makes biotin–streptavidin sepa-

ration difficult and hinders the ability to regenerate the biosensor surface.Mutations of

the streptavidin protein have brought about marked advances, decreasing the stoi-

chiometry (the number of binding sites) to biotin from four to one, and decreasing the

affinity to its biotin target for complete regeneration capabilities.

2.3.3 Antibody–Antigen

Researchers have borrowed from the immune system and its capability to produce

antibodies that can be directed to bind to virtually every biological target (antigens).

Biosensors commonly employ the high affinity of antibodies toward their antigen as

a biological recognition element. The IgG form is the most commonly used

antibody and is found in two flavors, polyclonal and monoclonal. A polyclonal

antibody is produced by the injection of antigen into live animals and purification

from blood or serum. These antibodies can bind a specific antigen in multiple

locations and result in randomly oriented capture.Monoclonal antibodies, produced

in cellular factories, are directed to interact with a single distinct location, or

epitope, of a target. Thus, monoclonal antibodies are useful for oriented capture and

target display of proteins in biosensors, attributing the same affinity to a single

target. The regeneration of antibody–antigen interactions is readily achieved with a

combination of high–salt and low–pH solutions. However, these biomolecules are

rather large (ca. 150 kDa) and have variable affinity between antibody–antigen

pairings, resulting in different regeneration conditions. This has not stopped

multiplexed biosensors from using antibody arrays [17,44]; their specificity toward

any desired target is unmatched.

2.3.4 Recombinant Affinity Tags

There have been many advances in protein chemistry for the production and

purification of proteins in sufficient quantity and purity for bioanalysis. Tailoring the

purification method to isolate a single protein species by its individual biophysical

characteristics is extremely time consuming; thus, simplified conditions were created

for ease of purification via affinity tags. These genetically expressed affinity tags

employ specialized amino acid sequences in either peptide (short) or protein (long)

form, which can reversibly capture or release expressed targets under standardized

buffer conditions.This technologywas driven largelyby the requirements of structural

biology, as milligrams of protein are often required to determine native structure by

crystallographic analysis. Biosensors now borrow this ever-expanding technology to

undergo multiple experimental cycles by regenerating a sensor surface, bringing

automation to sensor technology through the use of self-assembling interfaces.

Table 2.1 depicts the most commonly used recombinant-expressed affinity tags.

They vary in size, sequence, noncovalent recognition elements, and affinities. Since
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the affinity tag is genetically encodedwithin the protein, the protein is always captured

via the same location, usually at the beginning (N-terminus) or end of the sequence (C-

terminus), although some tags canbeexpressed internally.This eliminates the inherent

variability of covalent protein immobilization through surface residueswhile allowing

uniformaccess to othermolecules. The smaller tags are generally preferred for protein

purification, as they do not interfere with native protein function. However, larger

affinity tags may offer unique capabilities beyond simply purification and uniform

access. Larger tags afford a spacer between the noncovalent recognition site attached

to the protein and that attached to the biosensor, resulting in enhanced solvent access

and increased protein solubility. The downside of the largest tags is that for amper-

ometric applications, the gap between the redox enzyme and the electrodemay hinder

efficient electronic communication.

2.4 MOLECULAR WIRING OF REDOX ENZYMES

The use of specific proteins called redox enzymes as the source of electronic signals in

response to a specific ligand or other physiological signal is fundamental for

amperometric biosensors [83]. Contact with sensor surfaces may alter or even destroy

native protein conformations, significantly altering redox capabilities. Nanoscale

surfaces such as nanoparticles and CNTs may limit these detrimental effects because

of (1) regions of high curvature that energetically limit biomolecule adsorption, and

(2) reduced steric hindrance of the substrate to its binding site on the enzyme.

Covalently functionalizing redox enzymes with a conductive spacer to span

electrode surfaces with the use of interdigitated redox mediators such as ferrocene

has been shown to increase amperometric signals [66]. Unfortunately, this hetero-

geneous contact of the enzymeat randomorientationswith respect to theactive site can

result in decreased rates of electron transfer [25,92,95]. Thus, the conductive spacers

used to link enzymes to the sensor substrates in amperometric biosensors should be

linked in an isotropically controlled manner. Two pathways toward achieving

isotropic enzyme display on carbon nanotubes are discussed: reconstitution of

enzymes around tethered cofactors, and metallized peptide wiring of enzymes.

2.4.1 Cofactor Reconstitution: Apoenzymes

Beyond the preservation of active conformation upon immobilization, another

challenge in using redox enzymes in biosensing is channeling the electron transfer

to the electrode. These electroactive molecules lack efficient pathways for the

transport of electrons from their embedded redox sites to an electrode. Enzymes that

are redox active typically incorporate organic molecules called cofactors near the

active site of the enzyme. These act as electron transporters in the catalytic reduction

and oxidation of biologically relevant targets in amperometric biosensors. Enzymes

stripped of these cofactors (apoenzymes) can be reconstituted directly onto cofactor-

functionalized gold nanoparticles, molecular wires, and carbon nanotubes [88,89,92].

Employing this strategy essentially plugs the electrode into the enzyme, facilitating
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electrical communication between the redox proteins and the electrodes. This self-

assembly methodology is an important development in the progress of amperometric

biosensors that can produce electron transfer rates that exceed the rates at which the

enzyme converts its substrate under native in vivo conditions.

2.4.2 Metallizing Peptides: Chelating Coiled Coils

The coiled-coil motif represents a well-characterized, simple, ubiquitous confor-

mational scaffold in proteins, involving two or more supercoiled a-helices. In living

organisms, coiled coils drive molecular recognition and downstream function in

diverse biological systems. This motif is commonly found in cytoskeletal architecture

and function [12,34,73], cellular transport and secretion [18], DNA-binding pro-

teins [21,59,63], and viral and bacteriological membrane fusion elements [6,7,16,51].

Coiled-coil peptide dimers commonly consist of repeat sequences of seven

residues, denoted as (a b c d e f g)n. By changing the number of heptad repeats, the

size of the interface and the strength of interaction can be controlled [14]. At positions

a and d are hydrophobic residues that are central to the interface between the helices.

Positions e and g are typically charged and form electrostatic interactions between

coils, providing specificity between helical subunits and helping to stabilize the

tertiary structure. The remaining residues (b, c and f ) are more exposed to solvent

and variable, and thus can be engineered for specific tasks, such as controlling

solubility and/or conductance. For example, histidine residues located in the b and

f (i and i þ 4) positions chelate divalent metal ions, effectively creating ametallopep-

tide [11,23,43,95]. The coiled-coil interaction is stable and enables repeated cycles of

dissociation and reassembly, a characteristic that supports their impact in automated,

repetitive assays in optical biosensor platforms [8,11,14,15,69].

Coiled coils that have been metallized with multiple cobalt groups perform as

conductive wires when linked to a redox enzyme [95], as shown in Figure 2.7.

Pertaining to CNTs, coiled coils have been used to reversibly self-assemble gold

nanoparticles in an anchor-probe methodology as in Figure 2.8 [11]. Combined with

recombinant production of functional proteins with a probe coil sequence tag [15],

metallized coiled coils may provide a pathway forward for isotropically, regenerable

displayed enzymes that are wired to CNT biosensors.

2.5 MULTIPLEXING BIOMOLECULES ON NANOSCALE CNT ARRAYS

The ability to detect multiple biospecies on a single CNT biosensor array is an

important focus to many researchers. These lab-on-chip (LOC) devices would

potentially monitor several molecular signatures simultaneously. For example, bio-

molecular signatures that mark a disease state such as cancer may not be predicted

accurately by tracking a single biomolecule. The ability to monitor global changes in

multiple DNA, RNA, and protein targets at the same time drives the field of multi-

plexed biosensors [67] and provides unique challenges to those specific biosensors

built on CNT arrays.
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2.5.1 Site Addressability

The first step in multiplexing is controlling the ‘‘where’’ of the biomolecule detection

reaction: that is, the distinct location to which each signal detected can be attributed.

Ultimately, this has tobe achievedby thecontrolleddepositionof a single species at the

micrometer and, potentially, nanometer scale. Two processes that may provide

FIGURE 2.7 (a) Assembly consisting of the redox enzyme (Npx), metallized coiled-coil

peptide (MHP), and a gold nanoparticle (AuNP) immobilized onto an electrode. The assembly

was formed through stepwise linkage of each component with adsorption of the AuNP-linked

complex reconstituted onto a dithiol monolayer associated with an Au electrode. (b) Model of

the assembly based on the atomic coordinates of the Npx and the leucine zipper region of

GCN4. The peptide coordinates cobalts (small spheres) through histidine residues at every i and

i þ 4 positions. AuNP was modeled as a sphere, to scale with the biological molecules, with a

diameter of 14A
�
. (c) Plots of the currents generated from addition of H2O2 (top) and NADH

(bottom) vs. time. H2O2 results in surface and cobalt oxidation, nonspecific to the enzyme,

while NADH is dependent on enzyme binding, exhibiting fast time constants with opposite

current flows, as expected. (d) EXAF on a solution of the washed assembly containing cobalt-

metallized MHP, redox enzyme Npx, and a gold nanoparticle, AuNP. Scans were performed

across the cobalt edge and gold edge, confirming the presence of both metals in the assembly,

cobalt coordinated to the peptide and gold from the nanoparticle that is linked to the peptide.

(Adapted from ref. 95, with permission.)
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pathways forward in this respect are presented: micro/nanofluidics and dip pen

nanolithography.

2.5.1.1 MicroandNanofluidics Perhaps themost straightforward approach to

immobilizing biomolecules onto distinct sites of a CNTarray would be to deliver the

biomolecule solution specifically and exclusively to that precise location. Traditional

top-down lithography techniques are now able to produce one, and two-dimensional

features in the nanometer realm. Thus, fluidic channels can deliver reagents to distinct

locales and functionalize specific regionsonCNTarrays.Additionally, regenerationof

the biomolecules captured at specific regions on a CNT array or the entire surface

would enable the reuse of a CNT biosensor. However, this route for multiplexing

would require a different fluidic channel for each biological target andmay prove cost

inefficient for multiplexing a set of biological detection elements of any considerable

number.

FIGURE 2.8 SEM image of the covalent immobilization of anchor coiled-coil peptide

(R39C) in H2O onto etched tips of the CNTarray. (a) Upon addition of the Au-labeled capture

peptide (E42C) again in H2O, the tips of the carbon nanotubes demonstrate site-specific

assembly of the coiled coil peptides. (b)Without the covalent attachment of the anchor peptide,

Au-labeled E42C shows minimal nonspecific adsorption to the CNT array following simple

substrate washing with H2O. (c) Control image of unlabeled Au nanoparticles and R39C

indicates that interaction is specific between R39C and E42C, not R39C and the nanoparticle.

(From ref. [11], with permission.)
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2.5.1.2 Dip Pen Nanolithography While conventional microarrays are spot-

ted to micrometer-sized locations, the precision nanoscale deposition of selective

species is an important challenge in reducing the size of multiplexed CNT biosensors.

Dip pen nanolithography (DPN) affords the ability to do just this, tailoring chemical

composition and surface structure with a sub-100-nm precision [26,60]. It works

exactly like a stylus dipped into ink, with the exception that the stylus is anAFM tip of

nanometer dimensions. DPN readily deposits self-assembled monolayers (SAMs) of

different alkanethiols onto gold sensor surfaces for further covalent attachment, as

illustrated inFigure 2.9. This techniquehas beenused to control the template assembly

of SWNTs onto gold surfaces into higher-ordered structures [85].

DPN is also extremely useful for patterning biological and soft organic structures

onto surfaces; these molecules can be deposited in either ambient or inert environ-

ments without ionization or radiation exposure. Biomolecules can be deposited in

buffered solutions with retention of activity upon immobilization. When spotting

biomolecule solutions, theDPNmethod canproducenanoscale spotted featureswhich

aremuch smaller thanconventional spottedbioarrays [26,60].Thus,DPNmayprovide

a tool to functionalize individual CNTs on an oriented array, provided that the center-

to-center CNT spacing is greater than that of the atomic force microscopy stylus

dimensions.

2.5.2 Pathways Toward Multiplexing Using DNA

To date, the majority of progress with multiplexing on CNT array biosensors is

accomplished with self-assembling DNA linkers. Dual self-assembly and recognition

capabilities have been achieved on a single nanotube within an array through the tip-

and sidewall-specific attachment of amine- and pyrene-terminated oligonucleotides,

FIGURE 2.9 Dip pen nanolithography (DPN) in the deposition of alkanethiols onto a gold

surface. The spatial resolution of molecular deposition is determined by tip geometry, contact

time, humidity, and initial species concentration.
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respectively, as presented in Figure 2.10. EDC/NHS chemistries attach one anchor to

the oxidized tips, while P-130 was used to immobilize the second anchor onto the

sidewalls of the CNT. Site-specific, complementary hybridization of nanoparticle-

labeled oligonucleotides was visualized by scanning electron microscopy. Thus, this

route canbe applied to build functionality to attach twodifferent biospecies onto aCNT

array biosensor, although simultaneous electrochemical recognition will be compli-

cated if the redox peaks are similar for each enzyme.

The detection of two components is a start, but multiplexing on CNTarrays is not

limited to the detection of two components.Withey et al. have employed a tip-specific

strategy using DNA linkers that is truly scalable for multiplexing biospecies on CNT

arrays. Simultaneous detection of five biologically relevant molecules was achieved

via the capture and display of redox enzymes tagged with oligonucleotides, as shown

in Figure 2.11. The CNT tips were reacted with EDC/NHS with amine-terminated

DNA anchors. Amine groups on the enzymes were conjugated to complementary

thiol-terminated DNA probes via the heterobifunctional cross-linker SIAB. Five

redox-active enzymes––glucose oxidase (GOx), alcohol dehydrogenase (ADH),

galactose oxidase (GO), lactate oxidase (LAX), and hemoglobin (Hb)––were used

to form a multiplexed amperometric biosensor capable of monitoring solution

levels of glucose, ethanol, galactose, lactic acid, and nitrous oxide, respectively.

FIGURE 2.10 Site-specific delivery of DNA oligonucleotides and appended Au nanopar-

ticles. SEM images correspond to nanoparticles introduced through parallel hybridization

following the serial attachment of two DNA single strands. The 30-nm particles represent sites

where amide coupling of tip-immobilized strands occurred, and the 15-nm particles represent

siteswhere sidewall-immobilized strandswere adsorbed via pyrene functionality.All scale bars

represent 50 nm. (From ref. 76, with permission.)
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Furthermore, the signals were enhanced using zinc and magnesium coordinated with

anchor-probe DNA at high pH [90].

Although this scheme does not immobilize the enzyme at a single location, it does

satisfy the remaining three guiding principles in nanoscale biosensor design: solvent

accessibility, self-assembly and regeneration, and multiplexing. Oriented enzyme

immobilization could be achieved readily using recombinant enzyme production as

outlined in Section 2.2.2.5.

2.6 CONCLUSIONS

Successful implementation of advanced interfaces has provided marked progress

within the field of CNT array biosensors. Homogeneous display of biomolecular

ligands on CNTs is a key process in forming functionalized arrays, and the use of self-

assembling interfaces onCNTarrays provides the additional benefits of solvent access

for target capture, sensor surface regeneration, and ordered molecular wiring. A

coordinated display of biomolecular elements organized by self-assembly will

continue to enhance the utility of CNTs in biosensing arenas, as well as provide

insights for other future applications of this versatile nanostructure.

FIGURE 2.11 Site-addressable assembly of multiple enzymes to specific regions of a CNT

array electrode. (a) The cross-linking of enzyme–ssDNA conjugates using the heterobifunc-

tional cross-linker SIAB. An NHS ester reacts with an amine group on the enzyme while the

iodoacetyl functional group reacts with a thiolated DNA oligo. (b) Parallel hybridization of the

five enzymes to distinct regions of a CNT array electrode using differing oligonucleotides

pairings. The CNTs are exposed from the aluminum oxide template on both sides. The top side

is biofunctionalized, while electrical contacts are made to the bottom side by gold evaporation.

Electrocatalytic currents originating from the enzymes indicate the corresponding substrate

concentrations. (From ref. 90, with permission.)
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3.1 INTRODUCTION

The interaction between DNA and carbon nanotubes (CNTs) is a subject of intense

current interest. Both DNA strands and CNTs are prototypical one-dimensional

structures; the first plays a central role in biology, and the second holds promise for

an equally pivotal role in nanotechnology applications. Single-stranded DNA

(ssDNA) and CNTs have complementary structural features that make it possible

to assemble them into a stable hybrid structure: ssDNA is a flexible, amphiphilic

biopolymer, whereas CNTs are stiff, strongly hydrophobic nanorods. Indeed,

ssDNA of different lengths, either small oligomers consisting of tens of bases [1,2]

or long genomic strands (ca.100 bases) [3], wrap-around single-walled CNTs,

forming tight helices, as observed by atomic force microscopy (AFM). Similarly,

double-stranded DNA (dsDNA) [4,5] and fragmented dsDNA (a hybrid of both

ssDNA and dsDNA) [6] can also be associated with a CNT, although less efficiently.

In addition, as predicted theoretically [7,8] and confirmed experimentally [9] by

high-resolution transmission electron microscopy (TEM), DNA can be encapsu-

lated into the CNT interior.

Although the structures of DNA and CNTs, each in its natural form and

environment, are well established (e.g., the B-DNA form in solution [10] or

isolated CNTs [11]), the molecular structure for the combined DNA–CNT

systems is not well characterized, and the nature of their interaction remains

elusive [1–4,12–17]. This has motivated many studies and possible applications.

For instance, it has been inferred from optical spectra that double-stranded DNA

experiences a conformational transformation from the B-form to the Z-form on the

CNT surface with the increase in ion concentration [4]. Due to their intriguing

properties, including 100-fold-higher tensile strength than steel, excellent thermal

conductivity comparable to that of diamond, and tunable electric conductance,

CNTs have been proposed as the template for DNA encapsulation [9], intracellular

DNA transport [13], DNA hybridization [17], and electrochemical DNA detec-

tion [12]. A different set of applications involves ssDNAwrapping around CNTs in

a diameter- and sequence-dependent manner, which would make it possible to

dissolve the naturally hydrophobic single [18] or multiwalled CNTs in water [19]

and to sort them by their chirality [1,2]. Finally, DNA-decorated CNTs have been

examined as a chemical sensor to discriminate odors in air [14] and glucose in

solution [5], while DNA strands in contact with a CNT array have been proposed as

the basis for electronic switches involving electron transport in both compo-

nents [15] and for high-k-dielectric field-effect transistors (FETs) [20].

There is also an increasing interest in the use of CNTs for supporting and

detecting DNA through electronic [16] and optical means [4,17], which could lead

to ground-breaking, ultrafast DNA sequencing at low cost (see Figure 3.1 for a

hypothetical setup), approaching the target of $1000 per genome. Previous studies

show that electronic detection of DNA bases using transverse conductance

measurements depends sensitively on the tip-base distance and relative orientation,

factors that can overwhelm the signal dependence on base identity and severely

limit the efficacy of single-base detection methods [21–23]. These difficulties may
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be overcome in the combined DNA–CNT system, since as we discuss later,

attaching DNA on a CNT fixes the geometry of nucleotide (both the base–CNT

distance and base orientation) on the CNT wall. Indeed, recent success in detecting

DNA conformational changes [4] and hybridization [17] by near-infrared fluores-

cence of CNTs or CNT-field-effect transistors [16] opened the door for DNA

sequencing based on its electronic structure.

To this end, what is currently missing for practical DNA detection and

sequencing on CNTs is a detailed understanding of the nature of the DNA–CNT

interaction and its dependence on the nucleotide identity. The DNA–CNT hybrid is

a complicated, dynamic structure in which the four types of bases [the two purines,

adenine (A) and guanine (G), and the two pyrimidines, cytosine (C) and thymine

(T)] interact with the CNT in the presence of thermal fluctuations. Individual DNA

bases can be stabilized on CNTs through mainly weak van der Waals interaction to

the graphitic CNT wall. This interaction is perturbed by the sugar and phosphate

groups in the DNA backbone, the counterions that bind to DNA, and the water

molecules from solution. Even if the idea of using CNT as a template to hold

and fix the DNA bases for electronic detection appears promising, many issues

remain to be resolved before it is proven practical. The fundamental aspects of

the DNA–CNT interaction include binding geometries, base orientation, mutual

polarization, charge transfer, DNA association and dissociation, dynamical struc-

ture evolution, and response to electric and optical signals; all these need to be

addressed at the molecular level. The dependence of these properties on the base

identity, once explicitly resolved, may lead to the development of new DNA

sequencing methods. We review here the properties of DNA–CNT systems and

discuss the prospects for DNA detection and sequencing using electronic signals

from CNTs.

FIGURE 3.1 (a) Theoretical proposal for a setup for electronic DNA sequencing using

partially DNA-wrapped CNTs and a probe with atomic-scale resolution, such as scanning

tunneling spectroscopy. (b) The differential current–voltage curves are shown for the combined

system (black line) and bare CNT (dashed); their difference (gray) corresponds to themeasured

signal for the DNA base under the tip (the example corresponds to the base A).
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3.2 STRUCTURAL PROPERTIES OF COMBINED DNA–CNT SYSTEMS

3.2.1 Single Nucleotide on a CNT

The first step in attempting to understand the DNA–CNT interaction is to establish the

possible binding geometries in a DNA–CNT system, beginningwith the structure of a

single nucleotide adsorbed on theCNT surface [24]. To study this local interaction,we

haveusednucleosides, consisting of a base, a deoxyribose sugargroup, and terminated

by OH at the 30 and 50 ends. The phosphate group of a nucleotide is not included

(in the following we identify nucleotides by the same symbols as the bases). We use

the semiconducting (10,0) nanotube, which is abundant during synthesis and has a

diameter of 7.9 A
�
, as a representative example of CNTs. We determined the ener-

getically favorable configurations of the bases on the nanotube with the CHARMM

program [25] using standard force fields [26] for atoms comprising the nucleosides

and force fields of aromatic carbon atoms for those belonging to the CNT.

Compared to the planar structure of graphite, CNTs have a curved structure that

perturbs only slightly the nucleoside adsorption positions but results in many inequi-

valent adsorption geometries. We performed an extensive search of the poten-

tial energy surface of each adsorbed nucleoside using the successive confinement

method [27]. The potential energy surfaces of biomolecules are extremely compli-

cated [28] and currently preclude direct exploration with ab initiomethods. The search

returned approximately 1000 distinct potential energy minima for each base–CNT

system, with the global energyminimum structures shown in Figure 3.2(a). The room-

temperature populations of each minimum range from 10�10 to 50%. Despite the

numerous configurations, we found that very few of them are dominant, with signi-

ficant room-temperature populations. For instance, there are four most stable config-

urations for C, with populations 25.2, 6.8, 4.3, and 3.2% [shown in Figure 3.2(b)].

Similarly, there are three dominant configurations forA,with populations of 28.4, 27.6,

FIGURE 3.2 (a) The most stable configuration for a single nucleoside adsorption on the

(10,0) CNT; (b) the four most stable configurations for adsorption of C on the CNT.
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and 10.1%; three configurations for G (populations: 45.9, 20.8, and 7.2%), and four for

T (populations: 11.2, 5.0, 4.1, and 2.0%). Together, these three to four structures

represent the majority of the total population of configurations. The rest of the

population contains mote than 800 configurations. Therefore, it is reasonable to focus

only on the dominant configurations in our evaluation of the DNA–CNT interactions.

This is particularly true when we show later that the various configurations make a

negligible difference in the DNA–CNT interaction.

The preferred configurations for each base have certain similarities, but all

are different from their ideal geometries upon adsorption on a planar graphene layer.

The nucleoside binds on carbon nanotubes through its base unit, located 3.3 A
�
away

from the CNTwall.Whereas the base unit remains planar without significant bending,

the sugar residue is more flexible. It lies farther away from the CNT, usually having its

OC4 plane perpendicular to the CNT wall with the O atom pointing toward it

(Figure 3.2). On a graphene layer, the N and C atoms of A are found to occupy the

hollow sites of the hexagonal rings, resembling AB stacking between adjacent

layers in graphite [29]. Here, however, because of the curvature of the CNT, the C

and N atoms of the base do not necessarily reside on the top of hexagonal C rings;

instead, they can shift positions tomaximize the attraction between C, N, andO atoms

in the base and C atoms in the CNT. For guanine and cytosine on graphene, there is

already a significant deviation fromABstacking [30]; they are further displaced on the

CNT wall, with G being closest to that on the graphene structure, shifted by only

about 0.8 A
�
along one C�C bond and slightly rotated. Moreover, because the CNT

structure is highly asymmetricwith a long axis, the orientation of a basewith respect to

the tube axis can be very different. For instance, in the four preferred geometries for C,

two are rotated by about 90� relative to the most stable configuration (Figure 3.2).

Interestingly, all four of the most stable configurations involving nucleoside adsorp-

tion on the CNT have the sugar-base direction pointing perpendicular to the tube

axis or slightly tilted.

The force-field approach discussed so far relies on empirically derived dispersion

interactions. In the context of the quantum approach, it is the explicit polarization of

electronic charge that contributes to interaction between the nucleosides and theCNT.

The structures obtained from the force-field calculationswere further optimized using

density functional theory in the local density approximation (LDA) for the exchange-

correlation functional [31]. The structural relaxationwas carried to the pointwhere the

forces calculated on each atom have a magnitude smaller than 0.005 eV/A
�
. The local

structure, that is, covalent bond lengths and bond angles, shows little deviation from

that obtainedwith the force field (of order 0.02A
�
and 1�), while the optimal CNT–base

distance is reduced by about 0.3 A
�
. The base adsorption induces a very small distortion

of the CNT geometry, consisting of a 0.02-A
�
depression on the adsorption side and a

0.007-A
�
protrusion on the opposite side. The interaction energy calculated is 0.43 to

0.46 eV for the four nucleosides. This value is very close to the LDA calculation of

adenine on graphite (0.46 eV) [29], but is significantly lower than the van der

Waals energy of 0.70 to 0.85 eV from the CHARMM calculations (0.70 eV for C,

0.77 eV for T, 0.81 eV for A, and 0.85 eV for G). In comparison, the experimental

value extracted from thermal desorption spectroscopy for adenine on graphite is
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1.01 eV [32], which is reasonably close to the sum of the dispersion and electronic

interaction energies (1.13 eV).

3.2.2 DNA Oligomers on a CNT

After examining the interaction between a single nucleoside andCNT, the next natural

step is the interaction of a nucleotide strandwithCNT,where the competition between

thebase–base and thebase–CNTinteractions comes into play.Using classicmolecular

dynamics (MD) simulations based on CHARMM force fields, we have investigated

the interaction between CNTs and DNA oligomers, that is, short DNA strands

consisting of a few bases and up to tens of DNA bases. The simulation box, of

dimensions 25A
� � 25A

� � 43.4 A
�
, comprises a DNA oligomer, a CNT (10,0), and

about 700water molecules with sodium counterions to neutralize the DNAbackbone.

We employ the TIP3P water model and periodic boundary conditions [33]. Constant

pressure and constant temperature are controlled by the Berendsen barostat and

the Nose–Hoover thermostat [34], respectively, toward the target values of 1 bar and

300 to 400K. The particle-mesh Ewald method with cubic spline interpolation [35] is

used to evaluate electrostatic energies and forces. A time step of 2 fs is used, and the

OH vibrations are frozen using the SHAKE algorithm. The full trajectory is recorded

every 1 ps after an equilibration of 20 to 200 ps.

Figure 3.3 shows the association dynamics of a ssDNA oligomer consisting of

six adenine bases [poly(dA6)] with the CNT, at 300K during a period of 3 ns.

Initially, each base is 5 to 9A
�
away from the nanotube outer surface. Here the

base–CNT distance is defined as the distance between the center of mass of

the individual base and the CNTwall. After 5 ps, one base at one of the two ends of

the strand (base 1) quickly starts to attach on the CNT surface, as evidenced by a

base–CNT distance of 3.4A
�
. The other bases gradually approach the CNT wall.

At time t¼ 0.545 ns and t¼ 0.575 ns, respectively, the fourth and fifth bases

counted from the same end of ssDNA attach to the CNT surface and are stabilized

there. The rest of the DNA bases either stack on top of these CNT-attached bases

(e.g., base 6) or are stacked among themselves (bases 2 and 3), forming a bubble on

the CNT, as shown in the snapshot at 0.6 ns. Similar events take place at t¼ 0.7 to

0.8 ns for bases 2 and 3, when the base stacking is broken and both bases adsorb on

the CNT surface. At this time, the system reaches steady state, where five of six

bases form a close contact with the CNT surface, lying flat at a distance of 3.4A
�
,

which helps optimize the van der Waals attraction between the base and the CNT.

Occasionally, some bases flip up, resulting in the base plane being aligned

vertically with the CNT wall, which is followed by a larger oscillation in the

base–CNT distance above 4A
�
. The last base, base 6, at the other end of the ssDNA

strand, forms a very stable stacking on base 5 during the t¼ 0.8 to 1.9 ns time

interval [Figure 3.3(d)]. This stacking is not broken until 1.9 ns. After that, the

DNA oligomer forms a stable horseshoe-like structure with all bases stacked on

the CNT wall without self-stacking, which lasts for at least another nanosecond.

The large deviation in the base–CNT distance for base 4 is due to its frequent

flipping up and back onto the CNT wall. During the ssDNA–CNT association
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FIGURE 3.3 (a) Distance between the center of mass of each base in the ssDNA oligomer

dA6 and the CNTwall as a function of the simulation time; (b–e) snapshots from the simulation

trajectory at times of 0, 0.6, 1.5, and 2.0 ns, respectively. Two views from directions vertical

and parallel to the CNT axis are shown. For clarity, water molecules and counterions are not

shown.
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process, there is a stepwise decrease in the base–CNT distance; the terraces

correspond to metastable intermediate states in which some bases are stacked

between themselves.

The association of ssDNA on CNT walls in aqueous solution is due to both the

hydrophobic effect and the vdW interaction, with the latter playing a dominant role.

The interaction energy between the DNA base plane and the CNTwall is much larger

than the self-stacking energy of bases: In Figure 3.4(a) we compare base–base

interaction and a base–CNT stacking energy during the simulation, for the case of

adenine. The A-CNT interaction energy is around 0.50 eV, larger than the A–A

stacking energy by roughly a factor of 2. The presence of the sugar and phosphate

group adds about another 0.3 eV to the total van derWaals interaction energy between

the nucleotide and the CNT (not shown in this figure). The hydrophobic effect comes

from the fact that the bases in DNA strands are hydrophobic and are likely to form a

hybrid with the highly hydrophobic CNTs.

The process above is observed for other ssDNA strands of different sequence and

length and should be considered as a general characteristic for ssDNA–CNT asso-

ciation. There exist, however, many stable ssDNA–CNT structures, among which the

horseshoe structure is one of the most stable, observed for other oligomers, including

poly(dG6) and poly(dC6). Other stable structures include the DNA strand linearly

aligned along the nanotube axis, the S-shaped structure on the CNTwall, or a part of a

helix structure. In our simulations, a six-base strand is too short to form a full period of

a helix on the CNT. We also find that the base–CNT stacking and base–base stacking

coexist in the stable ssDNA–CNT structures. The stacking of bases among themselves

can occur either at the end of the ssDNA strand or in the middle, forming ‘‘bubbles’’ 5

to 8A
�
high on theCNT.There is a relatively largebarrier for these structures to develop

optimal contactwith theCNT(all bases lyingflat and close to theCNTwall); therefore,

they can be considered as ‘‘metastable’’ states, and do not unfold fully in our short

simulations at the nanosecond scale.

FIGURE 3.4 (a) Van der Waals interaction energy between base and CNTand between base

and base in the simulation of dA6/CNT in water; (b) radial distribution function of dA6/CNTat

different temperatures.
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At different temperatures, the bound DNA–CNT structure exhibits different

stability. When increasing the temperature, some bases are more likely to deviate

from the optimal adsorption position and to detach from the CNTwall. Figure 3.4(b)

shows the radial distribution function of the center of mass of each base around the

CNT wall at different temperatures, averaged over all six bases in a 1-ns trajectory

starting from the same configuration, which is the optimal contact between each DNA

base and CNT. These results indicate that the higher the temperature, the less tight the

ssDNA structure around the CNT, as is evident from the increasing values in the tail of

the distribution (larger distances). The probability for a base to stay at theCNT surface

actually decreases from 97% at 300K to 81% at 400K.

3.2.3 Helix of DNA on a CNT

The longer ssDNA strand will bind on the CNT surface in the same manner as DNA

oligomers. Due to its extent, some new structural characteristics arise. The most

striking feature is perhaps the formation of a stable, tight helical structure of ssDNAon

theCNTalong the tube axis, as seen in experiment: Zheng et al. [1] first observed that a

relatively short ssDNA strand with 30 to 90 bases can effectively disperse the

indissoluble CNT bundles in water after ultrasound sonication. In high-resolution

AFM images, the dispersed CNT samples show clearly the helical ssDNA structure

upon a single CNT with a constant periodicity along its axis (Figure 3.5). The

dispersion effect comes from the fact that the binding energy between ssDNA and

CNT is slightly larger than the CNT–CNT binding, and that the backbone of ssDNA

after base–CNT binding is hydrophilic enough to make the ssDNA–CNT complex

soluble. The dispersion process depends on the sequence and length ofDNAused and,

more important, on the CNT diameter and chirality [2]. This demonstration of

successful dispersion of CNTs using DNA sequences provides a unique way of

separating and sorting CNTs efficiently according to their diameter and electronic

properties, which is essential in being able to employ CNTs in practical nanotech-

FIGURE 3.5 Helical ssDNA structure wrapping around CNT: (a) AFM images; (b) model

from molecular simulations for poly(dT) on CNT(10,0). [(a) Adapted from ref. 2, with

permission. Copyright � 2003 American Association for the Advancement of Science.

(b) From ref. 1, with permission. Copyright � 2003 Nature Publishing Group.]
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nology applications. Computer simulations showed that ssDNA spontaneously wraps

into helices from the 30 end to the 50 end, driven by electrostatic and torsional

interactions within the sugar–phosphate backbone [36]. We discuss below how even

a long genomic ssDNA strand could bind on a CNT, effectively forming a rigid helix

whose period is characteristic for the individual DNA–CNT complex [3]. The critical

issue in achieving this is removal of the complementaryDNA(cDNA) strands from the

aqueous solution to assure that all DNAmolecules are in single-stranded form. In the

same way, ssDNA may disperse CNT bundles into the solution as a whole, without

breaking each bundle further into individual CNTs [37].

Double-stranded DNA [4,5] and long RNA homopolymer strands [38] or strands

extracted from natural microorganisms [1] could also wrap around CNT effectively.

Computer simulations [39] revealed that the hydrophobic end groups, rather than the

hydrophilic backbone of the dsDNA, bind on CNTs; the binding mode changes on

charged CNTs: The backbone is attracted to a positively charged CNT but there is no

dsDNA binding on a negatively charged CNT. By monitoring the shift of peak

positions in the optical fluorescence spectrum, a recent study [4] revealed that the

dsDNAhelixon theCNTgradually switches its configuration from that resembling the

B-form of dsDNA to the Z-form, due to the increase in ionic concentration

(Figure 3.6).

FIGURE3.6 The dsDNAhelix onCNTchanges continually from the right-handedB-form to

the left-handed Z-form upon the increase of ionic concentration in the solution. (Adapted from

ref. 4, with permission. Copyright � 2006 American Association for the Advancement of

Science.)
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3.2.4 Integration of DNA and a CNT Array

DNA could effectively disperse CNTs into an aqueous solution either as an individual

single tube or as bundles [37], where there may bemanyDNA stands wrapped around

the same CNTor the same bundle. On the other hand, it is interesting to consider the

possibility of a single DNA molecule binding and connecting several CNTs, in

particular a CNTarray. The reasons for considering this are: (1) with multiple signal

channels, a CNT array could provide a means of sequencing DNA more effectively

[12]; and (2) theDNA-connected and assembledCNTs could formuseful components

of devices for novel electronic applications. A recent study of such a system

considered a (10,0) CNT array bound into the major groove of dsDNA [15]

(see Figure 3.7). The DNA–CNT interaction reveals effective electronic coupling

between the two components, demonstrated by the electronic density distribution of a

state 0.7 eV below the highest occupied molecular orbital (HOMO). Interestingly,

this contact results in the HOMO state localized exclusively on the CNT and the

LUMO (lowest unoccupiedmolecular orbital) state localized exclusively on theDNA

component. Ananoscale electronic switch device,which involves electronic transport

in the two perpendicular directions, could be the result of this coupling. Similar

contact is also found for the ssDNA as a ‘‘molecular wire’’ connecting a CNT

array [12].

3.2.5 DNA Inside CNT Pores

DNAstrands couldnot onlybind stronglyon theouter surfaceofCNTs, they could also

enter the inner pore of CNTs. The insertion of DNA into nanotubes is interesting

because of its relevance to drug delivery and to DNA translocation experiments

throughnanopores [40],whichmaybe apromisingmethod forDNAdetection through

FIGURE 3.7 CNT array in contact with dsDNA: (a) CNTs are incorporated into the major

groove of dsDNA; (b) charge density distribution of an electronic state that is 0.7 eV below the

HOMO, involving charge distribution on both the DNA and the CNT components.
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electrical means. DNA insertion into CNTwas first considered in MD simulations by

Gao et al. [7]. Figure 3.8 shows the dynamics of a ssDNA(8Abases) entering a (10,10)

nanotube [8]. Initially, CNTand DNA are separated by 6A
�
and aligned along the tube

axis. The bases start to fill into the nanotube quickly; at time t¼ 50 ps, the first three

bases have entered the inner pore of the CNT. The process continues until six out of

eight bases fill up the nanotube, at around t¼ 200 ps. The entrance of the last two bases

is somewhat hindered during t¼ 250 to 500 ps, due to their interaction with the tube

end and theouter surfaceofCNT.Afterward, the full ssDNAis encapsulatedwithin the

inner pore of CNT and reaches the equilibrium state. The van der Waals interaction

between the base and the CNT wall is found to be dominant during this insertion

process; this is evidenced by the fact that no ssDNA insertion is observed when this

interaction is artificially reduced by half. On the other hand, hydrophobic interactions

also contribute because polypeptide molecules, which have similar van der Waals

interaction with the CNT wall but are less hydrophobic, are hindered in the encap-

sulationprocess.The tube size plays a critical role for theDNAinsertion:Thediameter

of the (8,8) CNT (10.8A
�
) may be the critical size for ssDNA insertion, below which

ssDNA does not enter the CNT pore. The insertion process is also slightly sequence

dependent, with purine nucleotides being easier than pyrimidine nucleotides to

encapsulate. Finally, double-stranded DNA could also be inserted into the nanotube

pores with larger diameters (>27A
�
), with the hydrogen bonds between the two

complementary strands being partially broken. It was subsequently confirmed by

TEMexperiments [9] that aDNAstrand can indeedbe encapsulated into single-walled

CNT pores, as observed. The critical issue there is to use radio-frequency and direct-

current electric fields for the DNA solution in order to stretch the randomly coiled

DNA strands and to irradiate DNA into the CNT coated on the electrode.

Very interestingly, a recent study based on molecular dynamics simulations

suggests that the single-stranded RNA molecules can be transported effectively

through a transmembrane carbon nanotube (14,14) within a few nanoseconds [41].

The realistic system comprises bare or edge-decorated nanotubes embedded into a

dodecane membrane or a lipid bilayer in the aqueous solution. The RNA transport

FIGURE 3.8 Insertion dynamics of a ssDNA (dA8) into the CNT (10,10) from molecular

dynamics simulations. (Adapted from Annual Review of Materials Research, Vol. 34, p. 123,

with permission. Copyright � 2004 Annual Reviews.)
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undergoes repeated stacking and unstacking processes, due to the influence of the

steric interaction with the head groups of membrane molecules and the hydrophobic

CNTwall. Inside the CNT pore, the RNA structure is reorganized with its backbone

solved by water near the CNT axis and its bases aligned with the CNT inner wall.

3.3 ELECTRONIC STRUCTURE

3.3.1 Polarization and Charge Transfer

An essential aspect of the DNA–CNT interaction, and a cornerstone of ultrafast DNA

sequencing approaches based on such a combined system, is the electronic structure of

its components. The electronic properties of the DNA–CNT can be studied through

first-principles quantummechanical calculations at the single-nucleotide level [24,42].

The interaction between nucleosides and a CNT is illustrated in Figure 3.9(a): In this

figure, the density isosurfaces of the charge density difference upon adsorption of

nucleoside A on the CNT is shown as a representative example of the CNT–nucleoside

interaction. The interactionmainly involves the p orbitals of the base atoms, especially

the NH2 group at its end and of the carbon atoms in the CNT. The sugar group of the

nucleoside, on theother hand, shows little perturbation in its electronic cloud,mainly in

the region proximate to the CNT.

Themutual polarization ofp orbitals in theDNAbase and theCNTismore obvious

in the planar-averaged charge density along the normal to the base plane, shown in

Figure 3.9(b). Upon adsorption, the base plane of adenine is positively charged with

electron accumulation (near the base) and depletion (near the CNT) in the region

between the two components. Integrating this one-dimensional charge distribution in

the base and the CNTregion, respectively, reveals a net charge transfer of 0.017e from

A to CNT, assuming that the two components are partitioned by the zero difference-

density plane close to theCNTwall. This net charge transfer of 0.017e from the base to

the CNT is rather small compared to that for a typical chemical bond, but is consistent

with the weak van der Waals type of interaction between nucleosides and the CNT in

this physisorbed system. Moreover, small though it is, this net charge transfer may

produce an enhanced sensitivity in the CNT walls for the detection of molecules

attached to it, through measuring, for instance, the shift of Raman peaks in the CNT

vibrational modes [43].

A detailed analysis of the contributions to the total energy of the system reveals that

the attractionbetween thenucleoside and theCNTisdue toexchange-correlation (XC)

interactions. Figure 3.10 shows the total energy and the decomposed XC energy and

kinetic energy of Kohn–Sham particles as functions of the distance between the DNA

base A and the CNTwall. We find that the total energy has a minimum at d¼ 3.0A
�
,

where the XC energy is negative and the kinetic energy is positive, indicating that the

nucleoside–CNTattraction arises from XC effects. Beyond the equilibrium distance,

the kinetic energy is lowered and has a minimum at d¼ 3.75A
�
, while the XC energy

keeps increasing and even becomes repulsive in the range d¼ 4 to 5.5 A
�
. Similar

results were found for A adsorbed on graphite [29] and on Cu(110) [44].
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In electric measurements of the DNA–CNT system, a gate voltage is usually

applied to control the conductance [16], while the STM tip itself introduces a field on

the order of 0.1 V/A
�
. It is therefore interesting to investigate the response of the

CNT–DNA system to the applied electric field. We studied this effect by treating the

field as a planar dipole layer in the middle of the vacuum region. The external field

affects the interaction energy significantly, which depends sensitively on the polarity,

FIGURE 3.9 (a) Isosurfaces of the charge-density difference at levels of �0.002 e/A
� 3 in

superposition to the atomic structure forA-nucleoside onCNT.The charge-density difference is

obtained by subtracting the charge density of the individual A-nucleoside and CNT systems,

each fixed at their respective configurations when they are part of the A/CNT complex, from the

total charge density of theA/CNT combined system:Dr¼ r[A/CNT]� r[A]� r[CNT], where

r is the charge density. Electron accumulation and depletion regions are shown in black and

gray, respectively. (b) Planar-averaged charge density along the normal direction to the base

plane, illustrating the mutual polarization of p orbitals. (c) Isosurface of the density of the

HOMOandLUMOstates of the combinedA/CNT system in the presence of an external electric

field of þ 0.5V/A
�
.
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while it leaves almost unchanged the structural features of the system. TakingA-CNT

as an example, we find that although a negative field Eext¼�0.5V/A
�
(which

corresponds to the CNT being negatively charged) hardly changes the adsorption

energy (0.436 eV), this energy increases significantly to 0.621, 0.928, and 1.817 eV

under external fields of Eext¼ þ 0.25, þ 0.5, and þ 1.0V/A
�
(corresponding to the

CNT being positively charged). Here the adsorption energy is defined as the energy

difference between the total system under Eext with respect to the energy of the CNT

under Eext and the free nucleoside. The increase in binding energy under positive

electric field is due to the fact that a positivefield facilitates the polarization and charge

transfer from the base to theCNT. The base–CNT distance, on the other hand, changes

only slightly: it is 0.04A
�
larger than the zero field value forEext¼�0.5V/A

�
and 0.04A

�

smaller for Eext¼ þ 1.0V/A
�
, respectively. The most prominent change in structure

comes from the angle that the NH2 group at the end of the base makes with the base

plane [Figure 3.9(c)]. This angle changes from �27� at Eext¼�0.5V/A
�
to þ 25� at

Eext¼ þ 1.0V/A
�
, indicating the softness of the C�NH2 bond. The configuration

under positive field resembles that on Cu(110) [44]. Other nucleosides have the same

behavior given their similarity in structure. Therefore, the applied electric field

stabilizes the DNA bases on the CNT without disturbing the zero-field adsorption

geometry. Themore profound effect of the electric field lies in the change of electronic

structure; for instance, the HOMO and LUMO become spatially separated under an

external field of Eext¼ þ 0.5V/A
�
, with the first localized on the nucleoside A and the

second on the CNT, as indicated in Figure 3.9(c).

We have discussed in some detail the DNA–CNT interaction at the single-base

level. In reality, when a DNA strand comes into close contact with a CNT, the

interaction between them can be approximated as the superposition of the interactions

of individual base–CNTunits, which depends on the base identity. This is exemplified

FIGURE 3.10 Relative total energy, decomposed exchange-correlation (XC) energy, and

kinetic energy of Kohn–Sham orbits as functions of the base–CNT distance (d) for the DNA

base A adsorption on CNT (10,0).
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by the overlap of charge distribution on both components in the dsDNA–CNT

structure in Figure 3.7. The polarizability of the combined DNA–CNT system might

be screened by the bound DNA strand, depending on the DNA density and geometry

and on the nanotube diameter and chirality. We expect that thermal fluctuations of

counterions and water will average out to a zero net contribution to the local field

around the DNA–CNT system.

3.3.2 Density of States

The electronic density of states (DOS) describes the energy-level distribution of

electrons and is a quantity directly accessible to experimental measurements: for

example, through the differential current–voltage (dI/dV) in scanning tunneling

spectroscopy (Figure 3.1). The characteristic features of the electronic structure for

single DNA nucleoside adsorption on CNT is shown in the DOS plot of Figure 3.1(b)

and in more detail in Figure 3.11. In Figure 3.1(b), the DOS peaks for the combined

nucleoside–CNT system differ significantly from those of the bare CNT. The energy

gap calculated for the CNT is 0.8 eV [45]. The difference in DOS between the bare

CNT and the combined CNT–nucleoside system [DDOS, red curve in Figure 3.1(b)

and all curves in Figure 3.11(a) and (b)] has features that extend through the entire

range of energies; those close to the Fermi level are the most relevant for our

discussion. These features can serve as the signal to identify DNA bases in current–

voltagemeasurements or photoelectron spectroscopy. This ‘‘electronic fingerprint’’ is

independent of the relative orientation of the nucleoside and the CNT, as shown in

Figure 3.11; the DDOS for the three to four dominant configurations of the four

nucleosides onCNT have essentially the same features. However, theDDOSpeaks for
different bases differ significantly from each other, which is encouraging as far as base

identification is concerned. In Figure 3.11(c) and (d) we show the positions of the first

peak belowand above theFermi level in theDDOSplots forA,C,G, andTadsorbed on
the CNT. These two peaks correspond to the HOMO and LUMO of the bases,

respectively. The spatial distribution of the corresponding wavefunctions for all four

DNA bases is shown in Figure 3.12. We found that in the DOS plots of Figure 3.11(a)

and (b), the HOMO and LUMO positions of the different bases are clearly distin-

guishable, while for a given base, the different adsorption geometries produce

essentially indistinguishable peaks.

When a gate voltage is applied, the HOMO and LUMO peaks of the bases shift

continuously with respect to the CNT DOS features. The latter change little under

small gate voltage or electric field. For example, the bandgap of the CNT shrinks by

only 0.03 eV for a field of Eext¼ 0.5V/A
�
relative to its zero-field value. As is evident

from Figure 3.11(c) and (d), it is possible to induce a shift of the DNA base peaks

relative to the CNT features with external voltage so as to facilitate experimental

measurements. The CNT HOMO and LUMO orbitals serve as a definitive, easily

distinguishable reference in evaluating DOS features of the adsorbed DNA nucleo-

sides. The HOMO and LUMO peaks of all DNA bases shift monotonically with

applied external field, by about 0.7 eV for Eext¼ 0.25V/A
�
. Interestingly, when the

external field is sufficiently large, theHOMOof all four bases falls within the bandgap
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of the CNT [Figure 3.11(c) and (d)], which should enhance the sensitivity of

experimental measurements to the type of base. At the highest field we studied,

Eext¼ 0.5V/A
�
, the bandgap of the combined CNT–DNA systems is 0.51 eV for A,

0.45 eV for T, 0.27 eV for C, and 0.11 eV for G, on average, sufficiently different from

each other to be clearly distinguished.

3.3.3 STM Images

For a direct real-space identification of DNA bases on CNT, a scanning tunneling

microscopy (STM) imagewould be useful.We have simulated the STM images based

on the Tersoff–Hamann theory [46]. The STM images in Figure 3.13 correspond to an

FIGURE 3.11 Density of states. (a), (b) DOS difference,DDOS, for the dominant nucleoside

configurations on the nanotube. The zero of the energy scale is set to the conduction band

minimum of the CNT. The features F1, F2, and F3 energy separations between different orbitals,

are identified. (c), (d) Variation of the HOMO energy level (open symbols) and the LUMO

energy level (open symbols) of the four nucleosides on CNT, as a function of the magnitude of

applied electric field. The shaded area is the energy gap of the CNT.
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FIGURE3.12 Wavefunctions of theHOMOandLUMOstates for the fourDNAbases. Black

and gray clouds indicate positive and negative values.

FIGURE 3.13 Simulated STM images of DNA bases on the (10,0) CNT. Small dots indicate

the positions of the heavy atoms in the bases (light gray for C, black for N, and dark gray for O).
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applied voltage of þ 1.4V, which integrates the charge densities of states within the

energy range �1.4 to 0 eV below the HOMO (including HOMO). It is clear that the

STMimages for the fourDNAnucleoside havedifferent spatial characteristics,which,

with sufficient image resolution, could provide identification of the four bases directly.

The STM images have a correspondence to thewavefunctions of DNAbases shown in

Figure3.12, as longas the energiesof those states fall in the correct rangeof�1.4 to0V

below the HOMO of the CNT.

3.4 OPTICAL PROPERTIES

The combination of DNA and CNT structures exhibits interesting optical properties

that are accessible by standard optical measurements, including Raman, infrared–

visible–ultraviolet (UV) absorption, dichroism, and fluorescence spectroscopy. The

advantage is that as CNTs show rich and characteristic optical signatures, the changes

in these easily measurable optical signals resulting from the presence of DNA strands

wrapped around theCNT could be used as an identifier for the attachedDNA strand. It

would be helpful if these changes are sequence dependent and if theywere sensitive at

the single-base level. If the level of sensitivity can be established, these considerations

suggest the development of novel DNA detection and sequencing methods based on

optical signals.

The simplest system for addressing this issue is a DNA homopolymer wrapped

around aCNT.Hughes et al. [47] have recentlymeasured theUV–visible absorption of

ssDNAhomopolymers consisting of about 30 baseswrapped aroundCNTs in aqueous

solution. Different DNA homopolymers show significant differences in optical

absorption (bothmagnitude and peak positions) in the ultraviolet range 200 to 300 nm.

The difference between absorption by the DNA–CNT combined system and the

isolated, bare CNT, which constitutes the absorption signature of the DNA strand

attached to the CNTwall, is shown in Figure 3.14 for the DNA homopolymers poly

(dA), poly(dC), poly(dG), and poly(dT). There are significant differences from case to

case in terms of absorption peak positions and their relative intensity. For instance,

there are twopeaks forA, at 266and213 nm,with the secondhaving twice the intensity

of the first; there are also two peaks, at 275 and 204 nm, for C, with the first peak

showing higher intensity.

In the experimental measurements, there are significant changes in the spectrum of

DNAon the CNT comparedwith that of free ssDNA in solution. For example, the first

peak, centered at 260 nm, for free poly(dA) is red-shifted to 266 nm when A is

adsorbed on CNT, and the peak at 203 nm is shifted to 213 nm. Similar changes are

found in the various spectra of the other three bases. For poly(dC), the broad peak at

230 to 250 nm diminishes, the peak at 200 nm is reduced by half, while the peak at the

longest wavelength (310 nm) does not change. For G, the peak at 275 nm remains

constant while the peak at 248 nm is reduced by half and the peak at 200 nm increases

slightly after adsorption on CNT. For T, there is no apparent change for the peak at

270 nm, while the adsorption in the range 210 to 240 nm is reduced significantly.

The origin for these spectrum changes on DNA binding on CNT must be related to
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corresponding changes in electronic structure, which can be elucidated only through

detailed theoretical calculations.

To address this issue, we have calculated orientation-dependent absorption spectra

of DNA bases adsorbed on single-walled CNTs [48], as shown in Figure 3.15. We

compare the spectrum of the DNA base along each polarization direction of incident

light (the direction of the electric field vector) with the spectrum measured exper-

imentally for the combined ssDNA–CNT systems. From these comparisons, all the

features described above can be reproduced accurately in our calculations by

considering the absorption of the base along a certain light-polarization direction

only. CNTs have a dominant, intrinsic, and diameter-independent absorption peak in

the ultraviolet region at 236 nm with polarization perpendicular to their axis [49].

Therefore, only photons with polarization parallel to the CNT axis are available to

interact with the attached DNA bases, or equivalently, the nanotube produces a local

electric field aligned along its axis (the hypochroism effect). This explains why the

absorption spectra of the DNA bases change when they are attached to the nanotube

wall: The direction of tube axis is indeed the preferred direction for UVabsorption by

the bases.

Consequently, the agreement of the calculated changes in absorption with the

experimental results strongly suggests that there is a preferred absorption direction for

the bases on the CNT, a desirable feature favoring ultrafast DNA sequencing based on

optical properties of this system. This result is further supported by the comparison

FIGURE 3.14 Optical adsorption of ssDNA homopolymer on CNT (thick lines) and in free

solution (thin lines). (From ref. 47, with permission. Copyright � 2007 American Chemical

Society.)
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between the calculated linear dichroism curves and the measured ones [50]. In the

inserts of Figure 3.15 the lines show the direction of the CNT axis along which the

experimental absorbance spectra of ssDNAwrapped on CNTs are best reproduced.

The orientations of the nanotube axis relative to the bases as determined from this

approach agree well with the global energy-minimum structures from force-field

calculations, the only exception being T. Specifically, the directions of the nanotube

axis from absorbance spectra, linear dichroism, and structural optimization are: 89�,
105�, 98� for A;�100�,�84�,�90� for C;�58�,�30�,�61� for G; and 39�, 40� 75�

for T. Overall, the agreement between experiment and theory is very reasonable given

the complicated nature of both the experimentalmeasurements and theoretical results.

This provides a way to determine the base orientation relative to the nanotube axis in

the DNA–CNT system from the optical absorption data.

FIGURE 3.15 Absorption spectrum of DNA bases averaged over all field directions (dashed

lines) and along a particular direction (indicated by double-headed arrows in the insets) that

mimics the nanotube axis (solid line). These spectra reproduce adequately the experimentally

measured spectra in solution. Vertical arrows indicate intensity changes in experimental spectra

after base adsorption on the CNT. Linear dichroism spectra that best match experiment are also

shown on top of each panel.
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Besides determining the base orientations, the optical spectra of the DNA–CNT

systems are also used for identifying the types of enriched CNTs [2], sensing sugar in

solutions [5], detectingDNAhybridization [17], andmonitoringmorphology changes

of DNA on CNTs [4], as discussed in more detail below.

3.5 BIOSENSING AND SEQUENCING OF DNA USING CNTs

3.5.1 Gaseous Sensing Using DNA–CNT

One of the most successful applications of DNA–CNT systems has been the detection

of chemical substances [51]. In such applications, the presence of certain molecules

canbe converted into electric signals:DNAis used as the chemical recognition site and

single-walled CNT field-effect transistors (FETs) as the electronic readout unit. The

fundamental principles here are that CNTs, as either a metallic system or a narrow

bandgap semiconductor, can conduct electricity and be used in a FET, and that the

conductivity of CNTs is strongly influenced by the presence of functional groups,

either covalently bound to the CNTwalls or ends, or physically adsorbed on the CNT

wall, especially wrapped DNA. Gaseous molecules or other chemicals induce a

change in the configuration or electronic structure of the bound DNA, due to its large

structural variability, which in turn results in a change in the conductivity of the

CNT–FET. We discuss next two specific applications of this type.

Figure 3.16(a) shows schematically the device setup made of ssDNA–CNT [14].

The chemical formula of some ordinary gases to be detected is shown in (b), and

results are demonstrated in Figure 3.16(c)–(e). Due to its chemically inert nature, the

bare CNT is not sensitive enough to have a detectable conductivity change when

the gas odors of propionic acid, trimethylamine, and methanol are passing through

the device channels. The situation changes, however, for the ssDNA-decorated

CNTs, which exhibit a sensitive interaction between the gases and the ssDNA on

the CNT. Conductivity changes due to the various gas odors differ in sign and

in magnitude, and can be tuned by choosing different DNA base sequences.

For example, propionic acid and methanol give positive (increase) and negative

changes (decrease) in electric conductivity of the CNT wrapped with a ssDNA

sequence of 50GAGTCTGTGGAGGAGGTAGTC30 [Figure 3.16(e)], making this

ssDNA–CNTstructure a sensitivedetector.The sensingdevice is robust and sustains at

least 50 gas exposure cycles. It is rapid in response and recovers in seconds in airflow.

All these attributes make this device promising as an electronic ‘‘nose’’ or ‘‘tongue’’

formolecular detection, disease diagnosis, andhome security applications.Recently, a

counterpart DNA–CNT device for detecting glucose in a biology-relevant environ-

ment in the presence of the glucose oxidase enzyme was developed [5].

3.5.2 Field-Effect Transistor and Optical Shift for DNA Detection

An even more challenging issue is the detection of DNA strands using bare or DNA-

decorated CNTs. There are, however, some successful examples of DNA detection
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using devices made of ssDNA–CNT, through either electric [12,16] or optical

means [17]. For instance, the source–drain conductance measurement of the CNT

FET device shows a large shift (decrease) in conductivity for the bare and the ssDNA-

wrappedCNTs [16]. The conductivity is lowered further in the presence of otherDNA

strands; the complementary strand (cDNA) to that incubated onto the CNTs shows the

largest reduction in conductance, while a noncomplementary strand (ncDNA) shows

fewer pronounced changes or no change at all. This conductivity drop also depends

sensitively on the concentration of ssDNA in solution at picomolar to micromolar

levels. Therefore, this simple device could be used effectively for label-free detection

of the cDNA and its concentration. This method has been demonstrated to have a

sensitivity at the level of single-nucleotide mismatch between the two strands. The

sensitive dependence of signals on the counterion concentration suggests that the

reduction in conductivity upon ssDNA immobilization and hybridization relies on

the screening effect of charges around the CNT from the added ssDNA.

The same idea was demonstrated for the detection of DNA hybridization through

bandgap fluorescence measurements of the CNTs [17]. The addition of cDNA in the

ssDNA-wrapped CNT solution resulted in a 2-meVincrease in the emission energy of

bandgap fluorescence peak of the nanotube, whereas for a ncDNA strand there is little

FIGURE 3.16 ssDNA-CNT as a chemical sensor: (a) device setup; (b) molecules to be

detected; (c–e) responses in conductivity to gaseous flows and recovery in air using bare and

DNA-decorated CNTs. Two different ssDNA sequences are employed as shown in (a). PA,

propionic acid; TMA, trimethylamine. (Adapted from Nano Letters, Vol. 5, p. 1174, with

permission. Copyright � 2005 American Chemical Society.)
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or no shift (Figure 3.17. Again, this shift of the peak depends almost linearly on the

concentration of cDNA from 1 to 400 nm. The energy shift observed in experiments

can be interpreted as an increase in the exciton binding energy due to the increased

surface area of theCNTcovered by ssDNAuponhybridization.This energy shift in the

CNT bandgap fluorescence provides an easy way to detect cDNA in solution and to

monitor the DNA hybridization process by an optical means. Electronic or optical

DNA detection using ssDNA-decorated CNTs has the advantages of being label-free,

low cost, highly sensitive, simple, and of high accuracy, and represents an important

step toward practical molecular diagnostics.

3.5.3 Monitoring Morphology Changes of dsDNA

As mentioned earlier, the change of the dsDNA from the right-handed B-like form to

the left-handed Z-like form can also bemonitored bymeasuring the optical responses

(fluorescence and circular dichroism) ofDNAstrands on a (6,5)CNT (Figure 3.6), as a

response to the increase in divalent metal cation concentration [4]. The assumption is

that the surface area of CNT covered by dsDNA increases during the transition from

the B to the Z form; thus, the exciton-binding energy of the CNT increases. This is
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peak, while there is no detectable change for adding noncomplementary strands. The peak shift

is dependent on the cDNA concentration. Insert: sample spectra showing a blue shift in the

fluorescence peak with cDNA addition. (From ref. 17, with permission. Copyright � 2006
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interesting because it provides an inexpensiveway todetectmolecular structures in the

NANO–BIO hybrid complex at the nanoscale.

3.5.4 DNA Sequencing

All methods discussed so far measure the effects of a DNA strand as a whole. They

are very useful for detection of DNA strands, but in terms of DNA sequencing,

one has to go a step further and determine explicitly the effect on CNT properties of

changes in electronic or optical signals corresponding to a single nucleotide. We

discussed in Section 3.3 the fact that the four nucleosides introduce characteristic

peaks in the density of states of the DNA–CNT complex, which points to the

possibility of employing these characteristics for DNA single-base detection and

DNA sequencing. The setup we envisaged for this purpose is shown in Figure 3.1:

A fragment of ssDNA is brought into close contact with the CNT and wraps around

it partially. A force can be exerted on one end of the DNA: for example, by

attaching to a bead that can be manipulated by optical [52] or magnetic means [53].

This will lead to a situation in which a few (even a single) base is in intimate

contact with the CNT. By pulling the ssDNA fragment, the bases along it will

interact successively with the CNT, allowing for measurements of the interaction.

A setup in which the CNT can rotate in synchronization with the DNA pulling

process may facilitate the motion.

Inspired by the calculations of the DOS of the nucleoside–CNT complex, the

present authors and collaborators have proposedmeasuring the electronic structure to

identify bases by aprobe sensitive to local electronic states, such as scanning tunneling

spectroscopy, using a stationary STM tip in the geometry similar to that described by

Kong et al. [54]. This type of method has a high resolution of about 2A
�
and is used

routinely to investigate the local electronic structure of adsorbates on semiconductor

surfaces. For example, local density of states of aniline (C6H5NH2) on Si(100) was

clearly measured [55]. To maximize the sensitivity of such measurements, it is

desirable to have a semiconducting CNTas the substrate. Such a setup also overcomes

the difficulty in the older proposals of distinguishing DNA bases by measuring the

transverse conductance of an electrode–ssDNA–electrode junction, where it was

found that transverse conductance cannot be used to distinguish nucleotides because

ssDNA is too flexible when in the neighborhood of the electrode [21]. In our case the

DNAbases are boundon theCNTat a constant distanceof 3.4A
�
from theCNTwall and

with a definitive orientation, as we have shown in Sections 3.2 and 3.4, forming a very

stable and robust DNA–CNT complex, which would constrain the DNA–electrode

geometry in a desired, well-controlled manner. The device proposed in Figure 3.1

serves only as an idealized case in point to illustrate the key concepts. We note that

there may exist several equivalent experimental setups toward the same goal. For

instance, sequentially embedding the ssDNA–CNT structure into a nanopore and

measuring the transverse conductance from the CNT to the nanoporewall could be an

equally promising approach.

To test the validity of the proposed detection of DNA bases, we evaluated the

efficiency of base identification using data generated from the DDOS calculations as
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input to a neural network classifier, which was trained to produce as output the

label of the DNA base (A, C, G, or T). Specifically, we extracted six simple

representative features (Fi, i¼ 1 to 6) in an energy window from �3 to 3 eV around

the Fermi level:

F1: location of the base HOMO

F2: location of the base LUMO

F3: bandgap of the base ðLUMO--HOMO distanceÞ
F4: number of prominent peaks below the Fermi level

F5: location of the highest occupied peak

F6: integral of the occupied states from� 3 to 3 eV

Features F1, F2, and F3 are indicated in Figure 3.11 for A/CNT. We produced a

robust scheme for identifying the bases by employing artificial neural networks [56]

and find that the network can deliver 100% efficiency even after taking into

consideration the measurement errors (e.g., an error of �0.10 eV in energy). For

practical applications it is important to evaluate the significance of each feature

individually. To this end, we tested the discriminating ability of each of the six

features defined and found that the location of base HOMO–LUMO (F1/F2) and

the HOMO–LUMO gap (F3) are the most informative features, while the number

of occupied states (F4) and the location of the highest peak (F5) are less so.

The HOMO–LUMO gaps alone, which are 3.93 to 4.02 eV for A, 3.34 to 3.62 eV

for C, 3.93 to 4.02 eV for G, and 3.58 to 3.69 eV for T, could easily discriminate

A and G from C and T. Certain features are complementary, and combinations of

just two features can actually yield 100% efficiency. For instance, if the location of

HOMO (�2.02 eV for A, �1.68 eV for C, �1.51 eV for G, and �1.98 eV for T),

which is well defined in experiments with respect to the DOS peaks of the CNT, is

used in addition to the HOMO–LUMO gap, A is easily discriminated from G (and

C from T), resulting in 100% efficiency for the combination of features F1 to F3.

The external field magnifies these differences, making the base classification even

more robust. With a field of 0.25 eV/A
�
, several triplets of features produce 100%

efficiency in base identification.

3.6 SUMMARY

We have reviewed the fundamental aspects of DNA interaction with CNTs and have

discussed the prospects ofDNAsensing and sequencing usingDNA–CNTcomplexes.

Due to the large variety in structures of the two components, such as different

diameters, chiralities, conducting properties, single- or multiwalled CNTs, isolated

CNTs or bundles of CNTs, and single- or double-stranded DNA as well as different

forms, various lengths, and different sequences, the combined DNA–CNT system

exhibits a truly richvariety of artificial nanostructures, forwhichwide applications can

be envisaged. Among them, the most significant might be the robust helical structure

formed by wrapping DNA around a CNT, which has characteristic structural and

92 INTERACTION OF DNA WITH CNTs: PROPERTIES AND PROSPECTS



electronic features, that may enable ultrafast DNA sequencing. To this end, the most

important properties of the DNA–CNT complex are:

* Long genomic single-stranded DNA can wrap around a single-walled CNT,

forming a tight, stable helix. The lateral periodicity remains constant for any

single ssDNA–CNT, but is dependent on the CNT diameter and the DNA

sequence.
* The bases in the ssDNA are almost fixed in geometry bound on the CNT. They

are stabilized at 3.4 A
�
away from the CNT wall through mainly van der Waals

attraction and the hydrophobic effect. Although a very large number of

nonequivalent configurations may be present, only a few of them are dominant.

Moreover, each type of base prefers to have a definite orientation with respect to

the CNT axis: 90� for A, 80� for C, 120� for G, and 40� for T.
* Because DNA bases are attached rigidly to the CNT, the noise in transverse

conductance measurements can be minimized. Our quantum mechanical cal-

culations show that the four types of nucleotides introduce distinct characteristic

features in the local density of states. These features are easily recognizable

and produce 100% accuracy in our artificial neural network for DNA base

identification.

Based on these observations, we suggest that the DNA–CNT system is very

promising in terms ofDNAdetection andDNA sequencing through electronicmeans,

upon which a low-cost, ultrafast, accurate, and largely parallel DNA sequencing

method could eventually be built. In addition, this system can be the basis for diverse

applications, combining the robustnessofCNTswith theflexibilityofDNAinaunique

building block that blends artificial and natural materials at the nanometer scale.

Acknowledgments

It isapleasure toacknowledgethenumerousoriginalcontributions to theworkreviewed

here by our collaborators: P. Maragakis, G. Lu, C. Papaloukas, and W. L. Wang.

The original workwas supported in part by grants from theU.S. Department of Energy

and theHarvardUniversityCenter for theEnvironment.We are indebted toM.Fyta,M.

Hughes, F. Albertorio, J. Golovchenko, and D. Branton for helpful discussions.

REFERENCES

1. Zheng M, Jagota A, Semke ED, et al. DNA-assisted dispersion and separation of carbon

nanotubes. Nat. Mater. 2003;2:338–342.

2. Zheng M, Jagota A, Strano MS, et al. Structure-based carbon nanotube sorting by

sequence-dependent DNA assembly. Science. 2003;302:1545–1548.

3. Gigliotti B, Sakizzie B, Bethune DS, Shelby RM, Cha JN. Sequence-independent helical

wrapping of single-walled carbon nanotubes by long genomic DNA. Nano Lett.

2006;6:159–164.

REFERENCES 93



4. Heller DA, Jeng ES, Yeung TK, et al. Optical detection of DNA conformational

polymorphism on single-walled carbon nanotubes. Science. 2006;311:508–511.

5. Xu Y, Pehrsson PE, Chen L, Zhang R, Zhao W. Double-stranded DNA single-walled

carbon nanotube hybrids for optical hydrogen peroxide and glucose sensing. J. Phys.

Chem. C. 2007;111:8638–8643.

6. Gladchenko GO, KarachevtsevMV, et al. Interaction of fragmented double-stranded DNA

with carbon nanotubes in aqueous solution. Mol. Phys. 2006;104:3193–3201.

7. Gao HJ, Kong Y, Cui D, Ozkan CS. Spontaneous insertion of DNA oligonucleotides into

carbon nanotubes. Nano Lett. 2003;3:471–473.

8. Gao HJ, Kong Y. Simulation of DNA–nanotube interactions. Annu. Rev. Mater. Res.

2004;34:123–150.

9. Okada T, Kaneko T, Hatakeyama R, Tohji K. Electrically triggered insertion of single-

strandedDNA into single-walled carbon nanotubes.Chem. Phys. Lett. 2006;417:288–292.

10. Watson JD, Crick FHC. Molecular structure of nucleic acids: a structure for deoxyribose

nucleic acid. Nature (London). 1953;171:737–738.

11. Iijima S. Helical microtubules of graphitic carbon. Nature (London). 1991;354:56–58.

12. Li J, Ng HT, Cassell A, et al. Carbon nanotube nanoelectrode array for ultrasensitive DNA

detection. Nano Lett. 2003;3:597–602.

13. KamNWS, Liu ZA,DaiHJ. Carbon nanotubes as intracellular transporters for proteins and

DNA: an investigation of the uptake mechanism and pathway. Angew. Chem. Int. Ed.

2006;45:577–581.

14. Staii C, Johnson AT, Chen M, Gelperin A. DNA-decorated carbon nanotubes for chemical

sensing. Nano Lett. 2005;5:1774–1778.

15. Lu G, Maragakis P, Kaxiras E. Carbon nanotube interaction with DNA. Nano Lett.

2005;5:897–900.

16. Star A, Tu E, Niemann J, Gabriel JP, Joiner CS, Valcke C. Label-free detection of DNA

hybridization using carbon nanotube network field-effect transistors.Proc. Natl. Acad. Sci.

USA. 2006;103:921–926.

17. Jeng ES,Moll AE, Roy AC, Gastala JB, StranoMS. Detection of DNA hybridization using

the near-infrared band-gap fluorescence of single-walled carbon nanotubes. Nano Lett.

2006;6:371–375.

18. Nakashima N, OKuzono S, Murakami H, Nakai T, Yoshikawa K. DNA dissolves single-

walled carbon nanotubes in water. Chem. Lett. 2003;32:456–457.

19. Takahashi H, Numao S, Bandow S, Iijima S. AFM imaging of wrapped multiwall carbon

nanotube in DNA. Chem. Phys. Lett. 2006;418:535–539.

20. Lu Y, Bangsaruntip S, Wang X, Zhang L, Nishi Y, Dai HJ. DNA functionalization of

carbon nanotubes for ultrathin atomic layer deposition of high kappa dielectrics for

nanotube transistors with 60mV/decade switching. J. Am. Chem. Soc.

2006;128:3518–3519.

21. Zhan XG, Krstic PS, Zikic R, Wells JC, Fuentes-Cabrera M. First-principles transversal

DNA conductance deconstructed. Biophys. J. 2006;91:L4–L6.

22. ZwolakM, Di VentraM. Electronic signature of DNA nucleotides via transverse transport.

Nano Lett. 2005;5:421–424.

23. Lagerqvist J, Zwolak M, Di Ventra M. Fast DNA sequencing via transverse electronic

transport. Nano Lett. 2006;6:779–782.

94 INTERACTION OF DNA WITH CNTs: PROPERTIES AND PROSPECTS



24. Meng S, Maragakis P, Papaloukas C, Kaxiras E. DNA nucleoside interaction and

identification with carbon nanotubes. Nano Lett. 2007;7:45–50.

25. Brooks BR, Bruccoleri RE, Olafson BD, States DJ, Swaminathan S, Karplus M.

CHARMM: a program for macromolecular energy, minimization, and dynamics calcula-

tions. J. Comp. Chem. 1983;4:187–217.

26. MacKerell AD Jr., BashfordD, Bellott RL,et al. All-atom empirical potential formolecular

modeling and dynamics studies of proteins. J. Phys. Chem. B. 1998;102:3586–3616.

27. Krivov SV, Chekmarev SF, Karplus M. Potential energy surfaces and conformational

transitions in biomolecules: a successive confinement approach applied to a solvated

tetrapeptide. Phys. Rev. Lett. 2002;88:038101.

28. (a) Elber R Karplus M Multiple conformational states of proteins: a molecular-dynamics

analysis of myoglobin Science 1987;235:318–321. (b) Wales DJ Scheraga HA. Review:

Chemistry—global optimization of clusters, crystals, and biomolecules Science

1999;285:1368–1372. (c) Wales DJ A microscopic basis for the global appearance of

energy landscapes. Science 2001;293:2067–2070.

29. Ortmann F, Schmidt WG, Bechstedt F. Attracted by long-range electron correlation:

adenine on graphite. Phys. Rev. Lett. 2005;95:186101.

30. Gowtham S, Scheicher RH, Ahuja R, Pandey R, Karna SP. Physisorption of nucleo-

bases on graphene: density-functional calculations. Phys. Rev. B. 2007;76:033401.

31. For these calculations we employed a periodic supercell with dimensions of 20A
� �

20A
� � 12.78A

�
. Larger supercells show minor differences in the structural and electronic

features: a sampling of a 1� 1� 3 k-point mesh in reciprocal space is used to generate the

charge density and the density of states. Gaussian smearing of electronic eigenvalueswith a

width of 0.1 eV is employed.

32. Freund JE.Ph.D. dissertation. Ludwig-Maximilians Universit€at M€unchen, 1998.

33. JorgensenWL,Chandrasekhar J,Madura JD, ImpeyRW,KleinML. Comparison of simple

potential functions for simulating liquid water. J. Chem. Phys. 1983;79:926–935.

34. BerendsenHJC, Postma JPM,NolaAD,Haak JR.Molecular-dynamicswith coupling to an

external bath. J. Chem. Phys. 1984;81:3684–3690.

35. Darden T,YorkD, Pedersen L. Particlemesh Ewald: anN log(N)method for Ewald sums in

large systems. J. Chem. Phys. 1993;98:10089–10092.

36. Johnson RR, Johnson ATC, Klein ML. Probing the structure of DNA–carbon nanotube

hybrids with molecular dynamics. Nano Lett. 2008;8:69–75.

37. Cathcart H, Quinn S, Nicolosi V, Kelly JM, Blau WJ, Coleman JN. Spontaneous

debundling of single-walled carbon nanotubes in DNA-based dispersions. J. Phys. Chem.

C. 2007;111:66–74.

38. Ishibashi A, Yamaguchi Y,Murakami H, Nakashima N. Layer-by-layer assembly of RNA/

single-walled carbon nanotube nanocomposites. Chem. Phys. Lett. 2006;419:574–577.

39. Zhao XC, Johnson JK. Simulation of adsorption of DNA on carbon nanotubes. J. Am.

Chem. Soc. 2007;129:10438–10445.

40. Li JL, Gershow M, Stein D, Brandin E, Golovchenko JA. DNA molecules and config-

urations in a solid-state nanopore microscope. Nat. Mater. 2003;2:611–615.

41. Zimmerli U, Koumoutsakos P. Simulations of electrophoretic RNA transport through

transmembrane carbon nanotubes. Biophys. J. 2008;94:2546–2557.

42. Enyashin AN, Gemming S, Seifert G. DNA-wrapped carbon nanotubes. Nanotechnology.

2007;18:245702.

REFERENCES 95



43. Fantini C, Jorio A, Santos AP, Peressinotto VST, Pimenta MA. Characterization of DNA-

wrapped carbon nanotubes by resonance Raman and optical absorption spectroscopies.

Chem. Phys. Lett. 2007;439:138–142.

44. Preuss M, Schmidt WG, Bechstedt F. Coulombic amino group-metal bonding: adsorption

of adenine on Cu(110). Phys. Rev. Lett. 2005;94:236102.

45. Ebbsen TW.CarbonNanotubes: Preparation andProperties. CRCPress, BocaRaton, FL,

1997.

46. Tersoff J, Hamann DR. Theory of the scanning tunneling microscope. Phys. Rev. B.

1985;31:805–813.

47. Hughes ME, Brandin E, Golovchenko JA. Optical absorption of DNA–carbon nanotube

structures. Nano Lett. 2007;7:1191–1194.

48. Meng S, Wang WL, Maragakis P, Kaxiras E. Determination of DNA-base orientation on

carbon nanotubes through directional optical absorbance. Nano Lett. 2007;7:2312–2316.

49. Murakami Y, Einarsson E, Edamura T, Maruyama S. Polarization dependence of the

optical absorption of single-walled carbon nanotubes. Phys. Rev. Lett. 2005;94:087402.

50. Rajendra J, Rodger A. The binding of single-stranded DNA and PNA to single-walled

carbon nanotubes probed by flow linear dichroism. Chem. Eur. J. 2005;11:4841–4847.

51. Daniel S, RaoTP, RaoKS, et al. A review ofDNA functionalized/grafted carbon nanotubes

and their characterization. Sens. Actuators B. 2007;122:672–682.

52. Chu S. Laser manipulation of atoms and particles. Science. 1991;253:861–866.

53. Smith SB, Finzi L, Bustamante C. Direct mechanical measurements of the elasticity of

single dna-molecules by using magnetic beads. Science. 1992;258:1122–1126.

54. Kong J, LeRoy BJ, Lemay SG, Dekker C. Integration of a gate electrode into carbon

nanotube devices for scanning tunneling microscopy. Appl. Phys. Lett. 2005;86:112106.

55. Rummel RM, Ziegler C. Room temperature adsorption of aniline (C6H5NH2) on Si(100)

(2� 1) observed with scanning tunneling microscopy. Surf. Sci. 1998;418:303–313.

56. Rumelhart DE, Hinton GE, Williams RJ. Learning representations by back-propagating

errors. Nature. 1986;323:533–536.

96 INTERACTION OF DNA WITH CNTs: PROPERTIES AND PROSPECTS



PART II

NANOPARTICLES

97



CHAPTER 4

Improved Electrochemistry
of Biomolecules Using
Nanomaterials

JIANXIU WANG

School of Chemistry and Chemical Engineering, Central South University, Changsha,

Hunan, China

ANDREW J. WAIN

Department of Chemistry andBiochemistry, CaliforniaStateUniversity, LosAngeles, California

XU ZHU

School of Chemistry and Chemical Engineering, Central South University, Changsha,

Hunan, China

FEIMENG ZHOU

Department of Chemistry andBiochemistry, CaliforniaStateUniversity, LosAngeles, California

4.1 Introduction

4.2 CNT-based electrochemical biosensors

4.2.1 Improved voltammetric signals of biologically important small molecules

at CNT-modified electrodes

4.2.2 Direct electrochemistry or electrocatalysis of biomacromolecules at CNT-

modified electrodes

4.2.3 Highly aligned CNT arrays for biological applications

4.3 Nanoparticle-based electrochemical biosensors

4.3.1 Improved voltammetric signals of biologically important small molecules at gold

nanoparticle-modified electrodes

4.3.2 Direct electrochemistry or electrocatalysis of biomacromolecules at gold

nanoparticle-modified electrodes

4.3.3 Highly aligned metal arrays for biological applications

4.3.4 Nanoparticles and nanotechnology used in conjunction with scanning

electrochemical microscopy

Biosensing Using Nanomaterials, Edited by Arben Merkoçi
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4.4 Quantum dot–based electrochemical biosensors

4.4.1 Improved voltammetric signals of biologically important small molecules at

quantum dot–modified electrodes

4.4.2 Direct electrochemistry or electrocatalysis of biomacromolecules at quantum

dot–modified electrodes

4.5 Conclusions and outlook

4.1 INTRODUCTION

Nanomaterials, with particle sizes falling in the range 1 to 100 nm, behave differently

from bulk materials in their physical, chemical, and electronic properties, and

are associated with unusual phenomena such as quantum size effects, surface effects

and macro-quantum tunneling effects [1]. Due to their unique, and in many cases,

desirable properties, the discovery of nanomaterials has sparked a surge of interest,

leading to a great deal of intense research in this area. Nanotechnology, the creation

of functional materials, devices, and systems through the control of nanoscale materi-

als [2],hasrecentlybecomeoneof themost influentialfieldsat the forefrontofanalytical

chemistry [1–5].Theemergenceofnanostructuredmaterialswith tailoredcomposition,

structure, and properties has opened new horizons for the exploitation of innovative

biosensors. The comparable dimensions of nanomaterials and biomacromolecules has

allowed the integrationofbiological systemswithnanoscale structures, leading tonovel

hybridnanobiomaterialswithsynergeticpropertiesandfunctions[6].Thecompatibility

ofcarbonnanotubes (CNTs), forexample,withbiomaterialshasyieldedhybrid systems

possessing fascinating properties for the development of new nanoscale devices, with

applications in biological, medical, and electronic fields [7,8]. Furthermore, the unique

catalyticpropertiesof suchnanomaterials can result ina substantial signal amplification

for the transductionofbiomolecular interactions [9].Consequently,with the integration

of nanomaterials into their construction, the analytical performance of biosensors has

shown remarkable improvement.Theuse of thesenanomaterials has also facilitated the

effective utilization of existing detection methods and provided many new signal

transduction schemes, paving the way for the design of innovative and powerful

nanomaterial-based biosensors with excellent sensitivity, high selectivity, and

long-term stability.

This contribution addresses recent advances in carbon nanotube–, gold nano-

particle–, and quantum dot–based electrochemical biosensors, with emphasis placed

on novel approaches to the development of biosensors together with the performance

characteristics, advantages, and representative applications of such biosensors.

4.2 CNT-BASED ELECTROCHEMICAL BIOSENSORS

Since their discovery in 1991 [10], CNTs have generated a frenzy of excitement,

due to their unique properties, such as remarkable tensile strength, superb electrical
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conductivity, and high chemical stability [11].Numerous novel applications of carbon

nanotubes have been investigated, including, but not limited to, field emitters [12],

nanoelectronic devices [13], nanotube actuators [14], batteries [15], probe tips for

scanning probe microscopy [16], chemical and biological sensors [17], gas storage

devices [18], and nanotube-reinforced materials [19]. Depending on their atomic

structures, carbon nanotubes can behave as metals or semiconductors [20].

As a consequence, CNTs can serve as an excellent substrate or modifier to promote

electron-transfer reactions [21]. Carbon nanotube–based electrochemical probes also

exhibit numerous advantages, such as nanoscopic sizes, high aspect ratio (ranging

from 100 to 1000), specific catalytic activity, high sensitivity, stability, and selectivity.

4.2.1 Improved Voltammetric Signals of Biologically Important Small
Molecules at CNT-Modified Electrodes

Britto et al. first constructedCNTelectrodes bymixingCNTs andbromoformand then

packing the paste inside a glass tube [22]. The as-prepared electrode was used to

examine the oxidation of dopamine (DA) (Figure 4.1). As shown in Figure 4.1(a),

good reversibility with a peak potential separation of 30mVwas obtained at the CNT

electrode, which was notably superior to that at a carbon paste electrode [Figure 4.1

(b)].Due to the catalytically active surface, larger background currents are observed in

Figure 4.1(a). Treatment of the CNT electrode with homogenized brain tissue had

little influence on the voltammetric behavior of DA, indicating that the oxidation of
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FIGURE 4.1 (a) Cyclic voltammetry of 5mM dopamine in phosphate buffer solution (pH

7.4) at a carbon nanotube electrode (sweep rate, 20mV/s); (b) cyclic voltammetric curve of

1mM dopamine in phosphate buffer solution (pH 7.4) at a carbon paste electrode (sweep rate,

20mV/s). (Adapted from ref. 22, with permission. Copyright � 1996 Elsevier Science B.V.)
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dopamine occurs predominantly inside the tubes, where the electrolysis product is

stabilized. The better performance of CNTelectrodes may be interpreted on the basis

of their unique properties, such as high aspect ratio, a multitude of active sites on the

tube surface and ends, and their specificelectronic structure. In particular, the presence

of edge plane–like defects on the surface of CNTs has been strongly associated with

their enhanced activity [23–26].

Later, Ajayan et al. used a multiwalled carbon nanotube (MWNT) microelectrode

for the electrocatalytic reduction of dissolved oxygen [27]. The reduction of oxygen is

important since many biological processes require the presence of oxygen and its

ability to transport electrons, and the reduction of oxygen leads to the generation of

reactive oxygen species [28]. The microelectrode was constructed by mixing carbon

nanotubes with liquid paraffin and then curing at 50�C for 30 minutes. In H2SO4

solution, a well-defined reduction peak of dissolved oxygen at�0.31V was obtained

at the carbon nanotube electrode. The same reduction at a carbon paste electrode

occurred at the more negative potential of �0.48V and was ill defined, indicating

the electrocatalytic nature of the nanotube microelectrode. Even more significant

electrocatalytic oxygen reduction was found to take place at metal (Ag or Pd)-

deposited CNT electrodes.

Li et al. first reported the electrochemical behavior of single-walled carbon

nanotubes (SWNTs) functionalized with carboxylic acid groups [29]. The SWNT

film was prepared by solvent evaporation of a volatile suspension of SWNTs, placed

onto the electrode surface. The preparation of the modified electrodes made by

solution casting proved economical, simple, and convenient comparedwith that of the

other carbon nanotube electrodes mentioned above [22,27,30]. A pair of stable

voltammetric peaks was observed, corresponding to the reduction and reoxidation

of the carboxylic acid groups on the tube surface based on x-ray photoelectron

spectroscopy and infrared band assignments. The electrode process involved a four-

electron reduction of SWNT–COOH to SWNT–C�H(OH)2, with the rate-determining

step being one-electron reduction to SWNT–C(OH)2. Favorable electrocatalytic

activity toward the oxidation of several biomolecules was observed at the SWNT

film. Generally, chemical or electrochemical oxidation of the CNTs results in the

formation of oxide functionalities such as esters and hydroxyl and diphenol groups on

the tube surface and tube ends, which are known to activate the electrodes [31,32].

However, the relatively low density of these oxygen-containing moieties on the tubes

restricts their potential applications in electrochemistry. To mimic the redox properties

inherent in the SWNTs themselves and to increase the number of active sites on the tube

surfaces,Maoet al. synthesized triptyceneorthoquinone (TOQ)andattached this oxygen-

containing compound onto the tube surface through hydrophobic or charge-transfer

interactions (Figure 4.2) [33]. The electrode exhibited a pair of symmetric redox peaks,

similar to that at the SWNT-modified electrode in the absence of TOQ. Extraordinary

electrocatalytic activity toward the oxidation of biological thiols, such as homocysteine,

cysteine, and glutathione at a low potential of 0.0V vs. Ag/AgCl, was observed, with

sensitivityalmost10timeshigherthanthatatthenativeSWNT-modifiedelectrode.Suchan

enhancement highlights the importance of surface chemistry in electrocatalysis and

provides a new method for the sensitive determination of biological molecules.
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Over the past few years, one of us has investigated the improved voltammetric

response of several neurotransmitters and their metabolites, such as 3,4-dihydrox-

yphenylacetic acid (DOPAC), norepinephrine (NE), and uric acid (UA) [34–37].

Scanning electron micrograph (SEM) images indicate that SWNT films formed

by solution casting are composed primarily of many disordered SWNT bundles,

which demonstrate a high level of electrocatalytic activity toward the oxidation of

DOPAC,NE, andUA.Onewell-defined redox couplewas obtained forDOPACwith a

peak current that increased linearly with the concentration of DOPAC in the range

1.0� 10�6 to 1.2� 10�4M and a detection limit of 4.0� 10�7M. A two-electron

oxidation mechanism was proposed in which o-quinone is formed, followed by

a dimerization reaction. The rate constant for the dimerization reactionwas calculated

to be 2.10� 103 dm3/mol · s. Selective determination of biologically important spe-

cies in complex sample media can also be accomplished at SWNT-modified electro-

des. In a mixed solution of DOPAC and 5-hydroxytryptamine (5HT), a convoluted

anodic peak corresponding to the oxidation of both DOPAC and 5HTwas observed at

bare glassy carbon (GC) electrodes. However, two separate oxidation peaks

were clearly resolved at the SWNT-modified electrode, with a peak potential

separation of 162mV. Furthermore, the SWNT-modified electrode has a favorable

electrocatalytic activity toward NE and UA and can separate the electrochemical

responses of UA, NE, and ascorbic acid (AA). The results above demonstrate the

wealth of possible applications of carbon nanotubes in biosensors.

Due to the enhanced electron transfer associated with carbon nanotubes, other

applications of these structures as a potential electrode material have also been

exploited. A carbon nanotube powder microelectrode (CNTPME) was prepared

by filling a cavity at the tip of a Ptmicroelectrodewith carbon nanotube powder [38].

Anodic pretreatment of the electrode resulted in the formation of shorter tubes

and an increased double-layer capacity. Due to the wetting of the nanotubes,

facilitated by the electrochemical treatment [39], the electrode was found

to strongly adsorb OsðbpyÞ2þ3 . The as-prepared CNTPME–OsðbpyÞ2þ3 adduct

FIGURE 4.2 (a) Structure of triptycene orthoquinone (TOQ); (b) schematic illustration of

attachment of TOQ onto carbon nanotubes; (c) enlarged tube ends with oxygen-containing

moieties. (From ref. 33, with permission. Copyright � 2005 American Chemical Society.)
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exhibited high electrocatalytic activity toward nitrite reduction, aiding the effective

construction of high-quality nitrite sensors.Wang et al. reported the electrochemical

detection of trace insulin at CNT-modified electrodes [40]. The substantial lowering

of the oxidation potential is accompanied by a significantly larger current signal at

the CNT-modified electrode. Subsequent amperometric analysis of insulin offers

favorable signal-to-noise characteristics with good linearity, high reproducibility,

and fast response time. Zhao and co-workers investigated the electrocatalytic

response of tryptophan at a MWNT-modified electrode [41]. This modified elec-

trode has been used successfully in the determination of tryptophan in composite

amino acid injections, with excellent repeatability and high sensitivity.

b-Nicotinamide adenine dinucleotide (NADþ ), a cofactor associated with a

plethora of enzymatic reactions of NADþ /NADH-dependent dehydrogenases [42],
hasbeen studied extensively for thedevelopmentof amperometric biosensors basedon

its electrochemical oxidation [43,44]. However, the large overpotential for NADH

oxidation and the occurrence of surface fouling due to the accumulation of oxidation

products are commonproblems encountered at conventional electrodes [45,46].CNTs

can reduce the overpotential for NADH oxidation and minimize the surface passiv-

ation effects [42]. Comparedwith traditional carbon electrodes, a substantial decrease

of 490mVin the overpotential of NADHoxidationwas observed at theCNT-modified

electrodes. The CNT-modified electrodes thus allow highly sensitive, low-potential,

stable amperometricNADHsensing, demonstratinggreat promise for the construction

of dehydrogenase-based amperometric biosensors. An even more significant dimi-

nution of the overpotential for NADH oxidation (more than 600mV) was reported at

an ordered CNT electrode [47].

Filling the carbon nanotubes with toluene improves the performance of these

nanoreactors and renders them with some interesting properties. Zhang et al. inves-

tigated the electrochemical behavior of empty and toluene-filled nanotubes [48].

The toluene-filled nanotube film was demonstrated to catalyze the electrochemical

response of dopamine and epinephrine, while empty MWNT films exhibited less or

no electrocatalytic behavior with these biomolecules.

Fabrication of nanotube and nanoparticle hybrid materials with particular

properties is an area under pursuit [49]. The functionalization of CNTs by metal

nanoparticles greatly enhances their suitability for use in analytical methodologies.

Various protocols have been employed to functionalize CNTs bymetal nanoparticles,

such as physical evaporation [50,51], solid-state reaction with metal salts [52,53],

electroless deposition [54,55], and electrochemical deposition [56].

Given the vast array of electroactive species present in biological systems, CNTs

may find potential application in the selective determination of biologically important

species in complex samplemedia (e.g., blood and urine samples). As described above,

nanotubes have proven particularly advantageous when the redox potentials of the

analyte species normally overlap. UA, the primary end product of purine metabolism,

often coexists with AA in biological fluids. Ye et al. reported the selective voltam-

metric determination of UA in the presence of a high concentration of AA at well-

aligned CNT electrodes [57]. In this case, due to the different catalytic activity

toward the oxidation of UA and AA, the modified electrode is capable of resolving

the overlapping voltammetric responses into two well-defined peaks. b-Cyclodextrin
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(b-CD)-coated electrodes incorporating CNTs were also prepared for the detection

of UA in the presence of a high AA concentration [58]. The combination of b-CD
with CNTs further enhanced the sensitivity toward UA due to the formation of a

supramolecular complex between UA and b-CD. The composite electrode could be

used for the determination of UA in human urine samples without pretreatment.

Furthermore, simultaneous measurement of DA and AA has been reported at CNT-

modified electrodes [59,60], and more recently, selective detection of AA in vivo

was realized using a MWNT-modified carbon fiber microelectrode [61].

4.2.2 Direct Electrochemistry or Electrocatalysis
of Biomacromolecules at CNT-Modified Electrodes

Due to their unique electronic properties, CNTs can serve as excellent substrates to

enhance electron-transfer kinetics at the electrode–solution interface [22]. Davis was

the first to show that MWNTs could be used for the electrochemical detection of

proteins [62]. The CNT electrode was prepared by packing the tubes into a glass

capillary with mineral oil, deionized water, and bromoform, the latter being removed

before use. Although direct electrochemistry of cytochrome c and azurin was realized

through the use of MWNTs, such a CNTelectrode is time consuming to prepare, and

the electrochemical response is weak. To overcome these problems, our group

prepared a CNT-modified electrode by casting an aliquot of a CNT suspension onto

substrate surfaces. The as-prepared electrode facilitates well the electron-transfer

reactions of cytochrome c, catalase (Ct), and DNA [37,63–65]. For example, Ct at a

bare gold electrode essentially exhibits no voltammetric response within a typical

potential window. However, a quasireversible redox process of Ct was obtained

at the modified electrode [Figure 4.3(A)]. The redox wave corresponds to the Fe

(III)/Fe(II) redox center of the heme group of the Ct adsorbate. Compared to other
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FIGURE 4.3 (A) Cyclic voltammograms of catalase (adsorbed from a 5� 10�5M Ct

solution) at a bare gold electrode (curve a) and a SWNT-modified gold electrode (curve b).

Curve c is a voltammogram acquired at a SWNT-modified gold electrode in the absence of

catalase. (B) Cyclic voltammograms of catalase at a SWNT-modified gold electrode covered

with Ct in the absence of H2O2 (curve a) and in the presence of 7.0� 10�4M (curve b) and

1.1� 10�3MH2O2 (curve c). The electrolyte solution used was a 0.05M phosphate buffer (pH

5.9) and the scan rate employed was 0.1V/s. The arrow indicates the scan direction. (From

ref. 64, with permission. Copyright � 2004 Wiley-Interscience.)
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types of carbonaceous electrode materials (e.g., graphite and carbon soot), the

electron-transfer rate of the Ct redox reaction was greatly enhanced at the SWNT-

modified electrode. The catalytic activity of Ct was still retained upon adsorption

onto the SWNT-modified electrode, which was verified by the characteristic electro-

catalytic redoxwaveupontheadditionofH2O2orO2 (ErC
0
imechanism)[Figure4.3(B)]

and reflectance Fourier transfer–infraredmeasurements. The results above provide an

attractive route for the development of enzyme electrodes and biosensors.

In connection with the direct electrochemical investigation of biomacromolecules

at CNT-modified electrodes, several other groups have carried out some interesting

work. Dong’s group investigated the direct electron transfer of several enzymes on

CNTs [66–69].Glucoseoxidase (GOD)was entrapped in a composite ofCNTs and the

polysaccharide chitosan, and the direct electron transfer of GOD was achieved at the

modified electrode [66]. The electron-transfer rate of GOD confined in the composite

film is higher than that of GOD or FAD (flavin adenine dinucleotide, the active site of

GOD) adsorbed on the CNTs, suggesting that the composite matrix greatly facilitates

electron transfer between the enzyme and the electrode. The as-prepared electrode

could be used as a glucose biosensor with high sensitivity and stability. In a second

paper, the direct electrochemistry of microperoxidase (MP-11) was recorded at a Pt

microelectrode modified with MWNTs [67]. The immobilized MP-11 retains its

bioactivity and can be used to catalyze the reduction of O2 and H2O2. Due to the

favorable microenvironment provided by a sol–gel-derived ceramic–CNT nano-

composite film, direct electron transfer of horseradish peroxidase (HRP) was also

facilitated [69]. The nanocomposite filmwas formed by coating amixed suspension of

methyltrimethoxysilane and MWNTs onto a GC electrode surface. Atomic force

microscopy (AFM) images indicated that the well-dispersed MWNTs could interact

with silicate particles through a hydrophobic interaction.

CNT length-controlled electrical communication of an enzyme redox center with

an electrode surface was reported byWillner et al. [7]. Functionalized and surfactant-

protected SWNTs were coupled to a mixedmonolayer of thioethanol and cysteamine

assembled onto a gold electrode. Utilization of the mixed monolayer prevented the

nonspecific adsorption of SWNTs, leaving the SWNT columns perpendicular with

respect to the underlying electrode surface. After the sidewalls of SWNTs had been

blocked with Triton X-100 and polyethylene glycol (PEG), FAD cofactor (1) was

attached to the free edges of the standing SWNTs, followed by reconstitution of the

apo-glucose oxidase on the FAD units (Figure 4.4). The nanotube serves as a

nanoconnector, and electron transfer between FAD units and the electrode is con-

trolled by the nanotube length. Interfacial electron-transfer rate constants of 83, 42, 19,

and 12 s�1 were obtained for SWNTassemblies of 25-, 50-, 100-, and 150-nm average

length, respectively. This ability to tailor the electrical properties of such nanomaterial

conduits is no doubt advantageous with regard to their application in biosensing.

The construction of nanohybrid films based on the utilization of carbon nanotubes

as the matrix to attach metal nanoparticles has gained increasing attention in terms of

their application, due to good biocompatibility and high surface activity. Smyth et al.

investigated the direct electrochemistry of GOD immobilized with a chitosan

film containing gold nanoparticles on the surface of a CNT-modified electrode [70].
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The immobilized GOD retains its bioactivity due to the presence of the gold

nanoparticles/chitosan film, while the CNTs can facilitate electron transfer between

GOD and the electrode surface. Direct electron transfer of microperoxidase-11

(MP-11, the heme-containing polypeptide of cytochrome c) covalently immobilized

onto a nanohybrid film of MWNTs and gold nanoparticles (GNPs) was also

reported [71]. The adherence of GNPs onto the MWNT surface was achieved by

immersing the MWNT-modified GC electrode made by solution casting into a gold

colloidal solution. The GNPs that adhered were derivatized with cysteamine, and

MP-11 was then covalently attached onto the surface of the GNP-MWNT-GC

electrode. The formal potential of the MP-11 at this surface was found to be shifted

in comparison with other systems [72,73], which may originate from the interaction

FIGURE 4.4 Assembly of the SWNT electrically contacted glucose oxidase electrode.

(From ref. 7, with permission. Copyright � 2004 Wiley-Interscience.)
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between themicroenvironment and the protein [74,75]. Novel composite quantumdot

(QD)–CNT electrodes for the electrochemical biosensing of glucose have also been

prepared [76]. The assembly of CdTeQDswith CNTs combines the semiconductivity

of QDs together with the excellent electrical conductivity and biocompatibility of

carbon nanotubes. Hence, higher performance was obtained at the CdTe–CNT

electrode compared with that at the GC electrode modified with CdTe QDs or CNTs

alone. The sensing platform based on QD–CNT electrodes could find potential

applications in clinical, environmental, and food analysis.

An assembly of layer-by-layer (LBL) films of heme proteins and SWNTs with

controllable layer thickness was fabricated based on the alternative adsorption of

positively chargedhemoglobin (Hb) ormyoglobin (Mb) andnegatively chargedCNTs

onto a pyrolytic graphite electrode [77]. In comparison with cast films of proteins

and CNTs, the layer-by-layer assembly ensures a higher fraction of electroactive

proteins and better controllability in film construction. The proteins entrapped in

the film retained their near-native structure, suggesting a new type of biosensor

application. Li et al. reported the fabrication of protein–polyion multilayers by the

electrostatic LBL assembly of glucose oxidase and poly(diallyldimethylammonium

chloride) on CNT templates [78]. Protein biosensing was realized at these assembled

nanoshell bioreactors. The approach could be extended to other biological molecules,

such as antibody, antigen, and DNA, for wide bioassay applications.

4.2.3 Highly Aligned CNT Arrays for Biological Applications

As mentioned above, the majority of studies in this field have focused on the use of

CNT electrodes prepared by drop casting for biosensing. Although economical,

simple, and convenient, drop coating usually results in a random tangle of nanotubes

and an unknown spatial relationship between the redox proteins and the nano-

tubes [79]. To address this issue, Gooding and colleagues studied protein electro-

chemistry at aligned CNT arrays [79]. The scheme for fabrication of aligned CNT

arrays and subsequent microperoxidase MP-11 attachment is shown in Figure 4.5.

Shortened SWNTs were dispersed in dimethylformamide and then the terminal

carboxyl groups were converted into active carbodiimide esters using dicyclohexyl

carbodiimide [80]. Next, the tubes were attached at one end to amine moieties at the

termini of a cysteamine-modified gold electrode through amide bond formation.

Finally, MP-11 was attached covalently to the free ends of the tubes aligned normal to

the electrode surface. The efficiency of the nanotubes acting as molecular wires for

direct electrochemistry of the attached enzyme was demonstrated. The as-prepared

arrays have also been used for probing the direct electron transfer between the redox

active centers of GOD and FAD and electrode surfaces [81].

Highly aligned MWCT tower arrays were synthesized on silicon substrates via a

thermally driven chemical vapor deposition method [82]. Each tower (1mm� 1mm)

comprised approximately 25 million nanotubes aggregated together in parallel

based on environmental scanning electron microscopy (ESEM) observations. The

surface of each tower was approximated at 6000mm2. These arrays could easily be

peeled off the silicon substrate and used as electrode materials for highly sensitive
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chemical and biosensor applications. Moreover, large-scale production of aligned

MWNT arrays has been achieved by a simple pyrolytic method [83]. These aligned

CNTs with tunable surface characteristics could find practical applications in sensors

and electronics. For example, single-stranded DNA or glucose oxidase could be

immobilized onto these active materials and the sensing of target DNAwith specific

sequence or glucose could be realized with high sensitivity and selectivity.

Rusling and co-workers constructed an amperometric immunosensor in which an

antibiotin antibody was strongly absorbed onto SWNT forests [84]. The forests were

constructed from carboxyl functionalized and shortened SWNTs onto Nafion/iron

oxide–coated pyrolytic graphite electrodes. The successful adsorption of the antibody

was characterized byAFM. In the presence of amediator, hydroquinone, biotin–HRP,

and biotin could be detected with detection limits of 2.5 nM and 16 mM, respectively,

suggesting that immunosensors based on the use of the oriented assemblies of SWNTs

are particularly effective as nano-biosensing arrays. The tumor marker, carcinoem-

bryonic antigen (CEA), was also detected using SWNT field-effect transistors

(SWNT-FETs) [85]. Construction of SWNT-FETs was achieved using CNTs pro-

duced by a patterned catalyst growth method. The CEA antibody, a recognition

element for CEA, was immobilized on the sidewalls of the CNTs and the binding

of tumor markers to these antibody-functionalized SWNT-FETs resulted in a sharp

FIGURE 4.5 Steps involved in the fabrication of aligned SWNT arrays for direct electron

transfer with enzymes such asmicroperoxidaseMP-11. (Adapted from ref. 79,with permission.

Copyright � 2003 American Chemical Society.)
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decrease in conductance, providing the key to the construction of highly sensitive,

label-free SWNT–FET-based tumor sensors.

CNT-based nanoelectrode arrays have proven useful for ultrasensitive DNA

detection [86]. A well-aligned array embedded in a SiO2 matrix was fabricated via

a bottom-up protocol; the carboxylate groups at the open ends of carbon nanotubes

were derivatized with amine-terminated ferrocene derivatives or oligonucleotide

probes. Target concentrations below a few attomoles can be detected via the

RuðbpyÞ2þ3 -mediated oxidation of guanine (Figure 4.6).

4.3 NANOPARTICLE-BASED ELECTROCHEMICAL BIOSENSORS

Metal nanoparticles have been studied extensively due to their unusual physical and

chemical properties, in addition to their variety and relative ease of preparation [87].

Among the various metal nanoparticle types, gold nanoparticles are the most

commonly used. GNPs exhibit excellent catalytic activity due to their high surface

area and their interface-dominated properties [88,89]. Modification of electrode

FIGURE 4.6 (a) Functionalization process of the amine-terminated ferrocene derivative to

CNT ends by carbodiimide chemistry; (b) mechanism of RuðbpyÞ2þ3 -mediated guanine

oxidation. (Adapted from ref. 86, with permission. Copyright � 2003 American Chemical

Society.)
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surfaces with GNPs renders the substrate with unusual properties inherent in the

nanomaterial modifier.

4.3.1 Improved Voltammetric Signals of Biologically Important Small
Molecules at Gold Nanoparticle-Modified Electrodes

The utilization of gold nanoparticles assembled onto different substrates leads to

extraordinary electrocatalytic activity toward oxygen reduction, and the catalytic

behavior of these nanoparticles depends on their size and the conducting support

used for their deposition and immobilization [90]. Ohsaka et al. investigated the

electroreduction of oxygen using citrate-stabilized GNPs anchored onto cysteamine

and 1,4-benzenedimethanethiol self-assemblies via amino and mercapto terminal

groups, respectively [90]. The modified electrode demonstrated efficient catalysis

of the reduction of oxygen to hydrogen peroxide due to the active sites on the GNPs.

In similar work undertaken by Yoshihara and co-workers, the electrocatalytic

reduction of oxygen in acidic media was conducted at GNPs deposited on boron-

doped diamond films [91]. Again, remarkable electrocatalysis was observed, which

has potential applications in oxygen sensing and energy conversion.

Due to the important roles of nitric oxide (NO) in physiology and pathology,

the development of various nanomaterial-based electrochemical sensors selective

toward NO has generated a great deal of attention. Oyama and co-workers demon-

strated the high catalytic activity of gold nanoparticle arrays grown directly on

nanostructured indium tin oxide (ITO) electrodes toward the electrooxidation of

NO [92]. The arrays were prepared by a two-step seed-mediated growth approach for

the direct attachment and subsequent growth ofmono-dispersed gold nanoparticles on

ITO surfaces. The first step involved the physical adsorption of Au precursor solution

onto the active sites of a nanostructured ITO surface and subsequent chemical

reduction of the Au complex to gold nanoparticles by NaBH4. In the second step,

the gradual growth of gold nanoparticles was realized via chemical reduction of gold

ions in a HAuCl4 solution by the immobilized gold nanoseed particles. As indicated

by SEM imaging, the size of the gold nanospheres could be modulated by variation

of the growth time and the as-prepared arrays demonstrated potential use in NO

sensing. The electrocatalytic oxidation of NO was also reported at gold colloids

assembled on cysteine-modified platinum electrodes [93] and polyelectrolyte–gold

nanoparticle hybrid films assembled on ITO electrodes [88]. The above-mentioned

GNParrays prepared by the seed-mediated growth approach could be further extended

to complex sample media determination or derivatized with other species for higher-

performance biosensor construction. In a second paper by Oyama et al., the gold

nanoparticle arrays were utilized for the simultaneous determination of dopamine

and serotonin [94]. The GNP arrays could be further derivatized with 3-mercapto-

propionic acid (MPA), which was also carried out by Oyama et al., allowing a three-

dimensional MPA monolayer on a gold nanoparticle array to be fabricated [95]. The

three-dimensional MPA monolayers showed higher electrocatalytic activity toward

DA and UA than either the gold nanoparticle arrays on ITO or the two-dimensional

MPAmonolayers assembled on planar gold electrodes. Furthermore, poisoning of the
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electrode surfaces by the oxidation products observed on two-dimensional MPA

monolayers was inhibited at the three-dimensional monolayers. Alternatively, thiol-

capped and networked core–shell gold nanoparticles were constructed on GC

electrode surfaces [96]. Differing from that reported by Oyama et al. [95], the

catalytically active gold nanoparticle cores were entirely capped with thiolate

monolayers, resulting in a networked assembly. The network fabrication involved

exchange of 1,9-nonanedithiol (NDT) with decanethiolate (DT)-capped gold nano-

particles, cross-linking, nucleation, and subsequent growth of a thin film.

The assembly exhibited high catalytic activity toward the oxidation of carbon

monoxide, which demonstrated its potential application in areas as diverse as air

purification, new fuel-cell technology, and automobile exhaust conversion [96–98].

Enzymatic sensors based on the utilization of gold nanoparticles assembled

onto GC electrodes for the detection of hydrogen peroxide [99], xanthine and

hypoxanthine [100], cholesterol [101], and glucose [102] have been proposed.

The addition of albumin facilitates the dispersion of gold nanoparticles, resulting in

higher electrocatalytic activity toward hydrogen peroxide, dopamine, and hydroqui-

none [103]. Due to the clinical significance in patient therapy, the determination

of glucose in serum samples was accomplished at an electrodeposited chitosan–-

GOD–gold nanoparticle hybrid film on a Prussian Blue (PB)–modified elec-

trode [104]. The application of a deposition potential allows formation of a chitosan

hydrogel with the incorporation of GOD and GNPs. In comparison with films

constructed by manual dropping, even and uniformly dispersed composite films were

fabricated, due largely to H2 evolution during deposition, which resulted in the

generation of a nanopore architecture. Satisfactory results for glucose determination

in serum samples were achieved and were in good agreement with those obtained

by spectrophotometric methods commonly used in clinical laboratories. As an

alternative, glucosebiosensingmaybeperformed atfilmsconstructedwithGNP–FAD

semisynthetic cofactor units reconstituted into apo-GOD [105].

As we have seen above, attaching gold nanoparticles to carbon nanotube

sidewalls is of great interest for obtaining gold nanoparticle–CNT hybrids [55,106].

Carbon nanotubes can be used as a support for a three-dimensional electrocatalytic

layer containing dispersedmetal nanoparticles that specifically catalyze the reduction

of oxygen [106] and the oxidation of AA [107].

4.3.2 Direct Electrochemistry or Electrocatalysis
of Biomacromolecules at Gold Nanoparticle-Modified Electrodes

Wang et al. studied the direct electrochemistry of cytochrome c at a novel electro-

chemical interface constructed by self-assembling gold nanoparticles onto a three-

dimensional silica gel network on a gold electrode [108]. These nanoparticles

provided the necessary conduction pathways from cytochrome c to the electrode

surface, inhibited the adsorption of cytochrome conto the bare electrode, and aided the

favorable orientation of cytochrome c, thus reducing the effective electron-transfer

distance. These attractive features indicate that colloidal GNPs may be useful as
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building blocks for macroscopic metal surfaces with biological applications. In a

second paper by the same group, the direct electron transfer between Hb and a GC

electrode facilitated by lipid-protected gold nanoparticles was investigated [109].

The lipid-protected gold nanoparticles demonstrated good biocompatibility and

high stability (for at least eight months).

Due to the composite nature and the feasibility of incorporating colloidal nano-

particles, carbon paste has become a widely used material for the development of

biosensors. Ju and colleagues systematically investigated the incorporation and

direct electrochemistry of Mb, GOD, cytochrome c, and horseradish peroxidase by

immobilizing these redox-active species onto colloidal GNP-modified carbon paste

electrodes [110–112].

Gold nanoparticles can be assembled onto other substrates, such as screen-printed

rhodium-graphite electrodes, porous calcium carbonate microspheres (CaCO3), and

ITO (see above). The as-prepared biocompatible matrices can be used for bioma-

cromolecule interrogation. Oyama and co-workers demonstrated that when biocom-

patible gold nanoparticles and ITOwere combined forMb immobilization, stable and

well-behaved voltammetry for Mb could be obtained [113,114]. Three-dimensional

superstructures, multilayer arrays consisting of GNPs cross-linked by MP-11, were

assembled on transparent ITO-conductive glass supports [115]. The array exhibited

three-dimensional conductivity, indicating that the MP-11 in the superstructure was

coupled electronically with the electrode. Electron transfer between cytochrome

P450scc and gold nanoparticles immobilized on screen-printed rhodium–graphite

electrodes has also been realized [116]. Porous calcium carbonate microspheres

(CaCO3), a biocompatible structure, may also serve as an immobilized matrix for

the assembly of GNPs through electrostatic interactions [117]. The resulting multi-

functional GNPs–CaCO3 hybrid material was used for HRP assemblies and bio-

sensor fabrication. The improved performance of the biosensor originating from the

synergic effect of the CaCO3 microspheres and GNPs was ascribed to the fact that

the hybrid material can provide a biocompatible environment for HRP to orient the

heme edge toward its electron donor or acceptor and facilitate the electron transfer

process [117,118].

Taking advantage of the specific recognition between antigens (Ag) and antibodies

(Ab), immunoassayshavebeenwidelyused inclinical analyses [119,120].Due to their

high surface area and excellent biocompatibility,GNPs have been used successfully in

such immunoassays as an immobilized matrix for higher loading density and better

retained immunoactivity [121]. Yang et al. assembled recombinant dust mite allergen

Der f2 molecules onto a GNP-modified GC electrode and the interaction of the

allergen with a murine monoclonal antibody was monitored by electrochemical

impedance spectroscopy (EIS) (Figure 4.7) [122]. As the Ab concentration was

increased, the interfacial electron transfer of the redoxprobewas retarded accordingly,

indicating that more Ab molecules had become bound to the immobilized allergen.

The active sites of the gold colloidmonolayer allowed the immobilization of a greater

allergen density with retained immunoactivity, while in the subsequent EIS sensing,

the gold nanoparticles served as an electron-conducting conduit. Human chorionic
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gonadotrophin (hCG), a diagnostic marker of pregnancy and tumors, was determined

via encapsulation of a HRP-labeled hCG antibody in the composite membrane of a

colloidal nanoparticle and titania sol–gel [123].Thecomposite architectureprovideda

hydrophilic interface for bioactivity retention and improved stability of the immo-

bilized biomolecules. The formation of the immunoconjugate between the hCG

antigen and HRP-labeled hCG antibody hindered the direct electron transfer

between HRP and the substrate surface. Thus, a reagentless electrochemical immu-

noassay for hCG in serum samples was presented with a detection limit of 0.3mIU/

mL.The combined utilization ofmagnetic beadswithGNP labels for the development

of renewable electrochemical immunosensors was reported by Lin et al. [124].

Sensing of target immunoglobulin G (IgG) in the sample solution was accom-

plished by examining the electrochemical stripping signals of the GNP tracers

capsulated to the surface of magnetic beads by a ‘‘sandwich’’ immunoassay,

thus avoiding the use of an enzyme label and substrate. Such nanoparticle-based

electrochemical magnetic immunosensors offer great promise for disease diagnostics

and biosecurity. Other groups also carried out some interesting work on electro-

chemical immunoassays for the human tumor markers CEA [125] and carbohydrate

antigen 19-9 [126].

The use of colloidal GNPs for gene analysis was found to improve the sensitivity

and sequence specificity of one approach [127–132]. Ozsoz et al. constructed an

electrochemical genosensor based on the hybridization of target DNA toGNP-tagged

capture probes at a disposable pencil graphite electrode surface [133]. Differentiation

of heterozygous and homozygous factor V Leiden mutations from polymerase chain

reaction–amplified real sampleswas accomplished via examining the oxidation signal

of Au colloids. Enhanced electrochemical detection of DNA hybridization utilizing

gold nanoparticle tags coupled with subsequent silver deposition was also reported

(Figure 4.8) [134]. The oxidative silver-dissolution signal was used to transduce the

hybridization event. Layer-by-layer adsorption of polyelectrolyte poly(allylamine

hydrochloride) and poly(styrenesulfonate) (PSS) was used for surface-charge

control to minimize the background silver deposition on the gold electrode.

Alternatively, magnetically induced electrochemical detection of DNA hybridization

MPTS Au colloid

AntibodyAllergen

FIGURE 4.7 Stepwise immunoassay assembly. The GC substrate was first modified with

(3-mercaptopropyl)trimethoxysilane (MPTS) before GNP immobilization. (From ref. 122,

with permission. Copyright � 2006 Elsevier Science B.V.)
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based on the stripping detection of metal tags was proposed [135]. The protocol of

utilizing magnetic collection of the magnetic bead–DNA hybrid–metal tracer

assembly onto the electrode surface removes unwanted constituents or interfering

species in gene analysis, thus offering high sensitivity and selectivity. The interested

reader is directed to reviews focusing on integrated GNP–biomolecule hybrid

systems for bioanalytical applications and for the fabrication of bioelectronic

devices [6,136].

Recently, our group developed a voltammetric scheme for amplified sandwich

assays of both oligonucleotide and polynucleotide samples via the oxidation

of ferrocene (Fc)-capped gold nanoparticle–streptavidin conjugates [131]. The

biotin–streptavidin complexation leads to the attachment of the conjugates onto

the biotinylated detection probe of a sandwich DNA complex. Since each gold

nanoparticle is decorated with over 100 Fc moieties, the voltammetric signal is

greatly enhanced. It is also worthy to note that some of the streptavidin molecules are

linked to onegold nanoparticle,whilemanymore are linked to twogold nanoparticles.

Consequently, the voltammetric signal is augmented further. The present method can

measure oligonucleotide sample concentrations as low as 2.0 pM. The feasibility

of this approach for real sample analysis was demonstrated by measurement of

polymerase chain reaction (PCR) products of the hepatitis B virus (HBV) pre-S

gene extracted from serum samples. This amplified voltammetric method offers an

ideal platform for detection of metallothioneins and oligopeptides immobilized

onto surfaces [137], as well as for DNA hybridizations in a direct hybridization

format [138]. Amplified voltammetric detection of wide-type p53 from normal

and cancer cell lysates has also been carried out, and concentrations as low as 2.2 pM

FIGURE 4.8 Electrochemical DNA-hybridization detection using a silver-enhanced GNP

label on a gold electrode modified with a polyelectrolyte membrane (PEM), streptavidin, and

the biotinylated probe. (From ref. 134, with permission. Copyright� 2003American Chemical

Society.)
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were detected [139].Double-stranded oligonucleotides containing the consensus sites

were immobilized onto gold electrodes to capture wide-type p53. The cysteine

residues on the exterior of the p53 molecules were derivatized for the attachment

of gold nanoparticle/streptavidin conjugates capped with multiple ferrocene tags

[Figure 4.9(A)]. Substantially lower (50 to 182 times)wide-type p53 concentrations in

the three cancer cell lines (two colorectal cancers and one lung cancer) were obtained

relative to that in the normal cell lysate [Figure 4.9(B)]. Furthermore, comparison of

the total p53 concentration in these cancer cell lysates, determined by enzyme-linked

immunosorbant assay (ELISA), with that of the wild-type p53 determined above

indicated that the mutated p53 gene was overwhelmingly predominant in these

samples. The method described herein is therefore amenable to the quantification

of wide-type functional p53 levels in normal and cancerous cells and is highly

complementary to ELISA.

Relying on gold nanoparticle labels, the biological binding event between the

Escherichia coli single-stranded DNA binding protein, SSB, and DNAwas utilized

for the electrochemical detection of DNA hybridization [140]. SSB is a product of

the E. coli ssb gene that plays important roles in DNA repair, replication, and

recombination [141]. The binding of gold nanoparticle-tagged SSB with single-

stranded oligonucleotides immobilized onto a biotin-modified carbon paste electrode

(BCPE) was monitored by examining the gold oxidation signal. The lack of

significant binding between the gold nanoparticle-tagged SSB and double-stranded

hybrid-modified electrodes resulted in a diminished electrochemical response

(Figure 4.10). The work presents a novel hybridization detection protocol with the

combination of the recognition ability of a protein and the oxidation signal of metal

nanoparticles.

FIGURE4.9 (A) Capture of p53 by dsODN-modified electrodes and the following amplified

voltammetric detection of p53 via oxidation of the ferrocene tags on the GNP–streptavidin

conjugates. (B) CVs recorded at consensus dsODN-modified electrodes that had been exposed

to a normal cell lysate diluted threefold with buffer (curve a) and a colorectal cancer cell lysate

(curve b). Curves c and d depict CVs recorded at electrodes modified with a 25-mer ssODN

exposed to the same normal and colorectal cancer cell lysates, respectively. (Adapted from

ref. 139, with permission. Copyright � 2008 American Chemical Society.)
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4.3.3 Highly Aligned Metal Arrays for Biological Applications

Gold nanotube arrays were synthesized via electroless metal deposition within the

pores of polycarbonate nanoporous particle track–etched membranes [142]. It was

proposed that the growth of such gold nanotube arrays involves a progressive

nucleation mechanism beginning with the formation of gold sticks. Longer growth

time resulted in amoredense structure,with the formationof bundlesof nanowires that

gradually became longer and narrower. Due to the large surface area of the nanotube

arrays, these structures could be utilized as ideal electrode materials for the assembly

of novel electrochemical sensors and biosensors.

Well-oriented nanowells (ONWs) were fabricated using electron-beam nano-

lithographic technology [143]. AFM imaging revealed an array of ONWs with a

diameter of 100 nm, allowing only one or a few biomolecules to be attached to the

nanosized gold dots. Electrochemical detection of DNA hybridization was achieved

inside the nanowells with a two-order-of-magnitude enhancement in sensitivity as

compared to bare goldmicroelectrodes. Such ONWarrays have several advantages in

terms of biosensor applications, such as minimization of unwanted nonspecific

binding, increase in the S/N ratio, implementation of high-throughput detection,

and wide use in other integrated biosensor systems [144–146]. The combination of

self-assembly techniques with electron-beam lithography for the fabrication of

B

B

SWV

SWV

Au oxidation signal
Au-tagged SSB

interaction

Au-tagged SSB
interaction

B

B

Hybrid modified BCPE

Probe modified BCPE

Au oxidation signal

FIGURE 4.10 Hybridization detection protocol. Au-tagged SSB can bind to the single-

stranded probe and thus amplify the Au oxidation signal. However, only a lowAu signal can be

obtained from the double-stranded hybrid after interaction with SSB. (Reprinted from ref. 140,

with permission. Copyright � 2004 Elsevier Science B.V.)
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nanopatterned arrays of gold nanoparticles has also been presented [147]. The

utilization of direct-write electron-beam lithography permits the localized conversion

of nitro-terminated monolayers into amino functionalities. Subsequent reaction of

citrate-coated GNPs with the amine regions allows well-defined surface architectures

of GNPs to be formed; At unirradiated NO2-terminated regions, no such assembly

takes place, due to the lack of any strong affinity between the NO2 groups and the

citrate-passivated gold nanoparticles (see Figure 4.11). This technique opens up

many opportunities for applications in biosensors, electronics, and optical devices.

A similar technique based on the concept of electron-beam-induced genotoxic

damage for the construction of GNP patterns was also reported [148].

The synthesis and application of other metal arrays have also been an area of

research under intense pursuit. Through the LBL technique and subsequent

electroless reduction of metal ions, our group constructed two-dimensional

well-ordered silver arrays [149]. Briefly, the polyelectrolytes (PEs) poly(diallyldi-

methylammonium chloride) (PDADMAC) and PSS were adsorbed in alternating

layers onto polystyrene (PS) nanospheres via electrostatic interactions, and the

resulting PE-coated PS nanospheres were assembled onto a silicon wafer. Next, the

PS sphere cores were extracted with toluene, leaving well-ordered interconnected

PDADMAC/PSS thin shells on the surface. Finally, silver ions that had penetrated

the PE shell could be reduced to produce a metallic network. The construction of

nanoring arrays was also achieved by treating a hexagonally close-packed PS

nanosphere array with a silane reagent before sonication in toluene [150]. The

formation of a siloxane film within the interstitial voids prevents complete removal

of the PS particles and results in a nanostructured array of PS–silane rings to which

gold or DNA-capped gold nanoparticles could be attached. Such metal arrays could

find potential applications in a variety of nanoelectronic devices and chemical and

biological sensors. Our group has also fabricated polyaniline honeycombs using

FIGURE 4.11 GNP pattern fabrication on silica surfaces (GNPs not to scale). (From

ref. 147, with permission. Copyright � 2004 American Chemical Society.)
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nanosphere lithography followed by electropolymerization of aniline in the inter-

stitial voids of the nanosphere arrays [151] (Figure 4.12). Control of the pore size

could be achieved by varying the number of aniline layers coated onto the surface

of the PS nanospheres.

FIGURE 4.12 AFM images of (a) a gold surface covered with a close-packed two-layer

polyelectrolyte coated PS particle assembly, (b) a polyaniline honeycomb film generated

by electropolymerization of aniline in the interstitial voids of (a) following core extraction,

(c) a polyaniline honeycomb film produced using a four-layer polyelectrolyte–PS

particle assembly, and (d) a polyaniline honeycomb film templated with a bare PS particle

assembly. Representative cross-sectional contours are also presented, to show the regularity of

the patterns. (From ref. 151, with permission. Copyright� 2002 American Chemical Society.)
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4.3.4 Nanoparticles and Nanotechnology Used in Conjunction
with Scanning Electrochemical Microscopy

The ability to carry out high-throughput sample analysis using multiplexed detection

is fast becoming a prerequisite for modern biosensors, and this is commonly achieved

via the spatially resolved imaging of localized events onminiaturized detector arrays.

The utilization of nanomaterials has not only improved this aspect of biosensing with

regard to sensitivity, selectivity, and resolution, buthasopenednewavenues in termsof

novel detection strategies. Scanning electrochemical microscopy (SECM) is finding

an increasingnumberofbiological applications [152], and the adventof nanomaterials

has further broadened its scope. In SECM, an ultramicroelectrode is used to probe

surface morphology and activity by measuring the local concentration profiles of

species at the surface and/or in an adjacent electrolyte solution, either amperome-

trically or potentiometrically [153]. Arrays of biomolecules can be immobilized

onto substrate surfaces, and their presence can be detected with spatial resolution

(typically, submicrometer to micrometer), and the use of nanomaterials may facilitate

or enhance signal transduction.

Our group usedSECMfor the sensitive detection ofDNAhybridization by imaging

localized DNA spots immobilized onmicroarray surfaces [132,154]. In one example,

streptavidin–gold nanoparticles were attached to biotinylated target DNA which

were subsequently stained with silver. Since the surface conductivity of the regions

where DNA hybridization occurs is increased by silver staining, a SECM-positive

feedback results. On the other hand, noncomplementary sequences of the biotinylated

target do not hybridize to the surface-confined aminated probes, inhibiting the

attachment of the streptavidin–colloidal gold conjugate and subsequent silver stain-

ing. Consequently, a SECM-negative feedback response is obtained. The feasibility of

the method for reading a microarray with a detection level of 30 amol per spot was

demonstrated [132]. A similar methodology was applied to the detection of protein

spots on poly(vinylidene difluoride) (PVDF) membranes, the latter material being

employed due to its high protein-binding capacity [155]. Spots of bovine serum

albumin (BSA) were immobilized onto the PVDF membrane and were subsequently

tagged with silver nanoparticles via physisorption or electrostatic interactions. The

protein spots were thus identified as regions of positive feedback on the resulting

SECM image. This technique was recently adapted to allow the visualization of

proteins following gel electrophoresis [156].Gels containingBSAwere electroblotted

onto PVDFmembranes which were then stainedwith silver nanoparticles and imaged

as above. The detection limit of 0.5 ng/mm2 of BSA for this technique is a significant

improvement on some common gel staining procedures, and the method requires

less complex equipment and sample handling procedures than do the more sensitive

radioactive labeling protocols.

Nanotechnology and nanomaterials also continue to play a significant role in the

development of the SECM technique, which has led to improved sensitivity, selec-

tivity, and resolution, allowing for new applications in the field of biosensing. For

example, the development of nanostructured platinum microelectrodes has notably

enhanced the reliable detection of hydrogen peroxide, thus advancing SECM to allow
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for the imaging of peroxide-releasing enzymes [157,158]. Mesoporous SECM tips

were fabricated by first assembling a three-dimensional template of surfactant rods

onto the surface of a platinum microdisk electrode followed by electrodeposition of

platinum into the surrounding voids. Subsequent removal of the surfactant template

revealed a filmwith a hexagonal array of cylindrical pores, with a typical pore size and

separation of 2.5 nm. Such a procedure is analogous to the nanosphere lithography, as

shown in Figure 4.12. As a consequence of the high surface area of the mesoporous

film, these electrodes were afforded electrocatalytic activity toward the oxidation of

hydrogen peroxide. The application of these SECM tipswas demonstrated by imaging

of the hydrogen peroxide concentration profiles generated by monolayers of GOD

immobilized with polyphenol [157] and attached to electrogenerated polypyrrole

microspots [158]. In addition, the construction of nanoscale tips for simultaneous

AFM–SECM imaging has permitted biosensor visualization [159–161]. The use

of these complementary scanning probe microscopic techniques allows for topo-

graphical imaging of patterns of immobilized enzymes while mapping their activity

amperometrically. The relevance of this hybrid methodology to biosensing applica-

tions has been demonstrated with deposited arrays of GOD [159,161] and HRP [160].

Fabrication of microelectrodes from single CNTs has also been reported [30].

Carbon nanotubes with diameters of 80 to 200 nm were cut to the desired length and

connected to sharpenedPtwires. The sides of thenanotubeswere insulated electrically

with polyphenol, leaving an electroactive tip (Figure 4.13). Sigmoidal voltammetry

was observed using an electrochemical probe, characteristic of radial diffusion to an

ultramicroelectrode. Taking advantage of their geometrical shape, mechanical

strength, and electrical conductivity, the microelectrodes could find their potential

applications in SECM [162] and bioelectrochemistry.

FIGURE 4.13 (a) Partially insulated CNT electrode. (b–d) TEM images of mounted

nanotubular electrodes showing (b) a 30-mm-long electrode; (c) the tip of a�100-nm-diameter

uninsulated nanoelectrode; (d) a�10-nm-thick insulation layer of polyphenol on a�220-nm-

diameter nanotube. (From ref. 30, with permission. Copyright � 1999 American Chemical

Society.)
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On a theme similar to that of the scanning probe microscopic techniques described

above, which essentially involve interrogations at nanoscale junctions, experiments

have also been undertaken with biomolecules across nanogaps [163–165]. In one

example, biotin-labeled peptide molecules were attached covalently to a silicon

substrate, spanning a 40-nm gap between two planar gold electrodes, deposited using

electron-beam lithography [163]. The capture of streptavidin-tagged gold nanopar-

ticles in this interelectrode region resulted in an increase in conductivity, thus

indicating successful binding. The same approach was employed to investigate

biomolecular interactions between biotin and antibiotin antibodies. A related signal

transduction scheme involved immobilizing GOD onto polyelectrolyte bridges,

linking two nanoelectrodes separated by a few tens of nanometers [164]. The

conductance of these polymer nanojunctions was shown to increase with additions

of glucose due to the generation of hydrogen peroxide by GOD, with a fast response

time, thus demonstrating the potential of such ananoscale device in the field of glucose

sensing.

4.4 QUANTUM DOT–BASED ELECTROCHEMICAL BIOSENSORS

Quantum dots (QDs) are semiconductor particles with sizes in the nanometer and

subnanometer range. Their unique optical properties, such as light absorption and

photoluminescence, and electronic properties are size dependent, and due to their

excellent biocompatibility, they can be used as fluorescent probes [166,167] and

in electrochemical sensors for biological detection [168–174].

4.4.1 Improved Voltammetric Signals of Biologically Important Small
Molecules at Quantum Dot–Modified Electrodes

Jin et al. constructed a uricase–ZnS QD/L-cysteamine assembly for reagentless

amperometric UA biosensing [175]. The free carboxyl groups on the surface of ZnS

QDs are responsible for the covalent binding of L-cysteamine and then uricase.

The high electrocatalytic performance and anti-interference ability of the biosensor

are proposed to originate from the unique properties of the carboxyl group

functionalized QDs, such as solubility, biocompatibility, conductivity, and more

binding sites for higher enzyme loading. In another report by the same author, a

QD-modified acetylcholinesterase biosensor was proposed for the determination of

trichlorfon [176].

4.4.2 Direct Electrochemistry or Electrocatalysis
of Biomacromolecules at Quantum Dot–Modified Electrodes

Li and colleagues investigated the direct electrochemistry of GOD and Hb immobi-

lizedwithCdS nanoparticles on graphite electrodes [168,169]. TheCdS nanoparticles

play an important role in facilitating the electron exchange between these heme-

containing proteins and the electrode surface. Direct electrochemistry of Hb can
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also be performed by immobilizing Hb in Nafion/(CdSe–ZnS) films [170]. The Hb

immobilized in such films can retain its bioactivity and catalyze the reduction of NO

and H2O2. Preparation of PVP-capped CdS QDs modified electrodes, and their

application to the determination of Hb has also been reported [177,178].

QDs may be used as electrical tags for multiplexed bioanalysis. Such nanocrystal

tracers have been utilized successfully for enhanced electrochemical detection

of DNA hybridization [171], electrical coding of single-nucleotide polymorph-

isms [172], electrochemical sandwich immunoassays of proteins [174], lectin–sugar

interactions [179], and multianalyte electrochemical detection [173]. Regarding

the multianalyte QD/aptamer-based devices [173], the sensing protocol involves

the binding of mixed monolayers of thiolated thrombin- and lysozyme-binding

aptamers with thrombin–CdS and lysozyme–PbS conjugates, respectively,

displacement of the tagged proteins with the mixed samples of lysozyme and

thrombin, and electrochemical detection of the displaced CdS and PbS nanocrystal

tracers (Figure 4.14). A detection limit at the attomole level was achieved, which

is notably lower than that of the commonly used single-analyte devices [180–183].

Such a nanoparticle-based electrochemical biosensor could be used for the determi-

nation of various disease biomarkers at ultratrace levels for early diagnosis.

In another work by Wang et al., carbon nanotubes were used as carrier platforms

for loading CdS nanocrystal tracers for amplified electrochemical detection of

DNA hybridization [184]. The analytical protocol relies on the immobilization of

the biotinylated DNA capture probe, P1, on the streptavidin-covered microwell, and

subsequent dual hybridization with the target and the SWNT–CdS–streptavidin–la-

beled detection probe, P2, respectively (Figure 4.15). The combination of using

carbon nanotubes as a matrix for the attachment of a large number of nanocrystal

tracers and the subsequent ultrasensitive electrochemical stripping detection greatly

enhanced the sensitivity of themethod. In comparisonwith the sensing protocol based

on single-particle tags [185], such an assembly dramatically lowered the detection

level by approximately 500-fold.

4.5 CONCLUSIONS AND OUTLOOK

The unique properties of nanomaterials have attracted much attention in electro-

chemistry and offer significant promise for the construction of a wide variety of

electrochemical biosensors with desirable analytical features. In this review, a range

of examples encompassing carbon nanotube–, gold nanoparticle–, and quantum

dot–based electrochemical biosensors have been highlighted. Particular emphasis

has been directed to the use of carbon nanotubes and gold nanoparticles for the

development of novel electrochemical biosensors, since these represent, by far, the

most widely studied materials. It has been clearly established that improved voltam-

metric responses of small molecules and direct electrochemistry or electrocatalysis

of biomacromolecules may be achieved at nanomaterial-modified electrodes.

Nevertheless, due to limitations imposed by the random orientation of the nano-

structures and the unknown spatial relationship between redox species and the
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nanomaterials, highly aligned nanoarrays or nanopatterns for biological applications

have also been developed to address this. Furthermore, the attractive features of

nanomaterials have notably affected the practice of SECM and its application to the

imaging of immobilized biomolecules, and the novel techniques developed demon-

strate real potential for the future of bisosensing.

From the examples described throughout the chapter, it is evident that the

integration of nanomaterials or innovative nanodevices with electrochemistry has

given rise to new opportunities for remarkable improvements in the analytical

figures of merit of a range of biosensors. Such nanomaterial-based electrochemical

FIGURE 4.14 Operation of the aptamer–QD-based dual-analyte biosensor, involving dis-

placement of the tagged proteins by the target analytes: (a) mixed monolayer of thiolated

aptamers on gold substrates with the bound protein–QD conjugates; (b) sample addition and

displacement of the tagged proteins; (c) dissolution of the remaining captured nanocrystals

followed by their electrochemical-stripping detection at a coated glassy carbon electrode.

(From ref. 173, with permission. Copyright � 2006 American Chemical Society.)

124 IMPROVED ELECTROCHEMISTRY OF BIOMOLECULES USING NANOMATERIALS



devices are expected to hold great promise for many important applications, such

as gene and protein analyses, disease diagnostics, sensitive detection of biologically

important small molecules, and development of miniaturized biosensors for

highly selective and sensitive assays. With the development of nanotechnology

along with progress in existing detection methods, powerful sensor arrays for

parallel and real-time monitoring of multiple analytes are becoming readily

attainable. Undoubtedly, biosensors have become increasingly important to various

disciplines, and with the construction of a wide range of new nanostructures, a

multitude of applications featuring these materials in electrochemical fields is

expected in the near future.
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Copyright � 2009 John Wiley & Sons, Inc.

137



5.1 INTRODUCTION

Metal nanoparticles (NPs) seem to have fascinated humans since their first syntheses

during antiquity [1]. Indeed, solutions and solids containingmetal NPs of gold, silver,

or copper feature beautiful bright colors due to a physical property called the surface

plasmon band (SPB). Under photoexciation, conduction electrons inside a metal

nanoparticle oscillate collectively, which causes strong absorption in the visible

spectrum and thus appearance of color [2]. This aesthetic property has been exploited

extensively for centuries: for instance, for coloration of glass [3] or pottery painting

(Figure 5.1) [4].

Among the most astonishing achievements, one can cite the famous Lycurgus

cup, crafted by the Romans in the fourth century, on display at the British Museum

(see Figure 5.6) in London [5] or the bright red color of church and cathedral stained

glass produced during the Middle Ages [6]. Many more applications of this optical

property have arisen recently, leading to a plethoric bibliography. In the frame of

this chapter, we focus on its use for sensing molecules, most of them being

biologically relevant. Basically, metal nanoparticles constitute interesting sensing

tools since they provide a physical output (e.g., a shift in color) from a chemical

input (a chemically induced modification of the parameters of the particle). In early

applications, the position of the SPB of the NPs in solution (in other words, the

solution colors) was used as a probe, but in the most recent advances the SPB can be

used in a more elaborate way, as an enhancer of another signal, such as a Raman

signal, to give rise to a complete new field of science, surface-enhanced Raman

spectroscopy (SERS). Today, thanks to those techniques, single-molecule detection

is within reach, and we can hope to design rapidly portable, user-friendly detectors

in living samples without amplification. Molecules detected range from small

molecules featuring a thiol or phosphine functionality to DNA strands, proteins,

or antibodies. Since the alchemists who mistook gold colloidal solutions for an

elixir of youth [7], noble-metal NPs have never had a brighter future in health

sciences.

FIGURE 5.1 Fragment of pottery that contains copper (left arrow) and silver (right arrow)

nanoparticles. (From ref. 4, with permission. Copyright � 2003, American Institute of

Physics.)
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5.1.1 Plasmonics: Principles and Surface Plasmon
Resonance/Surface Plasmon Band Comparison

The term plasmonics has recently been crafted to define the field dealing with optical

phenomena related to the electromagnetic response of metals [8]. Any metal inter-

acting with an electromagnetic field at optical frequencies produces an optical

response at the nanoscale at a distinct frequency. This response is the result of

oscillations, called plasmon polaritons or plasmons, of conduction electrons acting as

a free electron gas. Those properties have found major applications in two principal

cases: at the surface of bulk metal or inside a nanoparticle of metal.

1. At its surface, a bulk piece of metal under electromagnetic excitation produces

evanescent waves (plasmons) that interact with the incoming wave; for a given

wavelength, extinction is observed by reflection [Figure 5.2(a)]. This phenom-

enon is the basis of the surface plasmon resonance (SPR), spectroscopy that has

had outstanding success [8–12] since it was found in 1983 to be a powerful tool

for biosensing [13]. In a typical experiment [8,14] the sample to analyze is

excited by a laser at a givenwavelength and angle. A detector collects the signal

produced by reflection. The sample can be scanned at a fixed angle and variable

wavelength, or the contrary. In conditions corresponding to the SPR, the

reflectance goes through a minimum.

2. A three-dimensionally confined electron gas of the type found in metal

nanoparticles (of subwavelength size) can also oscillate in resonance with an

incoming optical signal [Figure 5.2(b)]. This leads to an overall absorption and

scattering phenomenon commonly called the surface plasmon band (SPB),

whose precise physical aspect is explained fully in Section 5.2. The SPB does

not require a complex setup to be observed; it is visiblewith the naked eye from

very low concentrations, and a simple ultraviolet–visible (UV–vis) spectrom-

eter can easily provide a measured result of the phenomenon. This explains one

+

- - - -

+ + +

(a) (b)

Light source

Gold surface Evanescent wave

Detector

Analyte

Light source

Medium containing gold
 nanoparticles

Transmitted
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Scattered
 signal

FIGURE 5.2 Schematics of SPR and SPB. (a) In a typical SPR experimental, the incoming

wave is shed onto a gold surface. It interacts with the evanescent waves present at the surface,

causing a perturbation of the reflected signal. The presence of an analyte at the surface of gold

can be sensed. (b) In a typical SPB experiment, light is shed on a medium containing

nanoparticles. The signal interacts with each nanoparticle electronic cloud, resulting in

an overall scattering of the signal. This signal can be modified by the presence of an analyte

(see below).
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of the great advantages of SPB-based detection systems: They allow the design

of cheap, portable, user-friendly devices which compete effectively with

systems based on SPR spectroscopy, which requires a complex setup of laser

and detectors, despite an earlier start in the history of plasmonic sensing.

We want to stress that the denomination of SPR and SPB can easily lead to

confusion. They both refer to a surface, but this surface is both different in nature and

in its role in the phenomenon. In the SPR case, the surface is a macroscopic two-

dimensional interface between a metal and a dielectric and is the location of the

phenomenon; in the SPB case, the surface is nanometric in size, not flat, not perfectly

defined, and more important, is the place where surface charges appear and lead to

a restoring force for the electron gas. Another confusion can arise from the fact that

by convention only the first phenomenon is called resonance, although both are

resonance phenomena. In the SPR case it is resonance between the incomingwave and

evanescent waves at the surface of the metal; in the SPB, it is resonance between the

incoming wave and the cloud of conduction electrons inside the nanodomain [15].

To be complete, we note here that in some publications the SPB is referred to as

localized surface plasmon resonance (LSPR). In this chapter we limit our analysis to

applications in sensing the SPBofmetalNPs.Direct exploitations of this phenomenon

are presented as well as cases where it is used to enhance another signal or to improve

SPR spectroscopy (typically, in cases where metal NPs interact with a metal film).

Wedo not address thewide domain of SPR spectroscopy itself, but the reader can refer

to one of the many reviews available [8–12].

5.1.2 Metal Nanoparticles: Definition, Synthesis, and Applications

Nanoparticles (NPs) are defined as particles composed of a certain number of atoms,

ranging from 3 to 107 [2]. Because of their size, they feature properties that are neither

those of molecules nor those of bulk material. In particular, the properties of the

material at this size become strongly dependent on the material’s size and shape [16].

TheSPB results in a strong, broad band observed in absorption in theUV–vis spectrum

for metallic NPs larger than 2 nm. For smaller clusters, no SPB is observed [17].

Allmetals feature this property [2], but only the seriesAu–Ag–Cuexhibits one intense

enough to have enabled applications in sensing.

Nanoparticles can be synthesized in solution: In the case of gold, salts of Au(III)

are typically dissolved in water and reduced with NaBH4 in the presence of a ligand

to confine the particle at the size wanted [18,19]. Many variations of this procedure

have been designed, some being mono [20] or biphasic [19], some favoring specific

shapes by allowing the growth of only some of the facets of the nanocrystal [21,22],

some occurring in purely organic medium and starting from Au(I) precursor [23].

Photochemical methods have also been reported [24,25]. The synthesis allows us to

have some control on the size of the particles, their monodispersity (homogeneity

in size), their shape, and their surface functionality. After the synthesis, ligand

place-exchange reactions can be performed to achieve new functionalities at the
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surface [26–28]. The particles in solutions can thus be used as such or engineered

inside a material [29] or onto a surface [30]. Photochemical methods are also

available [31], or they can be prepared directly on a substrate. One of the most

popular of the direct methods, conceived by Van Duyne’s group, is called nanosphere

lithography (Figure 5.3). In this technique, latex nanospheres are packed on a

wafer to be used as a mask. Metal is then deposited. In the interstices between

the nanospheres, metal forms a layer directed onto the wafer. After removal of the

nanomasks, a pattern of triangular nanoparticles remains on the surface [32]. This

method allows fine control over the particle sizes, and ‘‘naked particles’’ (i.e.,

particles without surface functionalities) are reachable. These methods allowed the

most recent breakthroughs in plasmonics [33–35]. This very powerful strategy is

somewhat limited by the number of particles synthesized, since it is a two-dimen-

sional method. A few reviews are available for the reader interested in metal

nanoparticle synthesis [1,16,36–39].

Among the numerous applications of metal nanoparticles, detection is one of the

most prolific, thanks to their remarkable properties, such as a high surface-to-volume

ratio, chemical versatility, tailorable and powerful optical properties, and structural

stability [40]. More specifically, the cross section for elastic scattering of light from

a50-nmgoldnanocrystal canbeamillion-fold larger than the cross sectionof emission

or absorption from any other molecular chromophore [41]. Because of that property,

scientists have in hand detection methods that will probably sometimes make it

possible to avoid polymerase chain reaction (PCR), a method used to amplify

nucleic acid expression prior to detection which is time consuming, costly, and little

portable. Four mechanisms have been used for sensing with plasmonic particles:

(1) nanoparticle aggregation (Section 5.3), (2) local dielectric medium constant

change (Section 5.4.1), (3) charge-transfer interaction between particles and their

ligands (Section 5.4.2), and (4) use of particles as labels (Section 5.5) [42]. Detection

FIGURE 5.3 Nanosphere lithographic fabrication of nanoparticle arrays and film over

nanosphere surfaces. (From ref. 32, with permission. Copyright � 2005 Elsevier.)

INTRODUCTION 141



methods that rely on plasmonic nanoparticles have already reached commercializa-

tion, with, for example, the two-color nucleic acid microarray of Genicon Sci-

ence [43]. Such newly crafted words as nanodiagnosis or nanomedicine indicate how

important those methods have become for biologists [40]. The reader may be

interested in the plethora of literature that is available on subjects touching on

plasmonic particles applied to detection. Astruc et al. published a very complete

review on all aspects of the physics, chemistry, and biology of gold nanoparticles [1],

whichwas complemented by a tutorial review byEnstis and El-Sayed [16]. Numerous

reviews have recently been published on various aspects of metal nanoparticle

optics [44–46]; applications of the SPB [47]; nanoparticles applied to biology [40,48–

50], especially to biosensing [13,32,41,43,51–56]; or surface-enhancedmethods [57–

60]. Other properties of metal nanoparticles not involving the SPB have been used for

sensing [61–63].

The next step to take in nanomedicine is application in vivo (i.e., inside a living

organism). As a consequence, recent studies have been launched to evaluate the

cellular uptake and the cytotoxicity of some plasmonic nanoparticles, with an

emphasis on gold nanoparticles [64,65]. Connor et al. reported that a library of gold

nanoparticles of sizes ranging from 4 to 18 nm, and capping ligands such as biotin

hexadecyltrimethyl-ammonium bromide (CTAB) and citrate, were easily taken up

by some leukemia cells, but no cytotoxicity was observed [66]. Other studies have

shown minor toxicity for cell nucleus targeted particles [67]. In a similar approach,

Takahashi et al. efficiently replacedCTABbyphosphatidylcholine onto gold nanorods

toprovidecyto-compatiblenanorods [68].Very recently,Huff et al. showed thatCTAB

nanorods were also bio-compatible and could be taken up by cellular nucleus [69].

Further studies are desired to understand the role of factors such as shape or other

ligands, the long-term impact of nanoparticles in cells, potential degradation

metabolisms, and accumulation schemes in organisms, but this remains extremely

promising. The question of cytotoxicity of metals different from gold has also been

raised. Silver, although a better scatterer than gold at the particulate state [70], cannot

be used as such in vivo because they could not be stabilized adequately [71]. Such

a problem could be circumvented by protecting silver particles with a layer of gold in

a strategy developed by Mirkin and explained in Section 5.2.3.4 [71].

Apart from diagnosis and sensing, metal nanoparticle plasmonics have shown

great potential for therapeutic strategies. Takahashi et al. recently induced a release of

DNA plasmid on demand by pulsed infrared light using the SPB [72]. Plasmonic

particles could be used as an antenna to enhance a field, leading to phenomena such as

SERS. The SPB was employed in a similar fashion to create local heating, used for

therapeutic application. Since 2003, several studies have been published on the use

of excited plasmonic particles to degrade cancer cells thermally. TheWest, Halas, and

Hirsch groups chose gold nanoshells that feature an SPB in the near infrared

(Figure 5.4). Indeed, transmission through living tissues is optimal in this region [73].

Once inside the target tumor, the particles are excited under 820-nm radiation, which

results in heat production around the particles. Tests on cells and in mice have been

successful [74–77]. This approach counts among the most novel frontiers in

nanotherapy [49].
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5.1.3 Chapter Outline

In the present review we introduce the physical theory explaining the SPB in

Section 5.2. Both the absorption and the scattering properties are discussed. Factors

affecting the SPB, such as the dielectric medium, ligands, and stabilizing agents,

size and shape, and nanoparticle composition, are then discussed and placed in

perspective with the role they play for detection. In Sections 5.3, 5.4, and 5.5 we

detail various strategies developed for detection involving the SPB. Section 5.3 is

dedicated to detection using nanoparticle aggregation–deaggregation events. In

Section 5.4 we summarize the advances in using nanoparticle as labels, especially

using their scattering properties. In Section 5.5 we overview detection methods

relying on modification of the medium or the ligands stabilizing the nanoparticles.

In this review we do not discuss the numerous surface-enhanced spectroscopies, such

as SERS, although they use the SPB properties. Several reviews are available to the

reader [59,60,78,79].

5.2 THE SPB: AN OPTICAL PROPERTY OF METAL NPS

The SPB has been studied extensively for the past 100 years or so. Many descriptions

of it were given by both chemists and physicists, and we would like to describe

FIGURE 5.4 Cells irradiated in the absence of nanoshells maintained both viability, as

depicted by calcein fluorescence (a), and membrane integrity, as indicated by a lack of

intracellular fluoroscein dextran uptake (c). Cells irradiated with nanoshells possess well-

defined circular zones of cell death in the calcein AM study (b) and cellular uptake of

fluoroscein dextran from increasedmembrane permeability (d). (From ref. 74, with permission.

Copyright � 2003 National Academy of Sciences USA.)
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them briefly. The book of Kreibig and Vollmer is the most extensive and precise opus

on the subject of optical behavior ofmetal clusters, while Liebsch’s book offers a solid

background in plasmonic physics in general [2,80]. For amore concise and illustrative

outlook, we refer to Liz-Marz�an’s recent review, focusing on Mie and effective

medium theory [44]. In this section we summarize the physics behind the phenom-

enon, using the two traditional theories: the Drude–Maxwell model and the theory

exposed by Mie. For a more extensive description, we direct the reader to the article

by Moores and Goettmann [45].

5.2.1 Absorption of Light by Nanoparticles

The SPB is a phenomenon due to the presence of NPs that is observed in transmission

or in scattering. Thismacroscopic feature can be explainedby the collective resonance

of the conduction electrons of the nanoparticle (the d electrons in gold and silver) [16]

under the effect of an incoming wave. To set up the problem, one needs to have a good

model for describing the wave on one side and the particles on the other. The model

for the propagatingwave is obviously theMaxwell theory, while the particle electrons

are described using Drude’s theory of free electrons. This will provide a dielectric

constant e for the particles, a crucial parameter that appears in theMaxwell equations.

Let’s consider ametal definedwith adielectric constant e1. TheMaxwell equations

describing the propagation of an electromagnetic wave of frequency w in that

metal [81] link the electric field E, the magnetic inductionB, the electric polarization

P, the electric displacementD, the magnetizationM, the permittivity e0 of free space,
the permeability m0 of free space, e1, the electrical current j, the conductivity of

the metal s(w), and the current density r in the medium studied. From those

equations, one can extract an equation ruling a periodical electric field in that medium

[E(w)¼E0e
�iwt is taken as a convention]:

r2E ¼ �m0e0w
2 e1 þ isðwÞ

we0

� �
E ð5:1Þ

r2E ¼ �m0e0w
2E ð5:2Þ

eðwÞ ¼ e1 þ isðwÞ
we0

ð5:3Þ

Equation (5.1) is a propagation equation. It has the same form as that of a wave

propagating in the free space [equation (5.2)], but with e0 replaced by e(w) [expressed
in equation (5.3)]. e(w) is the frequency-dependent dielectric constant of the metal

in the presence of a wave. Incident light causes a change in the metal behavior that is

thus taken into account. This value is complex, which expresses the fact that the

wave and the response are not necessarily in phase. Unlike the free-space problem

[equation (5.2)], equation (5.1) is difficult to solve, for it requires e(w) and s(w) to be
fully expressed. Of course, experimental values were determined for them and could

be used, but many models were also developed. Among them, the Drude theory
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describes the mechanics of the electrons inside a metal. In this theory, electrons

are considered as free and independent. The motion of a whole cloud is then the sum

of the motion of the individual electrons: The coupling between them is thus

considered as maximum, electrons acting all in phase [2]. The motion of one electron

is described by

me

dv

dt
þmeGv ¼ eE ð5:4Þ

whereme stands for the effectivemass of the electron (taking into account the presence

of a positively charge background), v the electron speed, and e the charge of the

electron. The second term represents damping due to various factors, such as free-

electron inelastic collisions but also electron phonon coupling, defects, and impuri-

ties [17];G is the damping constant. The secondmember is the force due to the electric

field. Compared to that of the electric field, the force exerted on the electrons by the

magnetic field is negligible. This approximation is justified since electrons aremoving

very slowlycompared to light. It is stated again thatE(w)¼E0e
�iwt. Then vwill alsobe

sinusoidal (v ¼ v0e
� iwt) and equation (5.4) becomes

ð� iwme þmeGÞv0e� iwt ¼ eE0e
� iwt ð5:5Þ

Hence,

v0 ¼ e

meG� iwme

E0 ð5:6Þ

Then j (¼ env by definition, j¼ j0e
�iwt) can be expressed as resulting from the

individual motion of all electrons, with n the electron density:

j0 ¼ env0 ¼ ne2

meG� iwme

E0 ¼ sðwÞE0 ð5:7Þ

The last identity is simply the expression of the Joule rule [45] and results in the

conductivity s(w) then having the form

sðwÞ ¼ ne2

meG� iwme

ð5:8Þ

Together, equations (5.3) and (5.8) provide the dielectric constant e(w) as a function
of known constants: e1, n, e, me, and e0, of the frequency w and of G:

eðwÞ ¼ e1 � w2
P

w2 þ iwG
¼ e1 � w2

P

w2 þG2
þ i

w2
PG

wðw2 þG2Þ ð5:9Þ
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where wP is used to simplify the expression of e(w); its expression is

w2
P ¼ ne2

e0me

ð5:10Þ

For the determination of G, experimental data are generally used [17,82,83].

Now that we have an expression for e(w), we can address the problem of the

nanoparticles. Since e(w) was determined here for bulk metal, several postulates then

becomewrong but are kept as approximations; for example,r¼ 0, as in small particles

the electron density in no longer uniform. Charges will accumulate at particle edges,

as we will discuss further.

Two other approximations are made here: Because NPs are very small in regard to

thewavelength, all the electrons confined in ananoparticle see approximately the same

field at a given time t [2] . The electric field is considered as independent of the position

(quasistatic approximation).Thedisplacement of the electron cloudunder the effect of

the electric field leads to the creation of surface charges, positive where the cloud is

lacking, negativewhere it is concentrated (Figure 5.5) [2]. This aspect of the problem

justifies the use of the term surface in the designation of the global phenomenon: the

surface plasmon band. But one has to keep it mind that all the electrons present

aremoving collectivelywhile under the effect of the field. Such collective oscillations

are said to be plasmon polaritons [3], as opposed to the free plasmon occurring in bulk

metal [2]. This dipolar charge repartition imposes a new force on the electron cloud,

which tends to restore it to its original position. The position, x, of an electron placed

in the oscillating cloud of a nanoparticle is then governed by

me

d2x

dt2
þmeG

dx

dt
þKx ¼ eE ð5:11Þ

FIGURE 5.5 Electronic cloud displacements in nanoparticles under the effect of an

electromagnetic wave.
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whereK is the restoring force; kwill not be expressed here. This equation describes the

movement of a forced, damped harmonic oscillator. This problem is equivalent to that

of classical mechanical oscillators.

Another way of watching the problem is to say that the electric field seen by the

nanoparticle is the external one altered by the effect of the polarizability of the

medium. Using the boundary condition in a spherical particle, the internal field Ei in

a nanoparticule surrounded by vacuum is expressed as [2,85]

Ei ¼ E0

3

eðwÞþ 2
ð5:12Þ

This gives a condition of resonance which occurs when Ei is maximum, hence when

|e(w) þ 2|; that is, |e1(w) þ 2|2 þ |e2(w)|2 is minimum [e(w)¼ e1(w) þ ie2(w)].
Thus, wM the resonance frequency, verifies that e1(wM)¼�2. With the relation

(11), considering that e1¼ 1 and G�w, the following relation is obtained:

e1ðwMÞ ¼ 1� w2
P

w2
M

¼ � 2 hence wM ¼ wPffiffiffi
3

p ð5:13Þ

The description we have made of the phenomenon thus far is very simple: We

envisaged one isolated spherical nanoparticle in vacuum with several hypotheses,

such as e1¼ 1 and G�w. This is wrong, of course, but the virtue of this model is to

provide good insight into what happens physically: The electron cloud oscillates

under the effect of incident light. The restoring force is provided by the surface

charges formed at the edge. The value of the resonance frequency is givenwith a good

approximation by equation (5.13) [2].

5.2.2 Scattering of Light by Nanoparticles

There is one other way to explain the SPB property in simple terms. The electron

cloud of a nanoparticle oscillates under photoexcitation. We detailed in Section 5.2.1

the forces that play on the cloud of electrons (electric field, restoring force, and

damping). Hence, electrons in this context are accelerated and thus emit a wave

themselves, since any electric charge that accelerates produces electromagnetic

radiation, according to Maxwell’s equation [81]. This wave is emitted in all

directions, thus scattering the energy of the unidirectional incoming wave. At

resonance this phenomenon reaches its climax and a maximum of the incoming

energy is scattered and thus not transmitted. This explains the absorbance spectrum

of plasmonic particles, which we discussed above. The light thus scattered has

the same wavelength as the incident light [85]. In fact, the scattering approach

problem was historically the first used to rationalize the SPB. In 1908, Mie used

Maxwell’s equations to spherical particles embedded in a medium, boundary
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conditions being chosen adequately [86]. He thus obtained an expression of the

cross section Cext:

Cext ¼ 24p2R3e2=3m

l
e2

ðe1 þ 2emÞ2 þ e22
ð5:14Þ

where l is the wavelength and em the dielectric constant of the surrounding medium),

which reaches a maximum at resonance for e1¼�2em. We find here the condition

furnished by the Drude treatment [equation (5.l3)] stating that em¼ 1.

The Lycurgus cup (Section 5.1) is a good illustration of the scattering properties of

nanoparticles. Its walls are made of a dichroic glass (i.e., they feature two different

colors, depending on light exposure). Gold and silver alloy nanoparticles embedded

in the glass absorb light by transmission to give a red color when the cup is lightened

from inside, while light scattered by the same particlesmakes the cup look greenwhen

light is shed from outside (Figure 5.6) [87].

Most other properties of a scattering peak are comparable to the absorption peak,

such as the dependence of the peak sensitivity on the dielectric medium, recently

shown tobe linear [88].Nanosized tips havebeenusedas scatterers formicroscopy [8].

The scattering properties have been exploited for sensing, where the particles are in

fact used as labels, in a fashion similar to that for fluorescent probes. This is described

further in Section 5.4.

FIGURE 5.6 The Lycurgus Cup: on the left it appears green, because it is lit from outside

and scattering effects are dominating; on the right, light from inside allows to see the red color

typical of absorption phenomenon by nanoparticles. (From ref. 15, with permission from the

Bristish Museum, London. Copyright � Trustees of the British Museum.)
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5.2.3 Factors Affecting the Position of the Surface Plasmon Band

As illustrated by equation (5.9), the expression of the dielectric constant e(w)
depends on the electron density inside the particle n and the damping effects

represented by G, but also on the dielectric constant of the surrounding medium,

e0. The position, shape, and intensity of the SPB depend on them strongly. Here we

develop how the plasmon band position is affected by the dielectric constant of the

surrounding medium, the electronic interactions between the stabilizing ligands and

the NP, which alters the electron density inside the NP and the size of the NPs.

Obviously, the nature of the metal inside the particle comes into play as well and will

be discussed.

5.2.3.1 Dielectric Medium The nature of the medium surrounding the nano-

particles has a great impact on the position of the plasmon band, as expressed in the

Mie equation [equation (5.14)]. This property is probably the one used most for

sensing purposes. Several methods exist for modifying the dielectric medium around

the nanoparticles. The first is to change the matter directly surrounding the particle

itself; the second is to change the distance between two consecutive particles.

Mulvaney’s group has launched pioneer studies on the field and evidenced the shift

of the SPB position with a change of surrounding solvents. By using gold nanopar-

ticles stabilized with a polymeric comb that prevented aggregation upon solvent

transfer, they showed that the position of the plasmonic band shifts toward the lower-

energy region while the solvent refractive index increases [89]. His work was

completed by a theoretical analysis using the Mie theory. The same group then

coated gold nanoparticles with silica to provide a core–shell structure with a silica

layer of various thicknesses. In solution, the position of the SPB of those hybrid

systems depended on the thickness of the layer [90]. These silica-coated nanoparticles

were used to provide thin films deposited on glass. The color of those films depended

on the thickness of the silica layer, which affected the distance between two

consecutive particles (Figure 5.7) [91]. As the distance decreased, the color of the

film shifted from red to blue. This is the same phenomenon that we observe when

aggregating nanoparticles in solution (see Section 5.3.1). This red-to-blue color shift

can be rationalized by a red shift of the SPB (considered in absorption). The position of

the SPB was also found to depend on the number of layers of particles in the film.

Recently, complete theoretical analyses of the sensitivity of metal nanoparticle SPB

to the dielectric environment have been released, in both the absorption [92] and the

scattering context [89]. Mock et al. also studied this dependence on silver particles of

various shapes [93].

As pointed out earlier, the dielectricmedium is also altered by the distance between

two consecutive nanoparticles. This problem has been studied in the case of pairs of

nanoparticles deposited on a substrate, usually by nanolithography (see Section 5.1.2)

[94,95]. When the interparticle distance drops below twice the mean diameter of the

particle, a dramatic shift is observed in the SPB. This effect is explained by

dipole–dipole interaction between the two particles. As the particles come closer,

their SPB position shifts toward the red region of the spectrum. In solution, reversible
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aggregation and deaggregation of nanoparticles induced by chemical means has a

similar effect. Scrimin and Pasquato grafted gold nanoparticles stabilized with dithiol

that could be cleaved or rejoined chemically. A red shift of the solutions was observed

when the particles aggregate [97]. Nanoparticles of various shapes feature similar

behaviors. Thomas andKamat noticed that addition of amercaptocarboxilic acid onto

a solution of gold nanorod triggered a hydrogen-bonding agglomeration that highly

favors alignment of thenanorods, as shown inFigure5.8 [97].Asubsequent red shift of

the longitudinalmodeof the SBP is observed.Theyused this self-assembly property to

design a detection system thatwould specifically sense sulfur-containing amino acids.

Upon addition, those analytes cover the tips of the rods, trigger an aggregation by

hydrogenbonding specifically in the longitudinal direction, and observe the extinction

of only the longitudinal mode of resonance [98]. This system allowed very specific

detection of cystein and glutathione in the presence of other amino acids. The

dependence of the SPB on the aggregation state of the NPs has been used intensively

for sensing purposes, as we will see in Section 5.3.3.

FIGURE 5.7 Transmitted color of the films after deposition from a ruby red gold sol as

a function of the silica shell thickness. Top left going across: 15-nm gold particles coated

with silica shells of thickness 17.5, 12.5, 4.6, 2.9, and 1.5 nm, then with mercaptopropionate

and citrate ions. The bottom right is a thin, sputter-coated gold film. (From ref. 19, with

permission. Copyright � 2001 American Chemical Society.)
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5.2.3.2 Ligands and Stabilizing Agents Metal NPs in colloidal solutions

have a natural tendency to agglomerate and form bigger particles, so that they lower

their surface tension [1]. To ensure kinetic stability, metal particles in solution need to

be covered by stabilizers (or ligands) that protect their surface. The nature of the

interaction between the stabilizers and the surface could be either a coordination

chemistry type, meaning that the ligand and a metal atom at the surface exchange

electrons to form a bond, or a purely electrostatic type. Amines [99], thiols [19], and

phosphines [100] are common ligands for metal nanoparticle stabilization. The

stabilizers form a shell around the particle that has a strong impact on the dielectric

medium. But also by electronic exchange between the metal core and the ligands,

through mechanisms that are well known in coordination chemistry, the electronic

density inside the particle can be altered directly [29,101]. In other words, the ligands

can partially oxidize or reduce the surface atoms, and thus the particle core. The

frequency of the SPB, given by equations (5.10) and (5.13), varies as the square root of

n, the electron density inside the NP. As a consequence, the plasmon band position is

red-shifted when the electronic density drops. Henglein et al. studied this dependence

in the 1990s in both oxidation [102–104] and reduction [105]. Other groups studied

this phenomenon using electrochemistry [106,107].

5.2.3.3 Size and Shape The dependence of the SPB position on the size of the

particle is obvious from equation (5.14), since the cross section of the particle is

linearly dependent on R, the radius of the particle. This is a specificity of nanosized

materials, bulk materials having optical properties dependent only on their compo-

sition. In simple words, the mean free path of electrons in gold or silver being about

50 nm, an electron of a particle of that size or smaller is more likely to encounter the

FIGURE 5.8 TEM images of gold nanorods functionalized (A) in the absence of mercap-

topropionic acid, and (B–D) in the presence of mercaptopropionic acid, which occupies

favorably the tips of the nanorods. (From ref. 97, with permission. Copyright� 2004American

Chemical Society.)
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‘‘wall’’ of the particle than another electron, which perturbs the dynamics of the

system [108]. Consequently, the position of the SPB of noble-metal nanoparticles

undergoes a blue shift as the size of the particles decreases, as evidenced experi-

mentally [109,110] and rationalized theoretically [111]. Alteration of the synthetic

methods of NPs makes it possible to reach an entire size range of particles. Changing

the size is a very powerful means of finely tuning the properties desired for the sensing

device being designed. For similar reasons, changes in the particle shape have a

dramatic effect on the position of the SPB and thus on the color of the colloidal

solution. The variety of particle shapes has challenged human imagination, and

nanospheres, nanorods [21,112,113], nanotriangles [114,115], nanooctahedra [116],

nanocubes [22,117], nanorices [118], nanodisks [119], nanowires [120], nanos-

tars [121], triangular prisms [119,122] and many more have been reported

(Figure 5.9) [123,124].

Orendorff et al. have studied the scattering properties of nanoparticles of various

sizes [120]. On reducing the symmetry of a particle, additional modes of resonance

appear. For example, a sphere differs from a rod in that in the first case, one peak is

observed versus two in the second case [113,125]. For the rod, two resonances are

observed, corresponding to oscillations of electrons along either the small axis of the

particle (transversemode) or the longone (longitudinalmode).The latter is red-shifted

with respect to the former.Nanorods have beenused for sensing systems, inwhich case

the longitudinalmode shift was utilized, as explained in Section 5.2.3.1 [98]. The two

modes allowfine tuning of the system for the applications envisioned.Avery complete

FIGURE 5.9 TEM (inset SEM) images of Au nanoparticles synthesized under different

conditions: (A) triangles and rods are visible; (B) hexagons are dominant; (C) cubes are formed;

(D) triangles and spherical particles are observed. (From ref. 122,with permission. Copyright�
2004 American Chemical Society.)
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study published recently by Noguez shows that the SPB undergoes a blue shift when

the particle become more symmetrical (i.e., with fewer facets) [127]. Another

interesting point regarding sensing is that shapes featuring tips such as stars or

triangles possess an enhancedfield around the tips,which provides a great potential for

surface plasmon resonance–enhanced spectroscopies [127].

5.2.3.4 NanoparticleComposition Metal nanoparticle compositionobvious-

ly has a strong effect on the optical response. Among metals with a strong plasmonic

response, Cu, Ag, andAu behave differently, and silver nanoparticles differ from gold

ones bya sharperSPBsignal [101], a differentwindow, and a fourfold larger extinction

coefficient [70]. The variation of the position of the SPB inAu–Ag alloy nanoparticles

of various compositions is visible in Figure 5.10. A red shift is observed on going

frompure silver to pure gold.When arranged into an array, silver particles can produce

remarkably narrow plasmonic bands [128].

In recent years, nanotechnology has made it possible to reach nanoparticles of

alloys of several metals [129–132], but also core–shell structures [90,133] (hybrid

structuresmade of a core of onematerial and an envelope of another). Such designs are

very valuable for tuning the properties of the sensing device made from them [134].

Core–shell structures are particularly successful, since the core can be chosen for
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FIGURE 5.10 Calculated spectra of 6-nm particles of Ag–Au alloys of various composition

in water using full Mie equations (0 corresponds to full Ag, 1 to full Au). (From ref. 101, with

permission. Copyright � 1996 American Chemical Society.)
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certain desired physical features, and the shell, for protection of otherwise unstable

nanoparticles. For example, theMirkin group developed a synthesis ofDNA-modified

core–shell Ag–Au nanoparticles. This system is very interesting because it combines

the advantage of the powerful SPB provided by the silver core with the stability and

easy of DNA functionalization that the gold cover allowed [71]. The shell of the

structure can also be chosen to alter the position of the SPB. In another example, silica

beads (of diameter 96 nm) have been covered with a gold layer (of thickness

22 nm) [135]. This design enables optical resonance in the near-infrared region,

where optical transmission through living tissue is optimal [73]. It also allows

functionalization of the core–shell in the sameway as do classical gold nanoparticles.

Since 2003, applications of those core–shell structures have been published for

sensing, for example, in whole blood [136]. In the case of core–shell structure,

both the dielectric medium and electronic effects are required to describe the SPB

alteration.

5.3 PLASMON BAND VARIATION UPON AGGREGATION
OF NANOPARTICLES

In Section 5.2.3.1 we described how the aggregation state of particles has direct

consequences on the dielectric index of the surrounding medium around the particles

and thus affects the SPB position. Nanoparticles are easy to functionalizewith various

recognition molecules, and this fact can be used to induce an aggregation or

deaggregation event (see Figure 5.11). This idea has been used intensively in a wide

variety of applications, ranging fromDNAandprotein recognition to environmentally

relevant cation sensing. Very recently, it has even been exploited for pH sensing in an

alkaline medium [137].

5.3.1 Pioneer Works

As described in Section 5.4, the first example of the use of nanoparticles as colorful

labelswas proposed byLeuvering et al. as early as 1980. Theydesigned a ‘‘sandwich’’

immunoassay using antibody-functionalized gold nanoparticles. Interestingly, in the

course of their studies, they evidenced a naked-eye visible color change from red to

FIGURE 5.11 Principle of detection by aggregation: the presence of the analyte to sense-

induce an aggregation event by molecular recognition (M¼Ag or Au).
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blue due to the presence of human clorionic gonadotrophin (hCG) in a solution of

antibody conjugated gold nanoparticles [138]. This shift was caused by aggregation of

the particles, and Leuvering et al. saw the potential of that aggregation as a probing

event. With a diameter of 50 nm and functionalized with the anti-hCG, the particles

feature a red color in solution. Addition of hCG and incubation induce binding of the

hCG to several anti-hCGs, causing aggregation of the particles and appearance of

a blue color. The change can be monitored by UV–vis spectroscopy. Further work

showed good selectivity of that method and applicability for naked-eye detection of

hCG in urines [139]. This methodology was then used for detection of estrogen. It is

an interesting problem since estrogen is a monovalent immunoresponsive molecule,

meaning that simultaneous conjugation with two antibody-attached nanoparticles is

impossible. This limitation was circumvented by complexing the estrogen onto a

multivalent carrier, bovine serum albumine. This colorimetric detection method of

estrogen was adapted for urine and plasmon media [140]. The work led to clinical

testing on rubella hemagglutinin with excellent selectivity and sensitivity [141].

In 1996, Mirkin et al. engineered the first DNA strand–sensing method using

plasmon activenanoparticles. The detectionwas based on the change of position of the

plasmon band of a colloidal solution (and thus on a change of color) triggered by

aggregation of the particles. Aggregationwas controlled byDNAhybridization [142].

They coordinated 13-nm gold nanoparticles with oligonucleotides (single-stranded

DNA) terminated with a thiol function. Two batches were prepared, one with DNA

strands that we will name A and the other with B, and then mixed together. In the

presence of a free duplex containing on one end a strand complementary to A, on the

other a strand complementary to B, the DNA strands hybridized and the distance

between two consecutive nanoparticles was reduced dramatically. The natural

consequence was a change in color from bright red for nonaggregated NPs to purple

for aggregated NPs (Figure 5.12).

Interestingly, the presence of nanoparticles changed the dynamics of DNA strand

hybridization. Upon heating the aggregated mixture to 80�C, denaturation of the

double strand occurs, but in the presence of nanoparticles, the transition observedwas

much sharper than in their absence [144]. This property was used to provide a system

capable of detecting a single base mismatch or deletion [146,147]. Storhoff et al.

further investigated the optical properties of those hybrid nanoparticles by changing

the distance between consecutive particles in the aggregate. This parameter can easily

be tunedby changing the length of theDNAstands used as spacers (Figure 5.12) [146].

The size of the nanoparticles is also a parameter that can improve the sensitivity:

Larger particles (50 and even 100 nm), with a better extinction coefficient, gave better

results and quantitative detection down to 1 nM [147]. A further development allowed

the design of detection on a solid support: Test solutions could be spotted on silica gel

plates, which enhanced the color change and allowed a permanent record of the

test [145]. The advantages of their method on other known biosensors are numerous:

its sensitivity, its selectivity (one base end replacement, one deletion or insertion,

is enough to have the test failed) [145], its user friendliness (the color shift is eye

visible), and the fact that it occurs in real time. This study was a milestone both in the

domain of biosensing, allowing naked-eye detection of DNA strands and seeding
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a concept that will be used for sensing of various biomolecules, and also for

nanoparticle optics, since controlled and reversible NP aggregation had been prob-

lematic before that work. Since then, the field of material science has also exploited

intensively this concept of DNA-driven assembly of nanoobjects [148–150]. Also,

detection using color change induced by nanoparticle aggregation has flourished,

providing applications for sensing all sorts of biomolecules, but also metal cations,

as described below [51].

5.3.2 Further Developments in DNA Detection

To foster user-friendly medical diagnosis, Taton et al. investigated the possibility of

producing a heterogeneous (i.e., solid-based) DNA-sensing device with improved

sensitivity [151]. Theyused sandwich assay strategies, inwhich strandA is attached to

a support and strand B is hybridized on the nanoparticles. In the presence of a target

DNA A0B0, a pink color characteristic of the nanoparticles appeared.

In 2003, Sato et al. developed a DNA-sensing method which, contrary to the

Taton et al. system, did not involve cross-linking hybridization (Figure 5.13) [152].

In this work they used a DNA-functionalized gold nanoparticle solution with a high

salt concentration. In the presence of the complementary strand, DNA duplexes form

at the particle surface and considerably reduce both the electrostatic and steric

repulsion between nanoparticles in solution; aggregates then form. The aggregation

behavior was investigated by varying the salt (NaCl) concentration from 0.1 to 2.5M.

Single DNA strand–functionalized nanoparticles showed no aggregation behavior in

FIGURE 5.12 Principle of DNA detection using nanoparticle aggregation: A strand and B

strand substituted nanoparticles, mixed in the presence of a DNA linker featuring anA0-duplex-
B0 structure, leading to aggregation. (From ref. 143, with permission. Copyright � 2000

American Chemical Society.)
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that range because of the strong electrostatic repulsion between the particles. In the

presence of the perfect complementary strand, duplexes form and the electrostratic

repulsion drops. Above a threshold at 0.5M NaCl concentration, this drop results in

aggregation of the particles [Figure 5.13(B)]. The detection is very fast (<3 minutes).

The detection method proved selective to single-base mismatch [Figure 5.13(C)] but

less sensitive (500 nM) than in the Taton et al. system. Methods that do not require

prefunctionalization of the nanoparticle surface were also designed [153,154].

5.3.3 Protein Detection

Since the pioneering work of Leuvering et al. in the 1980s on gonadotrophin or

estrogen reported in Section 5.3.1 [138–140], protein detection has proved very

successful. The principle of detection exemplified by DNA sensing served as a

template for the development of protein sensing. Here an antigen–protein couple is

used as the specific probe to trigger an aggregation event. The high specificity of this

binding allows very high selectivity of the sensors devised. It must be emphasized that

this binding mode has been used extensively for nanoparticle assembly [155,156].

As early as 1998, Sastry et al. developed a colorimetric assay based on the Mirkin

strategy. Avidin-stabilized gold and silver nanoparticles aggregated in the presence of

complementary biotin, leading to color change in the solution [157]. In 2001, Otsuka

et al. studied a system that allowed reversible aggregation of particles. Nine-

nanometer gold nanoparticles have been coated with a poly(ethylene glycol) polymer

and then functionalized with a lectin-specific antigen, b-D-lactopyranoside (Lac).

FIGURE 5.13 Aggregation behaviors of DNA–gold nanoparticles at various NaCl con-

centrations at room temperature: (A) without a target DNA; (B) with the complementary target;

(C) with a target containing a single-base mismatch at its 5’ terminus. The final concentrations

of the particle, the probe DNA, and the targets were 2.3, 500, and 500 nM, respectively. (From

ref. 152, with permission. Copyright � 2003 American Chemical Society.)

PLASMON BAND VARIATION UPON AGGREGATION OF NANOPARTICLES 157



When exposed to the bivalent lectin Recinus communis agglutin (RCA120), the

particles agglomerate and the solution shifts from red to purple (Figure 5.14). This

binding proved reversible. In the presence of an excess of galactose, forwhichRCA120

has a strong affinity, deaggregation occurs and the original color is recovered.

Detection down to 5mg/mL has been shown [158]. Along that line, work by Thanh

andRosenzweig in 2002 proved the concept feasible for detection in a serummedium.

A detection level of 1mg/mL was measured [159]. Protein A was used as a model,

and the effect of pH and temperature on the aggregation phenomenon was discussed.

In 2003, access to antigen sensors in whole blood was achieved based on the SPB of

gold nanoshells: silica beads covered with a gold layer [160]. In 2006, Russell’s group

showed that silver nanoparticles (16 nm of diameter) functionalized with a mannose

derivative specific to concanavalin A (Con A) were well suited for quantitative

detection (between 0.08 and 0.26mM); gold nanoparticles of the same size and with

the same functionalization proved the most sensitive, with a limit of 0.04mM.

Interestingly, a mixture of lactose-stabilized gold nanoparticles with mannose-

stabilized silver nanoparticles could detect both RCA120 and Con Awith a selective

aggregation of the respective nanoparticles [161,162]. In 2007, Mirkin’s group

published an interesting example of endonuclease inhibitor sensing using a similar

strategy [163]. In 2005, Zare’s group demonstrated that plasmonic particleswere good

candidates for detection of conformational changes in proteins. This interesting

breakthrough was performed with cytochrome c–stabilized gold nanoparticles sub-

jected topHchanges. Indeed, lowpH isknown to induce anunfoldingof cytochrome c.

The nanoparticle thus surrounded by unfolded nanoparticles aggregated. Those

phenomena are reversible, since an increase in pH could allow the protein to fold

back and the particle to deaggregate. It was proved that the change of pH on a ‘‘bare’’

gold nanoparticle had no effect on the SPB. The color of the solution was once again

FIGURE 5.14 Reversible aggregationed behavior of Lac-functionalized gold nanoparticles

by sequential addition of RCA120 lectin and galactose with actual concomitant change in color

from pinkish red to purple to pinkish red. (From ref. 158, with permission. Copyright � 2001

American Chemical Society.)
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aprobe to follow the phenomenon.This is thefirst time that a simple colorimetric assay

has been designed to track protein folding [164]. The aggregation strategy also

resulted in its use to for detect serum or blood. Hirsch et al. used a silica–gold

core–shell structure functionalizedwith antibody (rabbit IgG). Those particles absorb

at 720 nm. In the presence of the analyte, aggregation occurs and a red shift, as well as

a broadening of the SPB, is observed. This event is detectable in serum medium and

in whole blood. The detection sensitivity was down to 0.8 ng/mL within 10 to

30minutes [136]. More recently, two original strategies that do not involve particle

prefunctionalization have been developed for protein detection. In the first, Wei et al.

used the specificity of aptamers, a small DNA or RNA strand that possesses a strong

ability for detection of a protein (here, thrombin). The thrombin-specific aptamer

could efficiently stabilize gold nanoparticles and keep them deaggregated in a salted

solution (Figure 5.15). In the presence of thrombin, the aptamer folds and binds to the

protein; the particles are not longer protected, and aggregate. This system is extremely

specific, since it relies on aptamer–protein interaction. It has a detection limit of

83 nM [165].

In the second system, adenosine 50-triphosphate (ATP)-capped gold nanoparticles
were used to sense a protein: calf intestine alkaline phosphatase (CIAP). ATP is a

charged molecule that protects the particles from aggregation. In the presence of

CIAP, ATP is converted to adenosine, which does not bear any charge and thus allows

the particles to aggregate [166]. The latter two examples are very similar in spirit to

the non-cross-linking strategy developed by Sato et al. [152] and described in

Section 5.3.2.

In Section 5.2.3.1 we described the aggregation phenomenon of nanorods [97].

This work has been used to devise a sensingmethod for sulfur-containing amino acids

(cysteine) and small peptides (glutathione) [98]. Gold nanorods were synthesized by

photochemical methods and stabilized by hexadecyltrimethylammonium bromide

(CTAB) [24]. In the presence of cysteine and glutathione, two molecules that possess

FIGURE 5.15 Aptamer-based colorimetric sensing of thrombin using unmodified AuNP

probes. (From ref. 165, with permission from the Royal Society of Chemistry.)
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both a thiol and an amino acid functionality, the nanorods organize and assemble

in their longitudinal direction (Figure 5.16). Indeed, thiol groups displaceCTAB in the

rod surface, with a greater affinity for the edges and their {111} faces. The amino acid

functionalities, in their zwitterionic form, then assemble by hydrogen interactions.

Only the longitudinal mode of the plasmonic response of the solution was affected,

and detection proved highly selective compared to that of other amino acids. The

sensitivitywas about 2 and10mMfor cysteine andglutathione, respectively.Detection

with nanorods offers an advantage over detection with spherical nanoparticles:

Monofunctionalmolecules containing functional groups such as amines or carboxylic

acids do not influence the plasmon absorption of Au nanorods. This was a crucial

advantage for the selective detection of cysteine and glutathione.

5.3.4 Detection of Other Biomolecules

The powerful detectionmethod based on aggregation and deaggregation of plasmonic

nanoparticles was extended to all sorts of biorelevant molecules. Detection of

hydrogen peroxide, an important intermediate in the food-processing, pharmaceuti-

cal, and environmental industries, was achieved with an indirect method involving

unmodified citrate-stabilized nanoparticles and horseradish peroxidase. In this

study, Wu et al. used a substrate, o-phenylenediamine, which is oxidized specifically

FIGURE 5.16 Mechanism of self-assembly of Au nanorods. (From ref. 98 with permission.

Copyright � 2005 American Chemical Society.)
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with hydrogen peroxide in the presence of a biocatalyst, horseradish peroxidase.

Upon formation of the enzymatic product azoaniline, the unmodified gold nanopar-

ticles aggregated and a color shift could be observed. A linear response was observed

between 1.3 and 41mM, allowing quantitative sensing [167]. Glucose detection was

also an important subject of studies due to its impact on diabetes follow-up, and

noninvasive, in-physiological-fluid methods are highly desired.

In 2004, Aslan et al. developed an indirect strategy using 10-nm gold nanoparticles

(Figure 5.17) [168]. The nanoparticles were coated with dextran and subsequently

aggregated using the four-valent protein Concanavalin A (Con A). The resulting

UV–vis spectrum showed a red shift and a broadening of the plasmon band. When

added to the solution, glucose competes successfully with dextran for binding with

ConA, and nanoparticles deaggregate and a blue shift is observed. This system allows

glucose detection from 1mM and a linear response between 1 and 40mM, which is

relevant for blood detection. The same system was developed by the group on 5-nm

silver particles [169]. ConA–dextran silver nanoparticles were observed to dissociate

fromaglucose concentration of 47 nM.These two studies offer avery goodexampleof

how the same strategy can be applied effectively to different ranges of sensing

sensitivity by tuning the nanoparticle size, the metal, or the nature of the ligand.

FIGURE 5.17 Glucose-sensingmechanism: the dissociation of ConA–aggregated dextran-

coated gold nanoparticles. (From ref. 168, with permission. Copyright � 2004 Elsevier.)
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5.3.5 Sensing of Metal Cations

The design described above, which uses plasmonic particle aggregation for biosen-

sing, was subsequently adapted to allow colorimetric detection of metal cations.

Colorimetric sensing of water pollutants such as Pb2þ , Hg2þ , Cd2þ , Ca2þ , or alkali
metal cations is highly desirable for environmental applications. Conventional

molecular dyes are often limited in sensitivity (0.5mM), due to their extinction

coefficient [170], a drawback that the nanoparticle-aggregation approach can cir-

cumvent. The technique consists of the stabilization of gold nanoparticles with a long

alkyl chain thiol bearing a specific functionality at the end of the molecule. This

functionalitywill either cause aggregation of the particles in the presence of the cation

to be detected or, alternatively, deaggregation of exiting aggregates, formed, for

example, by hydrogen bonding. Both phenomena induce naked-eye color change.

In 2001, Kin et al. could detect Pb2þ , Cdþ 2, and Hg2þ (but not Zn2þ ) at 400mM
concentrations using carboxylic acid–functionalized gold nanoparticles [170]. The

particles aggregate in the presence of the analyte to be detected by chelation of the

cations with carboxylates, causing a red-to-blue color change. The aggregation could

be reversed upon addition of a highly chelating ligand such as EDTA. In 2002,

Obare et al. achieved selective detection of lithium cations using phenanthroline-

functionalized nanoparticles, which bind Liþ selectively in water in a 2 :1

fashion [171]. In the same year, Lin et al. used a similar strategy for potassium using

15-crown-5 as a selective binder [172]. Kþ was detected selectively even in the

presence of such competitive analytes as Liþ , Csþ , NH4
þ , Ca2þ , and Naþ . The

concentration range of Kþ was 0.09 to 0.48mM. More recently, biomecules such as

l-cysteine were used as a sensing functionality for copper cation detection, in a

selective manner with respect to Cd2þ , Co3þ , Cr3þ , Fe3þ , Ni2þ , Zn2þ , and Agþ

[173]. L-Cysteine binds to Cu2þ with a stoichiometry of 2 :1. The detection limits

could be lowered to 10mMdue to the high sensitive of cysteine to Cu2þ . In 2006, Lin
et al. achieved a very good sensitivity of 1mMfor detection of Pb2þ using deaggrega-

tion of gold nanoparticles instead of aggregation. The response also proved to be fast

(1 second) and selective over 12 metal cations. The gold nanoparticles were functio-

nalized with two different functionalities: a 15-crown-5 ether and a carboxylic acid.

Each crown ether molecule traps one molecule of water that can bind two carboxylic

acids by hydrogen bonding, thus directing nanoparticle aggregation as shown in

Figure 5.18(a). This aggregation is disrupted in the presence of Pb2þ , leading to a

blue-to-red color change [174].

Lie and Lu have developed a strategy using DNAzyme as a functionality directing

the aggregation of gold nanoparticles for Pb2þ -sensing purposes [175,176]. DNA-

zymes are DNA enzymes chosen as a metal-binding moiety for their specificity for

metals such as Pb2þ , Cu2þ , and Zn2þ . Figure 5.18(b), pathway 1 shows a duplex of
DNAzyme, termed 17E, and a complementary strand, called a substrate strand or

SubAu. In the presence of an analyte, here Pb2þ , the enzyme carries out a catalytic

cleavageofSubAu.Asensorwasdesign fromthis recognitionunit: SubAuwasextended

and some gold nanoparticles were functionalized with DNA strands complementary

to those extensions (DNAAu). DNAzyme 17E, extended substrate strand SubAu,
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and complementary strands DNAAu attached to gold nanoparticles were mixed and

annealed at 50�C before cooling down. This procedure results in the formation of

aggregates shown in Figure 5.18(b) pathway 2. Aggregates are blue in color. In the

presence of Pb2þ during the process, 17E cleaves SubAu, gold nanoparticles do not

assemble, and the red color remains [175].As such, this unoptimized sensor can detect

Pb2þ at concentrations ranging between 100 nM and 4mM, which is a significant

improvement over the systems described previously. It now allows detection for

environmental applications, as 480 nM is recognized as the toxic level for human

beings [175]. Very interestingly, the research team synthesized a mutant of the

DNAzyme, 17Ec, that proved totally inactive for catalytic cleavage with Pb2þ ;
however, when using a 1:20 mixture of 17E and 17Ec in place of pure 17E, the

sensitivity could be tuned to the range 10 to 200 mM. This approach is the first step

toward quantitative detection of Pb2þ in colorimetric assays. Researchers also used

TLC-based detection with this system to allow easy, portable assay-type sensing.

Mg2þ , Ca2þ ,Mn2þ , Co2þ , Ni2þ , Cu2þ , Zn2þ , andCd2þ were also tested andwere

not detected, nor did they interfere with the detection of Pb2þ [175]. Further

improvement in the method, especially by changing the nanoparticle size to 42 nm

in diameter and changing the distance between consecutive nanoparticles in the

aggregates, allowed much faster detection (8 minutes) at temperatures close to room

temperature (35�C) [178]. Quantitative detection is possible between 0.4 and 2mM.

More recent studies showed how Pb2þ could not only prevent aggregation but could

also inducedisassemblyofpreexistingaggregates in thepresenceof awell-chosen free

DNA strand, allowing ‘‘light-up’’ detection: detection by color appearance in the

presence of the analyte as opposed to color disappearance [176]. Huang and Chang

recently published a colorimetric Hg2þ -sensing method based on similar principles.

Mercaptopropionic acid–stabilized gold nanoparticles 13 nm in size, in a buffer

solution of Tris borate, aggregated in the presence of Hg2þ ions [179]. The method

was proved selective and sensitive down to 100mM. A dramatic improvement was

FIGURE 5.18 (a) Proposedmethodology for the recognition of Pb2þ cations by 15-crown-5

ether/carbolxylate functionalized gold nanoparticles. (b) 1, Cleavage of the upper strand

(17DS) by the lower strand (DNAzyme) (17E) in the presence of Pb2þ ; 2, proposed

methodology for the recognition of Pb2þ cations using DNAzyme-directed assembly of gold

nanoparticles. [(A) From ref. 175, with permission. Copyright�Wiley-VCHVerlag GmbH&

Co.KGaA. (B) Adapted from ref. 175 with permission. Copyright� 2001 American Chemical

Society.]
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made recently in thefieldofHg2þ detectionwithplasmonicparticlesbyLeeet al.,who

used DNA-stabilized AuNPs (Figure 5.19). Two sets of particles were functionalized

with strands that are complementary except for one single thymine–thymine mis-

match. Hg2þ is indeed known to coordinate specifically to the bases that make up a

thymine–thymine mismatch. Measuring the melting transition temperature for those

systems in the presence or absence of the cation to be detected provides a powerful

and sensitive method for detecting Hg2þ . Good selectivity versus other environmen-

tally relevant metal cations and excellent sensitivity down to 100 nM were

demonstrated [180].

Plasmonic particle aggregation/deaggregation–based detection is a very powerful

sensingmeans since it provides afield-portable, inexpensive, environmentally benign,

rapid, reliable, tunable, naked-eye, and assay type of sensing method. Semiquanti-

tative to quantitative methods are now within reach. The versatility of nanoparticle

functionalization allows good selectivity and a high extinction coefficient for gold

nanoparticles ranging from 10 to 50 nm, which account for good sensitivity, making

those systems competitive with fluorescence-based methods.

5.4 PLASMON BAND VARIATION ON THE ENVIRONMENT
OR LIGAND ALTERATION

Fewer sensing methodologies that rely on a change in the plasmonic particle

environment have been developed than methods using aggregation phenomena.

As explained in Sections 5.2.3.1 and 5.3.2, the dielectric medium surrounding a

nanoparticle, as well as the electronic exchanges between the particle and its

stabilizing ligands, have a significant impact on the position of the SPB. Various

methods exploiting these properties have been developed in the past decade or so. In

FIGURE 5.19 Colorimetric detection of mercuric ion (Hg2þ ) using DNA-Au NPs. (From

ref. 180, with permission. Copyright � Wiley-VCH Verlag GmbH & Co. KGaA.)
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these methods, the sensing event is the binding of an analyte either to the surface of a

plasmonic particle, resulting in a modification often of both the electronic density

inside the particle and a change in the dielectric medium, or to a ligand preinstalled on

the particle, causing a change in the dielectricmedium. This event causes a shift of the

SPB. In the following we first present methods that rely on pure alteration of the

dielectric medium and then methods that rely on ligand exchange.

5.4.1 Biosensing by Alteration of the Dielectric Medium

The first breakthrough in the field was made by Englebienne in 1998. He was then

studying sandwich assay methodologies relying on aggregation mechanisms with

various antigens, but realized that contrary to his expectations, monovalent biomo-

lecules induced a SPB shift. In this case the SPB shift could not be caused by

aggregation, but rather, relied on a modification of the area surrounding the parti-

cles [181]. Detection at the nanogram level was achieved and the technique proved

useful for kinetics measurements and compatible for automated, high-throughput

analyzers. Since then, methods have been developed that use immobilized nanopar-

ticles on surfaces, thus providing the advantage of a user-friendly device. In such

systems, interparticle distances are fixed so that it canonly be the adsorption of analytes

onto particles that triggers a detectable shift of the SPB observed, since the binding

event between a ligand on the particle and the analyte causes dielectrical medium

modification [182]. In 2000, Okamoto et al. deposited presynthesized gold nanopar-

ticles onto glass substrate to sensevarious solvents,measuring both the position and the

intensity of the SPB [183]. The position of the SPB proved strongly dependent on the

solvent in which the layer of naked particles was immersed. In the same year,

Himmelhaus and Takei used a slightly different strategy to engineer a biosensor: a

dense monolayer of latex beads was covered with a thin layer of gold. The resulting

layer presents a good extinction coefficient. It was functionalized with biotin and used

to sense avidin [184]. These two examples had reasonable sensitivity and the detection

event could be recorded with a simple UV–vis spectrometer with very simple

apparatus, which proved to have a significant advantage over other methods, such

as surface plasmon resonance (using gold film). VanDuyne’s group used theirmethod,

called nanosphere lithography (NSL), to pattern a surface with an array of triangular

gold or silver nanoparticles (Figure 5.3) [185]. The nanoparticles were functionalized

with biotin receptors. Upon binding, biotin modified the dielectric environment close

to the particles and could thus be detected by a shift in the SPBposition. Sensitivitywas

increased further by completing the sensing method with streptavidin to form a

sandwich assay. The latter system was a significant breakthrough in the field, allowing

detection sensitivity down to 1 pM [42].More recently, in 2005, this methodology was

used to detect biomarkers for Alzheimer disease, for the first time in conditions

compatible with in vivo concentration [34]. Following the same trend, Nath and

Chilkoti published work on coating a glass substrate with nanoparticles using self-

assembledmonolayers [186]. The nanoparticles are functionalized so as to bind a given

protein: namely, streptavidin. Again, the alteration of the dielectricmedium around the

nanoparticle is responsible for an SPB shift. User-friendly and sensitive protein sensors

PLASMON BAND VARIATION ON THE ENVIRONMENT OR LIGAND ALTERATION 165



based on the SPB response of nanoparticles stabilized on various substrates

(glass [186,187] quartz [188]) were thus designed. In a more recent application,

silica-coated gold nanorods were used in a similar fashion [189]. One must also

emphasize that functionalized gold nanoparticles have also been used as a complement

tometallic filmsutilized forDNAassay [190,191]. Indeed, the surface plasmonband of

a metallic film observed in transmission is a well-known optical phenomenon that has

also been used for detection, especially of biological targets [193].

5.4.2 Chemosensing by Ligand-Exchange Mechanisms

In addition to the impact of the dielectric environment on the position of the SPB that

we noted in Section 5.2.3.2, electronic exchange between particles and ligands

chemisorbed on them also plays a major role. Since ligands can easily be replaced

at the surface of nanoparticles, provided that the replacing ligand is in excess, this

strategy was used as a sensing probe. Thiols, carbon disulfide, disulfides, and

phosphine sensors have been developed that take advantage of the affinity of gold

and silver particles for these species. In a first example, Henglein et al., using silver

nanoparticles in solution, detected various sulfur-containingmolecules in the range of

FIGURE 5.20 Gold nanoparticles immobilized in a silica mesoporous thin layer for

detection of dodecanethiol. (From ref. 29, with permission. Copyright � Wiley-VCH Verlag

GmbH & Co. KGaA.)
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10mM [194] and iodine from 2 mM [105]. Gases have also been detected [195]. More

recently, our group used gold nanoparticles immobilized in a mesoporous film, with a

low metal loading, so that the analyte to be detected is in large excess even at low

concentrations (Figure 5.20) [29]. The films synthesized are transparent to visible

light, so the SPB of the particles can be measured by absorption. NPs are stabilized

there by a special ligand, the phosphinine, which enables selective detection of

trimethylphosphine, characterized by a blue shift, or of thiols, which led to a red shift.

Sensitivity down to 5 ppm in 1 minute was achieved for dodecanethiol.

5.5 METAL NANOPARTICLES AS LABELS

In past sectionswe reviewed sensing systems involving a change in the SPBproperties

of nanoparticles. In this section we focus on strategies in which the optical properties

of particles are not altered by the sensing events, but rather, are used as such. Because

of their beautiful, intense color, plasmon resonant particles were early thought of as

ideal labels for molecules. In the first applications, the color of particles observed by

absorption was used, but quickly, the scattering properties showed their great

potential. Indeed, they offer a lot of advantages compared to such labels as radioactive

molecules, which have a short life and induce safety and waste disposal issues, or

fluorescent dyes, which they surpass as chromophores since their visible-region

extinction coefficient can be several orders of magnitude higher [170]. Another

crucial advantage is the capability to engineer dyes of various colors simply by

changing the particle size or composition [196].

In 1980, Leuvering et al. designed a sandwich type of assay for the detection of

antibodies [197]. Gold and silver nanoparticles of 60 and 50 nm of mean diameter,

respectively, were conjugated with the antibody complementary to human placental

lactogen (hPL). Solid support plate wells were also functionalized with the same

antibody. Some solutions containing lactogen hPL, or blank solutions, were incubated

in the functionalized wells before the conjugated nanoparticles were incubated under

the same conditions. Wells were then washed. In wells where the lactogen hPL was

present, they could bond both the solid support and the nanoparticles. After washing,

nanoparticle presence was detectable by simple UV–vis analysis, carbon rod atomic

absorption spectroscopy (CRAAS), or even by the naked eye at sufficient concen-

tration. The sensitivity of the systemswas 1.4 pMwithCRAASand 170 pMfor naked-

eye detection. Immunoassays of human chorionic gonadotrophin were also reported

using the same methodology [140,197]. Further studies by the same group led to the

design of various biomolecule sensing methodology by aggregation of nanoparticles

(see Section 5.3.1). Aggregation proved a very powerful method, but it would not

allow detection with the naked eye below 1 nM. Labeling seemed an interesting

approach, as it allows signal amplification through various strategies. Mirkin’s group

chose silver amplification, which consists of treating the sensing plates with Ag(I)

cations and hydroquinone after the sensing event has occurred.Hydroquinone reduces

silver into metal at the surface of particles, providing a dark signal when particles

are present. This very powerful method allowed the development of scanometric
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methods using a flatbed scanner as a reader [151,198–200]. Amplification has also

been achieved by using methods to ‘‘concentrate’’ the particles. The first approach,

described in 2000 byMirkin’s group, was to functionalize latex beads with one of the

two DNA strands utilized for detection (Figure 5.21). In the presence of gold

nanoparticles functionalized with the complementary strand, gold NPs aggregate

around the bigger latex bead. Excess nanoparticles could be removed by filtration.

Here the test was positive if the red color of the gold nanoparticles appears in the

filtrate. It must be emphasized that the sensing event here is not the aggregation of

particles but their mere presence (attached to latex beads). The detection limit reaches

500 pM for DNA single strands for that system [201]. In a similar spirit, it proved

possible to use magnetic nanoparticles in place of the latex beads. Magnetic particles

can be concentrated magnetically, allowing a sensitivity of 500 pM (10 DNA strands

in solution) [200,202]. Further work was directed toward the synthesis of particles

with similar sensing capabilities but a different color, to permitmultiplexing. Thiswas

achieved with core–shell Ag–Au nanoparticles featuring a yellow color when well

dispersed in a solution and a black color when aggregated [71].

In 1998, Yguerabide and Yguerabide used the properties of plasmonic particles to

scatter light as a tool for making labels after discovering that ‘‘light-scattering gold

nanoparticles suspension has the same appearance as a fluorescing solution’’ [85].

Indeed gold, silver, and copper nanoparticles scatter colored light when illuminated

with white light, and they do so in a very intense fashion. For example, a 60-nm gold

nanoparticle is equivalent to 3 � 105 fluorescein molecules. Such particles can be

detected in solutions of concentrations down to 10�16M [85,196]. Light-scattering

resonant particleswereveryquickly used for ultrasensitiveDNAdetection onto a solid

platform via sandwich assays; again, target DNA strand A0B0 could be detected by

a solid support functionalized with A and nanoparticles hybridized with B [203].

This method was developed in 2001 by Thaxton et al., who showed how two sets of

FIGURE 5.21 Gold nanoparticle–latex microsphere-based colorimetric DNA detection

method. (From ref. 201, with permission from IUPAC.)
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particles of various sizes—and thus various colors—could selectively detect two

distinct DNA strands. This methodology was then commercialized by Genicon

Sciences for DNA microarray analysis with 10-fold increased sensitivity over that

of fluorescent probes [43]. The following year Bao and et al. used another DNA assay

using gold light scatterers. DNA strandswere functionalizedwith biotinmolecules and

kept in solution. Also, a surface was functionalized with DNA strands to analyze. The

solution was added to the surface and recognition could happen. After washing

antibiotin, hybridized nanoparticles were introduced and bound specifically to

DNA duplexes. Scanning of the surface made it possible to detect the binding event.

This method proved sensitive down to tens of pg/mL [204]. More recently,

comparable methodologies were used successfully for the detection of genetically

modified organism markers [205] and DNA detection with very cheap gold

functionalization [206].

The scattering properties of plasmonic nanoparticles quickly showed applications

for imaging. In 2000, Schultz and co-workers introduced the use of silver-enhanced

gold nanoparticles as scatterers for detecting singlemolecules spatially in a biological

sample [207].Usingdark-fieldmicroscopy, amodeofmicroscopywhere only the light

emitted by the sample is collected, not the exciting light, the particles were visible

individually under white light excitation, and their presence could account for

a recognition event depending on an appropriate functionalization of the particles.

This work evidenced detection of specific genes in chromosomes or at specific sites in

tissues (e.g., muscles). Plasmonic nanoparticles offer a significant advantage over

fluorescent molecules or quantum dots, which are generally used in the context of

imaging; they have a higher light yield and are independent of time considerations

(no blinking or photobleaching). More recently, interesting breakthroughs have been

made in the domain of imagingwith plasmonic particles. Yu et al.modified the surface

of nanorods to make them cyto-benign and evidenced detection of cell surface

biomarkers [208]. Applications of plasmonic labels to cancer cell recognition or

marking have been developed by Huang et al. [209]. Of considerable interest for

monitoring cellular functions, Kumar and co-workers engineered intracellular

multifunctional labels based on gold nanoparticles [210]. Actin filaments inside

fibroblast cells were targeted and filament rearrangements could be followed. A

recent report fromOrendorff et al. demonstrated that using particles of various shapes

easily provides particles of different colors, with great potential for multiplexing

imaging in a close future [120].

5.6 CONCLUSIONS

Throughout this chapter, we demonstrated that Cu, Ag, and Au nanoparticles

possess powerful characteristics that make them very interesting probes for sensing

applications. They are relatively cheap to produce, are very easily stabilized and

functionalized, possess optical properties that compare or surpass those of fluo-

rescent molecules, and their signal is stable in time and can be tuned using various

factors, such as aggregation state, direct environment, and shape. Moreover, the
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reading methodologies for the probing event are extremely simple, since the naked

eye or a simple UV–vis spectrometer is usually sufficient. Commercial SPB-based

sensors have already been developed, and field-portable detectors of environmen-

tally relevant cations and pathogens arewithin reach. Applications for detection and

therapy in vivo are active research areas and one can soon hope to obtain

methodologies for tracking a marker inside a cell and potentially to perform

delivery or thermotherapy. As we also discussed, further studies are necessary to

allow enhanced sensitivity in all the techniques developed, but single molecule

detection is potentially attainable.
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6.1 INTRODUCTION

Nanomaterials are of utmost importance and are characterized as materials having

a length scale less than about 100 nm. Individual nanostructures involve clusters,

nanoparticles (NPs), nanocrystals, carbon nanofibers, nanowires, and carbon nano-

tubes, while collections of nanostructures involve arrays, assemblies, and super-

lattices of individual nanostructures [1]. Nanosized particles of noble metals,

especially gold nanoparticles (AuNPs), have received great attention due to their

attractive electronic, optical, and thermal as well as catalytic properties and potential

applications in the fields of physics, chemistry, biology, medicine, and material

science and their different interdisciplinary fields [2], and therefore the synthesis

and characterization of AuNPs have attracted considerable attention from a fun-

damental and practical point of view. A variety of methods have been developed

to prepare AuNPs, and many reviews [3,4] are now available.

The preparation of AuNPs generally involves the chemical reduction of gold

salt in the aqueous organic phase or in two phases. However, the high surface energy

of AuNPs makes them extremely reactive, and this causes aggregation if their

surfaces are not protected or passivated. Thus, special precautions have to be taken

to avoid aggregation or precipitation. Typically, AuNPs are prepared by chemical

reduction of the corresponding metal salts in the presence of a stabilizer that binds

to their surface to impart high stability and rich linking chemistry and to provide

the desired charge and solubility properties. Some of the methods commonly used

for surface passivation include protection by self-assembled monolayers, the most

popular being citrate [5] and thiol-functionalized organics [6]; encapsulation in the

H2O pools of reverse microemulsions [7]; and dispersion in polymeric matrixes [8].

Although the synthesis of AuNPs is making great progress, finding ways to control

the size, morphology, and surface chemistry of AuNPs is still a great challenge.

Recently, designing novel protectors forAuNPs have been the focus of intense research

because the surface chemistry ofAuNPswill play a key role in future applicationfields,

such as nanosensors, biosensors, catalysis, nanodevices, and nanoelectrochemistry.

From an electroanalytical point of view, more attention has been paid to AuNPs

because of their good biological compatibility, excellent conducting capability, and

high surface-to-volume ratio. These features provide excellent prospects for inter-

facing biological recognition events with electronic signal transduction and make

AuNPs extremely suitable for developing novel and improved electrochemical

sensing and biosensing systems [9].

AuNPs, especially, present excellent biocompatibility and display unique struc-

tural, electronic, magnetic, optical, and catalytic properties, which have made

them a very attractive material for biosensors, chemical sensors, and electrocatalysis

is. In recent years, many research articles describing the use of AuNPs for electro-

chemical applications such as bioassays, biosensors, chemical sensors, and electro-

catalysis have been published. Several reviews are available which deal partially with

the use of AuNPs for amperometric or voltammetric electrochemical biosensors [10–

13]. In this chapter we focus on the use of AuNPs as labels in electrochemical affinity

biosensors and bioassays (DNA and protein analysis) employing a specific adopted

electrochemical technique with direct and indirect detection strategies.
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6.2 SYNTHESIS OF AuNPs

In 1857, Faraday published a comprehensive study on the preparation and properties

of colloidal gold [14]. A variety of methods have been developed for synthesis of

AuNPs, especially by chemical reduction; among them, sodium citrate reduction of

cloroauric acid at 100�C, developed by Turkevich [15], remains the most commonly

used method [16].

Brown et al. reported a generally applicable technique for synthesizing colloidal

Au particles. In this approach, Au3þ is reduced on the surface of preformed

12-nm-diameter AuNPs by introduction of boiling sodium citrate, producing parti-

cles highly uniform in size and shape [17]. AuNPs have also been fabricated by

electrochemically reducing chloroauric acid on the surface of NH2–HSM film, using

potential step technology. The AuNPs deposited had an average diameter of 80 nm

and showed high electroactivity [18]. Recently, Lung et al. reported the preparation

of AuNPs by arc discharge in water as an alternative, cheap, effective, and

environmentally friendly method [19]. Kim et al. developed a novel synthesis of

AuNPs using alcohol ionic liquids. Such liquids served simultaneously as both

reductants and protective agents, thereby simplifying the process of nanoparticle

preparation significantly [20]. Currently, synthesis of novel AuNPs with unique

properties and with applications in a wide variety of areas is the subject of

substantial research [21–25].

In addition to their striking optical properties, AuNPs are important because

they can be stabilized with a wide variety of molecules by taking advantage of

well-known chemistry involving alkanethiol adsorption on gold [26]. The attractive

physicochemical properties of AuNPs are strongly affected by their shape and

size [27]. Ouacha et al. [28] reported the laser-assisted growth of AuNPs and

concluded that this is a powerful method for controlling the shape of AuNPs,

irrespective of size. On the other hand, the size and properties of AuNPs are highly

dependent on their preparation conditions [29]. Synthesis of AuNPs of different

shapes and sizes has been reported by Dos Santos et al. [30]. Alekseeva et al. [31]

reported the synthesis of gold nanorods (NRs) based on seed-mediated growth in the

presence of a soft surfactant template, cetyltrimethyilammonium bromide. The

catalytic, optical, electrical, magnetic, and electrochemical properties that exhibit

AuNPs have made them an integral part of research in nanoscience [32].

6.3 CHARACTERIZATION OF AuNPs

6.3.1 Electrochemical Techniques

Electrochemical techniques such as cyclic voltammetry, differential pulse voltam-

metry (DPV), and chronoamperometry have been shown to be appropriate for

characterization of AuNPs. Quinn et al. have studied DPV responses of thiolate

monolayer-protected Au clusters (Au147 MPCs). They showed 15 evenly spaced

voltammetric peaks characteristic of charge injection into the metal core. This was

clear confirmation that MPCs behave as multivalent redox species in which the

number of observable charge states is limited by the size of the potential window
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available [33]. Hern�andez and co-workers synthesized AuNPs in a water-in-oil

microemulsion. After the synthesis, the nanoparticles were cleaned by depositing

a PbO2 film in 0.1M NaOH þ 1mM Pb(II). The characterization of the nanoparti-

cles was carried out by recording the lead under potential deposition voltammetric

profile in the same solution [34]. Stripping analysis is a powerful electroanalytical

technique for trace metal measurements. Its remarkable sensitivity is attributed to

the preconcentration step, during which the target metals are accumulated onto the

working electrode. This technique has been used by many research groups for the

characterization of AuNPs [35].

6.3.2 Optical Techniques

The development of scanning tunneling microscopy (STM) and subsequently other

scanning probe microscopy (SPM), such as atomic force microscopy (AFM), one

of the more recently developed technologies, have opened up new possibilities for

the characterization, measurement, andmanipulation of NPs [36,37]. Combined with

other techniques, such as transmission electron microscopy (TEM) [38–40] high-

resolution transmission electron microscopy (HRTEM) [41], scanning electron

microscopy (SEM) [42–44], high-resolution scanning electronmicroscopy (HRSEM)

[36], energy-dispersive x-ray spectrometry (EDS), extended x-ray absorption fine-

structure (EXAFS) [45], Fourier transform infrared spectroscopy (FT-IR) [46,47],

reflection absorption infrared spectroscopy (RAIRS), fluorescent microscopy, x-ray

diffraction spectroscopy (XRD), and x-ray photoelectron spectroscopy (XPS), it is

possible to study the AuNPs to a great detail. Inductively coupled plasma mass

spectrometry (ICPMS) have also been used to detect AuNPs [48]. Ultraviolet–visible

spectroscopy can also be used to determine the size and concentration of AuNPs [49]

(Figure 6.1).

FIGURE 6.1 Particle-size dependence on Au/thiol ratio (changes from 6 : 1 to 3 : 1 to 1 : 6

from left to right) as observed by TEM. The scale bar is 20 nm. (From ref. 40, with permission.)
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6.4 AuNPs AS DETECTING LABELS FOR AFFINITY BIOSENSORS

Affinity biosensors can be defined as devices that rely on the use of receptor

molecules, such as antibodies, nucleic acids, and membrane receptors, to recognize

and bind a particular target irreversibly [50,51]. The high specificity and affinity of

biochemical binding reactions (such as DNA hybridization and antibody–antigen

complexation) lead to highly selective and sensitive sensing devices. Alternative and

recently developed biorecognition elements include RNA and DNA aptamers [52],

molecularly imprinted polymers [53], and templated surfaces [54]. In the following

sections we describe in detail only the use of AuNPs as labels in sensing devices

and assays in conjunction with DNA (Figure 6.2) and antibodies as recognition

elements.

6.4.1 DNA Analysis

The use of nucleic acid technologies has significantly improved the diagnostic

procedures in life sciences. The detection of DNAhas a particular interest in genetics,

pathology, criminology, pharmacogenetics, food safety, and many other fields. The

development of electrical DNA hybridization biosensors has attracted considerable

research effort [55,56]. Electrochemical DNA biosensors are attractive devices,

especially for converting DNA hybridization event into an analytical signal for

FIGURE6.2 Schematic (not in scale) of the various strategies used for the integration of gold

nanoparticles (AuNPs) into DNA-sensing systems: (A) previous dissolving of AuNP using a

HBr/Br2 mixture followed by Au(III) ion detection; (B) direct detection of AuNPs anchored

onto the surface of the genosensor; (C) conductometric detection; (D) enhancement with silver

or gold followed by detection; (E) AuNPs as carriers of other AuNPs; (F) AuNPs as carriers of

other electroactive labels. (From ref. 60, with permission.)
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obtaining sequence-specific information in connection with clinical, environmental,

or forensic investigations. Such fast on-sitemonitoring schemes are required for quick

preventive action and early diagnosis [57,58]. Nucleic acid hybridization is a process

in which inconsonant nucleic acid strands with specific organization of nucleotide

bases exhibiting complementary pairing with each other under specific given reaction

conditions forms a stable duplex molecule. This phenomenon is possible because of

the biochemical property of base pairing,which allows fragments of known sequences

to find complementary matching sequences in an unknown DNA sample [59].

The AuNPs offer elegant ways of interfacing DNA recognition events with electro-

chemical signal transduction and of amplifying the resulting electrical response.

AuNP-based amplification schemes have led to improved sensitivity of bioelectronic

assays by several orders of magnitude [60].

6.4.1.1 Potentiometric Stripping Analysis Potentiometric stripping analy-

sis (PSA) is analternative stripping techniqueused for the electrochemicaldetectionof

nanoparticles after their dissolution. In this technique, just like stripping voltammetry,

deposited reaction products or adsorbed substances are stripped from the electrode.

The stripping itself can be done either by using a chemical reaction or by using an

external current, and during the stripping process, the potential is recorded and

processed. From the response (dt/dE vs. E), the amount of stripped material can be

determined from the peak size, and the nature of the species can be deduced from the

peak potential. In this way, Wang et al. [61], pioneered a nanoparticle-based

electrochemical detection of DNA hybridization based on PSA detection of the

colloidal gold tag. Signal amplification, and lowering the detection limits to the

nanomolar and picomolar domains, were achieved by precipitation of gold or

silver [62], respectively, onto the colloidal gold label.

A selective and sensitivegold nanoparticle and PSA-basedmethodwas reported by

Hanaee et al. [63] for the detection of hepatitisB virusDNAsequences usingmagnetic

beads as platforms. After separation of noncomplementary sequences, hybridized

magnetic beads were treated with streptavidin-modified gold followed by silver

enhancement at a gold screen-printed electrode (Figure 6.3). High selectivity and

high sensitivity were obtained using PSA of silver ions that were deposited on gold

nanoparticles, estimating a detection limit of the DNA strand of about 0.7 ng/mL.

Kawde et al. [64] reported other work combining catalytic enhancement and PSA

detection for aDNAassay. The assay is based on oligonucleotides functionalizedwith

polymeric beads carrying numerous gold nanoparticle tags. This is combined with a

catalytic enlargement of the multiple gold tags and an ultrasensitive chronopotentio-

metric stripping analysis of the dissolved gold tags on screen-printed carbon electro-

des. Such amplified electrical transduction allows detection of DNA targets down to

the 300-amol level.

6.4.1.2 Conductometric Analysis Conductometric biosensing systems are

based on the fact that the specific biological interaction occurring on a supporting

surface may vary the resistance or conductance of the substrate. A drawback
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associated with conductometric biosensors is that it is difficult to overcome problems

with nonspecificity, as the resistance of a solution is determined by themigration of all

ions present.Therefore, in a complexmatrix such as a biological sample, the high ionic

strength of the medium may mask the comparatively small net conductivity change

caused by the biointeraction. In this context, metal nanoparticles represent an

excellent labeling system able to generate significant resistance changes upon the

binding event.

This approach was followed by Mirkin and co-workers in 2002. They developed

a conductometric sensor device for DNA analysis immobilizing short �capture�
oligonucleotide strands between two fixedmicroelectrodes (gap 20mm). The specific

binding occurs with the target oligonucleotide in solution, which also has recognition

elements complementary to oligonucleotide-modified AuNPs. The latter, therefore,

after the incubation, fill the electrode gaps, varying the conductance. The sensitivity of

the device was increased further by means of a catalytic Au-promoted deposition of

Ag, with hydroquinone reaching a limit of detection of 0.5 pM of target DNA [65].

6.4.1.3 Voltammetric Analysis Voltammetric techniques certainly represent

themost widely usedmethods in electrochemical analysis, including sensing applica-

tions based onmetal and semiconductor nanoparticles. This is due to its relatively low

cost and the enormousdiffusionof the related instruments required for such techniques

FIGURE 6.3 (Left) Analytical protocol: (a) introduction of streptavidin-coated beads;

(b) immobilization of a biotinylated probe onto magnetic beads; (c) addition of biotinylated

target—the hybridization event; (d) addition and capture of streptavidin–gold nanoparticles;

(e) dissolution of gold tag and PSA detection. (Right) (A) Chronopotentiometric stripping

response of 5mL of 10-nm colloidal gold particles (3.45� 108 particles/mL); gold oxidation

time, 3min; deposition time, 2min at �0.8V; (B) chronopotentiometric stripping response of

100 ng/mL Au(III), following 1-s (- - -) and 2-min (-) deposition; (C) chronopotentiometric

stripping analysis of 4 ng/mLAu(III); 2-min deposition at�0.8V. Stripping current, þ 5.0mA.
(From ref. 61, with permission.)
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in addition to the enhanced sensitivities achieved in the last decades by means of

new electrode materials. Solid-state detection of NPs has been used in numerous

DNA analysis exploiting the intrinsic electrochemical properties of the metal NPs

used as tracers. Wang�s group and ours used magnetic particles as a platform to

perform the immunological interactions or the DNA hybridization events. After

specific interaction with the secondary NP-labeled probe, these magnetic particles

were collected onto the electrode surface by means of a permanent magnet either

positioned below the screen-printed electrode surface [66–68], or inserted inside the

electrode body to detect DNA [69,70] and protein. DPVanalyses were performed to

quantify the metal NPs collected through the biospecific interaction, and that are

related to the target analyte concentration (DNA/protein). Very low limits of

detection were achieved using this magnetic particle collection, reaching the lowest

value of a 150-pg/mL DNA segment related to the breast cancer gene [66] and

260 pg/mL to the human IgG protein.

Similar approaches were adopted to collect streptavidin-coated beads with an

immobilized biotinylated-DNA probe and DNA target by means of a biotin-modified

carbon paste electrode. Only after this collection was the specific Au-labeled single-

strandedDNA-bindingprotein (SSB) added.TheoxidationofAuNPswas followedby

square-wave voltammetry (SWV). This approach allowed the authors to reach a limit

of detection of 2.17 pM of target DNA [71].

Related toDNAanalysis usingAuNPsas labels, an electrochemicalDNAdetection

method was proposed by Authier et al. [72] for the sensitive quantification of an

amplified 406-base pair human cytomegalovirus DNA sequence (hCMV DNA).

The assay relies on the hybridization of the single-stranded target hCMV DNAwith

an oligonucleotide-modifiedAuNPprobe, followedby release of thegoldmetal atoms

anchored on the hybrids by oxidative metal dissolution using a 0.1M HBr solution

containing 1� 10�4M of Br2. Indirect determination of the solubilized gold(III) ions

by anodic stripping voltammetry at a sandwich-type screen-printed microband

electrode allowing the detection of a 5 pM amplified hCMV DNA fragment has been

reported.

6.4.1.4 Impedimetric Analysis Electrochemical impedance spectroscopy

(EIS) is a very powerful tool for the analysis of interfacial capacitance and resistance

changes occurring at conductive or semiconductive surfaces. A perturbing sinusoidal

voltage signal is applied to the electrochemical cell, and the resulting current response

is measured. Electrochemical transformations occurring at the electrode–electrolyte

interface can be modeled by extracting components of the electronic equivalent

circuits that correspond to the experimental impedance spectra [73].

Metal NPs have recently been adopted in impedimetric-based biosensing

applications, with the main goal to amplify electrical signals generated by bior-

ecognition events occurring at the electrode surface. AuNPs were used recently

by Bonanni et al. in a DNA-sensing device for impedimetric signal amplification.

They used streptavidin-coated gold nanoparticles specifically to bind the target

biotinylated oligomer after the hybridization event. The probe oligomer was

adsorbed onto a graphite–epoxy composite electrode (GECE) surface, and the
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impedance measurement was performed in a solution containing the redox marker

ferrocyanide/ferricyanide. In their work, a silver enhancement treatment was

performed at the end to visualize the hybridization extension on the electrode

surface by SEM, offering, moreover, a further signal amplification strategy [74]

(Figure 6.4).

The same silver enhancementmethod has, in fact, been used byMoreno-Hagelsieb

et al. to amplify the capacitance signal between interdigitated aluminum electrodes

FIGURE 6.4 (a) Analytical protocol; (b) Nyquist diagrams for EIS measurements of: filled

circles, bare GEC electrode; open circles, probe-modified electrode; filled triangles, biotiny-

lated-hybrid-modified electrode; open triangles, biotinylated-hybrid-modified electrodeþ
strept–AuNPs; filled squares, biotinylated-hybrid-modified electrode þ silver-enhanced

strept–AuNPs. All measurements were performed in 0.1 PBS buffer solution containing

10mM K3[Fe(CN)6]/K4[Fe(CN)6]. The arrow in each spectrum denotes the frequency (ac)

of 1.11Hz. (From ref. 74, with permission.)
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imprinted over an oxidized silicon wafer. This type of electrode surface reduces the

nonspecific precipitation of silver that occurs on conventional noble-metal electrodes.

A change in capacitance by a factor of at least 2, using DNA solutions down to 0.2 nM

spotted on the electrodes, was observed [75].

6.4.2 Protein Analysis

Immunosensors are affinity ligand-based biosensors in which the immunochemical

reaction is coupled to a transducer [76]. These biosensors use antibodies (Abs) as the

biospecific sensing element and are based on the ability to form complexes with the

corresponding antigen [77]. Immunoassays are among the most specific and

sensitive analytical techniques. They provide extremely low detection limits and

can be used for a wide range of substances [78]. As research moves into the era of

proteomic, such assays become extremely useful for identifying and quantifying

proteins. Immunoassays, based on the specific reaction of Abs with the target

substances (Ags) to be detected, have been used widely for the measurement of

targets of low concentration in clinical biofluid specimen such as urine and blood

and for the detection of trace amounts of drugs and chemicals, such as pesticides in

biological and environmental samples [79].

The recent development of immunoassay techniques focused in most cases on

decreased analysis times, improved assay sensitivity, simplification and automation of

the assay procedures, and low-volume analysis. Among types of immunosensors,

electrochemical immunosensors are attractive tools and have received considerable

attention because they are easy and economical to mass-produce, are robust, and

achieve excellent detection limits with small analyte volumes [80,81]. Furthermore,

the availability of a variety of new materials with unique properties at nanoscale

dimension, such as AuNPs, has attracted widespread attention in their utilization for

bioassays, especially for electrochemical detection [82,83]. Different strategies have

been employed to amplify the transducing signals of antibody–antigen interactions.

Recently, several novel strategies have been proposed to develop electrochemical

immunosensors and immunoassays with high sensitivity using AuNPs as labels based

on different approaches, depending on the application and the electrochemical

technique used [84–86].

6.4.2.1 Potentiometric Analysis Potentiometric measurements involve de-

termination of the potential difference between either an indicator or a reference

electrode or two reference electrodes separated by a permselective membrane when

there is no significant current flowing between them. Ion-selective electrodes (ISEs)

based on thin films or selective membranes as recognition elements for pH, F�, I�,
CN�, Naþ , Kþ , Ca2þ , NH4

þ , Pb2þ , Cd2þ , Cu2þ , etc. or even gases (e.g., CO2,

NH3) are themost commonly reported. Recently, some emerging novel possibilities of

potentiometric immunosensing based on nanoparticle labeling and ion-selective

microelectrodes (ISEs) with very low detection limits were announced. This work

indicates that ISEs with improved detection limits may be attractive for the detection

of bioassays.
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Bakker�s group pioneered the use of potentiometry for ultrasensitive nanoparticle-

based detection of protein interactions [87]. In particular, a silver ion–selective

electrode (Ag-ISE) was used as an effective transducer for sandwich immunoassays

in connection with the capture and silver enlargement of gold nanoparticle tracers

(Figure 6.5). This approachmay form the basis for highly sensitive bioaffinity assays.

An interesting application of these potentiometric biosensors has been reported by

Tang et al. [88] for the detection of hepatitis B surface antigen (HBsAg) by self-

assembling gold nanoparticles to a thiol-containing sol–gel network. A cleaned gold

electrode was first immersed in a hydrolyzed (3-mercaptopropyl)trimethoxysilane

sol–gel solution to assemble a three-dimensional silica gel, and then gold nanopar-

ticles were absorbed onto the thiol groups of the sol–gel network. Finally, hepatitis B

surface antibody was assembled onto the surface of the gold nanoparticles. The self-

assembling procedure was characterized by cyclic voltammetry and electrochemical

impedance spectroscopy. Detection is based on the change in potentiometric response

in pH 7.4 buffer solution before and after the antigen–antibody reaction. The linear

range obtained was from 4 to 960 ng/mL, with a detection limit of 1.9 ng/mL and a

lifetime of one month.

6.4.2.2 ConductometricAnalysis Theuse ofAuNPswas exploited byKimet

al., who developed a disposable immunochromatographic sensor for on-site quanti-

tative determination of human serum albumin. The conductometricmeasurement was

carried out in a membrane strip sensor based on two interdigitated silver electrodes

screen-printed on a nitrocellulose membrane. Twenty-nanometer AuNPs modified

with polyaniline (a conducting polymer) were used for signal generation [89]. Velev

and Kaler reported a conductive immunosensor using antibody-functionalized latex

spheres and a microelectrode gap (Figure 6.6). A sandwich immunoassay led to the

binding of a secondary gold-nanoparticle-labeled antibody on latex spheres located in

thegap, followedbycatalytic depositionof a silver layer �bridging� the twoelectrodes.
Such a formation of conductive paths across interdigitated electrodes led to a

measurable conductive signal and enabled ultrasensitive detection of human IgG

down to the 0.2 pM level [90]. The method holds promise for creating miniaturized

on-chip protein arrays.

FIGURE 6.5 Potentiometric detection of sandwich immunoassay: (a) antigen addition; (b)

capture of gold nanoparticle–labeled anti-mouse IgG antibody; (c) catalytic deposition of silver

ions on conjugatedAu nanoparticles; (d) silver dissolution and potentiometric detection using a

Agþ -selective electrode (ISE). (From ref. 87, with permission.)
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6.4.2.3 Voltammetric Analysis In a pioneering work in the field of NP

detection in aqueousmedium carried out in 1995, direct stripping solid-state detection

of gold nanoparticles (AuNPs) on a carbon paste electrode was performed using

both unlabeled and antibody-labeled AuNPs by means of differential pulse anodic

stripping voltammetry (DPASV). Detection limits of 1.78� 10�8M and 1.38� 10�8

M for AuNPs and immunogold (antibody-conjugated AuNPs), respectively, were

reached [91].

One of the first studies of indirect detection of AuNPs by voltammetric stripping

analysis was reported by Dequaire et al. [92]. They developed a sensitive electro-

chemical immunoassay for immunoglobulin G (IgG) using AuNPs as labels. After an

oxidative gold label metal dissolution step in an acidic solution, gold(III) ions were

determined indirectly by anodic stripping voltammetry at a single-use carbon-based

screen-printed electrode, making it possible to detect IgG at concentration levels

of 3� 10�12M. The high performance level of the method is related to the sensitive

ASV determination of gold(III) at a screen-printed electrode [the detection limit of

gold(III) is around 5� 10�9M], due to the release of a large number of gold(III) ions

from each AuNP anchored on the immunocomplex.

To avoid the acid-dissolution step, Liu and Lin developed an electrochemical

magnetic immunosensor based on magnetic beads and gold nanoparticle labels. The

captured gold nanoparticles labels on the immunosensor surface were

quantified directly by electrochemical stripping analysis. The stripping signal of gold

FIGURE6.6 Main stages of sensor assembly and functioning. The procedure is illustrated by

an immunoglobulin test (right). SEM micrographs of gold-tagged and silver-enhanced latex

bridges between electrodes in IgG-specific experiments: (a) protein A–functionalized latexes

heavily coated by deposited metal that short-circuits the electrodes; (b) nonfunctionalized

particles in negative control patches only marginally tagged by deposited metal. The bridge

remains nonconductive (left). (From ref. 90, with permission.)
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nanoparticles is related to the concentration of target IgG in the sample solution. A

detection limit of 0.02 mg/mL of IgG was obtained under optimum experimental

conditions [93].

Ambrosi et al. reported double-codified gold nanolabels for simultaneous elec-

trochemical and optical immunoassays. A built-in-magnet graphite–epoxy–compo-

site electrode allowed a sensibly enhanced adsorption and electrochemical quanti-

fication of the specifically captured gold nanoparticle labels on the paramagnetic bead

surface (Figure 6.7). The detection limits for this double-codified nanoparticle-based

assay were 52 and 260 pg of human IgG/mL for the spectrophotometric (horseradish

peroxidase [HRP]-based) and electrochemical (AuNP-based) detections, respective-

ly, much lower than those typically achieved by ELISA tests [94].

The analytical signal in the detection of nanoparticles can be enhanced by catalytic

deposition of another metal on the surface of the nanoparticle, followed by the

stripping and detection of this metal. An example of this approach was reported by

Maoet al. [95].Theydevelopedanovel electrochemical protocol for the quantification

of human IgG based on the precipitation of copper on gold nanoparticle tags and

subsequent ASV detection of the dissolved copper, obtaining a detection limit of

0.5 ng/mL.

Another catalytic approach was reported by Chu et al. [96] based on the precip-

itation of silver on AuNPs labels using a silver enhancement solution and chemical

reduction of silver ions to silvermetal onto the surface of theAuNPs.After silvermetal

FIGURE 6.7 Electrochemical analysis procedure consisting of the deposition of MB-AuNP

immunocomplex sample onto the GECE surface; introduction of the electrode in the mea-

surement cell containing 0.1M HCl as electrolyte buffer; electrochemical analysis consisting

of a preconcentration step at 1.25V for 150 s, followed by a DP cathodic scan from 1.25 to 0V,

and measurement of the peak current at 0.45V (step potential 10mV, amplitude 50mV, scan

rate 33mV/s (vs. Ag/AgCl). (A) Typical DPV curves corresponding to AuNPs analysis for

human IgG concentrations of 2.5� 10�6, 1.3� 10�5, 3.2� 10�4, 1.6� 10�3, 0.008, 0.04, 0.2,

and 1mg/mL; (B) human IgG calibration curve recorded using the DPV analysis of AuNP.

(Adapted from ref. 94.)
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dissolution in a 0.1M HNO3/0.6M KNO3 solution, silver ions were determined by

anodic stripping voltammetry at a GCE. The method was evaluated for a noncom-

petitive heterogeneous immunoassay of IgG as amodel, achieving a detection limit of

1 ng/mL,which is competitivewith colorimetric enzyme linked immunosorbent assay

(ELISA). The high performance of the method is attributed to the sensitive ASV

determinationof silver (I) at aglassy–carbonelectrode (detection limit of 5� 10�9M)

and to the catalytic precipitation of a large amount of silver on the colloidal gold-

labeled antibody.

Recently,Mao et al. presented a newmethod based on cyclic accumulation of gold

nanoparticles for detecting human immunoglobulinG (IgG) byASV.The dissociation

reaction between dethiobiotin and avidin in the presence of biotin provides an efficient

means for the cyclic accumulation of gold nanoparticles used for the final analytical

quantification. The anodic peak current increases gradually with the increasing

accumulation cycles. Five cycles of accumulation are sufficient for the assay. The

lowbackgroundof themethod proposed is a distinct advantage, providing a possibility

for determining at least 0.1 ng/mL human IgG [97].

An electrochemical immunoassay method based on Au nanoparticle-labeled

immunocomplex enlargement was reported by Zhou et al.. When the aggregates

formed from nano-Au labeled goat/anti-human C-3 and nano-Au-labeled rabbit/anti-

goat IgG were immobilized on the electrode surface by the sandwich method

(antibody–antigen–aggregate), the electrochemical signal of the electrode was en-

larged greatly [98]. The immunosensor reported could quantitatively determine

complement C-3 in the range of 0.12, similar to 117.3 ng/mL, and the detection limit

was0.02 ng/mL.Liao andHuang reported an amplifiedelectrochemical immunoassay

by autocatalytic deposition of Au3þ onto gold nanoparticles labels. By coupling the

autocatalytic deposition with square-wave stripping voltammetry, enlarged gold

nanoparticles were used as labels on goat/anti-rabbit immunoglobulin G (GaRIgG-

Au), and thus the rabbit immunoglobulin G (RIgG) analyte could be determined

quantitatively. The detection limit was 0.25 pg/mL (1.6 fM), which is three orders of

magnitude lower than that obtainedbyconventional immunoassayusing the samegold

nanoparticle labels [99].

Recently,Das et al. reported anultrasensitive electrochemical immunosensor using

thegold nanoparticle labels as electrocatalyts. In this case, the gold nanoparticle labels

were attached to the immmunosensor surface (indium tin oxide as substrate electrode)

by sandwich immunoreaction; signal amplification was achieved by catalytic reduc-

tion of p-nitrophenol (NP) to p-aminophenol (AP) and chemical reduction of p-

quinone imine to AP by NaBH4. Such dual-amplification events gave a 1 fg/mL

detection limit, and its linear range ofmeasurement ranged from1 fg/mL to 10mg/mL,

which covered a 10-fold concentration range [100].

6.4.2.4 Impedimetric Analysis The most widely reported use of Au nano-

particles in impedance sensors involves their incorporation into an ensemble substrate

onto which a protein, oligonucleotide, or other probe molecule is immobilized.

However, recent studies have also described various strategies for the use of imped-

ance sensing that involved Au–nanoparticle conjugation in the solution phase rather
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than prior modification of the sensing interface. In one approach, impedance sensing

included an extra step of analyte conjugation to 10-nm-diameter Au nanoparticles,

with signal amplification occurring only when the Au nanoparticles become embed-

ded in the sensing interface. This approach was demonstrated using the model system

fluorescein/antifluorescein,with fluorescein bound to the flatAu substrate usingEDC/

NHSS linker chemistry. The analyte (goat antifluorescein) was conjugated to Au

nanoparticles in solution prior to detection. A change in the impedance at the sensing

interfacewas observedwhen the antibody was conjugated to Au nanoparticles but not

for the bare antibody [101]. Signal amplificationwas significantly higher with a redox

probe (impedance detection) than without a redox probe (capacitance detection).

In biosensors, the use of nanomaterials has been envisioned to create successive

amplification steps [102]. This type of approach was recently demonstrated with a

different type of solution-phase Au-nanoparticle conjugation, utilizing a strategy that

might be termed an impedance-sandwich assay. In this approach, antiprotein A IgG

was bound to an Au-electrode surface and then exposed to protein A of varying

concentrations. Following protein A binding, the sensing interface was exposed to a

solution containing IgG antibodies conjugated to 13-nm-diameter Au nanoparticles.

Without this amplification step, the LOD of protein Awas reported to be 1ng/mL, and

theLODwas reduced byone order ofmagnitude by the amplification step.The authors

reported that their sensitivity was about 100 times better than that obtained with

conventional ELISA tests [103]. One advantage of this approach is that the protei-

n–antibody conjugate can be prepared in advance and stored for about one month

without loss of activity. Another group recently reported the use of solution-phaseAu-

nanoparticle conjugation for amplifying the signal from an impedance biosensor. The

sensing interface was an Au electrode onto which Au nanoparticles were attached

using 1,6-hexanedithiol, followed by immobilization of rabbit anti-IgG.After binding

the hIgG analyte and blocking nonreacted surface sites with bovine serum albumin

(BSA), the impedance signal was amplified by binding Au-colloid-labeled goat anti-

hIgG that was synthesized in advance [104]. This approach was motivated by the

relatively small impedance change sometimes observedupon antigen recognition by a

surface-immobilized antibody. Without amplification, the impedance change upon

binding of hIgG was about 100W · cm2, whereas with amplification the impedance

changewas several thousandW · cm2. The authors reported an LOD for human IgG of

4.1 ng/L and a linear concentration range of about 15 to 330 ng/L.

6.5 CONCLUSIONS

In this review, some recent advances have been addressed in the synthesis and

electrochemical applications of AuNPs, emphasizing their importance as label

in affinity electrochemical biosensors. A variety of sensitive bioanalytical detection

methods based on the unique electrochemical properties of AuNPs have been

developed. The attractive properties of the AuNPs make them a very promising

material for the development of different electrochemical biosensors based on the

immobilization of biomolecules such as DNA and antibodies. New challenges and

CONCLUSIONS 191



requirements for the design of an ideal electrochemical genosensor or immunosensor

include a high-sensitivity, high-specificity protocol that can be carried out in a

relatively short time while offering low detection limits.

Improvements using enhancement strategies seem to be a compromise between

signal augmentation and reproducibility. Enhancements strategies using precipitation

of gold or silver onto AuNPs or the use of AuNPs as carriers of other AuNPs or

electroactive labels require careful attention, so as to avoid irreproducibility problems.

The electrochemical detection of AuNPs using stripping methods can be improved

further. The use of microelectrodes including arrays will probably improve the

detection limits, allowing their use in the study of other biomolecular interactions.

The potential for detecting single molecule interactions by detecting individual

gold colloid labels opens theway to new applications. The electrochemical properties

of AuNPs make them extremely easy to detect using simple instrumentation. In

addition, these electrochemical properties may allow the design of simple, inexpen-

sive electrochemical detection systems for ultrasensitive molecular diagnostic

applications.
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7.1 INTRODUCTION

7.1.1 Biosensors and Bioprobes

A biosensor or bioprobe is built on two principlal components: a biorecognition

element and a transduction element. The combination of these two components is

intended to create a device or assay that will indicate the presence and amount of

a certain target analyte(s) in a sample matrix. The basic biosensor concept in shown

in Figure 7.1. The biorecognition elements typically provide a selective binding

event, or a selective reaction. Examples of the former include nucleic acids and

antibodies, while enzymes are the best example of the latter. The transduction

element serves as the interface between the analyst and the biorecognition element

by converting the binding event or selective reaction into an electrical signal. This

may be through an intermediate step such as the generation of luminescence, which

is readily detected and processed electronically. This signal can then be analyzed

to determine a quantitative value or a qualitative result of some diagnostic

significance. The most popular forms of transduction in optical biosensors are

fluorescence and surface plasmon resonance. In this chapter we focus on the use of

quantum dots (QDs) in the development of optical biosensors based on

fluorescence.

In the discussionof anybiosensor, there are a number offigures ofmerit to consider,

including selectivity, speed, sensitivity, the limit of detection, dynamic range,

reproducibility, precision, accuracy, and reusability. The relative importance of these

figures dependson the target application area.While discussing the applicationofQDs

FIGURE 7.1 A biosensor consists of a biorecognition element (A) and transduction element

(B), which, in combination, allow a certain analyte to be detected in a complexmatrix (C). This

usually operates on the basis of a selective interaction (D) and conversion of that binding

interaction into a measurable signal (E). QDs are promising for biosensor applications because

they act as both transduction elements and interfaces for biorecognition elements (G).
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in fluorescence-based biosensing in this chapter, the examples presented will often be

evaluated in terms of these criteria. One final distinction will be made, that between

a biosensor and a bioprobe. The former is, by definition, reusable, whereas the latter is

not. In this chapter it will be seen that QDs can play a role in determining these figures

ofmerit for a biosensor or bioprobe. Furthermore, theuse ofQDsmaybe advantageous

in one respect and disadvantageous in another. The biosensor field remains of great

interest. A challenge is that no single device constructed to date has optimally satisfied

the criteria above. QDs have attracted the attention of biosensor researchers because

they have the potential to move fluorescence biosensor technology closer to this

ultimate goal. QDs can act as both transduction elements and interfaces for bio-

recognition elements via conjugation with biomolecules.

7.1.2 Overview of Quantum Dots

QDs, or colloidal semiconductor nanocrystals, have come to the forefront of popular

science since the turn of the century and show no signs of receding into a particular

niche of research. With perhaps the exception of carbon nanotubes, QDs are the

most prolific of contemporary nanomaterials. These nanoparticles are no longer the

curious treasures of solid-state physics and materials science, but have matured into

bona fide tools that are being used across physics, chemistry, and biology. Interest in

QDs ranges from luminescent probes for biomedical imaging [1–7], to luminescent

probes for both biosensor [8,9] and chemosensor [10,11] applications, as well as to

new materials for lasers and other optoelectronic devices [12,13] or quantum

computing [14].

From an optical perspective, QDs are special in that they exhibit size-tunable

absorption and luminescence spectra arising from quantum confinement effects.

Quantum confinement results in an electronic structure for a QD that lies between

the bulk and molecular-size scales. They are semiconductor crystals with dimen-

sions on the order of a few nanometers and consisting of 103 to 104 atoms,

depending on their size. To give a sense of scale, the size of a QD is illustrated

schematically in Figure 7.2. Traditionally, QDs have been composed of binary

systems such as CdS and CdSe. However, primary QDs based on silicon [15,16]

have been developed, as have ternary systems such as CdSeTe [17], ZnCdSe [18],

or ZnCdS [19,20]. In this chapter we focus on II–VI semiconductors such as CdS,

CdSe, and CdTe. This class of QDs has found the most widespread use in

bioanalytical applications.

In QDs, it can be argued that the traditional conduction- and valence-band

structures used to describe bulk semiconductors can be reduced to two regions of

potentially dense, but discrete, electronic states. These states are sometimes referred

to as quantum-confined orbitals. A bandgap is still considered to exist; however,

quantum confinement alters the energetics of the bandgap, and the system takes on

‘‘particle-in-a-box’’ character. The result is a luminescent nanomaterial that has a

number of advantages over conventional organic fluorophores, including those such

as fluorescein or the cyanine dyes widely used in fluorescence-based biosensor and

bioprobe designs.
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7.1.3 Comparing Quantum Dots and Organic Fluorophores

Fluorescence-based diagnostic technology is widely recognized as being very sen-

sitive and extremely versatile. The versatility and wide applicability of fluorescence

results from the relative ease with which multiple colors can be used to perform

a multiplexed analysis, the array of experimental methodologies available, and the

wealth of information that can be obtained from such experiments. Common meth-

odologies include conventional solution-phase spectrofluorimetry, epifluorescence

and confocal imaging, total internal reflection techniques, time-resolved and

polarization-based measurements, nonlinear and multiphoton methods, and single-

molecule spectroscopy. These techniques may yield information on parameters such

as analyte concentration, local environment, dynamics, or intermolecular interactions

from measurements such steady-state intensities, fluorescence lifetimes, anisotropy,

resonance energy transfer, or quenching effects. In terms of many of these techniques

and observables, QDs are arguably superior to conventional organic fluorophores

as reporters and provide much of the same information. It has become apparent that

QD-basedmethods have the potential to further enhance the sensitivity and versatility

of fluorescence-based diagnostics.

Although immensely useful, organic fluorophores suffer from a variety of

shortcomings, including relatively narrow and weak absorption spectra, broad

red-tailed photoluminescence (PL) spectra, high susceptibility to photobleaching,

FIGURE 7.2 Comparison of the relative size scales for a variety of objects: (A) a cadmium

atom; (B) a zinc blende unit cell; (C) a QD; (D) a red blood cell; (E) an ant; (F) people; (G) the

CN Tower in Toronto.
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pH sensitivity, susceptibility to chemical degradation, and short fluorescence

lifetimes (typically, nanoseconds). In addition, organic fluorophores are not opti-

mally suited to multiplexed experiments. In a multiplexed experiment, the aim is to

excite and observe the PL simultaneously from multiple fluorophores. Given the

broad red-tailed PL and relatively small Stokes shift (ca. 10 to 40 nm) of most

organic fluorophores, spectral overlap between fluorophores often occurs and

results in crosstalk between detection channels. To avoid crosstalk, it is necessary

to work with dyes that are spectrally well separated. However, the relatively narrow

range over which an organic fluorophore shows strong absorption means that a

separate source is required to excite each fluorophore efficiently. In addition, the

potentially rapid photobleaching of dyes makes them less than ideal for sensor

technology. The result of photobleaching is drift in a single measurement or a loss of

signal over many cycles of measurement. Finally, spectrally shifting the absorption

and PL spectra of an organic fluorophore strictly requires the synthesis of a new

molecule, although series of dyes with related structures can be made to span the

visible spectra. For example, the cyanine dyes (Cy2, Cy3, Cy3B, Cy3.5, Cy5, Cy5.5,

Cy7) are comprised of closely related compounds.

In contrast to organic fluorophores, QDs exhibit strong broad absorption spectra,

narrow and symmetric PL spectra (full width at half maximum ca. 25 to 40 nm),

chemical stability, superior resistance to photobleaching, and longer-lived PL

(typically tens of nanoseconds) [1,3,4,6]. The peak PL wavelength of QDs is

determined by their size, with PL shifting from red to blue with decreasing size.

To a first approximation, QDs absorb light at any wavelength shorter than their

peak PL wavelength, with a rapidly increasing absorption coefficient at shorter

wavelengths. As a consequence, many QDs with different emission wavelengths

can be excited simultaneously at a single wavelength in the blue or ultraviolet

region of the spectrum, potentially creating a Stokes shift on the order of 100 to

300 nm. The absorption and PL spectra of common organic fluorophores, Cy3 and

AlexaFluor 647, are compared in Figure 7.3 with those of commercially available

QDs. From the perspective of multiplexing, the unique spectral properties of QDs

are highly advantageous. These nanoparticles also offer better or comparable

brightness to organic fluorophores, photostability, and low reactivity, all of which

are ideal for sensor technology. In addition, the synthetic protocol for preparing

QDs with different emission wavelengths is essentially identical, with reaction

time generally being the synthetic variable rather than the position and nature

of bonds.

Despite all their advantages, QDs have a number of shortcomings. For example, the

inorganic nature of QDs renders them inherently insoluble in aqueous media. QDs

made from II–VI semiconductors are by far the most common, and their heavy metal

components––usually, cadmium or lead––are highly toxic. Considerable effort has

been expended in creating water-soluble QDs for biological applications, which

include cytometry, immunoassays, hybridization assays, and other bioassays.

In addition, QDs are much larger than organic fluorophores in size, with crystal sizes

on the order of 2 to 6 nm and surface chemistry that may contribute several more
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nanometers to their size, leading potentially to hydrodynamic radii on the order of

10–15 nm [21]. A schematic of the sizes of a variety of commonly used luminescent

probes and biomolecules relative to a QD is shown in Figure 7.4. Perturbation of the

structure or function of biomolecules must be a consideration in biosensor design,
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FIGURE 7.3 Comparison between the absorption and PL spectra of (A) 2.1-nm core size

CdSe–ZnS QD; (B) 5.2-nm core size CdSe–ZnS QD; (C) Cy3; (D) AlexaFluor 647.

FIGURE 7.4 Comparison of the relative sizes of green- and red-emitting CdSe QDs with a

number ofmolecules relevant to biosensor and bioprobe applications: Cy3, a typical fluorescent

label; avidin, which is used to conjugate biotinylated biomolecules; a typical oligonucleotide

probe–target hybrid; and an antibody. Buckminsterfullerene is also shown for reference.
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particularly since biomolecules such as antibodies, enzymes, and aptamers are

dependent on their structure for function. Finally, QDs are known to exhibit blinking

under continuous excitation, where their luminescence is observed to turn on and off

in time [1,5,22]. Nonetheless, in many applications the advantages of QDs outweigh

the disadvantages and justify the time and effort put into overcoming or avoiding these

challenges.

7.2 QUANTUM DOTs

7.2.1 Materials

QDs can be classified into two structural types: core nanocrystals and core–shell

nanocrystals. The former are less common in practical application, and are composed

of a single semiconductor material. The latter are core nanocrystals surrounded by

a shell of a few atomic layers of a higher-band-gap semiconductor. Figure 7.5 shows

the two structures schematically. As will be described in more detail in Section 7.3.2,

the shell greatly improves the PL quantum yield and stability of the core nanocrystal.

Regardless of a core or core–shell structure, it is the size of the core nanocrystal which

determines the emission wavelength of the QD. However, the wavelength range over

which the PL can be tuned is a function of the bandgap energy of the semiconductor

material. Thus, different semiconductor cores are used to generate PL in different

regions of the spectrum. As shown in Figure 7.6, cadmium sulfide (CdS) is used to

generate ultraviolet and blue emission, cadmium selenide (CdSe) is used to span

most of the visible spectrum, cadmium telluride (CdTe) is well suited for the red

FIGURE7.5 (A) Core and (B) core–shell structures for QDs. Core–shell structures consist of

core nanocrystals surrounded by a thin layer of higher-bandgap material. Some common

materials are listed for both structures. In general, the shell structure greatly improves the PL

properties of the core.
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and near-infrared region, and lead sulfide (PbS) and lead selenide (PbSe) have been

used to create cores that emit in the infrared.

7.2.2 Synthesis

ColloidalQDs are typically synthesized by pyrolysis of organometallic and chalcogen

precursors, where rapid nucleation followed by slower and steady growth is

desired [23–26]. A typical protocol would involve heating tri-n-octylphosphine oxide

(TOPO) to a high temperature under an inert gas such as argon or nitrogen, injecting

a hot solution containing the precursors to initiate rapid homogeneous nucleation,

removing the heat to quickly lower the temperature of the reactionmixture, and letting

the crystal growth continue for some time at a lower temperature. For the synthesis of

cadmium selenide QDs, dimethyl cadmium (Me2Cd) and either trioctylphosphine

selenide (TOPSe) or bis(trimethylsilyl)selenium [(TMS)2Se] are typically used as

precursors. TOPSe can be prepared by dissolving seleniumshot (pellets) inTOPand is

preferred due to its greater stability and ease of preparation [26]. For nucleation,

the mixture is injected into TOPO at about>300�C, while temperatures in the range

250 to300�Care typically used for subsequent crystal growth via anOstwald ripening-

type process. Synthesis of cadmium telluride QDs is carried out similarly, using

tellurium shot dissolved in TOP (TOPTe) or bis(tert-butyldimethylsilyl)tellurium

[(BDMS)2Te] as the chalcogen precursor. However, injection and growth tempera-

tures tend to be lower, around 250�C and 150 to 200�C, respectively. The growth is

monitoredbymeasuringabsorption spectra of aliquots taken fromthe reactionmixture

at various times. Although organometallic reagents such as Me2Cd predominate the

synthetic literature, their air sensitivity and pyrophoric nature are cause for concern.

As a safer alternative, cadmium oxide (CdO) has been shown to be an effective

precursor in CdSe and CdTe QD synthesis [27–29]. The role of the organic ligands

TOP and TOPO is to coordinate to the Cd centers through the P: and P����O functions,

FIGURE 7.6 Approximate size-tunable PL ranges for a variety of QD materials. The

wavelength ranges are estimates based on experimental and theoretical results throughout the

literature.
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stabilizing particle growth and preventing aggregation. The ligands also provide a

degree of electronic passivation [27]. The TOPO/TOP-capped nanocrystals disperse

in nonpolar solvents such as toluene, chloroform, and hexanes.

In many applications, QDs are fabricated as core–shell structures, where, for

example, a CdSe or CdTe nanocrystal is enclosed in a few layers of a second

semiconductor. Typical shell materials include zinc sulfide for CdSe–ZnS core–shell

QDsandcadmiumsulfide forCdTe–CdScore–shellQDs. Shell synthesis is carried out

analogously to core synthesis, slowly adding a solution of bis(trimethylsilyl)sulfide

[(TMS)2S] and either TOPCd or dimethyl/diethyl zinc (Me2Zn/Et2Zn) to the core

nanocrystals in TOPO. The temperature for the shell growth is usually in the range

100 to 150�C, although it has been reported that different temperatures are optimal for

QDs of different sizes [24].

Although organometallic and chalcogen precursor pyrolysis is the classic andmost

widely used approach to QD synthesis, a number of other methodologies have been

used to prepare QDs for photoelectrochemical applications. Many of these methods

employ aqueous solvent and water-soluble metal precursors such as Cd(NO3)2,

Cd(ClO4)2, CdCl2, ZnCl2, Zn(ClO4)2, Pb(NO3)2, or PbCl2. Chalcogen precursors

have included Na2S or gaseous H2S. Typically, a solution of the metal precursor is

bubbled with nitrogen and titrated with a solution of the chalcogen precursor to

produce colloidal solids. Particlegrowth is arrested at thenanometer scale by theuseof

ligands such as mercaptoacetic acid (MAA) [30,31] or poly(vinylpyrrolidone)

(PVP) [32]. Much like TOPO, these ligands coordinate to the surface of the QDs,

rendering them water soluble and stabilizing them against aggregation. A variation

on the typical arrested precipitation method makes use of a biphasic mixture to

produce QDs [33,34]. In this method, an aqueous solution of the metal precursor is

shaken vigorously with a solution of octadecanethiol in petroleum ether. The mixture

is then stirred while H2S is bubbled through the solution. QDs are collected from the

organic phase.

Another popular method of producing QDs for electrochemical experiments is

through a microemulsion method employing n-heptane and bis(2-ethylhexyl)sulfo-

succinate (AOT) [35–39]. The water-to-surfactant ratio is used to control the QD size

by altering the size of the AOTreversemicelles [37]. The emulsion is divided into two

volumes, where themetal precursor, Cd(NO3)2, is dissolved in one subvolume and the

chalcogen precursor, Na2S, is dissolved in the other subvolume. Each subvolume is

stirred for 1 hour prior tomixing the two together and stirring for another hour. A shell

can be grown around the synthesized core nanocrystal by injecting micellular

solutions of zinc and sulfur salts alternately [36]. Cysteamine and mercaptoethane

sulfonate can thenbeadded as cappingagents.The former is useful for bioconjugation,

while the latter imparts aqueous solubility.

7.3 BASIC PHOTOPHYSICS AND QUANTUM CONFINEMENT

This section serves as a basic primer to the photophysics of QDs, dealing primarily

with quantumconfinement and surface effects.Quantumconfinement effects yield the
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unique optical properties of QDs, while the nature of the QD surface can profoundly

affect the optical behavior of QDs. For an extensive treatment of semiconductor QDs

and their photophysical properties, the reader is referred to the work of Yoffe [40].

7.3.1 Quantum Confinement

7.3.1.1 Bandgap Energies In a bulk semiconductor, the absorption of light

results in the promotion of an electron in the valence band across the bandgap and into

the conduction band, creating a loosely bound electron–hole pair or Wannier–Mott

exciton [41,42] (Figure 7.7). Each band is centered about atomic energy levels with

a width proportional to the magnitude of nearest-neighbor interactions. In semicon-

ductors, the Fermi level essentially lies between the two bands, yielding optical

behavior which is dominated by the edges of the bands [43,44]. In a bulk semicon-

ductor, the energy of the bandgap may be relatively small, where, for example,

bulk CdSe has a bandgap energy of 1.7 eV [3]. However, shrinking the size of a

semiconductor particle down to roughly less than 104 atoms results in quantum-

confinement effects, which for CdSe can shift the bandgap between 1.9 and 2.8 eVas

FIGURE 7.7 Absorption of a photon (a, b) promotes an electron across the bandgap to create

an exciton. Such transitions yield peaks in the absorption spectrum. Subsequent nonradiative

relaxation occurs at the bottom of the conduction band (c). Three processes are possible from

(d) : (1) Radiative recombination of the exciton (e) to the ground state yield band-edge

luminescence; (2) trap states (f) in the bandgap can capture the exciton (g) and lead to bandgap

luminescence (h); and (3) nonradiative recombination of the exciton can also occur (not shown).

208 QUANTUM DOTS FOR THE DEVELOPMENT OF OPTICAL BIOSENSORS



particle size is decreased from approximately 6 nm to 2 nm [3,24,43]. Similarly, the

CdS bandgap can be tuned between 2.5 and 4 eV [44], compared to a bulk bandgap

of 2.4 eV [45]. Therefore, a decrease in the size of QDs results in a hypsochromic

shift of the absorption and PL spectra by increasing the bandgap energy. Although

absorption is significant at photon energies exceeding the bandgap energy, the PL

is narrow because emission tends to occur from the bottom of the conduction band

and is therefore fixed by the bandgap energy. This is essentially analogous to Kasha’s

law for molecular fluorescence, where emission is observed from the lowest vibra-

tional level of the first excited singlet state. While QD PL has a natural line width, the

major contribution to the fullwidth at halfmaximum tends to be the size polydispersity

of the QDs in the colloidal sample.

Quantum-confinement effects become significant when the nanocrystal dimen-

sions are less than the exciton Bohr radius for the semiconductor. The exciton Bohr

radius is analogous to its hydrogenic atom counterpart, and describes the preferred

hole–electron separation. In CdS, this distance is roughly 5 to 6 nm [41], and particles

of this size represent the onset of the transition from the bulk to quantum-confinement

regimes. ExcitonBohr radii in other semiconductormaterials tend to beof similar size.

One may consider the increasing bandgap with decreasing particle size as the energy

cost of confining the exciton to dimensions less than its Bohr radius. However, a more

elucidating view is that of the particle in a box, where the exciton is confined by a

potential corresponding to the dimensions of the nanocrystal. The energy of a particle

confined by a one-dimensional ‘‘box’’ of infinite potential is defined by elementary

quantum mechanics as

E ¼ n2h2

8mL2
¼ k2�h2

2m
ð7:1Þ

where n is the quantum number, L is the dimension of the box, andm is themass of the

particle. From this relationship one finds that the spacing between energy levels for

the particle in a box increases as the box dimension decreases (Figure 7.8). The same

phenomenon is observedwithQDs, yielding larger bandgap energy as the dimensions

of the QD decrease. Thus, the quantum-confinement effect is a consequence of

changes in the density of electronic states.
The particle-in-a-box description of the bandgap energy inQDswas first evaluated

by Brus in 1984, considering a Wannier–Mott exciton, an effective mass approxi-

mation for the kinetic energy, a hydrogenic Hamiltonian, and particle-in-a-sphere

basis wavefunctions [41,45,46]. The oft-cited result is

EQDðRÞ�EB ¼ �h2p2

2R2

1

me

þ 1

mh

� �
� 1:786

e2

eR
� 0:248E*

Ry ð7:2Þ

where EB is the bulk semiconductor bandgap energy, EQD is the bandgap energy in

a QD of radius R, me and mh are the effective masses of the electron and hole, is the

semiconductordielectric constant, andE*
Ry is theRydberg energy for the electron–hole

pair.
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The first term in equation (7.2) is readily seen to be the energy corresponding to a

particle in a sphere,while the second term is theCoulomb energy between the electron

and hole. The electron and hole are loosely bound and thus tend to reside near one

another to maximize their coulombic attraction. However, semiconductor dielectric

constants are large and screening is significant, resulting is an additional tendency for

the electron and hole to reside near the center of the sphere to maximize dielectric

stabilization. The spatial correlation is considered in the third term and is generally

small compared to the first term, which dominates the overall energy change.

Although the particle-in-a-box model works reasonably well at the upper limit of

quantum confinement behavior, it breaks down with QDs of small or even moderate

dimensions. This is a result of a breakdown in the effective mass approximation.

At smaller dimensions, energy does not scale in proportion to k2 or, equivalently,

in proportion to 1/L2 [41,44]. A model that has achieved significant quantitative

success is the empirical tight-binding approach, which uses a framework of linear

combinations of atomic andmolecular orbitals [47,48], but is beyond the scope of this

discussion.

7.3.1.2 OscillatorStrength While the particle-in-a-boxanalogy is sufficient to

explain the change in bandgap with crystal size, it does not a priori explain the giant

oscillator strength effect observedwithQDs.Theoscillator strength is ameasure of the

intensity of an electronic transition (i.e., themagnitude of an optical absorption band).

In contrast to QDs which show a few intense transitions, bulk semiconductors do not

show a strong exciton absorption band [41,44]. This can be explained by considering

the Heisenberg uncertainty principle, Dx Dp � �h=2, where Dx and Dp represent the

uncertainty in a particle’s position and momentum, respectively [43,44]. Note that

FIGURE 7.8 Energy-level diagrams for a particle-in-a-box model of the change in the

density of electronic states and bandgap energy. The bandgap has beenmodeled by the omission

of the intermediate energy level.
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equation (7.1) also gives the particle-in-a-box energy expression in terms of the

particle wave number, k, which from the de Broglie relationship is related to particle

momentum as k ¼ p=�h. Thus, (7.1) also relates the particle energy to its momentum.

As the QD decreases in size, the spatial confinement of the exciton wavefunction

increases and, according to the uncertainty principle, the uncertainty in the exciton

momentum must increase. The energy of the particle in this system is really the

superposition of a number of states with different momentum or k [44]. In general,

for an optical transition to occur in a lattice, the wavelength of the incident light, l,
must satisfy K¼ 2p/l, where K is the vector sum of k-states for the electron and

hole. Given the energy–momentum relationship and the increased uncertainty in

momentum, it is seen that a series of closely spaced k-states may now satisfy this

condition, increasing the probability of a direct transition. Thus, many transitions in a

bulk semiconductor are compressed by quantum confinement into a single intense

transition in a quantum dot [43,44].

7.3.2 Surface Effects and Passivation

As nanocrystals become smaller, a larger fraction of their constituent atoms are found

at the surface. For example, a 5-nm CdS nanocrystal has approximately 15% of its

atoms at the surface [41]. In contrast, a 1-mm crystallite would have less than 0.1% of

its atoms at the surface. One of the failings of the particle-in-a-box model presented

in the preceding section is that it does not consider the surface of theQD. In reality, and

in contrast to the ideal box, the surface of a QD is not an infinite potential barrier,

and the excitonwavefunction can sample the surroundingmedium [41]. Furthermore,

the chemical potential at the surface is significantly different from the interior of the

QD, due to dangling bonds, reconstructions of the crystal, and possible adsor-

bates [44,45]. As a consequence, a number of surface states exist that can mix with

the interior states, potentially altering the overall energy-level spacing and even

introducing states in the energetically forbidden bandgap [43,44]. The defects and

imperfections that yield these surface states arewidely recognized as traps that confine

and promote nonradiative recombination of the electron–hole pair.

The solution to this problem is to enclose the core nanocrystal in an outer shell of

semiconductor with a larger bandgap energy. Ideally, this has the effect of confining

the exciton to the interior core and preventing exposure to the surrounding medium,

thus preventing traps due to surface defects and reactivity from capturing the excited-

state energy and providing nonradiative pathways [3,45,49]. The quantum yield is

greatly enhanced by capping, potentially approaching an order-of-magnitude

improvement [3,25]. The most widespread example of such core–shell structures

are CdSe–ZnS quantum dots, although other common capping materials include CdS

and ZnSe. As mentioned above, the capping material should be of larger bandgap

energy, but also be optically transparent, nonemissive, and structurally related to the

core material. By smoothly transitioning growth of the nanocrystal from the core

material into the shell material, surface reconstructions of the core are largely avoided

and energy levels in the bandgap are eliminated [43,44]. Thus, there is ideally no strain

at the surface of the core and only a sudden change in chemical potential [43,44].
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7.4 QUANTUM DOT SURFACE CHEMISTRY AND BIOCONJUGATION

Inmost cases, newly synthesizedQDs are soluble in organic solvents and are insoluble

in aqueous systems, severely limiting their potential application in biosensors and

bioprobes. Therefore, surface modification of QDs is usually required for aqueous

solubility and bioconjugation. A variety of strategies have been used; however,

amphiphilic or bifunctional molecules are common to all approaches. Ligand ex-

change, silica coatings, or polymer coatings are the most widely adopted chemistries.

7.4.1 Ligand Exchange

7.4.1.1 Thiol Ligands One of the most widespread approaches to creating

water-soluble QDs is ligand exchange with thioalkyl acids such as mercaptoacetic

acid (MAA), mercaptopropionic acid (MPA), or mercaptoundecanoic acid (MUA).

A number of thiol-based ligands are shown in Figure 7.9. In their thiolate forms,

RS�, these molecules coordinate strongly with the metal ions on the exterior of QDs

(e.g., Cd2þ , Zn2þ , Pb2þ ), thus exposing the polar and potentially charged carboxylic
acid group to the surrounding solution and imparting aqueous solubility. Most

procedures for ligand exchange using a thiol-based ligand involve incubating the

QDs (usually coatedwithTOPO ligands) in a solution containing an excess of the thiol

ligand of interest. In general, it seems that these preparations are stable over periods

ranging from weeks to months. At sufficiently basic pH, the carboxylic acid groups

are negatively charged and electrostatic repulsion helpsmaintain the dispersion of the

QDs in aqueous media. However, at acidic pH values or in solutions of high ionic

strength, there is a greater tendency for aggregation due to the neutrality of the

carboxylic acid groups or decreased Debye length surrounding the QDs, respectively.

Our research has shown that more acidic thioalkyl acid ligands yield QDs that are

more resistant to aggregation at low pH [50]. For example, mercaptosuccinic acid

(MSA)-capped QDs aggregate and precipitate more slowly than MAA-capped QDs.

In turn, dihydrolipoic acid (DHLA)-capped QDs are less stable than MAAQDs. The

trend correlates with the pKa of these ligands and the charge density expected on the

surface of the QD.

Instability can also begenerated bydesorption of the thioalkyl acid ligands from the

surface of theQDwith time. It has been reported that preparationswhich use bidentate

thioalkyl acids such as DHLA increase the shelf life of the preparations to periods

ranging from several months to a year [51]. Multidentate ligands have also been

created by cross-linking a layer of mondentate ligands. For example, MUA can be

cross-linkedwith lysine or diaminopimelic acid to form amore robust carboxylic acid

capping [52].

More rapid desorption of thioalkyl acid ligands can occur at pH values below 5,

where it has been reported that the thiolate moiety is converted back to a thiol

moiety [53]. Although the process was found to be reversible, there was significant

hysteresis in the process.

The pHatwhich dispersion and redispersion occurredwas significantly higher than

the pH at which precipitation occurred. The former appears to be solely dependent on
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the pKa of the thiol ligands, whereas the latter is also dependent on the metal–thiolate

interaction. The precipitation pH forMPAQDs showed some size dependence, where

smallerQDsprecipitated at lower pHvalues.Thesevalues ranged from roughly pH3.5

for 2-nm QDs to pH 4 for 5-nm QDs. It was also found that charged ligands such as

MPA and dimethylaminoethanethiol precipitated at lower pH values than the neutral

ligand 3-mercaptopropanol.

FIGURE 7.9 Commonly used thioalkyl acid ligands for aqueous solubilization of QDs:

mercaptoacetic acid (MAA), mercaptopropionic acid (MPA), mercaptohexanoic acid (MHA),

mercaptoundecanoic acid (MUA), dihydrolipoic acid (DHLA), and mercaptosuccinic acid

(MSA). Other thiol-based ligands can also be used, includingmercaptoethane sulfonate (MES)

or DHLA appended with poly(ethylene glycol) (PEG).
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Finally, additional instability has been associated with ultraviolet (254 nm) pho-

tooxidation of thiol ligands to disulfides and has been studied with CdSe QDs [54].

It was found that the surface of theQDacted as a photocatalyst for the process andwas

not oxidized itself until the ligands had been fully oxidized. It was also noted that

bidentate ligands, which have a strong tendency to form intramolecular disulfides and

pack less densely on the surface of theQD,may be less stable thanmonodentate thiols.

Photooxidation can be avoided or minimized by working at longer excitation

wavelengths. However, an unavoidable side effect of thioalkyl acid ligand exchange

is that it tends to reduce quantumyields relative toQDs cappedwith TOP/TOPO in the

organic phase [9,49,54,55].

In choosing to use thioalkyl acid QD surface chemistry in a biosensor or bioprobe

design, it is important to consider the desired lifetime of the sensor and the effect that

the gradual desorption of ligands would have on sensor performance or the surround-

ingmatrix. Similarly, the effect of the anticipated pHof the samplematrix on colloidal

stability and coordination of the ligands should be considered. Finally, the effect of the

excitation wavelength on the ligands must also be taken into account. If brightness is

the key factor for the performance of the biosensor or bioprobe, alternative chemistries

suchaspolymers areprobablypreferable.However, ifminimizingQDsize is essential,

thioalkyl acids could be the best choice.

7.4.1.2 Effects of Ligands on the Physical Chemistry of QDs Thioalkyl

acid and other thiol-based ligands are not simply passive surface coatings, but

significantly affect the physical properties of the underlying QDs. The effect of

ligands on the colloidal stability of QDs has already been discussed. However, ligands

also affect properties such as the apparent size of the QD and the luminescence of the

QD. The apparent size of a QD can be defined by its hydrodynamic radius, which

represents the size of the QD and the added layer(s) of tightly bound solvent that

diffuse with the QD as a hypothetical hard sphere. It has been shown that DHLAQDs

are 10% larger in aqueous solution than TOPOQDs in organic solvent [56]. Although

it is expected thatDHLAwouldhave a smaller profile thanTOPOasa ligand, the added

size is attributed to the strong solvation of the carboxyl groups and many layers of

bound water. This phenomenon is not limited to carboxyl groups. QDs with a 2.4-nm

radius, capped with DHLA-PEG600 and DHLA-PEG1000, are expected to have

geometric radii of 4.8 and 6.1 nm, respectively. The measured hydrodynamic radii

were roughly 7 and 8 nm. In general, the hydrodynamic radius is larger than the QD

geometric size and increases with increasing QD core size.

We have found that the luminescence properties of CdSe–ZnSQDs are sensitive to

the nature of thioalkyl acid capping ligands [50]. For example, the peak PL wave-

lengths forQDs of the same size varied as 520, 526, and 534 nm forDHLA,MAA, and

MSA capping. Progressive bathochromic shifts were also observedwithMAA,MPA,

mercaptohexanoic acid (MHA), andMUAcapping. Each of these capping chemistries

also exhibited a bathochromic shift with increasing pH. For QDs originally showing

a PL maxima at 512 nm with TOPO capping in organic solvent, PL maxima were

observed at 512, 514, 518, and 520 nm, with MAA capping in aqueous solutions at
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pH 7.4, 9.5, 12, and 14, respectively. Similar pH-dependent bathochromic shifts were

also observed with MPA, MHA, and MUA capping. These observations have

tentatively been referred to as ligand chromism, due to the similarity with the

solvatochromism of organic fluorophores. In fact, solvatochromic shifts have been

observedwith TOPOQDs in organic solvent since the optical bandgap energy of QDs

shows a weak dependence on the dielectric constant of the surrounding medium [57].

In turn, it is reasonable to expect that altering the nature of the ligands surrounding the

QD in a given a solvent would also yield chromic shifts. Our research suggests that

there is a correlation between the pKa or the hole-acceptor ability of the ligands and

the degree of bathochromic shift observed.Themore acidic a ligand is, or the lower the

oxidation potential, the greater the bathochromic shift. However, the problem is surely

more complex.Thepackingof the ligandfilmshouldbe consideredboth in termsof the

number of ionizable ligands and the ability of the solvent to penetrate the ligand film.

In addition, it was found that as the QD size increased, the ligand-chromic effects

decreased in magnitude. It can be speculated that this is related to the degree of

quantum confinement of the exciton in the CdSe core, by virtue of the core size or the

homogeneity of the surrounding ZnS shell.

In addition to ligand-chromic effects, our research has found that changes in

quantum yield and lifetime between ligands indicate that the radiative system is not

just the QD core, but the QD core–shell and surrounding ligands [50]. Through

measurement of thequantumyield and radiative lifetime, it is possible todetermine the

radiative and nonradiative decay rates for the system. Although both decay rates play

a role indeterminingquantumyield,we found that changes in radiativedecay ratewere

the most important [50]. In some cases, changes in the radiative decay rate had up to a

seven- or eightfold larger effect than the nonradiative decay rate. It is well known that

avoiding the formation of trap states through effective surface passivation is essential

to producing QDs with high quantum yields. As such, it is tacitly assumed that the

different quantum yields between surface chemistries are due to different degrees of

passivation and thus different nonradiative decay rates. Although this may often be

true, it may not always be the case. This is particularly evident between the thioalkyl

acid ligands we have studied, which include MAA, MPA, MHA, MUA, MSA, and

DHLA.

Our research group has also completed a limited study on capping CdSe–ZnSwith

mixed films of MAA and hexa(ethylene glycol) (HEG) appended at both ends with

DHLA (DHLA–HEG–DHLA) [58]. When the MAA/DHLA–HEG–DHLA ratio was

varied from 1 : 0 to 100 : 1, 50 : 1, and 10 : 1, the band edge PL was quenched by 87%,

95%, and 98%, respectively. There was a simultaneous increase in the amount of

bandgapPL.Thebandgapcontribution to the total PL increased from6%to15%,24%,

and 58%. The cause of the quenching is not entirely clear. However, we speculate that

despite binding to the QD at both termini, the folded HEG retains a great deal of

conformational mobility. This may displace and sterically occlude MAA ligands,

creating gaps in the surface coverage. Given the favorable solvation of HEG, these

sites would be accessible to solvent. The result may be trap states leading to the

quenching and bandgap PL observed.
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7.4.1.3 Ligand Exchange and Biomolecules Issues such as QD colloidal

stability under different solution conditions and the resulting PL properties are clearly

important. However, biosensors and bioprobes must also consider the interactions of

QDs with biomolecules such as nucleic acids, proteins, and antibodies. The problem

is twofold: (1) attachment of the desired biorecognition element to the QD, and

(2) avoiding interference from the nonspecific attachment of other biomolecules on

the surface of the QD. Figure 7.10 shows a variety of conjugation strategies, many of

which are applicable to thiol ligands. The self-assembled thiol ligand coating is a thin

chemistry and appears to be both permeable and labile. As such, it is possible to

self-assemble thiol-terminated biomolecules on the surface of the QD. For example,

nucleic acid–QD conjugates have been created using monodentate [59,60] and

bidentate [61] thiol-terminated oligonucleotides and thiol-terminated aptamers [62].

Reduced antibodies also have free thiol groups for binding.

Proteins can be engineered to be appended with polyhistidine tails that assemble

on the surface of CdSe–ZnS QDs via coordination to metal centers. For example, the

binding of proteins appended with five and 11 residue polyhistidine tails can be

monitored by following the increase in QD quantum yield [63]. This enhancement of

PL results from greater surface passivation as the protein binds and blocks the surface.

FIGURE 7.10 There are a number of strategies for creating QD bioconjugates: (A) self-

assembly of thiol-terminated biomolecules; (B) amide bond formation with thioalkyl acid

ligands; (C) electrostatic interaction between a positively charged protein and a negatively

charged QD surface; (D) self-assembly of polyhistidine-appended proteins; (E) amide bond

formation between a carboxyl-terminated molecule and an amine-terminated QD surface;

(F) coupling an amine-terminated molecule to a thiol-terminated QD surface via the cross-

linker SMCC. Naturally, other cross-linkers and pairs of functional groups can also be used.

216 QUANTUM DOTS FOR THE DEVELOPMENT OF OPTICAL BIOSENSORS



Upon assembly of proteins, the quantum yield of QDs is observed to increase

substantially, in the range 50 to 300%, depending on the surface coverage [64,65].

It has also been confirmed experimentally that smaller proteins allow more protein to

be conjugated to the QD [63]. Positively charged proteins such as avidin andmaltose-

binding protein (MBP) can also be assembled on the surface of QDs based on

electrostatic self-assembly [63]. Although effective under certain conditions, high

ionic strengths and low pH may lead to conjugate instability. Single-molecule

fluorescence resonance energy transfer (FRET) experiments have demonstrated that

1 :N QD–protein conjugates (where N is the number of protein molecules per QD)

assemble according to a Poisson distribution [66].

Another popular conjugation strategy when employing thioalkyl acid–capped

QDs is via amide bond formation. The carboxyl groups on the surface can be

activated toward free amine groups with 1-ethyl-3-(3-dimethylaminopropyl)carbo-

diimide hydrochloride (EDC) or (sulfo-)N-hydroxysuccinimde (NHS). Although the

resulting amide bond is quite stable, the strength of linkage is ultimately dependent

on the strength of the interaction between the ligand and the surface of the QD.

In this sense, the covalent coupling strategy does differ significantly from the

self-assembly of thiol-terminated ligands in terms of stability. Although EDC is

widely used as a coupling chemistry, it has been known to be problematic when used

with thioalkyl acid–capped QDs [9,64], sometimes resulting in a loss of colloidal

stability.

Considering the nonspecific attachment of biomolecules, it is clear that any

positively charged proteins will have a tendency to assemble on the net negatively

charged surface of a thioalkyl acid–capped QD. Other proteins, such as bovine serum

albumin (BSA), can also adsorb to the surface of thioalkyl acid–capped QDs despite

having a net negative charge. Recently, esterification of DHLA with different short

poly(ethylene glycol) (PEG) chains has been reported as a method of creating

bidentate ligands that can render QDs soluble in aqueous solutions over a broad pH

range and also in certain polar organic solvents [51]. ThePEGchains ranged from four

to 21 ethylene glycol units, although most experiments were carried out with 12 units

(DHLA-PEG600). It is interesting to note that polyhistidine-appended protein was

able to bind to a DHLA-PEG600–modified CdSe–ZnS QD surface through a metal

affinity interaction. This suggests that the coating did not completely block the surface

of the QD, although the protein-binding efficiency increased when the surface

chemistry became a mixture of DHLA and DHLA-PEG600. The binding efficiency

further increased for a coating that was exclusively DHLA, indicating that greater

PEG coverage did provide some hindrance to the assembly of large biomolecules on

the QD surface.

We have studied the adsorption of oligonucleotides on MAA-capped QDs using a

series of FRET experiments [67]. By fluorescently labeling the oligonucleotide such

that the absorption spectrum of the dye overlapped with the PL spectrum of the QD, it

was possible to monitor the adsorption of oligonucleotides via FRET-sensitized

dye fluorescence. It was found that the adsorption of a mixed-base oligonucleotide

(19-mer) showed pH dependence. Comparing results obtained at pH 4.8, 7.4, and 9.5,

steady-state adsorption and adsorption kinetics were found to be greatest at pH 4.8.
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Both the steady-state adsorption and kinetics of adsorption decreased as the pH was

increased.

Adsorption could also bemodulated by increasing the amount of formamide in the

buffer solution. Formamide is well known to disrupt hydrogen bonding in nucleic

acids. The results are suggestive of a hydrogen-bonding interaction between the

nucleobases of the oligonucleotide and the carboxyl groups on the surface of the QD.

This interaction can be disrupted by formamide and deprotonation of the carboxyl

groups as the pH increases. Adsorption was also found to be hindered by conjugating

oligonucleotides to the MAA QDs. These conjugated oligonucleotides added more

repulsive negative charge to the surface and partially blocked the surface by steric

effects. Both factors decrease the tendency for adsorption by unconjugated oligonu-

cleotides. This was further substantiated by the observation that at pH 7.4, where

adsorption is favorable, adsorption on MAA-QDs without any conjugated oligonu-

cleotides saturated at slightly more than one oligonucleotide per QD. Hybridization

rates were found to mirror the trends in adsorption rates, suggesting a pseudo-solid-

state hybridization picture for MAAQD–DNA conjugates. It is likely that the target

oligonucleotide first adsorbs on the surface of theQDand subsequently diffuses across

the surface to hybridize with the conjugated probe oligonucleotide. Figure 7.11

illustrates the process. This is similar to the hybridization process for solution-phase

target oligonucleotides hybridizing at a bulk solid interface with immobilized probe

oligonucleotides.

With respect to conjugated oligonucleotides, it was also possible to investigate the

conformation of these oligonucleotides qualitatively via FRET [67]. By varying the

acceptor dye position between the 30 and 50 termini and varying the length of linker

between the QD and oligonucleotide, it was determined that the oligonucleotide

adopted a conformation along the surface of theQD.The FRETefficiency between the

various permutations of linker length and dye position showed minimal variation,

suggesting that the donor–acceptor distance was similar in each case. The best model

for this result is that the oligonucleotide lies along the surface of the QD, as shown in

Figure 7.11.

The interaction between the MAAQD surface and the oligonucleotide also affects

the thermal stability of conjugated dsDNA [67]. Melt curves for dsDNA were

compared between bulk solution and QD conjugates. It was found that melt curves

obtainedwithQD–oligonucleotide conjugateswere notably sharper than thoseof their

bulk solution counterparts, and had altered melt temperatures. For example, the melt

transition for a fully complementary 19-base hybridwas twice a sharp as that obtained

in bulk solution. Melt temperatures for perfectly matched, single-base-pair-

mismatched, and double-base-pair-mismatched hybrids were generally shifted by

1 to 2�C.When the experimental conditions were altered to reduce adsorption effects,

either by increasing the solution pH or by conjugating more oligonucleotides to the

QD, themelt curves obtained forQD–oligonucleotide conjugates resembled their bulk

solution counterparts much more closely. As the melt temperature is approached,

breathing in the duplex structure becomes more significant and the surface of the

QD can interact transiently with sections of ssDNA. As shown in Figure 7.11, this

interaction provides another driving force for deannealing the dsDNA by ‘‘grabbing’’
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segments of ssDNA, and results in sharpening of the melt transition by pulling the

duplex apart. FRET experiments show that the target oligonucleotide melts onto the

surface of the QD and further support this model. It is also interesting to note that

polythymine oligonucleotides show very weak interactions with MAA QDs. Melt

curvesobtainedwithpolyadenine/polythymine–QDconjugateswere still sharper than

their bulk solution counterparts, but primarily over the second half of the transition.

This appears to result from the weak adsorption interaction, with half the duplex and

the consequent need for more pronounced breathing from thermal effects.

The thioalkyl acid surface chemistry is advantageous in that it is easily prepared,

compact, allows for relatively facile bioconjugation, and can be extended to thiols

terminated with other functional groups. It is disadvantageous in that it has limited

FIGURE 7.11 (A,B) Upright oligonucleotide conformation and a conformation along the

surface of the QD, respectively. A FRET experiment can discern between the two conforma-

tions by varying the position of the acceptor dye between the two termini (i) and (ii), or by

varying the linker length (iii). (C) Pseudo-solid-phase hybridization of oligonucleotides at the

surface of a QD. The process is thought to proceed as (i) target adsorption, (ii) diffusion across

the surface of theQD to the probe, and (iii) hybridization. (D)Melting process for dsDNAat the

surface of a QD. The QD surface interacts with sections of dsDNA (ii) and helps pull the helix

apart and onto the surface of the QD (iii).
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stability with respect to pH, ionic strength, and time. Biomolecules also tend to adsorb

on the surface of these QDs. Even poly(ethylene glycol) molecules, which are

hydrophilic, nontoxic, nonimmunogenic, and nonantigenic, do not prevent adsorption

completely. In our experience with mixed films of DHLA–HEG–DHLA and MAA,

nonspecific adsorption of oligonucleotides still occurred to some degree [58].

Similarly, DHLA-PEG600 was found to reduce protein-binding efficiency but not

to eliminate binding [51]. Obviously, the nonspecific adsorption of biomolecules can

affect the selectivity of a biosensor or bioprobe. Nonspecific adsorption can also be to

the detriment of the overall biosensor performance if the adsorption blocks the target

analyte from interacting with the QD architecture. Similarly, if interactions with the

QD affect the behavior of biomolecules, the performance of the sensor may also

deviate from the ideal. For example, changes in themelt temperature ormelting profile

for dsDNA can affect the ability of the biosensor to detect nucleotide polymorphisms.

In the context of biosensor or bioprobe development, it is important to weigh the

variety of advantages and disadvantages for thioalkyl acid chemistry in the context of

the intended application. It may or may not be the case that the thioalkyl acid surface

chemistry is the best choice.

7.4.2 Silica Encapsulation

Amore robust strategy for preparingwater-soluble QDs involves coating the QDwith

a thin layer of silica grown from organosilane chemistry. Figure 7.12 shows the two

most common schemes. One of the first silica-coating strategies to be reported

involves displacing the original TOP/TOPO ligands with 3-mercaptopropyltri-

methoxysilane (MPS) [68,69]. The MPS molecules coordinate to the surface of the

QD via their thiol group and the methoxysilane groups cross-link, forming a siloxane

monolayer around the QD. A second layer of organosilane is then cross-linked with

the first layer to form a water-soluble silica shell. The surface of the QD is tailored

FIGURE 7.12 Silica-coating strategies for QDs. An initial layer of silane coordinates to the

surface, typically via thiol (shown) or amine (not shown) groups. This then acts as the

nucleation site for (A) the formation of a silane bilayer, where another functional group

(X¼ SH, NH2, COOH, etc.) is exposed to solution; or (B) the formation of multilayered silica

via St€ober-like growth and subsequent deposition of a surface layer of silane.
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to have amine, thiol, carboxyl, or methyl phosphonate groups by using aminopro-

pyltrimethoxysilane (APTMS), MPS, MPS treated with maleimidopropionic acid, or

trihydroxysilylpropyl methylphosphonate [68]. This treatment is not observed to

significantly affect the absorption or emission spectra, and quantum yields are 60%

or more of those observed in organic solvents with TOP/TOPO ligands. This protocol

requires substantially more effort than simple ligand exchange, and special attention

must be paid to avoid growing multilayer shells, cross-linking QDs, and aggregation.

DNA has been conjugated to these silica-coated QDs, with nonspecific adsorption

being observed only under conditions of high salt [69].

A similar approach uses anAPTMS layer for initial coordination to the QD surface

and cross-linking [70]. A second layer of APTMS is cross-linked to the first layer by

hydrolysis and condensation. The synthesis is carried out in a reverse microemulsion.

Following the silica-coating process, no change in the QD spectra were observed and

the quantumyield decreased by only a fewpercent. The surface amino groups could be

further conjugated.

As an alternative to the bilayer strategy, a thicker layer of silica can be grown on

a QD [71]. In this case, CdTe QDs were initially stabilized withMAA. Again, MPS is

used to coordinate to theQD surface and cross-link to form a thin initial layer of silica.

Silica polymerization is initiated at the QD surface using sodium silicate and a

modifiedSt€obermethod forgrowth.A subsequent layer ofMPS is added on the surface

to provide thiol groups for conjugation. For example, succinimidyl 4-[N-maleimi-

domethyl]cyclohexane-1-carboxylate (SMCC) was used to conjugate an immuno-

globulin protein or streptavidinmaleimide to theQD surface. The coating processwas

observed to roughly double the size of QDs, resulting in an average shell thickness of

3 nm. It was also observed that the silanization process removed some of the shallow

trap states observed previously.

Single QDs can also be encapsulated in silica shells without initial displacement of

the coordinating synthesis ligands by a silane precursor [72]. Hydrophobic TOPO

capped ligands can be transferred to the aqueous phase by detergent micelles.

N-Octyltriethoxysilane is then used as a hydrophobic silica precursor. The alkyl

chain serves the role of a surface coordinating group by intercalating with the alkyl

chains ofTOPO.Ashell is thengrownbyadding the amphiphilic triethoxyvinyl silane.

The shell thickness is varied by adjusting the amount of this reagent. Finally, the

shell is functionalized with a layer of [3-(2-aminoethylamino)-propyl]trimethoxy-

silane. The available amino groups have subsequently been conjugated to poly(ethy-

lene glycol) NHS esters. The resulting QDs have an 18-nm diameter and 12%

size distribution. The full-width-at-half-maximum remained narrow at 30 nm, and

thequantumyield observedwas 30 to50%of thevalueobserved for theQDs inorganic

solvent.

As an alternative to silica encapsulation of single QDs, multiple QDs can be

encapsulated in silica nanoparticles 40 to 200 nm in size [73]. QDs are adsorbed on the

surface of a preformed amine-modified silica nanoparticle using a mediating layer of

poly(vinylpyrrolidone). A silica shell is grown overtop the QD-modified silica

nanoparticles by a St€ober growth process using tetraethoxysilane. It is estimated that

there are roughly 300 QD per silica particle. A bathochromic shift of 6 nm was
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observed in the PL spectra, but the full width at half maximum was unchanged.

However, prior to the silica encapsulation, theQDquantumyieldwas 21%. Following

the modification, the quantum yield was reduced to 1%. This was attributed to the

creation of trap states by the oxidizing conditions of the St€ober growth process.

Conjugation to silica-coated QDs requires the formation of covalent bonds. As

described above, silica-coated QDs can be tailored to have a variety of functional

groups. Cross-linkers are available that can react with carboxyl, amine, and thiol

groups. These include EDC, NHS, SMCC, and N-(g-maleimidobutyryloxy)succini-

mide (GMBS). The silica-coating process is clearly a more difficult process than

simple ligand exchange. However, the resulting surface chemistry is far more stable.

The coating is not labile, meaning that the surface of theQDwill not change over time

and that conjugated biomolecules are attached by the strength of a covalent bond.

There may be concerns over the reproducibility of the silica coatings. This would be

particularly truewhen encapsulatingmultipleQDs.Given that analytical technologies

are pushing-single molecule detection, poor reproducibility in the number of QDs

that are encapsulated and the quality of the encapsulationwould lead to poor precision

at low target concentrations. However, inmany cases the robustness of the coating and

bioconjugation may be a considerable advantage.

7.4.3 Polymer Coatings

Oligomeric phosphines have been developed by cross-linking trishydroxylpropylpho-

sphinewith diisocyanatohexane to formmultidentate phosphines which coordinate to

the QD surface [55]. These oligomers are rendered water soluble by further reaction

with carboxylic acid or methacrylate-bearing isocyanates. The stability of aqueous

QDs prepared with this chemistry exceeds that obtained with ligand exchange using

MUA. A similar approach uses an amphiphilic triblock copolymer to encapsulate a

QD bearing its original TOP/TOPO ligands [21]. The triblock polymer consists of

a hydrophobic polybutylacrylate segment, a hydrophobic polyethylacrylate segment,

and a hydrophilic polymethacrylate segment. Hydrophobic octyl side chains are

grafted onto the triblock copolymer, and the resulting structure self-assembles around

a TOP/TOPO-capped QD. The octyl side chains intercalate with the octyl tails of

TOP and TOPO. Similarly, hydrophilic poly(ethylene glycol) (PEG) side chains can

be grafted, which help stabilize the encapsulated QDs in aqueous buffer. The

photophysical properties of QDs were able to withstand the full pH range and salt

concentrations from0.01 to1M.Asimilar strategyhasbeenused toplacehydrophobic

side chains randomly onto polyacrylic acid by coupling isopropylamineviaDCC [74].

Other amphiphilic polymers that have been used in a similar fashion include poly-

(maleic anhydride alt-1-tetradecene) (PMAT) [75], hyperbranched polyethylenimine

(PEI) [76], and octylamine-modified polyacrylic acid [77]. In the case of the former,

the PMAT chains were cross-linked around the QD, and the unreacted anhydride

groups were hydrolyzed to produce a negatively charged surface. The hydrodynamic

diameter of the QDs increased from 5.7 and 11.6 nm for green and red QDs in

chloroform to aqueous diameters of 19.2 and 23.6 nm following PMATmodification.

This is larger than would be anticipated strictly on the basis of the polymer structure.
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Changes in the overall solvation of theQDare likely to be occurring concurrentlywith

the change in particle size. The hydrodynamic radii of QDs that were stabilized with

PEIwere ultimately smaller than those that were stabilizedwith PMAT, but this varied

with polymer molecular weight. PEI with a mass of 800 Da yielded PEI QDs with

a hydrodynamic diameter of 10.7 nm, while PEI with a mass of 25 kDa yielded PEI

QDs with a diameter of 17.5 nm. In contrast to PMAT, it should be noted that the PEI

displaces the original ligands. Gradual increases in hydrodynamic diameter have been

observed with increases in polymer molecular weight in other systems as well.

For example, coatings of poly(N,N-dimethylaminethyl methacrylate) (PDMA) with

molecular weights of 7, 10, 15, 19, and 29 kDa increased the hydrodynamic radius

from 1.9 nm for TOPO-QDs to 2.7, 4.7, 5.2, and 6.3 nm [78]. The quantum yield also

increased with the addition of the polymer coatings. Although the PDMAQDs are not

soluble in water, further modification converts dimethylamine groups to alkyltri-

methylammonium groups for water solubility. In general, the quantum yields of QDs

with a polymer coating are substantially greater than those coated by simple ligand

exchange. However, it was noted that PEI may promote photooxidation of QDs,

although this effect could be reduced by the addition of mercaptoethanol [76]. The

general amphiphilic polymer concept is shown in Figure 7.13 with the structures of

some amphiphilic polymers.

As an alternative to synthetic polymers,QDs,with their nativeTOP/TOPO ligands,

have been encapsulated in the hydrophobic interior of lipid micelles composed of

FIGURE 7.13 Amphiphilic polymers for coating QDs. (A) PMAT is shown surrounding a

TOPO-capped QD. The hydrophobic tail segments of the PMAT interact with the octyl chains

of the TOPO. The charged carboxyl groups along the backbone impart aqueous solubility.

(B) Polyacrylic acid modified with (i) isopropyl amine or (ii) octyl amine and (C) a triblock

copolymer can solubilize TOPO-QDs analogously to PMAT. (D) PEI can also be used to

solubilize TOPO-QDs in aqueous solution, but displaces the original TOPO ligands.
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n-poly(ethylene glycol) phosphatidylethanolamine (PEG-PE) and phosphatidylcho-

line [79]. The interior ofmicelles of this nature is estimated to be 3 nm; however, even

QDs 4 nm in sizewere found to be stable for months in aqueous solutions of high salt.

It should also be noted that in the case of QDs, significantly less than 3 nm in size,

these micelles were capable of encapsulating multiple QDs. The PEG coating has the

advantage of being poorly immunogenic, poorly antigenic, and resisting biomolecule

adsorption. Replacing some of the PEG-PEwith amine-bearing phospholipid allowed

conjugation of thiol-modified DNA.

Another approach that has obtained some popularity is to incorporate multiple

QDs into amuch larger polymermatrix. A common and simplemethod of doing this is

by permeation of QDs into preformed polystyrene microparticles. For example, the

procedure can be as simple as adding TOPO QDs and polystyrene microparticles to

a doping solution consisting of 60/40 v/v of chloroform and propanol [80] or 95/5 v/v

chloroform and butanol [81]. Multiple colors of QD can be incorporated by varying

the ratio of the two colors in the doping solution. Carboxyl-modified polystyrene

microparticles can be used to allow conjugation of amine-modified oligonucleo-

tides [81]. Commercially available polystyrene microparticles can be modified with

chlorosulfonic acid and 6-aminocaproic acid to yield surface carboxyl groups [81].

Incorporation of theQDs is driven by hydrophobic interactions and the porosity of the

polystyrene particles as they swell in solvent. Naturally, there is a tendency of the QD

to steadily leach out of the polystyrene microparticles when the QD-doped particles

are removed from the doping solution and placed in other organic solvents. This can be

avoided by coating the surface of the polystyrene microparticle with silica via the

hydrolysis of tetraethoxysilane [82]. The thickness of the silica shell is controlled by

the coating time. In addition to stabilizingQD loss from the particles, increases in shell

thickness were found to yield greater resistance to photobleaching. Conjugation of

amine-terminated oligonucleotides was also possible.

QDs can also be polymerized into polymer particles. For example, MPAQDs have

been encapsulated in 102-nm-diameter chitosan nanoparticles [83]. Chitosan is a

hydrophilic, nontoxic, biocompatible, and biodegradable polymer. The MPA QDs

were mixed with chitosan in solution and coupled via EDC. It was found that the

quantum yield of the encapsulated QDs was 11.8% larger than those in bulk solution.

Alternatively, QDs can be polymerized into polystyrene microspheres [84]. Oligo-

meric phosphines bearing methacrylate groups are coordinated to the surface of the

QD by a ligand exchange process and are largely cross-linked to form a thin polymer

coating. The few remainingmethyl methacrylate groups are reactedwith vinyl groups

on styrene during synthesis of the polystyrene microparticles. The result is that the

QDs are chemically incorporated. The initial cross-linked poly(methyl methacrylate)

coating serves to protect the QDs from quenching by the initiator. The resulting

polystyrene beads have an average diameter of 813 nm. This size can be decreased

by increasing the amount of oligophosphine ligand, however the size distribution

broadens concomitantly.

In the discussion on ligand exchange, it was noted that different thioalkyl acid

ligands could cause chromic shifts in the PL maxima of QDs and should be treated as

part of the radiative system. It is interesting to note that CdSe–ZnS QDs coated with
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calix[n]arene carboxylic acids, where n¼ 4, 6, or 8, exhibited bathochromic shifts in

their PL with increasing calixarene oligomer size [85]. For example, a QD with PL

centered at 530 nm exhibited red shifts of 8, 21, and 35 nm. The band edge of the

absorption spectrumalso shifted to longerwavelengths. LargerQDs exhibited smaller

PL shifts, as was observed with thioalkyl acid ligand chromism. Therefore, polymer

coatings also have the potential to significantlymodify the radiative system associated

with QDs.

By virtue of being cross-linked, polymers provide a very stable coating for QDs.

Many of the polymer functional groups that impart aqueous solubility can be used for

conjugation of biomolecules. Polymers can also be tailored, for example, by the

addition of poly(ethylene glycol) chains, to resist the adsorption of biomolecules.

QDs coated with polymers typically exhibit high quantum yields, due to the thickness

of the coating, which is very effective at protecting the QD from the surrounding

matrix. Thus, the principal advantages of polymer coatings are their versatility and

stability. However, a potential disadvantage of polymer-coatedQDs is their large size,

both geometrically and hydrodynamically. This may have the effect of perturbing the

system of interest or may preclude a distance-dependent process such as FRET. The

coating thickness has a significant effect on the potential sensitivity of a FRET-based

assay. Since the process is distance dependent, thicker coatings mean less efficient

energy transfer and thus reduced sensitivity.Considering the encapsulationofmultiple

QDs in larger polymer particles, this presents a significant advantage in terms of

sensitivity per label by virtue of the greater brightness. However, it will be shown in

Section 7.5 that the primary advantage of this approach is in terms of multiplexing

by barcoding. Conversely, the large size of the polymer particles could lower the

efficiencyof a labeling process compared to singleQDs, counteracting anyadvantages

in brightness.

7.5 BIOANALYTICAL APPLICATIONS OF QUANTUM DOTs
AS FLUORESCENT LABELS

Given the many advantages of QDs over conventional organic fluorophores, it is no

surprise that an area of interest is the replacement of organic fluorophores with QDs in

a number of traditional assays. These include microarrays, immunoassays, fluores-

cence in situ hybridization (FISH), and optical barcoding. The brightness and

photostability of QDs are clearly advantageous in terms of sensitivity and reproduc-

ibility. The narrow PL spectra and broad absorption spectra increase the versatility of

the assay design and the capacity for multiplexing.

7.5.1 Microarrays

With respect to microarray analyses, QDs have been used as luminescent tags in

DNA [86], RNA [87], and protein [88] array formats.With respect to the former, it has

been possible to resolve single nucleotide polymorphisms on cDNA arrays for
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mutation in the human oncogene p53, as well as a multiplexed analysis for hepatitis B

and hepatitis C virus, by concurrent use of QDs with peak PL at 566 and 668 nm [86].

Due to the large size of the QD relative organic dyes, it appears that QD densities in

microarray spots are less than those achievedwith organic dyes, potentially offsetting

the advantages of stronger absorption and brighter PL. On a technical note, many

commercial microarray readers are designed for Cy3 and Cy5 (or spectral analogs)

using 532- and 635-nm laser sources. In addition, although it is easy to match the

emission wavelengths of QDs to Cy3 and Cy5, the absorption of QDs decreases

steadily moving toward their peak PL wavelengths. In contrast, organic fluorophores

show the strongest absorption near their peak PL wavelengths, due to their small

Stokes shifts. Thus, as in the case above [86], the apparent sensitivity of the QD array

may be less than that observed with organic fluorophores, due to poor excitation

efficiency. Such a deficiency is easily remedied with the use of a blue-shifted source

and/or red-shifted QDs, where possible. Liang et al. [87] have described a miRNA

microarray using biotinylated targets and QD–streptavidin conjugates. The limits of

the detection and dynamic range for the microarray were 0.1 fmol and two orders of

magnitude, respectively. This compares favorably with a Northern blot analysis,

which was found to have a limit of detection of 1.0 fmol and a dynamic range of three

orders ofmagnitude. PEG-modified streptavidin–QDconjugates havebeen coupled to

biotinylatedantibodiesas luminescent tags for reverse-phaseproteinmicorarrays [88].

Sensitivity is particularly important in protein microarrays since, unlike their oligo-

nucleotide analogs, there is no method for amplification of target. The QD tags are

sufficiently bright to detect proteins in cellular extract, although the PEGmodification

of the streptavidin QD conjugates was found to be necessary to limit nonspecific

adsorption. Streptavidin QDs have also been used to visualize biotinylated antibodies

in a three-dimensional hydrogel matrix containing protein toxins in microarray

format [89]. Despite having a molecular volume roughly three times that of IgGs,

the QDs were able to diffuse into the gel and effectively label the protein–antibody

targets.

7.5.2 Immunoassays

The advantageous properties of QDs have also resulted in increasing use of QD–

antibody conjugates in immunoassays. Such conjugates have been prepared from

biotinylated antibodies and QD–streptavidin conjugates [90,91] or from direct

covalent couplingmediated byEDCandNHS [92].Applications include the detection

of Salmonella typhimurium cells from chicken carcass wash water [91] or pathogenic

Escherichia coli [90] by sandwich assays with QD–antibody conjugates and

immunomagnetic separation. Detection limits of 103 CFU/mL have been obtained

in both cases, the latter of which is two orders of magnitude better than a similar

analysis usingfluorescein–antibodyconjugate. Similar sandwich assays carried out on

a glass chip have obtained nanomolar detection levels for human and goat IgG [92].

In this case, the capture antibody was immobilized and a QD-labeled secondary

antibody was used as the reporter. Secondary antibodies have been labeled with QDs

and used for the detection of sulfamethazine in chicken muscle tissue by way of
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a competitive fluorescent immunosorbent assay [93]. AQD-based immunomagnetic

assay has also been developed for the simultaneous detection of pathogenicE. coli and

Salmonella [94]. Biotinylated anti-E. coli and anti-Salmonella were conjugated to

streptavidin-coated QDs. Each antibody was associated with a different color of QD.

Themethod achieved a limit of detection of approximately 104 CFU/mLwith a 2-hour

detection time. Streptavidin-modified QDs have also been linked with antibodies for

total prostate-specific antigen [95]. This marker is useful in the diagnosis of prostate

hyperplasia and cancer. A detection limit of 0.25 ng/mLwas obtained, whichwaswell

below the 4-ng/mL threshold for cancer. Good selectivity against the possible

interferent human chorionic gonadotropin was also achieved. QD–antibody conju-

gates have also been used in a microfluidics-based immunoassay coupled with FISH

using organic fluorophores [96].

Pathak and co-workers completed a study wherein they examined the functional

properties of antibodies conjugated to QDs by two different strategies: biotin–

streptavidin and covalent bond formation [97]. Antibodies were labeled with four

to eight biotin molecules. Quantitative electrophoresis was used to analyze the

conjugates and antibodies. It was found that there were 0.60� 0.14 functional IgG

molecules perQDat a 1 : 1 conjugation ratio, and 1.3� 0.35 IgGperQDat a 2 : 1 ratio.

Inactive antibodies were suggested as the main cause, and may have had poor

orientation on the QD due to the multiple biotin labels. For covalent coupling,

antibodies were reduced with DTT to obtain three possible fragments: the heavy

chain, the light chain, and heavy–light chain pair. This last fragment is only partially

cleaved and is the only functional fragment. The fragments were conjugated to the

QDs by SMCC. It was found that there were 0.076� 0.014 functional antibodies

perQDwith the covalent linkage. This is an excellent example of how the conjugation

of biomolecules to QDs does not necessarily guarantee their function or availability.

Thismust be considered in thedesignofbiosensors andbioprobes and is a fundamental

challenge in the optimization of these assays.

7.5.3 Fluorescence In-Situ Hybridization

Biotinylated DNA has been coupled to QD–streptavidin conjugates for use in FISH,

where for example, the HER2 locus in breast cancer cells has been detected using a

QD label [98]. This work also found that QDswere twice as bright as Texas Red DNA

conjugates and far more stable than both Texas Red and fluorescein with respect to

photobleaching [98]. Although both aspects are highly advantageous for FISH, the

QD labels were found to blink significantly and showed a slightly different signal

distribution than that of organic labels. Texas Red and fluorescein labels appeared at

the heterochromatic regions of human metaphase chromosomes 1, 9, and 16, and

centromeric regions of other chromosomes; QDs did not label the latter. However, it

should be noted that similar effects were observed with fluorescein–streptavidin

conjugates under certain conditions, and that this is a function of pH. In addition to

streptavidin QDs, MAAQDs conjugated with thiol terminated DNA complementary

to plasmid pUC18 have been used to visualize this plasmid in E. coli cells via

FISH [99].
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7.5.4 Aptamers

Aside from antibodies and conventional nucleic acid probes, aptamers can be

conjugated to QDs as targeting moieties. For example, a 60-base aptamer has been

selected for Bacillus thringiensis (BT) [100]. The aptamer was thiol terminated

and coupled covalently to a CdSe–ZnS QD with SMCC. The detection limit of

1000CFU/mL was sixfold better than a similar assay with a conventional organic

fluorophore.Someminimalnonspecificadsorptionof theQDs to thecellwasobserved.

It has been found that DNA aptamers can passivate the surface of near-IR emitting

PbSQDs and impart aqueous solubility [101]. Thrombin-binding aptamer (TBA)was

incorporated at the time of synthesis, which used a room-temperature, open-air,

aqueous method. The TBA QDs were found to be stable over months and exhibited

23%quantumyield.Moreover, the aptamer retained enough of its secondary structure

to bind its target selectively. For PbS QDs passivated with TBA, it was found that

thrombin binding induced quenching of the QD photoluminescence at 1050 nm.

Adetection limit of 1 nMwas achieved.TheQDabsorptionwas bleached significantly

by the addition of thrombin, suggesting that the quenchingwas due to a charge transfer

process. Although other proteins were found to adsorb nonspecifically, they did not

modulate the PL of the QD and were rapidly displaced by thrombin. A FRET-based

bioprobe based on TBA has also been developed and is described in Section 7.6.3.

7.5.5 Quenching

It was noted previously that surface chemistry can affect the quantum yield or PL

spectra of QDs. Similarly, adsorbates at the surface of QDs or changes in the nature of

the surface can affect the PL properties of a QD. Examples described previously

include the adsorption of proteins or conjugation of nucleic acids, which increased

the quantum yield of thioalkyl acid capped QDs. If they can be made selective, these

interactions can be exploited for biosensor and bioprobe development. In such cases,

the QD is acting as a probe rather than simply as a label.

A scheme to detect paraoxon, a toxic agent used in pesticides, has been developed

on the basis of QD PL quenching [102]. Positively charged organophosphorous

hydrolase (OPH)was self-assembled on the surface of aMAA-cappedCdSe–ZnSQD.

QD photoluminescencewas quenched in the presence of as little as 10�8M paraoxon.

Circular dichroism measurements suggested that a conformational change by OPH

upon paraoxon binding changed the degree of QD surface passivation, resulting in

the quenching observed. It should be noted that the QDs show no response toward

paraoxon in the absence of OPH.

Citrate-capped CdSe QDs prepared in aqueous solution have been used to detect,

in order of decreasing sensitivity, dopamine, lactic acid, ascorbic acid, and cate-

chol [103]. The selectivity for dopaminewas approximately 25 times greater than that

for lactic acid.Thepresence of the species in solutionquenches theQD inproportion to

the concentration, following a Stern–Volmer type of linear relation. It is believed that

the hydroxyl and amine groups of these species act as hole acceptors, preventing

radiative recombination of the QD exciton when adsorbed on the surface. Since this
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response is not based on a selective binding event, it is not clear how this sensor would

perform in a complex matrix containing a variety of reactive hydroxyl and amine

groups. Presumably, the selectivity would be low and an analysis would require some

sample cleanup or other pretreatment.

A reagentless fiber-optic sensor for immunoglobulin G (IgG) has also been

developed on the basis of QD quenching [104]. However, in this case, the quenching

interaction does not necessarily occur directly on the surface of the QD, but may be

due to more global changes in its local environment. QD-labeled protein A was

immobilized via organosilane chemistry and interrogated via an optical fiber. The

introduction of IgG and subsequent binding to protein A resulted in IgG concen-

tration–dependent quenching. This approach has the advantage of being a true

biosensor, due to the immobilization of theQD and potential for reusability. However,

the phenomenon observed may not be generally applicable and thus is of limited

practical diagnostic use.

7.5.6 Multiplexed Applications of Quantum Dots

The narrow PL spectra and broad absorption spectra of QDs make them ideal for

multiplexed applications.Multiple colors of QD can be excited at a singlewavelength

toward the blue or ultraviolet end of the spectrum. The narrow PL spectra allowmany

different colors to fitwithin a given spectral range, and the symmetry of the PL spectra

makes deconvolution straightforward. This is in contrast to the comparatively narrow

absorption and broad red-tailed PL of organic fluorophores. Organic fluorophores

require multiple excitation sources, fit fewer colors per spectral range or have greater

crosstalk for an equal number of colors, and potentially require more complex

deconvolution. The use of a single excitation source is preferable to multiple sources

for reasons of simplicity, economy, and avoiding problemswith poor overlap between

the excitation volumes of the two or more laser sources. The photostability of QDs

also avoids problems associatedwith differential photobleaching rates of organic dyes

in multiplexed analyses.

An excellent example of multiplexed detection using QDs as labels involves the

simultaneous detection of four protein toxins using QDs with PL peaks at 510, 555,

590, and 610 nmvia a sandwich immunoassay [105]. The selective chemistry consists

of immobilized antitoxin antibodies and secondary antibodies conjugated to QDs.

Conjugation was achieved by modifying the QDs with a mixture of maltose-binding

protein (MBP) and an adapter protein designed to bind the Fc domain of antibodies.

The adapter protein consists of the IgG-binding b2 domain of streptococcal protein G.

This has been modified with a positively charged leucine zipper for self-assembly on

the negatively charged surface of DHLA QDs. The toxins of interest were cholera

toxin, ricin, Shiga-like toxin 1, and staphylococcal enterotoxin B. Each antitoxin

antibody is associated with a certain color of QD. Using ultraviolet excitation and

a linear spectral deconvolution algorithm, it was possible to detect all four toxins

simultaneously at levels of 30 ng/mL. Some cross-reactivity was observed, although

77 to95%of the signal observed resulted from the expectedQD–antibodyconjugate in

experiments where a single antibody and toxin were immobilized but were exposed
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to a mixture of QD–antibody conjugates. Experiments were also performed with

multiple immobilized antibodies and multiple QD–antibody conjugates with a single

toxin. It was found that 4 to 17% of the signal observed resulted from cross-reactivity

and nonspecific interactions. Cross-reactivity is an issue in multiplexed immunoas-

says that do not use QDs. Thus, it is not clear that the QDs yield more nonspecific

interactions than antibody–fluorophore conjugates, although it remains a possibility.

The authors of this study suggest that the immunoassay could be expanded to include

six colors of QD and thus six targets. This degree of multiplexing is not possible with

the broad spectra of organic fluorophores, and certainly not when considering that a

single excitation wavelength was used.

Another approach to multiplexing that benefited from the maturation of colloidal

QD technology is optical barcoding. The concept of barcodes is of great interest in

analytical chemistry and has been realized by spectral encoding. The idea is that

a variety of luminescent species can be grouped in combinations to provide different

intensities in different regions of the spectrum. Information is thus stored as a

combination of intensity and wavelength, where Nm� 1 codes can theoretically be

derived from m different colors and N resolvable intensities [106]. QDs are ideal for

such applications, due to their narrow symmetric PL spectra and the ability to excite

multiple QDs simultaneously with a single source.

In the context of bioassays, one would like to assign a spectral barcode to a certain

nucleic acid sequence, antigen, protein, or other target. Since it is not practical to label

biomoleculeswith specific ratios of different colors ofQD, the common approach is to

incorporate the desired ratio of QDs into microparticles that are on the order of 10�1

to 101mm in diameter. In this manner, the microparticle matrix protects and carries

the QD, maintaining high quantum yields and good stability while facilitating

bioconjugation. A typical assay format is to associate a spectral code with a given

probe. This could be a certain oligonucleotide sequence or antibody. A binding event

can be monitored by using another spectral code as a reporter. Generally, the reporter

code is a single color. When individual particles are observed, the probe––and by

extension the target––are indicated by the barcode, while a binding event is signaled

through the reporter code. The general concept for a hybridization assay is illustrated

in Figure 7.14.

A number of materials have been used to fabricate microparticles, including

latexes [106–110], chitosan [111], sol–gel composites [112], and polyelectrolyte

capsules [113,114]. Polystyrene and other latex microparticles are perhaps the

most widely used matrices for organic fluorophores and QDs for barcoding applica-

tions. Multicolor QD-encoded microspheres have been applied successfully to

hybridization assays. For example, blue–green–red-encoded polystyrenemicrosphere–

oligonucleotide conjugates and single-molecule spectroscopy have been used to con-

duct simple hybridization assays [110]. Three probe sequences with unique optical

codes (1 : 1 : 1, 1 : 2 : 1, 2 : 1 : 1) and ‘‘indigo’’-labeled targetswere found to be successful

in identifying the probe–target combination and the presence of complementary target.

The target label had to emit a shorter wavelength than the blue QD to allow efficient

simultaneous excitation of the reporter label and the three QDs with a single source.

Nonspecific adsorption was avoided by passivating the microsphere with bovine
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serum albumin (BSA). The nonspecific adsorption of anymolecule bearing a reporter

label will yield a false positive in the analysis. At a more sophisticated level,

QD-encoded latex microspheres have been used to discriminate single nucleotide

polymorphisms (SNPs) by labeling PCR amplicons of genomic DNA with a three-

color scheme [106]. The latex microspheres were coded with combinations of green

and yellow QDs (1 : 1, 2 : 1, 1 : 2, 2 : 2) and conjugated with probe oligonucleotides

complementary to the amplicon of interest. The PCR primers used to produce the

amplicons were labeled with biotin, which was later coupled to streptavidin–Cy5

conjugate. The green and yellow QD spectral signature was indicative of the probe

sequence, while the Cy5 signature was indicative of hybridization. The extent of

hybridization for a given amplicon was easily measured by flow cytometry.

Genetic analyses can also be done by encoding magnetic beads with different

four-color ratios and using coincidence analysis [115]. Magnetic beads incorporating

QDs with peak PL wavelengths at 525, 545, 565, and 585 nm were coupled to probe

oligonucleotides. Complementary RNAwas biotinylated and conjugated to a strep-

tavidin coated red or to infrared emitting QD as a reporter. Hybridization brought the

two encoded beads and reporter together for a coincidence analysis. The QD optical

code indicated the probe sequence, and the intensity of QD PL reported indicated

the amount of cRNA. A limit of detection of 106 targets was obtained without T7

amplification, and an LOD of less than 104 targets was obtained with one round of

T7 amplification. This compares with an LOD of 105 for high-density microarrays.

The technique has the potential to analyze 455 genes simultaneously, with better

speed, sensitivity, and lower sample quantity than those of gene chips.

FIGURE 7.14 Spectral encoding is possible using different combinations of green, yellow,

and redQDswithinmicroparticles. The greenQDs are illustrated as the smallest particles in the

illustration; red QDs are the largest. Three different codes and the corresponding spectral

signatures are shown in parts (A) to (C). As illustrated in (D), a unique code can be associated

with a certain probe. This code, in combinationwith the reporter probe, can confirm the binding

and identity of target by observation of individual microparticles.
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7.6 FLUORESCENCE RESONANCE ENERGY TRANSFER
AND QUANTUM DOT BIOSENSING

Avariety of bioprobes have been constructed using a FRET format, including those

for maltose [65], oligonucleotides [9,59,60,116,117], proteases [118,119], strepta-

vidin (as a model protein/protein-binding assay) [120,121], and TNT [122].

7.6.1 Maltose-Binding Protein

A number of valuable research contributions to the development of QD-FRET–based

bioprobes and biosensors have been made by Medintz, Mattoussi, and co-workers

[1,8,51,56,63,65,66,105,119,122–127]. Much of the work has focused on the use

QD–MBP conjugates as a model system. These conjugates have been prepared by

incorporation of a positively charged leucine–zipper on MBP [64] for electrostatic

assembly, or more commonly by incorporating a pentahistidine tag to drive self-

assembly by affinity interactions with zinc [65,123,124]. In one study, MBP–QD

conjugatewasmade to function as a probe formaltose, based on the affinity ofMBP for

this sugar [65]. MBP is also able to bind cyclodextrin, but with less affinity than

maltose. As shown in Figure 7.15(D), probe operation was based on displacement of

quencher labeled cyclodextrin from theMBP-binding site in the presence of maltose.

Bound cyclodextrin quencher reduced QD emission via FRET. However, upon being

displaced by maltose, a concentration-dependent recovery of QD fluorescence was

observed. In an alternative format, QD PL was quenched by a two-step relay,

with energy being transferred from a QD with PL at 530 nm to Cy3-labeled MBP

to Cy3.5-labeled cyclodextrin. Such a scheme is of practical value since FRET is

strongly distance dependent. Compared with organic dyes, QDs are quite large and

are can be made substantially larger by surface chemistries such as proteins and

polymers. This potentially limits energy transfer efficiency.The introduction of a relay

station keeps transfer efficiencies high. This particular study also highlighted another

important consideration in such schemes: There was a tenfold difference in the

dissociation constant for MBP between the solution and the surface of the QD. It is

always important to consider potential perturbation induced by the presence of QDs,

which, because of their larger size, are likely to be more severe than observed with

organic fluorophores. Other considerations, such as the organization and orientation

of proteins or other biomolecules conjugated to QDs, are equally important. Through

a set of FRET-based distance measurements that were equivalent to a triangulation

process, it was found that MBP adopted a preferred orientation on the surface of the

QD, where its pentahistidine tail was close to the surface and its binding site was

exposed to solution [123]. Although MBP clearly retained an orientation that

was amenable to its function, there was some apparent perturbation of its function.

Surely, this is not limited toMBP, and is more generally applicable to all QD–protein

bioconjugates.

The MBP–QD scheme has been redesigned to be reagentless by covalently

coupling a Cy3 acceptor dye to an allosterically sensitive site on the protein [125].

Binding of maltose resulted in a conformational change that altered the environment
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around the dye to the point where the fluorescence emission was quenched. Thus,

labeling at the allosteric site performs the same function as the cyclodextrin-quencher

described above. However, in contrast to the cyclodextrin–quencher system, where

maltose binding increases QD PL, the analytical parameter is the quenching of Cy3

caused by the maltose binding. This maltose concentration–dependent quenching

could be used to detect maltose in the range 100mM to 10mM. Although this assay

could be performed by direct excitation of the Cy3 at the allosteric site on MBP, the

FRET relay via theQD reduces photobleaching and providesmore versatility in terms

of excitation wavelength.

As described previously, the MBP–QD assembly is an effective solution-phase

probe for maltose. In this sense the MBP–QD assembly is a bioprobe. However, the

assembly has been immobilized on a surface and has been shown to be functional

[126,127]. Immobilization is essential to creating a reusable system that can function

FIGURE 7.15 FRET-based bioprobe strategies: (A) protease detection based on peptide-

bound quenchers and QD PL recovery; (B) sandwich immunoassay based on FRET-sensitized

acceptor emission; (C) detection of TNT as an analyte by QD PL recovery following the

displacement of a quencher-labeled analog from an antibody-binding site; (D) detection of

maltose as an analyte by QD PL recovery following the displacement of a quencher-labeled

cyclodextrin from the binding site of MBP; (E) detection of thombin as an analyte by QD PL

recovery following the displacement of a quencher-labeled oligonucleotides upon thrombin

binding to the secondary structure of the aptamer.
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as a biosensor. Early studies used Neutravidin-coated glass substrates to immobilize

QDs [126]. The QDs were incubated with a mixture of MBP and avidin to create

a mixed surface coating by metal affinity and electrostatic-driven self-assembly.

BiotinylatedMBPor antibodies could then be used to as a bridge between the substrate

and the protein-modified QD. The MBP-bridged system was estimated to place the

QD 33 nm from the surface, while the antibody-bridged system was estimated to

place the QD 40 nm from the surface. A later study immobilized QDs using a rigid

rodlike b-strand–based peptide. The peptide, referred to as YEHKm, has tyrosine (Y),

glutamic acid (E), histidine (H), and lysine (K) residues located at the turns,wherem is

the number of repeats. For immobilization experiments, the C-terminus was modified

with a hexahistidine sequence, and the N-terminus was biotinylated. The YEHK

proteinwas captured on aNeutravidin-coated substrate, and the histidine tail was used

to capture DHLAQDs. MBP–His5 could be attached to the YEHK-immobilized QDs

and a maltose-binding assay was donewith a Cy3 label at the allosteric site. The limit

of detection was found to be substantially higher (1mM) than that of the solution-

phase analog, and the dynamic range was smaller. It is thought that steric factors

might be a major cause of the reduced performance. Nonetheless, the combination of

immobilization of the QD–MBP assembly and labeling at the allosteric site for

reagentless operation results in a true biosensor for maltose.

7.6.2 Nucleic Acids

A FRET-based sandwich assay for nucleic acids has been developed on the basis of

QD–oligonucleotide conjugates and single-molecule spectroscopy [117]. One bio-

tinylated probe complementary to half the target sequence was bound to a strepta-

vidin–QD conjugate; the second probe was complementary to the remaining half of

the target and was fluorescently labeled.When the two probes hybridized with target,

the organic acceptor dye and QD were brought in close proximity to one another.

FRETwas observed between the QD and acceptor dye via single-molecule spectros-

copy. The choice of a QDwith peak PL at 605 nm and Cy5 as a FRET pair minimizes

crosstalk between the two detection channels, albeit at the expense of some reduced

spectral overlap. The method of detection is via photon bursts as the sample passes

through a diffraction-limited laser detection volume inside a microcapillary.

Figure 7.16(B) illustrates the operation of this bioprobe. The bioprobe was found

to perform better than molecular beacons, achieving a detection limit of 4.8 fM,

compared to 0.48 pM for molecular beacons. The sensors were also combined with

an oligonucleotide ligation assay to achieve single-base-pair discrimination in the

analysis of Kras point mutations in clinical samples from patients with ovarian serous

borderline tumors. Using FRET-sensitized Cy5 photon bursts for detection of ligation

products simplified the analysis by avoiding the standard use of gel separations or

washing steps to remove unbound probes.

In our lab we have developed an approach for the simultaneous detection of two

target nucleic acid sequences based on the use of QDs as energy donors in FRET [9].

Two colors of MAA QDs are conjugated with amine-terminated oligonucleotides

via EDC coupling. Upon hybridization with acceptor dye labeled complementary
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material, the proximity between the QD and dye results in FRET sensitized acceptor

emission. This is illustrated for a single FRETpair in Figure 7.16(A).AgreenQDwith

peak PL at 526 nm was paired with Cy3 as an acceptor and a labeled oligonucleotide

sequence diagnostic of spinalmuscular atrophy.A redQDwith peak PLat 606 nmwas

paired with Alexa Fluor 647 as an acceptor and a labeled oligonucleotide sequence

diagnostic of E. coli.

Conjugation of oligonucleotides resulted in an approximate twofold increase in the

QD luminescence. Single-color experiments demonstrated that for a 1mM concen-

tration of green QD probes, the limit of detection was 40 nM. Similarly, for a 0.06mM
concentration of red QD probes, the limit of detection was 12 nM. FRET efficiencies

of 52% and 6.7% were observed for the two systems. Due to the broad absorption

spectra of QDs, multiplexed analysis is possible using a single excitation wavelength

and without the use of discrete sensing elements or single-molecule spectroscopy.

Although QD-encoded microbeads offer similar advantages, they require the use of

flow cytometry for single-bead spectroscopy. Although simultaneous and inde-

pendent detection of the two sequences was possible, the signals were found to be

reduced compared to single-color experiments. This was due to the nonspecific cross-

adsorption of target sequences onto thewrong color QD. In single-color experiments,

the steady-state FRET signal was lower for noncomplementary oligonucleotides

than for complementary target. Nonetheless, adsorption remained a significant issue.

FIGURE7.16 Bioprobe strategies for nucleic acids based on the use ofQDs as energy donors

in FRET: (A) signaling of hybridization based on FRET-sensitized acceptor emission and the

MAA surface chemistry; (B) signaling of hybridization based on FRET-sensitized acceptor

emission in a sandwich format, using single-molecule spectroscopy and streptavidin surface

chemistry; (C) molecular beacons based on the recovery of QD PL with the removal of

FRET-based quenching upon hybridization, using both the MAA and streptavidin surface

chemistries.
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To alleviate this difficulty, a dye sensitive to dsDNA could be used as an acceptor.

Ethidium bromide (EB) is an intercalating dye that undergoes a quantum yield

enhancement in the presence of dsDNA. Good selectivity was achieved with this

system. It was found that 80% of the signal obtained by the QD–EB system for

complementary target in a clean buffer matrix could be obtained in matrices contain-

ing a sixfold excess of dA20. Similarly, 100% of the signal could be obtained in

matrices containing a 10-fold excess of salmon sperm DNA. The trade-off is a lower

limit of detection, due to reduced FRET efficiency and higher background fluores-

cence from EB.

Another strategy for the detection of nucleic acids has been the use of QDs

in a molecular beacon (MB) format, with either an organic quencher such as

DABCYL [116] or, conceivably, gold nanoparticles, which have been shown to

quench QDs [118]. The MB concept is shown in Figure 7.16(C). In the case of the

DABCYL–QD MB, MAA–QDs were coupled with 50 amine–modified and

30 DABCYL–modified hairpins via EDC. In the presence of complementary

target, the PL intensity increased sixfold. A minimal increase was observed for

noncomplementary target. Although roughly 10-fold changes in fluorescence

intensity are typical for organic dye MBs, the QD MB showed no decrease in

PL over 10 minutes of continuous illumination, whereas a 6-FAM MB showed a

15% decrease. In some applications the greater photostability may be more

important than the lower sensitivity. Molecular beacons have also been developed

using streptavidin–QD conjugates [128]. Three colors of QD––with peak PL at

515, 565, and 605 nm–– were coupled with Black Hole Quencher 2 (BHQ2) as

molecular beacons. The number of hairpins per QD was estimated as 12 to 15,

yielding FRET efficiencies in the range 35 to 61%. Upon target binding, roughly

80% increases in QD PL were observed. Some single-nucleotide polymorphism

discrimination was achieved.

7.6.3 Proteins, Proteases, and Immunoassays

Aptamer chemistry has been used for the development of FRET-based assays for the

detection of protein. For example, thrombin-binding aptamer (TBA) has been

conjugated to QDs for the analysis of thrombin [62]. In this arrangement, the aptamer

probe is initially bound to a short complementary sequence labeled with an Eclipse

quencher dye.However, in the presence of thrombin, the short sequence is displaced in

favor of aptamer–thrombin binding, yielding an increase in QD emission. This is

illustrated in Figure 7.15(E). In this system, the QD diameter is estimated to be 15 nm

and the quencher dye is estimated to be 7.5 nm from the QD core. Oligonucleotides

synthesized with one and two quencher moieties yielded 75% and 95% quenching,

respectively. Upon addition of thrombin, a 19-fold increase in PL intensity was

observed. This compares with the 12-fold increase observed with the organic dye

analog of this system.

A protease-sensitive QD–FRET construct has been developed to operate on a

similar principle [118]. The peptide sequence targeted by the protease of interest is
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labeled with a gold nanoparticle and linked to the surface of the QD. In this case, the

target protease is collagenase and the peptide sequence was collagenase degradable.

The QD was modified with carboxyl groups and 750 Da PEG. The gold NP/QD ratio

was 6 : 1, and 71% quenching was observed. After incubating for 47 hours in the

presence of 0.2mg/mL collagenase, a 51% luminescence increase was observed.

A FRET-based protease bioprobe has also been designed on a DHLA QD platform

using an organic dark quencher, QXL-520 [119]. Conjugated peptides were designed

to have a hexahistidine sequence at the N-terminus of the sequence, a rigid helical

region separating the hexahistidine residues from the protease recognition and

cleavage site, and a C-terminal cysteine thiol for dye attachment. The peptide

maintained the quencher in close proximity to the QD, resulting in QD PL quenching

via FRET. The target enzymes were caspase-1, thrombin, collagenase, and chymo-

trypsin. In the presence of the target protease, the peptide sequence was cleaved.

The dark quencher was no longer bound to the QD and FRET ceased, resulting in

restoration of theQDPL.To avoid steric complications, 8 to 10 peptideswere used per

QD. Proteolytic assays for each enzyme and a thrombin inhibition assay for thrombin

inhibitorwere done.Although itwas found that theMichaelis constant for caspasewas

50% lower than reported in the literature, Michaelis constants for collagenase,

chymotrypsin, and thrombin were in reasonable agreement. Again, it is apparent

that much like at bulk interfaces, interactions between the enzymes and the surface of

QDs have the potential to perturb their structure and function. Figure 7.15(A) shows

the general concept of the protease–QD–FRET assay.

An immunoassay developed for the detection of TNT also uses the idea of

FRET-mediated PL recovery of a QD [122]. Antibodies toward TNT are appended

with a histidine tag and self-assembled on the surface of aCdSe–ZnSQD.Aquencher-

labeled TNTanalog is introduced and occupies the antibody-binding site, quenching

the QD via FRET. As shown in Figure 7.15(C), the addition of TNT displaces the

analog, resulting in a concentration-dependent increase in QD PL. This probe was

tested against soil sample extracts and found to yield the same trend as an HPLC

analysis, but somewhat lower absolute values for the quantity of TNT. The lowest

detectable level of TNT was 20 ng/mL. The system showed a largely nonlinear

response but was loglinear between 0.3 and 10 mg/mL. Fourfold-smaller signals were

observed for the TNT analogs tetryl, 2A, and 4,6-DNT, and negligible signals were

observed for 2,6-DNT.

A series of homogeneous FRET-based binding assays have been developed for

biotin, fluorescein, and cortisol [129]. Amine-modifiedQDswere conjugated to these

haptens via EDC and NHS. Biotin binding could be detected via AlexaFluor

dye–labeled streptavidin or AlexaFluor–labeled monoclonal antibiotin antibody.

The QD–dye proximity induced by binding yielded FRET-sensitized AlexaFluor

emission. Rabbit antifluorescein and monoclonal anticortisol antibody were also

labeled with AlexaFluor dyes. The free haptens could be detected with competitive

binding assays, where fixed amounts of QD–hapten conjugates and AlexaFluor–

labeled antibodies were mixed with variable amounts of free hapten. Detection limits

of 25 nM for free fluorescein and 2 nM for free cortisol were obtained. As shown

FLUORESCENCE RESONANCE ENERGY TRANSFER AND QUANTUM DOT BIOSENSING 237



in Figure 7.15(B), FRET-based fluoroimmunoassays have also been developed

in sandwich format using AlexaFluor–labeled antibodies [130]. A QD with peak

PL at 565 nm was conjugated to the hinge of a monoclonal antibody for estrogen

receptorb. Apolyclonal antibodywas labeledwithAlexaFluor 568 or 633 to complete

the sandwich. The proximity induced by the binding results in FRET sensitized

AlexaFluor fluorescence. FRET efficiencies of 30% and 20% were observed for the

two dyes. A dynamic range of 0.05 to 50 nM was achieved.

7.7 SUMMARY

QDs have a number of unique optical properties that are advantageous for biosensors

and bioprobes based on fluorescence. Foremost among these are their size-tunable

absorption and PL spectra, as well as their good photostability. The absorption

spectra are broad and the PL spectra are narrow and symmetric, making QDs

particularly well suited for multiplexing applications. In general, the same synthetic

protocol for QD production can be used to produce a full spectrum of QD colors,

further increasing their versatility. Most of the optical properties of QDs arise from

quantum confinement effects, which occur when the dimensions of the semicon-

ductor nanocrystals are reduced below the preferred separation of an exciton in that

material.

QDs are especially interesting in that they can act as both transduction elements and

interfaces for biorecognition elements. A variety of chemistries are available for

aqueous solubilization of QDs, including ligand exchange, silica coatings, and

polymer coatings. These chemistries also allow for conjugation of biomolecules

such as proteins, antibodies, andnucleic acids. It is important to realize that theQDand

associated surface chemistry are not necessarily passive. While both can potentially

perturb the structure and function of conjugated biomolecules, the latter can also affect

the physical and optical properties of the QD itself. Nonetheless, QDs have been used

successfully in the development of biosensors and bioprobes based on fluorescence.

Applications include the use of QDs as labels for microarrays, immunoassays, FISH,

and spectral barcode–based multiplexing. A large number of FRET-based strategies

have also been developed for the detection of nucleic acid, proteins, haptens, and other

small molecules. Although research in this area is expanding rapidly, much remains

to be done. The majority of work to date has been in the area of single-use bioprobes.

Issues such as the immobilization, reusability, and long-term stability of QD–

biomolecule architectures must be addressed to create true biosensors. Undoubtedly,

the future of QDs in this area is promising.
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8.1 INTRODUCTION

Richard Feynman, one of the most important visionary pioneer physicists,

captured the conceptual importance of nanotechnology with his famous statement
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‘‘there is plenty of room at the bottom’’ in a speech in 1959. His guiding idea was

to manipulate individual atoms and molecules in a bottom-up approach to create

new materials, designed at the nanometer scale. In light of the ongoing dispute

between different areas and disciplines of research (i.e., what is and what is not

nanotechnology), we prefer to provide one example and explain its concepts

rather than giving a broad overview that would necessitate a definition of

nanotechnology.

For decades, clusters of inorganic atoms and molecules in both gas and aqueous

phases have attracted researchers [1,2]. Science within this discipline has devel-

oped rapidly, culminating in the present-day capability to synthesize crystalin

clusters and nanoparticles comprising hundreds to thousands of atoms. The

dimensions of such clusters are within the range of a few nanometers. Since in

this section we describe water-based delivery and sensing systems, we focus on

colloidal clusters or particles. Nanoparticles can be synthesized from a broad

variety of materials, where each constituent can lead to characteristic properties [3].

For example, semiconductor nanoparticles such as CdSe are fluorescent, and

some metals, metaloxides, and metal alloys, such as Co, Fe2O3, and FePt, exhibit

magnetic properties.

From the point of basic research, nanoparticles are interesting, since in several

cases their properties differ from those of equivalent materials in bulk form [3].

Nanoparticles exhibit properties that are intermediate between those of the bulk

material and the corresponding atomic or molecular systems. Obviously, for bulk

materials the percentage of atoms at the surface is negligible relative to the overall

number of atoms within the material. In contrast, for nanoparticles the number of

atoms on the surface is a significant fraction of the overall number of atoms. This fact

largely influences the (chemical) surface properties of nanoparticles. In particular, in

the field of catalysis, the enhanced surface-to-volume ratio is beneficial. Less obvious

are the important physical effects related to the small size of nanoparticles, such as

quantum confinement in semiconductor nanoparticles [3], surface plasmon resonance

in some metallic nanoparticles [4,5], or superparamagnetism in magnetic nanopar-

ticles [6]. Studying the differences between bulk and nanoparticle materials therefore

leads to a more profound understanding of materials.

From a practical point of view, the functional properties of inorganic nanoparticles

are interesting for several reasons. First, due to their small size, newproperties arise. In

addition, inorganic nanoparticles are generally more stable than organic molecules

with equivalent functionality. In this section we describe three different types of

nanoparticles with distinct functionalities.

Semiconductor nanoparticles are fluorescent, their fluorescence color depending

on the quantum confinement effect on their size, so that its fluorescence is always

blue-shifted with respect to the fluorescence of the bulk material [7]. In this way,

the color of fluorescence can be tuned by the size of the particles, and particles from

the same material (but of different size) can generate different colors of light. By

selecting materials whose bulk semiconductor bandgap is in the infrared spectrum,

nanoparticles comprised of these materials can be generated that cover virtually all
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positions of the entire visible spectrum. For example, whereas 5-nm CdSe

nanoparticles emit in the red, approx. 2-nm CdSe nanoparticles emit in the green.

Compared to organic fluorophores, the emission bands are generally narrower and

there is less photobleaching. Semiconductor nanoparticles therefore exhibit special

properties due to their small size, and most important, the size dependence of the

bandgap, and in several characteristics they are more stable than organic fluor-

ophores. In this way, semiconductor nanoparticles can be seen as small and stable

fluorescent light sources that could be used for all types of labeling purposes.

Magnetic nanoparticles, on the other hand, can be single-crystalline particles that

comprise only a single magnetic domain. Compared to organic magnets, higher

magnetic moments can be achieved. Due to their inorganic nature, nanoparticles are

also mechanically more stable.

Several noble metals, such as gold and silver, can be optically excited so that the

free electrons gain kinetic energy. At a certain resonance frequency, even collective

oscillation of the electrons in the external electromagnetic field can be excited. Such

electrons are called surface plasmons. Eventually, the kinetic energy of the

electrons is transferred to the lattice and the metal particles get heated. As the

heat of the particles is finally transferred to the surrounding environment, eachmetal

nanoparticle can be seen as an optically triggered nanooven [8,9]. In this waywe can

have a nanoparticle tool kit comprising fluorescent, magnetic, and heatable par-

ticles. Because each particle possesses controllable and defined properties, this pool

of particles can be regarded as functional building blocks. The big conceptual

advantage of nanobiotechnology is that it not only allows for generating the

individual building blocks, but also allows for linking different building blocks

together in a defined and tailored way. As glue linking the different (in this case,

inorganic) building blocks, organic molecules can be used [10]. Organic mole-

cules—in particular, many biological molecules—can undergo defined reactions

that are compatible with biological environments. A strategy for linking two

particles would involve the attachment of a ligand molecule to one of the particles

and the corresponding receptor molecule to the other particle. The key lock

mechanism of biological receptor ligand pairs would result in defined linkage of

both particles.

Although such approaches have been demonstrated in the literature, they are still

limited by their complexity [11,12]. For this reason, an alternative, less well-

controllable but more robust approach is described in this section. As colloidal

nanoparticles used as functional building blocks are typically electrically charged,

controlled particle assemblies can also be mediated by electrostatic attraction. In this

section, polyelectrolyte capsules resembling table tennis balls of only micrometer

diameter are described. The walls of these capsules consist of layers of oppositely

charged polymers and are thus held together solely by electrostatic forces. Similarly,

chargedcolloidal nanoparticles can therefore be integrated in thewalls by electrostatic

attraction. Since the capsules are hollow, their cavity can be loadedwith specific cargo.

In this way, nanoparticle-modified capsules are an example for a nanotechnological

carrier system. Functionality is provided by inorganic nanoparticles in thewalls of the
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capsules; the capsulewalls are the organic glue holding the assembly together, and the

capsule cavity is available to carry cargo molecules.

In this section we discuss two concepts for nanoparticle-modified capsule

carriers. For delivery applications, the cargo desired is loaded into the capsule

cavity. The walls of the capsules can be modified with fluorescent, magnetic, and

heatable colloidal nanoparticles. By applying an external magnetic field gradient,

the capsules with magnetic nanoparticles in their walls can be directed toward the

designated area where the cargo is to be released. Due to the fluorescent particles

in the capsule walls, this transportation process can be monitored using fluores-

cence microscopy. At the target location designated, the heatable nanoparticles in

the capsule wall can be heated with a light pointer, whereby the heat causes

rupture of the capsule wall and subsequent release of the cargo molecules from the

capsule cavity. In this way, the nanoparticles in the capsule wall can be used to

direct, observe, and open the carrier remotely, resulting in release of the cargo. For

sensing applications, on the other hand, the active sensing element can be loaded

into the capsule’s cavity. Again, magnetic nanoparticles in the capsule walls could

be used to direct the sensor capsules to the designated location, and fluorescent

particles can be used for observing the capsules. It is important to point out that

these two applications should be viewed merely as examples. They are far from

covering the complete spectrum of nanotechnologically generated delivery and

sensing systems, and many alternative systems have been published [13,14].

These two examples are intended as a demonstration of what is conceptually

possible using nanotechnology: the generation of defined functional building

blocks and their tailored linkage to a multifunctional assembly on the nanometer

scale.

The synthesis and properties of inorganic nanoparticles, which serve as func-

tional building blocks, are described in Section 8.2. In Section 8.3 we give a short

overview of how these nanoparticles can be linked easily to multifunctional

assemblies by embedding them in the shell of polyelectrolyte capsules. For cellular

applications, transport of these multifunctional capsules into cells is required. In

Section 8.4 we describe how capsules are incorporated spontaneously by many cell

lines. Finally, in Section 8.5, capsule-based delivery and sensing applications are

demonstrated.

8.2 FUNCTIONAL COLLOIDAL NANOPARTICLES

8.2.1 Short Overview of Colloidal Nanoparticle Properties

The most intriguing example of the particular properties of colloidal nanoparticles is

the fluorescence of semiconductor nanoparticles. By varying only their size, one can

tune the color of the emitted light over a considerable range. ZnSe nanoparticles

fluoresce in the near-ultraviolet (UV) range [15], CdS nanoparticles span the range

fromnearUV to green [16], CdSe covers almost the entire visible spectrum [16], CdTe

nanoparticles fluoresce somewhere between red and near infrared [16], and with PbS,
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PbSe, or PbTe, emission wavelengths of up to 2400 nm can be attained [17,18]. One

can reach a qualitative understanding for this dependence by considering the elec-

tron–hole pair that is generated upon light excitation, called the exciton, as an object

that is confined to the volume of the nanoparticle. Due to the quantum mechanistic

confinement energy, exciton energy and nanoparticle size exhibit an inverse rela-

tionship. Upon (radiative) recombination of the electron–hole pair, fluorescent light is

emitted. Consequently, the wavelength of fluorescence is shorter the smaller the

nanoparticle [7]. In a more refined model, nanoparticles are regarded as an interme-

diate state between simple molecules and bulk material.

The quantummechanic description of the levels in amolecule is given by the linear

combination of the atomic orbitals [19]. In the framework of this description, upon the

addition of individual atoms to the molecule, energy bands are formed as an

aggregation of many closely spaced energy states, and the energetic distance between

the bands decreases with increasing number of atoms in the molecule (i.e., with its

size) [7]. The presence of these bands represents one of themajor differences between

the fluorescent nanoparticles and organic fluorophores. The absorption spectrum of

organic fluorophores roughly resembles their fluorescence spectrum. It is shifted only

slightly toward higher energies. The absorption spectrum of semiconductor nano-

particles, in turn, shows a sharp onset at energies slightly above the fluorescence line

and then spans the entire spectral range toward UV. In Figure 8.1, a comparison

between the optical properties of organic fluorophores and of semiconductor

nanoparticles is shown. The fact that all the samples of semiconductor nanoparticles

shown in this example absorb light at low wavelengths below about 500 nm can be

exploited for the simultaneous excitation of these samples. In contrast, for the

simultaneous excitation of the various fluorophores, different light sources are

necessary because each organic fluorophore can be excited only in a relatively narrow

spectral range [20].

FIGURE 8.1 Comparison of the fluorescence properties of semiconductor nanoparticles and

organic fluorophores: (a) absorption and fluorescence spectra of organic fluorophores; (b)

absorption and fluorescence spectra of semiconductor nanoparticles. All the nanoparticles

shown here have considerable absorption in the UV spectral range. (From ref. 21, with

permission.)
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Noble-metal nanopartic show interesting optical features that are dominated by a

free electron plasmon that can be excited by electromagnetic fields. Due to the

plasmonmode, the particles scatter light and show strong absorbance. The major part

of the absorbed energy is dispersed into heat [8,9]. When employing anisotropically

grown metal nanoparticles, called nanorods, the resonance frequency can be tuned

over a wide range by the aspect ratio and also by the dielectric constant of the

surroundingmedium [22]. In this way, noblemetal nanoparticles can be considered as

nanoovens, which convert light energy into heat.

Magnetic nanoparticles canbe synthesized fromawidevariety ofmaterials, such as

metals, metal alloys, or metal oxides [23–26]. Also, for these particles in the

nanometer regime, the properties differ greatly from the properties of the correspond-

ing bulkmaterial. This accounts for the saturationmagnetization, the coercivefield, or

the Verwey transition [27]. With the help of an external magnetic field gradient,

magnetic nanoparticles can be transported to defined spots [28]. Additionally,

magnetic nanoparticles also offer the possibility of generating heat by an effect

termed hyperthermia [29,30]. When an alternating magnetic high-frequency field is

applied to the nanoparticles, the hysteresis of their magnetization can be exploited to

generate heat, as sketched in Figure 8.2.
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FIGURE 8.2 Hysteresis loop of a magnetic material. The heat released in one cycle of the

magnetization is proportional to the area circumscribed by the loop. This area is generally rather

small, yet with several cycles, a considerable amount of heat can be extracted. Ms is the

saturation magnetization and represents the highest induced magnetic moment that can be

obtained in a magnetic field. Hc, the coercivity, represents the intensity of the magnetic field

needed to reduce themagnetization of amagneticmaterial to zero after it has reached saturation.

Hr, the coercivity of remanence, represents the reverse field which, when applied and then

removed, reduces the saturation remanence to zero. It is always larger than the coercive force.
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8.2.2 Synthesis of Colloidal Nanoparticles

The synthesis of colloidal nanoparticles can be carried out under a variety of

conditions [24]. In this section we focus on the preparation in organic solvents. This

surrounding is advantageous because it offers a greater ease for the fine adjustment

of the critical parameters of the particles, such as size and crystalline struc-

ture [31,32]. Furthermore, for particles prepared in organic solution, a variety of

methods exist to transfer the particles into aqueous solution, a topic presented in the

following section. In this section we only briefly outline the principle of the growth

of nanoparticles. For the precise synthetic procedures, we refer readers to recent

review articles on that subject [24,25,33] and the original literature referred to

therein.

In a general synthesis scheme, an appropriate solvent is heated to the temperature of

the reaction, which is usually in the range 200 to 300� C. Then the molecular

constituents of the nanoparticles to be grown are injected rapidly into this hot solution.

The heat decomposes these precursors and frees the atoms, which can then be

incorporated into a growing crystal. The role of the solvent is twofold. First, it serves

to disperse the reactants and the product. This is not negligible, as the growth depends

on parameters such as the concentration of the reactants and their diffusion constants.

Furthermore, the solvent needs to resist the high temperature employed in the

synthesis. Some of themost frequently used solvents are TOPO (tri-n-octylphosphine

oxide)[16], diphenyl ether [34], octyl ether [35], or o-dichlorobenzene [36]. A second

purpose of the solvent is to serve as a stabilizing agent. In this role, they stabilize the

nanoparticles through steric repulsion; they also control the growth rate. The solvent

molecules dynamically attach themselves to, and detach themselves from, the

nanoparticle, so that they statistically free sites on the nanoparticles where new atoms

could be deposited. Especially when referring to this second role, the molecules are

termed surfactants.

In a more detailed description of the growth process, one can introduce a critical

size that characterizes the state of the reaction solution [37,38].Thevalueof the critical

size depends on parameters such as temperature, concentration of the atomic species,

and chemical potential. Particles larger than the critical size experience a positive

growth rate, particles smaller than this size show a negative growth rate, and thus they

melt. Interestingly, the growth rate shows a maximum for particles with a diameter of

twice the critical size. This behavior is actually of great help for the production of

monodisperse samples. If the size distribution of the nanoparticles at one stage of the

growth is such that all particles are larger than twice the critical size, the smallest

particles grow the fastest (Figure 8.3). Therefore, the size distribution will narrow and

the system is said to be in the focusing regime. During synthesis the critical size is

actually not stable. The consumption of the atomic species especially leads to a rise in

the critical size. When the size distribution is now situated such that it comprises

particle sizes with the overall maximum in growth rate, the smallest particles will no

longer be the fastest growing. This results in an effective broadening of the size

distribution the (broadening regime). Ultimately, when the critical size is situated

within the size distribution of the sample, the smallest particles will even disappear to
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free their constituents, which will be incorporated into the largest particles. This

growth regime is termedOstwald ripening.Generally, it is desirable to keep the system

in the focusing regime. The most efficient way to do so is to maintain the a high

concentration of free atoms in the growth solution [16]. This helps to maintain the

critical size at a low value and thus allows us to obtain samples with narrow size

distributions.

8.2.3 Surface Modification

After the synthesis in organic solvents, the nanoparticles are covered with a layer of

surfactants which render them hydrophobic. In that state, the particles are of no use

for applications in aqueous surrounding. There are different methods for the transfer

of the nanoparticles into an aqueous surrounding [40]. In general, thesemethods rely

on the design of the nanoparticles, as composed of an inorganic core and an organic

shell. The inorganic core determines the physical properties, such as fluorescence or

magnetization; the organic shell influences primarily chemical interaction with the

surroundings. In a phase transfer, the organic layer of surfactants is either completely

exchanged or is manipulated in such a way as to stabilize the surfactants and

introduce additional functional groups that render the particles soluble in different

media. In the following, we present three major techniques for this phase transfer

(see Figure 8.4).

1. Ligand exchange. In this approach, the surfactant is simply exchanged. The

original surfactant is exchanged with another surfactant of choice simply by exposing

the sample to an excess of the new surfactant. The gentle application of heat facilitates

the process. For a successful exchange, one has to choose carefully both the original

and the new surfactant. The new surfactant should have a higher affinity for the

nanoparticles than the original. Of course, it should also provide the new, desired

functionality. As an example, the transfer of CdSe nanoparticles from the organic to

the aqueous phase can be accomplishedwith a surfactant that binds to the nanoparticle

FIGURE 8.3 Transmission electron microscopy (TEM) images of nanoparticles of various

materials (from left to right: Fe2O3, Au, CoPt3, CdSe/ZnS). Each of the dots corresponds to one

individual nanoparticle. The scale bar is 50 nm. (From ref. 39, with permission.)
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with a thiol group and carries a carboxylic group on the opposing end (e.g.,

mercaptopropionic acid) [41].

2. Polymer coating. This approach leaves the layer of surfactants on the nano-

particles untouched and adds only a second amphiphilic shell. This shell consists of

a comblike polymer with alkyl chains and hydrophilic groups attached to the

backbone [39]. The alkyl chains have a length similar to that of the surfactants.

When exposed to the nanoparticles, the alkyl chains intercalate with the alkyl

chains of the surfactant layer, and the hydrophilic groups point outward. The

polymer can be cross-linked to form a closed shell around the particles for higher

stability.

3. Silanization. Silanization combines the two approaches described above. It

involves a ligand exchange and subsequent cross-linking of the new surfac-

tant [42,43]. In the first step, the ligand is exchanged against mercaptoproplytri-

methoxysilane. Again, the mercapto group serves as an anchor on the nanoparticle.

In the second step the trimethoxysilane groups can be cross-linkedwith other silanes

through siloxane bonds. Other functional groups can be incorporated into the shell

during this step.

Themost flexiblemethod among those described above is polymer coating. It does

not rely on specific interactions with the nanoparticles. Polymer coating only requires

a hydrophobic shell surrounding the nanoparticle. In contrast, the other two methods

relyon thebindingof somemolecule on thenanoparticle. Thenatureof the appropriate

molecule for this binding can vary significantly from material to material. Therefore,

thesemethodsmust be optimized for any newmaterial. Both silanization and polymer

coating offer a simple method of incorporating functional molecules into the organic

shells of nanoparticles.

FIGURE 8.4 Three ways to transfer nanoparticles to aqueous solution. (Adapted from

ref. 44, with permission.)
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8.2.4 Biocompatibility

Nanoparticles are also attractivecandidates for future clinical applications, due to their

wide variety of properties, as discussed in Section 8.5. However, for any clinical

application, the biocompatibility of the material is crucial. There are at least four

different pathways bywhich nanoparticlesmight induce severe damage to living cells:

1. If nanoparticles are composed of toxic material, they might release toxic ions

and thus poison the cell [45,46].

2. In some cases, biologicalmaterial reacts very specifically to single properties of

nanoparticles. For example, specific gold clusters, Au55, can interact in a unique

manner with DNA, thereby exerting a strong influence on the functionality of a

cell [47].

3. Theremay be a nonspecific, negative effect on the cells. Nanoparticles can stick

to the cell membrane, or they can be uptaken and stored in intracellular

compartments [48,49]. Both effects lead potentially to damage of the cell.

4. Also, the shape of the nanoparticles plays a role in their toxicity. It has been

reported that carbon nanotubes can impale cells like needles [50].

Some of these pathways can be avoided (e.g., pathways 2 and 4); the othersmust be

suppressed by other means. Surface modification of initially toxic materials can

sometimes reduce their toxicity. Silanization shows especially good results in this

respect. Also, the choice of material is crucial. Obviously, one should prefer nontoxic

material. But if there is no choice but to use the toxic material, an inorganic shell of an

already less toxic material reduces the toxicity of the nanoparticles. For instance,

core–shell particles of CdSe–ZnS are significantly less toxic than are bare CdSe

particles [46].

In this section the synthesis and properties of inorganic nanoparticles have been

described. In the next section the glue that holds these particles together in functional

assemblies is discussed.

8.3 POLYELECTROLYTE CAPSULES AS A FUNCTIONAL
CARRIER SYSTEM

Themethod to synthesize polyelectrolyte polymer capsules is based on layer-by-layer

(LBL) adsorption [51] of oppositely charged polyelectrolyte polymers on colloidal

templates, followed by core dissolution [52]. Figure 8.5 is a sketch of the general

process that is used for the assembly of capsules. The basic idea is simple. First, a

highly charged polymer (polyelectrolyte) is added to the oppositely charged template

core. Due to coulombic attraction, this polymer will wrap itself around the template

core. The overall charge of the polymer-coated core now assumes the polarity of the

added polymer’s charge. After the unbound polymer is removed, a second polymer

with a charge opposite that of the first polymer is added. Again, the new polymer will
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stick to the polymer-coated core due to coulombic attraction. This process is repeated

by subsequent addition of oppositely charged polymers, resulting in the addition of

layer upon layer of polymer. In the end the template core is dissolved, yielding ahollow

capsule whose walls are composed of the polymer multilayer. Thus, polyelectrolyte

capsules can be visualized as shells of onions, where each layer is made of alternating

layers of negative and positive polyelectrolyte polymers. The capsulewall is typically

a few nanometers thick, whereas the capsule diameter can vary from tens of

nanometers to several micrometers. The capsule’s outermost layer determines the

capsule’s overall charge. In this way, polyelectrolyte polymer capsules can be

positively or negatively charged.

The initial core used in the layer-by-layer synthesis method can be made out of

different materials, such as calcium carbonate, polyester, or melamine formaldehyde

latex particles [52]. Different positively and negatively charged polyelectrolyte

polymers can be used for the core coating [53]. Polyelectrolyte polymers are simple

polymers decorated with charges. They consist of long chains of molecules with

ionizable groups that dissociate in water, leaving behind a charged chain. Depending

on the ionizable groups, negative or positive charged chains can be obtained. Since the

entire capsule is held together in first order by coulombic attraction, a huge variety of

polyelectrolyte polymers can be used for building the capsule walls. Besides the

natural requirement of sufficient charge distributed along the polymermolecule, the

length (i.e., themolecular weight) of the polymermolecules is important and has to be

adjusted, depending on the diameter of the capsules.

By adding charged particles during the layer-by-layer assembly of the capsules

(e.g., negatively charged particles to a positively charged polymer layer) it is also

possible to embed particles in the capsulewalls (Figure 8.6). Once again, the particles

are stuck to the polymer layers solely by electrostatic attraction, and virtually any

charged functional nanoparticle of appropriate size can be embedded in the capsule

walls (Figure 8.7). Typically, after the addition of nanoparticles, more subsequent

layers of polymers are added so that the particles are between inner layers of the

FIGURE8.5 Capsule assembly. Negatively charged polymer is added to a positively charged

template core. The resulting particle is then negatively charged, and after removal of unbound

polymer, positively charged polymer is added. This layer-by-layer addition of oppositely

charged layers of polymer continues until the multilayer wall has the desired thickness. After

removal of the template core by dissolution, a hollow capsule remains. The capsules are not

drawn to scale. The thickness of thewalls is in the nanometer range, whereas the diameter of the

capsules is in the micrometer range. The assembly could be started with negatively charged

template cores in the same fashion.
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capsules. In a similar fashion, chargedmolecules can also be added to the outer layers

of the capsules: for example, to act as ligands for molecular recognition.

After the deposition of polymer layers is completed and the dissolution of the

template core, cargo molecules can be loaded into the capsules by changing the

permeability of the capsule walls [54]. For example, swelling of the polymer network

can be achieved by lowering the pH or by exposure to ethanol. In this state, cargo

molecules can diffuse into and out of the capsules. After increasing the pH back to

original levels or removal of ethanol bywashingwithwater the polymer networkof the

capsule walls shrinks, and the cargo molecules remain captured inside the capsules.

Alternatively, a second method of loading cargo molecules in the capsule cavity has

FIGURE8.7 Encapsulation process. Spherical calcium carbonatemicroparticles comprising

the cargo molecules were fabricated by precipitation from supersaturated CaCl2 and Na2CO3

solution in the presence of the cargo molecules (co-precipitation-method). After the layer-by-

layer self-assembly of oppositely charged polymer layers, the CaCO3 was extracted by EDTA

treatment, resulting in hollow polyelectrolyte capsules. This image includes three double layers

of negatively charged polymer (red) and positively charged polymer (blue). The capsules are

not drawn to scale. The thickness of thewalls is in the nanometer range, whereas the diameter of

the capsules is in the micrometer range.

FIGURE 8.6 Embedding nanoparticles into the walls of capsules. Negatively charged

nanoparticles (which can be a mixture of different types) can be added during the assembly

process of the capsulewalls when the outer capsule layer is positively charged. The capsules are

not drawn to scale. The thickness of the walls and the diameter of the nanoparticles are in the

nanometer range, whereas the diameter of the capsules is in the micrometer range.

258 NANOPARTICLE-BASED DELIVERY AND BIOSENSING SYSTEMS: AN EXAMPLE



recently been developed. This method consists of synthesizing co-precipitates of the

cargomoleculeswith calciumcarbonate. The particles are then used as a template core

for assembly of the capsule walls. In the final step, the calcium cabonate core is

dissolved with EDTA, leaving the cargo molecules inside the capsule cavity [55].

Bymeans of themethods presented, different types of nanoparticles and biological

molecules can be embedded in the capsule walls, and cargo molecules can also be

loaded in the cavity of the capsules. These added molecules and particles confer

different functionalities to the capsules [56]. Depending on the type of polyelectrolyte

polymers that are employed for the wall synthesis, on the type of embedded

nanoparticles in the capsule walls, and on the type of ligand molecules present on

the capsule surface, the capsule will possess certain release, permeability, and

adhesion properties [53,57]. Returning to the motivation discussed in Section 8.1,

the nanoparticles provide the functionality, and the polymer is the glue used to

assemble them. As on first order, the only force holding the assembly together is

coulombic attraction, and ahugevariety ofparticles andmolecules canbe integrated in

the walls of the capsules. In this way, the capsules can be custom-made for the

designated application. Similar ideas have also led to other types of microcontainers,

which are based on alternative materials such as liposomes [58]; micelles [59], or gel

matrixes [60,61].

8.4 UPTAKE OF CAPSULES BY CELLS

8.4.1 Uptake Mechanism

Endocytosis is the process by which animal cells internalize substances such as

particulate material (such as cellular debris and microorganisms), macromolecules

(such as proteins and complex sugars), and low-molecular-mass molecules (such as

vitamins and simple sugars) (Figure 8.8). Two main types of endocytosis are

distinguished on the basis of the size of the endocytic vesicles that are formed during

this process. Phagocytosis (‘‘cellular eating’’) involves the uptake of large particles

and pinocytosis (‘‘cellular drinking’’) involves the ingestion of fluid and solutes via

small vesicles. Phagocytosis is typically restricted to specialized mammalian cells

such as macrophages or dendritic cells, whereas pinocytosis occurs in all cells by at

least four basic mechanisms: macropinocytosis, clathrin-mediated endocytosis, cal-

veolae-mediated endocytosis, and clathrin- and calveolae-independent endocyto-

sis [62]. During macropinocytosis, the capsule internalization begins with the

invagination of plasma membrane and the capsule, followed by the conversion of

thismembrane into a closed vesicle called an endosome (or endosomatic vesicle). The

endosomes often fusewith lysosomes that containmany different hydrolytic enzymes

for intracellular ingestion. Unfortunately, particle uptake cannot always be classified

straightforwardly according to the standard pathways described in textbooks.

Strictly speaking, the detailed uptake mechanism of polyelectrolyte capsules by

cells remains unclear. On the other hand, it is a fact that capsules are ingested

spontaneously by a hugevariety of cells [63]. The transportmechanismof the capsules
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across the cell membrane remains subject to further studies, and the final location of

the capsules inside the cells is also not known precisely, even though co-localization

attempts have been reported [63]. However, there is significant evidence that capsules,

having been ingested by cells, are stored in endosomal, lysosomal, or phagosomal

compartments.

Although the detailed uptake process and the localization of polyelectrolyte

capsules after uptake remain unclear, important parameters that influence the uptake

process have been investigated. As mentioned in Section 8.3, the outer shell (surface)

of polyelectrolyte polymer capsules can be either negatively or positively charged,

depending on the charge of the last layer. Cell membranes have a negative net charge,

although positively charged domains do exist [64,65]. It is therefore reasonable to

think that adhesion and, correspondingly, the uptake of polyelectrolyte capsules

should depend on the capsule charge. Therefore, the adherent rate for positive

polyelectrolyte capsules should be higher than for negative polyelectrolyte capsules.

Since particle uptake is preceded by adhesion to the cell membrane, there should also

be a correlation between the adhesion and the uptake rate, and hence the uptake rate for

positive polyelectrolyte capsules should also be higher than for negative capsules.

Indeed, this correlation could be demonstrated experimentally, although the charge

effect became less pronounced with longer incubation times [66]. Proteins from the

FIGURE8.8 Acell has incorporated six capsules, and additional capsules adhere to the outer

cellmembrane. Fluorescent semiconductor nanoparticles had been embedded in thewalls of the

capsules. The left image shows an overlay of phasecontrast and fluorescence, the right image,

fluorescence, along. (From ref. 56, with permission.)
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cell medium can adsorb to the capsule surface and thus smear out the preexisting

difference in the surface charge of the capsules [67]. Covering the capsule surfacewith

poly(ethylene glycol) (PEG), on the other hand, effectively reduces capsule uptake.

8.4.2 Capsule Deformation During Uptake

A major requirement for the concept of using polyelectrolyte polymer capsules as

multifunctional carrier system is that the cargo material within the container is

protected against any possible undesirable external interaction until it is released in

a controlled way. During the uptake of capsules by cells, it is frequently observed that

many capsules are deformed upon the incorporation process. This effect could lead to

an undesirable release of the material, making further applications unviable [68]. It is

therefore crucial to determinewhether capsule deformation could lead to an unwanted

release of cargo material. To investigate whether material release upon deformation

had taken place, experiments at a single cell level were performed [63]. For these

experiments, capsuleswere loadedwith different fluorescent-labeled polymerswithin

both their cavity and in their wall (Figure 8.9). The fluorescent polymers inside the

cavity were used as model cargo, whereas the differently colored fluorophores in the

capsulewalls were used to label thewalls. After capsule uptake, co-localization of the

cargo and the capsule walls was recorded using fluorescence microscopy. Data

indicate that the cargo polymers remain within the capsule cavity after capsule

deformation, although a quantitative study is still missing. At any rate, these experi-

ments demonstrate that capsuleswith cargo in their cavity are ingestedbycellswithout

uncontrolled release of the cargo [63].

8.4.3 Toxicity of Capsules

Asdemonstrated inSection 8.3, a number of functionalities canbe achievedby loading

different types of nanoparticles, such as semiconductor, magnetic, or metallic

FIGURE 8.9 A cell that has incorporated one capsule (whose walls had been modified with

fluorescent nanoparticles) is shown in the process of cell division. After division the capsule is

passed to one of the daughter cells. (From ref. 66, with permission.)
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nanoparticles, into thewalls of polyelectrolyte capsules. In Section 8.4.1we described

the fact that polyelectrolyte capsules are taken up by a large variety of cell lines. As in

future steps, polyelectrolyte capsules could also be introduced into animals or humans

for clinical applications, such as drug delivery or hyperthermia, but first their

biocompatibility must be tested. Detailed studies of capsules with cytotoxic effects

that might impair cells and tissue are therefore paramount. Toxicity might originate

from two different sources, from the actual polyelectrolyte capsules and from the

nanoparticles embedded in the capsule walls.

Since capsules can be assembled out of most polyelectrolytes, it should also be

possible to compose capsules out of biocompatible materials [69]. However, state-of-

the-art capsules have been demonstrated to cause inflammation after injection into

animal tissue [70]. Even more important, the biocompatibility of the nanoparticles

loaded in the capsule must be analyzed. Using the delivery application described in

Section 8.5, capsules must be modified with magnetic, metallic, and semiconductor

nanoparticles. In the case of magnetic nanoparticles, iron oxides have been proven to

be relatively biocompatible [71]. This is because they can be degraded into iron and

oxygen, both of which are compounds of our metabolism. As for metallic nanopar-

ticles, Au nanoparticles are inert and are also claimed to be relatively harmless to

cells [72]. On the other hand, the commonly used fluorescent II–VI semiconductor

nanoparticles (e.g., CdSe–ZnS) are clearly cytotoxic, as they release toxic cadmium

ions upon corrosion [45,46]. Consequently, capsules that contain fluorescent II–VI

nanoparticles in their walls are also cytotoxic [73]. Still the remaining toxicity forbids

any use of these multifunctional capsules in human beings. Further reduced toxicity

can be expected from new generations of materials. Independent of medical–clinical

applications, capsules can well be used for experiments with cell lines without any

signs of acute cytotoxicity.

8.5 DELIVERY AND SENSINGWITH POLYELECTROLYTE CAPSULES

8.5.1 Multifunctional Polyelectrolyte Capsules as Smart
Delivery Vehicles

One of the most promising applications of nanotechnology is in the field of medicine.

Areas such as cancer pathology need innovative techniques and methods to improve

the diagnostics and develop a cure for this deadly disease. For cancer therapy, novel

drug delivery methods are required to increase the therapeutic efficacy of chemo-

therapeutic agents. One of the directions contributing to the improvement of cancer

therapies within the field of nanomedicine is the creation of nanostructures, which

have the potential to enhance drug bioability and enable precision drug targeting.

Several drug carrier systems are currently under development [13]. Currently, most

(chemical/drug-based) cancer therapies are not sufficiently effective and show many

side effects that candiminish thepatient’s qualityof life. In some tumors it is difficult to

reach the desired physiological targetwithmost of the drugs available. Furthermore, it

is still impossible to localize chemotherapeutic agents specifically in the pathological

cells. This fact calls attention to the problem that healthy cells are affected aswell [74].

There is currently no pharmaceutical treatment available that can be applied locally,
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into the tumor, and in a controlled way, thereby shielding healthy cells from drug

interaction. A new method to release the chemotherapeutic agents in a locally,

temporally, and quantitatively controlled manner is urgently needed.

Although itmust be stated clearly that so far, nanotechnology has not yet resulted in

any breakthroughs in cancer therapy, there is still hope and great potential. In this

section, the possible uses of polyelectrolyte capsules toward this endwill be discussed.

With this goal in mind, the conceptual possibilities relating to the contribution of

nanotechnology will also be stressed, even though polymer capsules are still far away

from being used in any medical cure. As mentioned in the introduction, the clear

advantage of nanotechnology is the ability to create newmaterials in a controlled way

on the nanometer scale. In particular, building blocks of different functionality can be

linked. Regarding cancer therapy, it would be desirable to combine different methods

of targeting, as multiple targeting steps in combination should make targeting

increasingly specific. Nowadays, a huge variety of anticancer drugs is based on

molecular recognition via receptor–ligand pairs. It was also shown recently that it is

possible to direct drugs bound to magnetic particles close to tumors using magnetic

field gradients [75,76]. These are two examples of different strategies for targeting

which are already inuse.Nanobiotechnology could linkboth strategies into one carrier

system, a topic explained below using polyelectrolyte capsules as an example.

The main idea of drug delivery using polyelectrolyte capsules is schematized in

Figure 8.10. Polyelectrolyte capsules can be loaded with magnetic, fluorescent, and

FIGURE 8.10 Concept and vision of drug delivery using multifunctional polyelectrolyte

capsules. Due to the magnetic particles in their walls, capsules can be focused with a magnetic

field gradient to the target tissue. (Note: This does not work on the level of single cells.) The

capsules can be monitored using fluorescence microscopy (preferentially in the IR), due to the

fluorescent nanoparticles in the capsule walls. Capsules are incorporated selectively by tumor

cells through recognition of their ligands by tumor-specific receptors. Inside the cells, capsules

can be illuminated with a light pointer. Metal particles in the capsule wall absorb the light and

get heated, which results in a rupture and melting of the capsule wall, thus releasing into the

cytosol a chemotherapeutic agent inside the capsule cavity.
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metallic nanoparticles in their walls, ligand molecules can be attached to their

surface, and chemotherapeutic agents can be loaded into the capsule cavity [56].

Loading the polyelectrolyte capsule with these different types of inorganic nano-

particles would provide different functionalities to the capsules, whereas the

polymer molecules would act as glue to hold the assembly together. Due to the

magnetic particles in their walls, the polyelectrolyte capsules could be directed to

the desired position by using a magnetic field gradient. Focusing of magnetic

particles in magnetic gradients has already been demonstrated successfully

in experiments on animals, in particular in tumors close to the skin [76–78].

Near-target uptake of the capsules by the cancerous cells would be mediated by

interaction of the ligands on the capsule surface with receptor molecules that are

expressed on the membrane of cancer cells but not of healthy cells. After incor-

poration by cells, the chemotherapeutic agent had to be released in a controlled way.

This could be done, for example, by loading metal nanoparticles in the walls of the

capsules and by illuminating them with a light pointer. Light absorption promotes

local heating of the metal nanoparticles. Heat would rupture the capsule walls, and

thus the chemotherapeutic agents would finally be released. The entire uptake and

transport process could be visualized by (infrared) fluorescent nanoparticles loaded

in the capsule walls. In this way, three different targeting mechanisms would be

involved: trapping of the capsules in the surrounding of the tumor with magnetic

field gradients, enhanced receptor-mediated uptake of the capsules by tumor cells,

and local release of the chemotherapeutic agent due to illumination with a light

pointer. Although it must again be stressed that the concept described heretofore is

in its infancy and far from any clinical application, there have been important proofs

of concepts of the individual components on the level of cell cultures, as we

demonstrate in the following section.

As we have seen in Section 8.3, polyelectrolyte capsules can be synthesized with

different particles in their walls, and it is also possible to load macromolecules inside

the cavity. From the point of preparation, the basic requirements needed for the

delivery system introduced earlier can be fulfilled. In Section 8.4 it has been

demonstrated that capsules are also incorporated by cells, an essential presupposition

for the delivery system. On this basis, the concepts of magnetic drug targeting and the

remote release of themolecules in the capsule cavity by light-induced heating could be

demonstrated.

Zebli et al. have demonstrated that polyelectrolyte capsules can be targeted to

tumor cells by using a magnetic field gradient [79]. Capsules with magnetic and

fluorescent nanoparticles incorporated into their walls were added to the medium

flowing above a layer of cultured cells.At one position of the layer, a smallmagnetwas

fixed. Since capsules were labeled with fluorescent particles, they could be conve-

niently observed with fluorescence microscopy. Indeed, due to the magnetic field

gradient present at the edges of the magnet, an enrichment of capsules close to the

magnet was found, whereas almost no capsules were found in regions far away from

the magnet. In this way, the concept of magnetic drug targeting, which has been

introduced by several groups, can also be used with polyelectrolyte capsules. It has to

264 NANOPARTICLE-BASED DELIVERY AND BIOSENSING SYSTEMS: AN EXAMPLE



be pointed out that the magnetic field gradient does not cause a higher uptake rate of

capsules by cells. The magnetic field gradient causes an accumulation of capsules.

Therefore, not all of the capsules shown inFigure 8.11 have actually been incorporated

by the cells. However, due to a higher local concentration of capsules close to the

magnet cells, this area can incorporate more capsules than cells at areas where few

capsules are present.

It has already been proven by the Sukhorukov group that by using an appropriate

laser, polyelectrolyte capsules loaded with metallic nanoparticles in their wall can be

disrupted [56,80]. Metallic nanoparticles serve as absorption centers for the energy

supplied by the laser beam (Figure 8.12). These absorption centers cause local heating

that can disrupt the local polymer matrix and allow the encapsulated material to exit

the capsule.

This technique could also be demonstrated on a single-cell level [81]. For this

purpose, the walls of the polyelectrolyte capsules were loaded with Au nanoparticles

that acted as heating centers for the capsule opening andwith dye-labeled polymers in

FIGURE 8.11 Capsules have been loaded with magnetic nanoparticles and fluorescent

nanoparticles. These capsules were added to a medium with which cells cultured in a flow

channel were continuously perfused. A small magnet was placed at position C of the channel.

Fluorescencemicroscopy images demonstrate that there is an accumulation of capsules close to

the magnet (region C), but that there are only a few capsules located in regions farther away

from the magnet (A, B). Not all the capsules shown in the fluorescence microscopy images are

actually inside the cells; a huge fraction adhere only to the outer cell membrane. However, by

counting the number of capsules that have been incorporated by each cell and plotting the data

as a histogram, it can also be shown that the number of capsules uptaken by each cell is highest at

regions close to the magnet (C). (Adapted from ref. 79, with permission.)
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their cavity as a model for a drug. The release of the polymer from the capsule cavity

upon illumination is shown inFigure 8.13. Thisworkdemonstrates that it is possible to

release encapsulated materials selectively (in this case, a fluorescence-labeled poly-

mer) inside tumor cell lines by applying a laser beam to excite themetal nanoparticles

in thewalls of polyelectrolyte capsules [68]. To avoid any possible additional cellular

FIGURE 8.13 Polymer capsules have been modified with metal nanoparticles in their walls

and with a fluorescent polymer as a model drug in their cavity. In the upper row, a cell that has

ingested two such capsules is shown [fluorescence image, overlay of phase contrast and

fluorescence image; fluorescence intensity profile along the line marked in (a)]. After

illumination of the capsules with a light pointer, the capsule walls opened, and as can be seen

in the lower row, the fluorescent polymer has been released from the capsule cavity. (Adapted

from ref. 81, with permission.)

FIGURE 8.12 Laser-controlled opening of individual capsules by local heating mediated by

Au nanoparticles. The capsule wall is modified with metal nanoparticles, and a macromolecule

is loaded inside the capsule cavity. Upon illumination the Au nanoparticles are heated, causing

the polymer capsule to rupture, releasing the macromolecules. This experiment works at the

single-capsule level.
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damage from laser irradiation, the wavelength of the laser was chosen in the

biologically ‘‘friendly’’ window: namely, the near-infrared part of the spectrum.

Cytotoxic effects due to capsule opening and local increase of cellular temperature are

currently being addressed, but data suggest that lasers can be operated with optimized

power to open capsules without damaging the cells.

Putting both experiments together, it should be possible to direct capsules to the

target location by means of metallic particles embedded in their walls and magnetic

fieldgradients.As statedearlier, capsules are ingested spontaneously.Byputtingmetal

nanoparticles in the walls of the capsules, the capsules can be opened selectively via

illuminationwith a light pointer, which leads to a release of the contents of the capsule

cavity into the cytosol. Although the state of the art of this drug delivery system is still

verymuch in the experimental phase, the combination of different targeting strategies

within one carrier system could nevertheless be clearly proven.

8.5.2 Multifunctional Polyelectrolyte Capsules as Local Sensors

Measuring analyte concentration in small volumes is a very interesting task for many

applications. In cell biology, for instance, it would be very interesting to be able to

measure the concentration of different analytes within the cell (e.g., pH, Ca2þ , Kþ )
since these analytes play a role in many cellular processes [82]. In diagnostics, the

analyte concentrations of samples must be measured routinely. Sometimes these

samples are only available in small quantities, and it is therefore necessary towaste as

little sample as possible. A broad variety of organic fluorophores has already been

developed in order to measure analyte concentrations. Due to their small size, organic

fluorophores can also be used to measure analyte concentrations inside the cell [83].

However, some fluorophores have been demonstrated to react with cellular organelles

and fluids, which could lead to cytotoxic effects and to dye degradation.

Polyelectrolyte polymer capsules with embedded ion-sensitive fluorescence dyes

have been proposed as a possible concept to circumvent the problems mentioned

above [55].As a proof of principle for this new system, afluorimetric pH sensor named

Snarf-1 was loaded into the cavity of polyelectrolyte capsules. Snarf-1 is an organic

fluorophore whose fluorescence color depends on the pH of the surrounding medi-

um [84]. At acidic pH, its protonated form emits at 580 nm (green color) whereas at

alkaline pH, its deprotonated form emits at 640 nm (red color) (Figure 8.14). The

respective fluorescence intensities at 580 and 640 nm are related to the pH of the local

environment in such a way that the 580-nm intensity decreases with increasing pH

values.Analogously, the 640-nm intensity increaseswith increasing pH.ThepHof the

environment can therefore be determined by measuring the ratio of the two fluores-

cence intensities (green and red).

Snarf-loaded capsules have been used to measure the pH inside endosomal,

lysosomal, and phagosomal structures inside living cells. In Section 8.4 it had been

described that after incorporation by cells, capsules are stored in endosomal, lyso-

somal, and phagosomal compartments. Since these compartments typically have

acidic environments [85], Snarf capsules will fluoresce green. The pH of the cell

culture medium, on the other hand, is slightly alkaline, and thus capsules outside cells
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should fluoresce red. Figure 8.15 shows two images from a movie in which poly-

electrolyte capsuleswere taken up by cells. The color of the capsules changes from red

to green when they are incorporated by cells [55].

We stress the conceptual value of this study, which must be seen as a proof of

principle for a new system for analyte detection. The first advantage is that embedding

analyte-sensitive fluorescent dyes in capsules involves high local dye concentration in

avery small volume (Figure 8.16). In thisway, the sensitivity of the dye is enhanced. In

addition, the cytotoxicity effects of the dye in cells should be reduced. Also, the dye

would be protected against anypossible interactionwith cellular organelles andwould

be protected against degradation by the cell. In this way, long-term measurements

should be possible.

Another very important advantage of thesemicrocontainers is the fact that they can

also be labeled by putting fluorescent nanoparticles or organic fluorophores in the

FIGURE8.15 SNARF-1-dextran-loadedmicrocapsules were added to themedium ofMDA-

MB-435S breast cancer cells that were cultured on glass substrates. Capsules in the alkaline cell

medium retain their overall red (R) fluorescence. Capsules that are incorporated in acidic

endosomal–lysosomal–phagosomal compartments inside cells show green (G) fluorescence.

More capsules are ingested by cells and thus change their color offluorescence from red to green

(see the arrow) upon prolonged incubation times. (Adapted from ref. 55, with permission.)

FIGURE8.14 Polyelectrolyte capsules have beenmodifiedwith fluorescent nanoparticles in

their walls, which act as a barcode for their identification. The cavity of the capsules has been

loadedwith a pH-sensitive dye (attached to a polymer, so that the dye cannot diffuse outside the

capsule cavity). The wall of the capsules appears fluorescent, due to the nanoparticle labeling.

The fluorescence of the cavity of the capsules depends on the pH value. The capsule cavity

fluoresces green (G) in the case of acidic pH, and red (R) in the case of alkaline pH. (Adapted

from ref. 55, with permission.)
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capsule wall. In this way, each individual capsule could have a name that would

correspond to one fluorescent barcode. Capsuleswith different names could be loaded

inside their cavities with dyes that are sensitive to different analytes. In this way, one

couldmeasuredifferent analyte concentrations by introducingdifferent capsules, each

loaded in its cavity with a different analyte-sensitive dye and with a different

fluorescent barcode in its wall (Figure 8.17).

FIGURE 8.17 In case different ions (e.g., Naþ , Kþ , Hþ ) should be detected in parallel, one
could use different ion-sensitive fluorophores: for example, one that emits in the green (G)

fluorophore for sodium, one that emits in yellow (Y) for potassium, and one that emits in orange

(O) for pH. Even if ion-sensitive fluorophores with this color of emission existed, spectral

overlap of the fluorescence of the various fluorophores would still be a problem, particularly

when several fluorophores are used in parallel. Capsules can carry fluorescence molecules at

two distinct positions. In this way, the cavity can be loaded with the ion-sensitive dye, and the

wall can be labeled with fluorescent molecules or nanoparticles as spectral barcode. By

identifying individual capsules with their barcode, the problem of spectral overlap could be

circumnavigated. The fluorescence in the cavity of the capsules would correspond to the

concentration of the ions, and the barcode in the capsulewalls would indicate the respective ion

sensitivity of the capsule. This would allow for multiplexed measurements of different ion

concentrations.

FIGURE8.16 Comparison of the situationwhenN dyemolecules have been directly injected

to the cytoplasm of a cell to the situation when the N dye molecules are inside the cavity of a

capsule that has been incorporated by a cell. Encapsulation of the dye in capsules allows for (1) a

high local dye concentration and thus high fluorescence intensities, (2) protecting the cell from

cytotoxic damage due to the dye, and (3) preventing degradation of the dye by the cell.Whereas

dye molecules can be injected directly into the cytosol of cells, ingested capsules are located in

endosomal–lysosomal–phagosomal compartments, and it is still a future challenge to release

capsules to the cytosol.
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8.6 CONCLUSIONS

Due to their small size, nanoparticles present interesting andpromisingproperties for a

number of applications. These new particles are still under investigation, and because

they are relatively new, many parameters in their synthesis, characterization, and

properties have yet to be investigated. While such inorganic nanoparticles can be

considered as building blocks with tailored functionality, (biological) macromole-

cules can be used to assemble them into larger multifunctional units. Nanoparticle-

modified polyelectrolyte capsules have been demonstrated to be such a multifunc-

tional unit.

Since polyelectrolyte polymer capsules are relatively new systems, there are still

manyparameters that have to beadjusted. Polyelectrolyte capsules canbe takenupand

stored by the cells. However, little is known about specific pathways of capsule uptake

and the localization of capsules within a cell. To use polyelectrolyte capsules for in

vivo applications such as drug delivery, these missing details must be ascertained.

Analogously to nanoparticles, similar cytotoxic effects of polyelectrolyte capsules

must be taken into consideration. For drug deliveryapplications,manyparameters still

have to be controlled. For instance, it is necessary to trace where the drugs are located

inside cells after capsule opening. Cytotoxicity effects due to capsule opening and

local heating in the cell must also be investigated. Once all these parameter are finely

controlled, real drug delivery could be addressed by loading polyelectrolyte capsules

with such drugs as the lethal doxorubicin to study cytotoxic effects on cells. In

addition, a complete performance of the drug delivery system (capsule targeting plus

drug release) must be achieved.

Acknowledgments

The experimental results presented in this chapter are based on capsule systems that

have been prepared by Prof. Gleb Sukhorukov’s group: Dr. Oliver Kreft, Dr. Andrei

Skirtach, and Matthieu Bedard. The authors are grateful to Dr. Pilar Rivera Gil for

careful proofreading of the manuscript and valuable discussions. The authors are also

grateful toEricS.Anderson for editing themanuscript.Thispublicationwas supported

by the DFG, EU-STREP SA-NANO, and the Max Planck Society.

REFERENCES

1. Alivisatos A, et al. Electronic states of semiconductor clusters: homogeneous and

inhomogeneous broadening of the optical spectrum. J. Chem. Phys. 1988;89:4001–

4011.

2. Schmidt G, et al. Large transition metal clusters: VI. Ligand exchange reactions on

Au55(PPh3)12Cl6—the formation of a water soluble Au55 cluster. Polyhedron. 1988;7:

605–608.

3. Schmid G, ed. Nanoparticles: From Theory to Application. Wiley-VCH; Weinheim,

Germany, 2004.

270 NANOPARTICLE-BASED DELIVERY AND BIOSENSING SYSTEMS: AN EXAMPLE



4. Eustis S, El-Sayed MA. Why gold nanoparticles are more precious than pretty gold:

noble metal surface plasmon resonance and its enhancement of the radiative and non-

radiative properties of nanocrystals of different shapes. Chem. Soc. Rev. 2006;35:209–

217.

5. Link S, El-Sayed MA. Spectral properties and relaxation dynamics of surface plasmon

electronic oscillations in gold and silver nanodots and nanorods. J. Phys. Chem. B.

1999;103:8410–8426.

6. Huber DL. Synthesis, properties, and applications of iron nanoparticles. Small. 2005;1

(5):482–501.

7. Parak WJ, et al. Quantum dots. In Schmid G, ed. Nanoparticles: From Theory to

Application. Wiley-VCH; Weinheim, Germany, 2004, pp. 4–49.

8. Govorov AO, et al. Gold nanoparticle ensembles as heaters and actuators: melting and

collective plasmon resonances. Nanoscale Res. Lett. 2006;1(1):84–90.

9. Govorov AO, Richardson HH. Generating heat with metal nanoparticles. Nano Today.

2007;2(1):30–38.

10. Alivisatos AP, et al. Organization of ‘nanocrystal molecules’ using DNA. Nature.

1996;382(15 August):609–611.

11. Zanchet D, et al. Electrophoretic and structural studies of DNA-directed Au nanoparticle

groupings. J. Phys. Chem. B. 2002;106(45):11758–11763.

12. Mirkin CA, et al. A DNA-based method for rationally assembling nanoparticles into

macroscopic materials. Nature. 1996;382:607–609.

13. Hughes GA. Nanostructure-mediated drug delivery. Nanomed.: Nanotechnol., Biol. Med.

2005;1(1):22–30.

14. Buck SM, et al. Nanoscale probes encapsulated by biologically localized embedding

(PEBBLEs) for ion sensing and imaging in live cells. Talanta. 2004;63(1):41–59.

15. Hines MA, Guyot-Sionnest P. Bright UV-blue luminescent colloidal ZnSe nanocrystals.

J. Phys. Chem. B. 1998;102(19):3655–3657.

16. Murray CB, Norris DJ, Bawendi MG. Synthesis and characterization of nearly monodis-

perse CdE (E¼ S, Se, Te) semiconductor nanocrystallites. J. Am. Chem. Soc.

1993;115:8706–8715.

17. Du H, et al. Optical properties of colloidal PbSe nanocrystals. Nano Lett. 2002;2

(11):1321–1324.

18. Murphy JE, et al. PbTe colloidal nanocrystals: synthesis, characterization, and multiple

exciton generation. J. Am. Chem. Soc. 2006;128(10):3241–3247.

19. Ashcroft NW, Mermin ND. Solid State Physics. W.B. Saunders, Phiadelphia; 1976.

20. Medintz IL, et al. Quantum dot bioconjugates for imaging, labelling and sensing. Nat.

Mater. 2005;4(6):635–446.

21. Parak WJ, Pellegrino T, Plank C. Labelling of cells with quantum dots. Nanotechnology.

2005;16:R5–R25.

22. Perez-Juste J, et al. Gold nanorods: synthesis, characterization and applications. Coord.

Chem. Rev. 2005;249:1870–1901.

23. Hyeon T, Chemical synthesis of magnetic nanoparticles. Chem. Commun. 2003;8:

927–934.

24. Masala O, Seshadri R. Synthesis routes for large volumes of nanoparticles. Annu. Rev.

Mater. Res. 2004;34:41–81.

REFERENCES 271



25. Lin XM, Samia ACS. Synthesis, assembly and physical properties of magnetic nanopar-

ticles. J. Magn. Magn. Mater. 2006;305(1):100–109.

26. Wilcoxon JP, AbramsBL. Synthesis, structure and properties ofmetal nanoclusters.Chem.

Soc. Rev. 2006;35:1162–1194.
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CHAPTER 9

Luminescent Quantum Dot
FRET-Based Probes in Cellular
and Biological Assays
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9.1 INTRODUCTION

In this chapter we describe the development of luminescent quantum dot–based

bioanalytical probes for the analysis of target analytes in biological samples. The

newly developed quantum dots respond to changes in biological systems by changing

their luminescence properties.More specifically,we focus on studies carried out in our

laboratory toward the development of quantum dot fluorescence resonance energy

transfer (FRET)-based protease sensors for real-time monitoring of proteolytic

activity as a mean to discriminate between normal and cancerous cells. These studies

are a part of a large effort by the research community to develop sensors with high

sensitivity and high specificity for cancer research [1]. To date, fluorescence methods

based on the use of molecular fluorophores have been the most common methods

of detecting biomolecules. Many of these molecular fluorophores suffer from

serious chemical and photophysical limitations, such as broad emission spectra, low
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photobleaching thresholds, and poor chemical stability. The field of optical imaging

was recently advanced by the development of nanoparticle-based agents such as

luminescent quantum dots that exhibit higher photostability and more desirable

photophysical properties. The development of water-soluble and biocompatible

quantum dots was first reported in 1998 [2,3]. Since then, luminescent quantum dots

have emerged as new and promising components in fluorescence sensors for cancer

detection [4]. The quantum dot FRET-based probes that have been developed in

our laboratory are prepared by linking molecular fluorophores to the surface of

CdSe–ZnS luminescent quantum dots. Their analyte response is based on FRET

interactions between the quantum dots and molecular acceptors and on the atten-

uation of these interactions in the presence of target analytes. In the following

sections we briefly review recent developments in the field of quantum dots and

the phenomenon of FRET to enable better understanding of the working principle

and analytical utility of quantum dot FRET-based nanosensors.

9.2 LUMINESCENT QUANTUM DOTS

Quantum dots are semiconductor nanoparticles 1 to 10 nm in diameter. These

luminescent nanocrystals are composed of atoms from the II–VI (CdS, CdSe, CdTe,

ZnO, ZnSe), III–V (InP, InAs, GaN, GaP, GaAs), and IV–VI (PbS, PbSe, PbTe)

groups of the periodic table. Quantum dots are spherical, crystalline particles of a

given material consisting of hundreds to thousands of atoms. Their diameter is

smaller than the Bohr radius of electron–hole pairs (excitons). When the size of a

semiconductor particle is small enough to approach the size of the material exciton

Bohr radius, the electron energy levels are no longer treated as a continuum but,

instead, are treated as discrete, a condition defined as quantum confinement.

Quantum confinement leads to increased stress on an exciton, which results in

increased energy of the photon emitted. The smaller the quantum dots, the higher the

energy required to form the exciton. The behavior of the excited electron can be

described by a simple particle-in-a-box model [5]. The quantum confinement

increases the probability of overlap between the electron and hole, which increases

the rate of radiative recombination. This results in quantum dots with unique optical

and electronic properties [6–10].

CdX quantum dots (X¼ S, Se, Te) have attracted great interest, due to their

emission in the ultraviolet–visible–near infrared range of the electromagnetic spec-

trum. These quantum dots have several optical characteristics which distinguish them

from conventional organic fluorophores. These include size-dependent lumines-

cence [2,11], in which the light wavelength emitted is determined by the energy

bandgap between thevalence and conduction bands of the quantumdots.As the size of

the quantum dots decreases, the energy bandgap increases. Since the energy bandgap

of the quantum dots is size dependent, the emission color of the quantum dots is also

size dependent [12,13]. Luminescent quantum dots have a much wider absorption

spectrum than that ofmolecular fluorophores. This enables excitation of quantumdots

using a wide range of wavelengths. It also enables the excitation of quantum dots of
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different sizes by a singlewavelength, which makes them suitable for multiplexing or

simultaneous detection of quantumdots of different emission colors (8). Additionally,

the molar extinction coefficients of quantum dots are larger than those of organic

dyes [14,15]. Quantum dots have symmetric and narrow emission spectra without a

red tail. This reduces crosstalk between emission signals of quantum dots of

different emission colors [16]. The long fluorescence lifetime of quantum dots is

also an advantage since it enables their use in time-gated detection to separate their

signal from that of shorter-lifetime species: for example, the autofluorescence of

cells [17,18]. Finally, a major advantage of quantum dots is their high photostability

and chemical stability compared tomolecular fluorophores, which enables their use in

imaging applications that require long exposure times [19–25].

The size and shape of quantum dots are controlled by altering the duration,

temperature, and ligand molecules used in their synthesis. To date, quantum dots

such as CdSe, CdS, and CdTe have been synthesized in various media, including

aqueous solution [26,27], reverse micelles [28], polymer films [29,30], sol–gel sys-

tems [31], and trioctylphosphine oxide (TOPO)/trioctylphosphine (TOP) [11,32–34].

High-quality quantum dots have been achieved by pyrolysis of organometallic pre-

cursors in TOP–TOPOmedia, first reported by Murray in 1993 [11]. The synthesis is

carried out by injecting dimethylcadmium [Cd(CH3)2] and sulfur, selenium, or

tellurium dissolved in TOP solution to hot TOPOmedia. However, dimethylcadmium

is very toxic, pyrophoric, unstable, and expensive. The synthesis procedure was later

refinedbyPengandco-workers,who replaced the toxic cadmiumprecursorCd(CH3)2,

with CdO, Cd(Ac)2, and CdCO3, which led to a more user-friendly green synthe-

sis [32–34]. Confining the electrons to the bulk of luminescent quantum dots is

imperative to their bright luminescence. The excited electron or hole could be trapped

by surface defects such as vacancies, local lattice mismatches, dangling bonds, and

adsorbates at the surfaces. These lead to nonradiative recombination and to low

emission quantum yield (5). Additionally, the uncapped quantum dots are so reactive

that they readily undergophotochemical degradation. Todecrease the effect of surface

defects and to protect surface atoms from oxidation and other chemical reactions, an

additional thin layer made of a higher-energy bandgap semiconductor material (e.g.,

ZnS) is grown on the surface of the quantum dots [35–39]. This process, often

described in the literature as surface passivation, increases the emission quantum

yield, improves chemical stability and photostability, and reduces the toxicity by

preventing leakage of Cd or Se to the surrounding environment. Due to the availability

of precursors and the simplicity of crystallization,CdSe–ZnScore–shell quantumdots

have been widely used in biological applications.

High-quality quantum dots that are synthesized in organic solvents are not water

soluble, are not biocompatible, and do not have the functional groups required for

bioconjugation. To facilitate their application in aqueous biological systems, the

hydrophobic TOPOmolecules that serve as capping ligands of luminescent quantum

dots must be replaced by bifunctional hydrophilic capping ligands or coated with

amphiphilic protective layer to impart water solubility and potential bioconjuga-

tion sites. Various methods of quantum dot surface functionalization to facilitate

their water solubility, stability in aqueous systems, and biocompatibility have been
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developed in recent years. These solublization strategies can be divided into three

categories.

1. Ligand exchange is a process involving the replacement of hydrophobic

ligands with bifunctional ligands in which one end binds to the quantum dot

surface and an opposing end imparts water solubility via hydrophilic groups.

Thiols (�SH) are often used to bind the capping ligand to a quantum dot ZnS

surface. The TOPO ligands are often exchanged with thiol-functionalized

compounds such as mercaptoacetic acid (MAA) [3], dihydrolipoic acid

(DHLA) [40], dithiothreitol (DTT) [41], and dendrons [42]. In our laboratory

we found that the amino acid cysteine is also an effective capping ligand to

create hydrophilic quantum dots [43]. Pinaud and co-workers reported that

cysteine-containing peptides can also be used as effective capping ligands to

facilitate the water solubility of quantum dots [44]. Since the bond between

thiol and ZnS is not particularly strong, the ligands often fall off the surface,

which leads aggregation of the quantum dots [45]. In addition, the ligand

exchange process often disturbs the chemical and physical state of the surface

atoms of quantum dots and reduces their emission quantum yield [46].

2. Silica encapsulation involves the growth of a silica layer on the surface of

quantum dots. Functional organosilanemolecules are incorporated into the shell

to provide surface functionalities for bioconjugation [2,47–50]. The silica-

coated quantum dots are extremely stable because the silica layer is highly

cross-linked. However, the method is very laborious and the silica layer may be

hydrolyzed [51].

3. Another approach is to coat quantum dots with an amphiphilic polymer or

phospholipids, which interleave with the hydrophobic TOPO ligands through

hydrophobic attraction and provide a hydrophilic exterior to ensure aqueous

solubility [25,52–54]. This process maintains the native ligands (TOPO) on the

surface of quantum dots. This retains the high-emission quantum yield of

quantum dots and protects the quantum dot surface from deterioration in

biological solution. However, the final size of quantum dots is large, which

could limit many biological applications [51].

Despite these limitations, water-soluble quantum dots have been widely used in

protein assays [55–59] and in DNA and RNA hybridization assays [60–64]. They have

also been used as labels in in vitro imaging of cells and tissues [25,65–68] and in invivo

imaging applications in whole animals [69–73]. As mentioned previously, the focus of

our work is the development of quantum dot FRET-based probes for biological

applications.Abrief description of FRET leading to our results in this area is given next.

9.3 FLUORESCENCE RESONANCE ENERGY TRANSFER

Fluorescence resonance energy transfer involves nonradiative energy transfer from an

excited donor to an acceptor via through-space dipole–dipole interaction [74–76].
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Molecular FRET donor–acceptor pairs satisfy the following conditions: (1) spectral

overlap between the absorption spectrum of the acceptor and the fluorescence

emission spectrum of the donor, and (2) the fact that the donor and acceptor molecules

must be in close proximity (typically, 10 to 100A
�
). The rate of energy transfer depends

on the extent of spectral overlap between the emission spectrum of the donor and the

absorption spectrum of the acceptor, the relative orientation of donor–acceptor

transition dipoles, and the distance between the donor and acceptor. The rate of

energy transfer is given by

kt ¼ t� 1
D

R0

R

� �6

ð9:1Þ

where tD is themeasured lifetime of the donor in the absence of the acceptor, andR0 is

the critical radius of the transfer or the Forster distance, which is the distance at which

the energy transfer efficiency is 50%. R0 depends on the spectral characteristics of the

donor–acceptor pair and is expressed as

R0 ¼ 3000

4pNjAj1=2

 !1=3

ð9:2Þ

whereN is Avogadro’s number and |A|1/2 is the concentration of the acceptor at which

the energy transfer efficiencyE is 50%. For a donor and acceptor pair that is covalently

bound, E is expressed as

E ¼ R6
0

R6
0 þR6

ð9:3Þ

The FRET efficiency can be measured experimentally by monitoring changes in the

donor or/and acceptor fluorescence intensities, or changes in the fluorescent lifetimes

of fluorophores. As a result, the fluorescence intensity and lifetime of donor decrease

while the acceptor fluorescence is sensitized and its lifetime is longer.

Molecular fluorophores have been used widely as donors and acceptors in FRET-

based assays and sensors. However, they have several limitations as FRET

agents [51,77,78]. These include narrow and overlapping absorption spectra, which

make it difficult to avoid direct excitation of the acceptor; and a broad emission

spectrum of the donor with long red tailing, which often overlaps with the emission

spectrum of the acceptor and results in spectral crosstalk. In addition, molecular

fluorophoreshave lowphotobleaching thresholds,whichprevent real-timemonitoring

of FRET signals over long durations under conditions of continuous exposure.

Quantum dots have been investigated as FRET donors, as alternatives to tradi-

tional molecular fluorophores because of their high photostability and their unique

spectral properties [52,77,79]. In 1996, Kagan and co-workers first reported energy

transfer between quantum dots [80,81]. In 2001, several research groups reported

FRET between quantum dots andmolecular fluorophores and quenchers [82–84]. For

example,Willard et al. developed quantum dots as a FRET donor in a protein–protein
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binding assay [82]. In 2003, Medinta et al. reported the development of quantum dot

FRET-based biosensors for maltose, which was realized by coating CdSe–ZnS

quantum dots capped with DHLA with maltose-binding protein (MBP) mole-

cules [85]. The FRET assay was based on competitive interactions between maltose

and molecular quenchers on the MBP-binding site. Maltose molecules displaced

the molecular quenchers from the MBP-binding sites, which resulted in a maltose

concentration–dependent increase in the emission of MBP-coated quantum dots.

Similar quantum dot FRET-based sensors were developed for TNT [86], toxins [87],

b-lactamase [88], collagenase [89], DNA [64], RNA [90], and proteins [91]. In all of

these probes, the quantum dots were used as donors while the organic fluorophores

served as fluorescent acceptors. The FRET mechanism allows the quantum dots to

respond to environmental changeswhile avoiding direct chemical interactionwith the

quantum dots that could negatively affect their photophysical properties and decrease

their brightness.

9.4 QUANTUM DOT FRET-BASED PROTEASE PROBES

Recent studies in our laboratory focused on the development of quantum dot FRET-

based protease probes [92,93]. The working principle of these probes is illustrated in

Figure 9.1. Luminescent quantum dots that are coated with unlabeled RGDC peptide

molecules emit green light. When capped with rhodamine-labeled RGDCmolecules,

the emission color turns orange, due to FRET interactions between the quantum dots

and rhodamine molecules. The RGDC peptide molecules are cleaved by proteolytic

enzymes to release the ehodamine molecules from the surface. This, in turn, restores

the green emission of the quantum dots. To prepare quantum dot FRET-based probes,

TOPO-capped CdSe–ZnS quantum dots were first synthesized following a method

developed by Peng and others with slight modifications [32,94]. A ligand exchange

reaction was then used to replace the TOPO ligands with RGDC peptide molecules,

some labeled with rhodamine and some unlabeled. The reaction was carried out in a

mixture of pyridine anddimethyl sulfoxide (DMSO) following amethoddevelopedby

Pinaud and co-workers [44]. Unbound peptide molecules were removed by spin

dialysis. The ratio between rhodamine-labeled RGDC and unlabeled RGDC peptide
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FIGURE9.1 Quantumdot FRET-based protease sensor. Green and orange emitting quantum

dots are shown in light and dark gray, respectively.
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molecules was varied to maximize the FRET signal between the quantum dots and

attached rhodamine molecules. Figure 9.2 shows the emission spectra of rhodamine-

labeled peptide coated at increasing rhodamine-labeled RGDC concentration. When

excited at 445 nm, the emission peak of the quantum dots at 545 nm decreased with

increasing rhodamine concentration. The emission peak of rhodamine at 590 nm also

increased progressively with increasing rhodamine-labeled RGDC concentration.

These observations indicated the occurrence of FRET between the quantum dots

and the rhodamine molecules. Digital fluorescence microscopic images were used

to provide additional visual evidence of FRET between the quantum dots and

rhodamine molecules. The emission color of unlabeled peptide-coated quantum

dots was green. The emission color turned yellow–orange when the unlabeled

RGDC peptide molecules were replaced with rhodamine-labeled RGDC molecules.

This emission color change from green to orange also indicated the occurrence of

FRET between quantum dots and bound rhodamine molecule.

The quantumdot FRET-based probeswere first used to determine the activity of the

proteolytic enzyme trypsin,which cleaves peptides and proteins at the carboxyl end of

lysine (K) and arginine (R). Figure 9.3(a) shows the temporal dependence of theFd /Fa

ratio at increasing trypsin concentrations, ranging from 0 to 500mg/mL. Fd /Fa is a

direct measure of the FRET efficiency between the quantum dots and molecular

acceptors. HighFd /Fa, values indicate low FRETefficiency.Fd /Fawas normalized to

(Fd /Fa)0, which is thevalue ofFd /Fa prior to the addition of trypsin to the quantumdot

solutions. It can be seen that Fd /Fa increased faster at higher trypsin concentrations.

For example, at 250 mg/mL trypsin, the enzymatic reactionwas completed in less than

FIGURE 9.2 (a) Emission spectra of rhodamine-labeled peptide-coated quantum dots at

increasing ratio between rhodamine-labeled RGDC peptide and unlabeled RGDC peptide

molecules: curve a, 0:1; curve b, 8:1; curve c, 16:1; curve d, 32:1; curve e, 50:1.
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FIGURE 9.3 (a) Temporal dependence of the rhodamine-labeled peptide-coated quantum

dots at increasing trypsin concentration: curve a, 0mg/mL; curve b, 25mg/mL; curve c, 50mg/
mL; curve d, 100mg/mL; curve e, 250mg/mL; curve f, 500mg/mL. The ratio Fd/Fa was

normalized to (Fd/Fa)0, which is the ratioFd/Fa prior to adding trypsin to the quantum dot probe

solutions. (b) Emission spectra of the quantum dot FRET-based probes at increasing trypsin

concentration: curve a, 0mg/mL; curve b, 25mg/mL; curve c, 50mg/mL; curve d, 100mg/mL;

curve e, 250mg/mL; curve f, 500mg/mL. (lex¼ 445 nm.)
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15 minutes. The short assay time is a significant advantage over previously reported

quantum dot FRET-based probes, in which longer reaction times were reported [89].

The quantum dot FRET-based probes were also used successfully to determine the

activity of collagenase, another proteolytic enzyme from the family of extracellular

matrixmetaloproteinases (MMP). Following a demonstration of the ability of quantum

dot FRET-based probes to monitor the activity of collagenase in solution, we

employed the same probes tomeasure the activity ofMMPs in cell cultures. Quantum

dot FRET-based probes were embedded in the extracellular matrix of normal and

cancerous breast cells. Images of quantum dot FRET-based probes in normal and

cancerous breast cell cultures were taken at t¼ 0 and t¼ 15 minutes following

addition of the quantum dot-based probes to the cultures. The emission color of the

orange emitting quantumdots did not changewhen incubatedwith normal breast cells.

On the other hand, a clear change of emission color fromorange to greenwas observed

when the quantum dot FRET-based probes were incubated with breast cancer cells,

which is attributed to the overexpression of MMPs in breast cancer cells. Similar to

soluble collagenase, the MMPs cleave the peptide molecules and release the rhoda-

minemolecules from the quantumdots. This results in rapid FRET signal changes and

in an emission color change in the quantum dots. These newly developed cellular

assays provide valuable tools in the quest of the research community to develop new

and improved methods for cancer detection and monitoring.

9.5 SUMMARY AND CONCLUSIONS

In this chapter we describe the development of quantum dot FRET-based sensors with

a particular focus on protease activity probes. The quantum dot FRET-based sensors

are based on FRET interactions between quantum dots, which serve as donors, and

molecular fluorophores, which are attached to the quantum dot surface and serve as

fluorescent acceptors. This unique geometry has enabled the use of quantum dots for

the first time in nanosensing applications. It must, however, be noted that FRET

interactions between quantum dots and fluorescent acceptor molecules are not fully

understood and need to be studied in greater detail. Unlike in FRET interactions

between molecular donors and acceptors, the distance between quantum dots and

molecular acceptors is not well defined. Our studies show that the FRET efficiency

is high even when a short tetrapeptide links the quantum dots and the acceptor

molecules. It is possible that the accumulative interaction between single quantum

dots and multiple acceptor molecules compensates for the low FRET efficiency

between quantum dots and individual acceptor molecules when these are bound

through a short linker. It should also be noted that the Forester theory commonly used

to describe energy transfer between molecular donor and acceptor molecules was

never tested in heterogeneous systems consisting of luminescent nanoparticles as

donors and fluorescent molecules as acceptors. The heterogeneity in quantum dot size

can affect the precision of single-molecule FRET measurements.

In broader terms it is clear that quantum dots have considerable advantages

overmolecular fluorophores. However, quantum dots have their limitations in
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biological applications. Surface modification of quantum dots to realize aqueous

solubility and the presence of functional groups suitable for bioconjugation often

decrease the emission quantum yield of quantum dots. Also, quantum dots have

limited pH stability and tend to aggregate in biological media. Although it is possible

to attach anumber of biomolecules to a single quantumdot, it is difficult to quantify the

actual number of biomolecules on the quantum dot surface. This requires the

development of a new generation of instrumentation with the capability to interrogate

the surface of nanoparticles to quantify molecular surface overages at the single

particle level. Perhaps the biggest concern associated with large-scale use of lumi-

nescent quantum dots is their cytotoxicity. It is difficult to envision widespread use of

cadmium-based quantum dots given their toxicity properties. Nevertheless, given the

superb photophysical properties of luminescent quantum dots, it is likely that research

will continue tominimize, if not eliminate, their toxicity and increase their stability in

biological systems and biocompatibility while maintaining their unique photophy-

sical properties intact.
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10.1 INTRODUCTION

Quantum dots (QDs) are tiny, discrete particles of nanocrystallinematerial comprised

of one or more inorganic semiconductors. As a result of their small size, they possess

unique optical properties which result from quantum confinement of their conduc-

tance band electrons. Consequently, quantum dots display broadband excitation and
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relatively narrow emission profiles which are intrinsically size dependent. QD

diameters are typically in the range 1 to 12 nm, with emissions shifting to higher

wavelengths with increasing size [1]. Typically, CdSe-based QDs with diameters of 2

to 6 nm emit in the visible spectrum. To maintain these unique optical properties, it is

imperative that individual quantumdots remain asdiscrete entities. This is achievedby

coating the QDs in additional layers of inorganic and/or organic materials. The QDs

may either be directly coated in an organic ligand such as trioctylphosphine oxide

(TOPO, core particles), or the QD may first be coated in one or more shells of an

inorganic passivating layer (core–shell particles) such as zinc sulfide (Figure 10.1).

Passivating layer(s) are employed to confer improved optical properties and greater

stability of the QDs. Advances in QD synthesis, coating technologies, and functio-

nalization have provided materials with a number of advantages over conventional

fluorophores for use as biological probes (see Table 10.1) [2].

Two seminal reports in Science, by Bruchez et al. [3] and Chan and Nie [4],

described the first examples of using QDs as biological probes and provided

compelling evidence of the importance of these materials in biological applications.

Primarily as a result of these two articles, great effort has been directed at developing

methods for exploiting QDs in the biological arena. Although QDs are also attracting

significant interest in the areas of electronics (e.g., displays, solar cells, solar cell

concentrators, LEDs) and security (e.g., authentication tagging, tracking), these areas

do not fall within the scope of this chapter, in which we focus solely on biological

sensing applications.Moreover, the utility of simpleQD-based probes is not dealtwith

FIGURE 10.1 Typical core–shell QD.

TABLE 10.1 Comparison of the Properties of Conventional Fluors and QDs

Property Fluorescent Probe Quantum Dot Probe

1 Broadband excitation No Yes

2 Narrow bandwidth emission No Yes

3 Emit light of high intensity Moderate Yes

4 Available in many colours Yes Yes

5 Readily attachable to analytes Yes Moderate

6 Resistant to quenching No Yes

7 Photochemically stable No Yes

8 Cheap and readily available Yes No

Source: From ref. 2, with permission from Elsevier.
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here (althoughwedirect the interested reader to a number of comprehensive reviews in

this area) [5], aswe seek to focus onbiologically compatibleQD–polymer composites.

Thechapter is divided roughly into two sections. In thefirstweoutlinevariousmethods

employed to synthesize QD–polymer composites. Here the construction of polymer

composites that contain both individual QDs and a plurality of QDs is discussed.

Potential problems with each method, such as ligand exchange and reduction in

quantum yield, are highlighted and the optimal methods currently available are

identified. The second section is concerned with applications of these QD-containing

materials. Following a short discussionofQD–polymer composite characterization, in

the majority of the second section we focus on reviewing a number of successfully

developed quantum dot–polymer composites that have been reported recently, and

these exemplars are evaluated fromastrengths andweaknesses perspective. In thefinal

part of the chapter we focus on potential future directions in the areas covered.

10.2 QUANTUM DOT–COMPOSITE CONSTRUCTION

10.2.1 Polymer Coating of Individual QD Surfaces

For a number of applications, particularly in biological targeting and imaging

studies, it has been desirable to coat individual QDs with polymers in order to confer

useful properties while maintaining a relatively small hydrodynamic volume.

Amphiphilic polymers are ideal for this purpose, as their hydrophobic component

can be used to bind them to the surface of similarly hydrophobic QDs (e.g., TOPO

coated), while their hydrophilic component can render the resulting composite

materials water soluble. When coating QDs with amphiphilic polymers, care must

be taken, as in addition to discrete QD–polymer composites, micelles and vesicles

can be formed. In an early study by Wu et al., octylamine-modified acrylic acid was

used to coat organic-soluble Cd–ZnS QDs, forming water-soluble nanoparticles [6].

The surface was further cross-linked by EDC-mediated coupling to lysine prior to

conjugation to various biomolecules via the carboxyl groups on the polymer

backbone. It has also been demonstrated that following conjugation with biomo-

lecules (e.g., Tuftsin) and PEG chains, such QD–polymer composites display long-

term colloidal stability in aqueous PBS buffer solutions [7]. Yu et al. describe the

solubilization of hydrophobic ligand-coated CdSe–CdS and CdSe–ZnS QDs using

amphiphilic block copolymers constructed by reacting poly(maleic anhydride-alt-1-

octadecene) with amino- and hydroxyl-terminated PEGs [8]. Photoluminescent (PL)

properties of the QDs were unaffected by this coating process, and cryogenic–

transmission electron microscopy (TEM) images of the QD – polymer composites in

water show clearly that they are discrete entities (Figure 10.2). Moreover, the size,

shape, and PL properties of the polymer-encapsulated QDs are the same as those

before exposure to the amphiphilic block co-polymer. As well as conferring water

solubility, PEG groups were incorporated into the polymer to give improved

biocompatibility, and free carboxylic acid groups on the polymer surface provided

sites for further functionalization.
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In a similar study, Gao and co-workers [9] used hydrophobic interactions to

encapsulate TOPO-coated QDs with an ABC triblock co-polymer comprised of

poly(butyl acrylate), poly(ethyl acrylate), and poly(methacrylic acid) segments. In

this example, some of the poly(methacrylic acid)moietieswere converted into amides

with pendent C-8 alkyl chains to enable hydrophobic association of the triblock

copolymer with the alkyl chains of the TOPO ligands surrounding the QDs. Subse-

quent polymer encapsulation of the QDs was found to occur spontaneously and

resulted inhighly stablediscreteQD–polymer composites.Aswithdiblockcopolymer

encapsulation, no deleterious effects on emission properties and quantum yields were

observed.

Branched polymers have also been used to coat the surface ofQDs and conferwater

solubility. A straightforward example of this is the exchange of the native ligands of

hydrophobic CdSe–ZnS QDs with hyperbranched poly(ethylenimine) (PEI), which

promotes phase transfer fromorganic solvents intowater [10]. Low-molecular-weight

PEI (800 Da) afforded QDs with a hydrodynamic volume of 10.7� 1.4 nm, and this

value increased to 17.5� 2.5 nm with high-molecular-weight PEI (25 kDa). In this

example,PEI is attached to theQDsurface through thenumerousamine functionalities

within thepolymer backbone, all ofwhich canact as ligands.Thiswill invariablygivea

non-region-specific attachment and could lead tomultiple QDs being immobilized by

the same PEImolecule. In another example, polyamidoamine (PAMAM) dendrimers,

whichalsocontainmanyamines throughout their structures,werepartially thiolatedby

reaction with the N-hydroxysuccinimide ester of 3-mercatopropionic acid [11]. The

addition of a small number of thiol groups relative to amines was shown to give

improved binding efficiency over unmodified PAMAM dendrimers when ligand

exchange reactions were carried out with TOPO-coated CdSe nanoparticles in order

to provide water-soluble QDs. The degree of specificity for the thiol groups when the

dendrimer binds to the QD surface was not elucidated in this study.

In order to reduce the tendency of QD–polyamine composites to aggregate and

precipitate in biological buffers, as well as to reduce cytotoxicity for intracellular

studies, Duan andNie have coatedQDswith branched PEIs that were firstmodified by

attaching PEG chains via succinimide coupling [12]. TEM imaging of the composite

FIGURE 10.2 (a) TEM photograph, obtained from an evaporated chloroform solution,

showing CdSe–CdS QDs of dimensions 5.8�8.4 nm; (b) cryogenic TEM photograph clearly

showing well-dispersed water-soluble discrete QD–polymer composites in water. (From ref. 8,

with permission. Copyright � 2007 American Chemical Society.)
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particles also indicated that they consisted primarily of single QDs, and in optical

imaging studies they displayed the on–off blinking behavior that is characteristic for

single dots spreadon aglass surface. In an alternativeapproach,Nikolic et al. [13] have

grafted PEG chains to both branched PEIs and linear diethylenetriamine (DETA) by

use of a diisocyanate spacer, and the comparative properties of QDs coated with these

polymers have been studied. They report that the best quantum efficiencies for

CdSe–CdS nanoparticles were observedwhen using relatively low-molecular-weight

poly(ethylene oxide) (PEO, MW¼ 2000 g/mol) modified with linear DETA, which

they attributed to a higher grafting density than that of the branched PEI co-polymers.

A reduction in quantum yield was also observed for higher-molecular-weight PEOs,

which was again thought to be due to a lower grafting density. Despite the superior

quantum yield observed for QDs coated with PEO–DETA, TEM images revealed that

these nanocomposites had a tendency to form wormlike aggregates [Figure 10.3(c)

and (d)], unlike those coated with PEO–PEI, which were observed to be single,

well-separated entities [Figure 10.3 (a) and (b)].

CdSe/ZnSQDs have been encapsulatedwithin phospholipidmicelles composed of

n-poly(ethylene glycol) phosphatidylethanolamine and phosphatidylcholine. [14].

These QD-containing micelles displayed highly uniform size and shape, and their

outer layer of PEG provided enhanced colloidal stability in water and biocompati-

bility. When QDs above 4 nm were modified in this way, the majority of the micelles

FIGURE10.3 TEM images of CdSe–CdSQDs coatedwith (a) PEO2000-PEI, (b) PEO5000-

PEI, (c) PEO2000-DETA, and (d) PEO5000-DETA. (From ref. 13, with permission. Copyright

�2006 Wiley-VCH Verlag GmbH & Co. KGaA.)
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formed were reported to contain individual QDs, whereas those below 4 nm in

diameter formed micelles containing multiple QDs.

10.2.2 Encapsulation ofMultipleQDsWithinMicelles orMicrocapsules

To protect QDs from quenching or surface degradation, as well as to enhance the

biocompatibility of these intrinsically hydrophobic nanoparticles, it is desirable that

they be immobilized within the core of polymeric particles. Where single QDs are

polymer coated, as described in Section 10.2.1, this will invariably be the case;

however, where the formation of larger composites containing multiple QDs is

desired, localization of the nanocrystals within the core is more complicated. It is

also important that the QDs remain spatially separated from one another to avoid self-

quenching. Block co-polymers containing both a polystyrene and a poly(acrylic acid)

component have been used in the formation of QD compound micelles (QDCMs)

containingmultiple nanoparticles [15].Self-assemblyof theseQDCMswas inducedby

the dropwise addition of water to DMF solutions containing block copolymer–

stabilized QDs and the amphiphilic polymer. The block co-polymer chains around the

individual QDs separates them spatially within the core of the micelle. Kinetic control

over themicelle sizewasachievedbyvarying either the initial polymer concentrationor

the rate of addition of water, affordingQDCMs in the approximate range 50 to 200 nm.

Charge-driven encapsulation of QDs into preformedmicrocapsules with a charged

core has been explored by Gaponik et al. (Figure 10.4) [16]. The microcapsules were

built up aroundmelamine formamidemicrospheres by deposition of alternating layers

FIGURE 10.4 Formation of polyelectrolyte microcapsules and charge-driven encapsulation

of nanoparticles. (From ref. 16b, with permission. Copyright � 2004 American Chemical

Society.)
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of polycation [poly(allylamine hydrochloride)] or polyanion [sodium poly(styrene

sulfonate)]; see Figure 10.4. The core melamine particles were then etched out by

treatment with 0.1M HCl and the inner electrolyte shell, composed of a complex of

citrate ions and either polyanion or polycation, was destroyed by treatment with 2 M

NaCl and then basicmedium (ca.pH10), to give a charged liquid center.Water-soluble

thiol-cappedCdTeQDswith anegativechargeweredragged intomicrocapsuleswith a

positively charged center by electrostatic forces, and positively charged nanocrystals

were similarly encapsulated by microcapsules with a negatively charged center.

Furthermore, microcapsules could be tagged with multiple QDs of different sizes

(and therefore emission spectra), giving rise to encoding strategies for combinatorial

libraries, or tagged simultaneously with QDs and Fe3O4 nanoparticles to give

fluorescent microcapsules with magnetic properties.

10.2.3 QD Immobilization by Doping into Polystyrene Microspheres

Perhaps themost straightforwardmethod of immobilizingQDs into polymer particles

is by doping polystyrene microspheres with solutions of the QDs in an appropriate

solvent to allow penetration of the nanoparticles into the polymer core. This method

often relies upon hydrophobic interactions between the QD ligand (commonly,

TOPO) and the polymer surface, preventing QDs from leaching out of the polymer

particle. Furthermore, the polymer matrix is able to keep the immobilized QDs

spatially separated, thus maintaining their optical properties and avoiding self-

quenching. This technique was first reported by Nie and co-workers [17] and is still

widely used to provide rapid access toQD–polymer conjugates. In this seminal report,

the polymer particles utilized in QD immobilization were synthesized by emulsion

polymerization of styrene with DVB as a cross-linker and acrylic acid as a functional

co-monomer. By controlling the amount of poly(vinylpyrrolidone) (PVP) stabilizer

used in such reactions, particles with diameters in the range 0.1 to 5.0mm were

synthesized. The embedding process was carried out by doping the polymer particles

with QDs in a solvent mixture of chloroform/propanol (5 : 95) for about 30minutes at

room temperature. The immobilizedQDswere further protected by polymerization of

3-mercaptotrimethoxysilane within the pores of the polymer particles. They also

demonstrated that the narrow emission profiles of QDs allowed for the synthesis of

polymer particles with unique and identifiable optical codes by doping of multiple

QDs of different colors, the applications of which are discussed further in Sec-

tion 10.3.4.4. They suggested that thismust be carried out in a sequential manner, with

QDs being loaded in order of decreasing size, although later reports have shown that

solutions containingmultipleQDs in the desiredmolar or fluorescent ratio can be used

to dope polymer particles directly [18]. Several years after reporting the immobili-

zation of QDs onto nonporous microspheres, Gao and Nie suggested that vast

improvements could be made to the technique by use of macroporous polystyrene

particles (Figure 10.5) [19]. The combined effect of a greater surface area and more

extensive diffusion of NPs through the porous network afforded QD–polystyrene

particles that were around 1000 times brighter than nonporous particles of similar

size and chemical composition. Incorporation of the QDs into the macroporous
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polystyrene particles was shown to be very rapid, with only 0.1% of QDs left in

solution after 10 minutes, and TEM images revealed that QDs were incorporated

uniformly throughout the sample. It was reported that no leakage of the QDs was

observed in water or polar solvents. However, it is highly likely that leaching would

occur in nonpolar solvents such as chloroformand toluene,which are known to readily

solubilize hydrophobic QDs [20].

Polymer spheres, synthesized by surfactant-free emulsion polymerization of

styrene and acrylamide, have also been used to encapsulate NPs in a weakly polar

organic solvent mixture (chloroform/butanol, 5 : 95). SEM analysis of the polymer

particles indicated amesoporous surfacewith hydrophobic cavities inwhich bothQDs

and nano-g-Fe2O3 particleswere trapped simultaneously [21].Gao andNie report that

in the case of nonporous beads, QDs can only penetrate to 10 to 20 nm below the

surface [19]. However, Bradley et al. have since shown that this is not true in all cases

and that with lightly DVB cross-linked (1 to 5wt%) polystyrene microgels the extent

of QD penetration is directly related to the degree of swelling of the polymer

particle [22]. Furthermore, in the case of 1% cross-linked particles, doping in a

suitable swelling solvent (e.g., chloroform) allowed the QDs to become evenly

distributed throughout the microgel. A number of QD immobilization strategies,

including Gao and Nie’s early report, discussed above, have utilized carboxyl-grafted

polystyrene particles [17,23]. Carboxyl functionalities have been selected largely to

provide points of attachment of biomolecules following immobilization. Although it

has never been suggested explicitly in the literature, it is also possible that these

carboxyl groups are able to interact with the QD surface to provide a more stable

attachment. Where Li et al. transferred aqueous CdTe nanoparticles into chloroform

using a cationic surfactant and then doped acrylic acid–containing polystyrene

microspheres with this solution, they reported that QDs seemed ‘‘cemented’’ into

the polymer microspheres, with no need for a polymer or silica shell [23b]. As well as

having applications in the formation of QD–polymer conjugates with sites for

FIGURE 10.5 Grayscale fluorescence images of mesoporous polystyrene beads doped with

different-sized QDs. (Reproduced in part from ref. 19, with permission. Copyright � 2004

American Chemical Society.)
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subsequent attachment of biomolecules, QD doping has been shown to be compatible

with preconjugated oligonucleotide–polystyrene microspheres [24]. However,

although having the advantage that QDs are not subjected to potentially damaging

chemical reagents post-immobilization, this approach is unlikely to be applicable for

more complex biomolecules (e.g., proteins), which are not likely to be stable in the

organic solvents required to swell microspheres for QD doping.

Stsaipura et al. have highlighted a disadvantage of immobilizingQDs by the type of

doping strategies discussed above, which could potentially limit the usefulness of the

technique [25]. They report that QDs that are only partially embedded close to the

microsphere surface are far more like unmodified QDs than are those that are truly

encased in the polymer matrix. As such, hydrophobic interactions between surface

QDs in different beads can cause aggregation of the microsphere population in water.

They also suggest that such interactions can lead to self-quenching of the PL of

QD–polymer conjugates, due to the surface QDs being brought into close proximity.

Addition of 1% (w/w) bovine serum albumin (BSA), which is known to block

hydrophobic interactions, to a suspension of agglomerated QD microspheres was

shown to cause a substantial increase ( > 25%) in the PL intensity. However, consid-

ering that surface QDs make up relatively little of the overall population in QD–

polymer conjugates of this type, it seems unlikely that the extent of this effect can be

attributed solely to self-quenching.APL increaseof thismagnitude ismore likely tobe

due to the substantial increase in surface area of the freely suspended microspheres

compared to the previously agglomerated mass of microspheres, allowing light to

travelmore freely throughout the sample.Caoet al. [26] have reported the formationof

silica shells around pre-doped QD–carboxyl–polystyrene microspheres to provide

increased protection to any QDs near the surface and to circumvent any possibility of

QD leakage. They report that this inorganic shell has the advantages of being

chemically inert, optically transparent, and able to protect the immobilized QDs

from chemical and biochemical reagents. This last claim is possibly suspect, as they

carry out subsequent modifications of the carboxyl groups, demonstrating that

chemical reagents and biomolecules are indeed able to diffuse through the silica shell.

10.2.4 Layer-by-Layer Deposition of QDs onto Polymer Particles

Acommonly used alternative to trappingQDswithin thematrix of polymer particles is

simply to coat QDs in one or more layers around the surface of the polymer. This

approach generally utilizes polyelectrolytes to create charged surfaces which hold the

QDs in place by electrostatic interactions. To facilitate this type of interaction, theQDs

themselves must, of course, also carry a surface charge, and this is achieved through

selecting an appropriate ligand. Bifunctional ligands such as thioglycolic acid [27],

mercaptopropanoic acid [28], and DL-cysteine [29] have all been used to give QDs a

negative surface charge through their carboxyl groups (COO�), while being anchored
to the QD surface through their sulfhydryl groups. These ligands also confer water

solubility on the particles, and reactions of this nature are generally carried out in an

aqueous environment (note that unlikewith the doping strategiesdiscussedpreviously,

swelling of the polymer particles is not necessary). The more straightforward
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approach to this type of QD–polymer composite assembly is to coat polymer particles

with alternating positively charged [e.g., poly(allylamine hydrochloride) (PAH)] and

negatively charged [e.g., poly(styrene sulfonate)] polyelectrolyte layers, terminating

with a positively charged layer prior to adsorbing the negatively chargedQDs onto the

accessible surfaces of the particles [30]. Particles synthesized by this approach were

observed to have uniformly intense PL emissions, and there was no agglomeration of

the particles despite the close proximity of the QDs to the particles’ surfaces,

presumably due to charge repulsion between the beads. It could be argued that this

is not a true layer-by-layer deposition, as theQDsare incorporatedonly after formation

of the polyelectrolyte layers.

By extension of this strategy, it has been demonstrated that multiple layers of QDs

can be assembled. An example of this was reported byWang et al. [27]. Following the

deposition of a primer three-layer polyelectrolyte film [PAH/poly(sodium 4-styre-

nesulfonate) (PSS)/PAH] onto polystyrene spheres and adsorption of negatively

charged CdTe QDs, repeated iterations of polyelectrolyte deposition and NP adsorp-

tion were carried out before finally capping with anti-immunoglobulin G. This

approach has the advantage that the QD loading and structure of the composite

materials is determined by the number of NP adsorption cycles. To add further

robustness to the electrostatic immobilisation, Sukhanova et al. [29] coated QD–

polymer composites formed by layer-by-layer assembly with two additional layers of

dense polyelectrolyte to avoid any leakage of the NPs during further surface

modification (e.g., coatingwith recombinantDNA).Multicolor quantumdot–encoded

beads can also be synthesized by this procedure, simply by adding different-sizedQDs

to the various layers, as desired [28].

As an interesting counterpoint to charge-driven deposition of QD layers, Wang et

al. have developed a method for immobilizing CdSe/ZnS QDs onto polymer-coated

Fe2O3 nanoparticles modified with dimercaptosuccinic acid [31]. This approach is

driven by the stable bonds formed between thiol groups and the metallic surface of

QDs, and as a result can be achieved using uncharged QDs. Again, the composite

particles formed were readily dispersed in aqueous solution without particle

aggregation.

10.2.5 In Situ Encapsulation of QDs in Polymer Particles

Direct in situ encapsulation ofQDs into polymer particles has attracted the attention of

a number of research groups in recent years, bringing with it the promise of a ‘‘one-

pot’’ strategy for the synthesis of uniform, spherical polymer conjugates containing

multiple QDs. However, in practice this approach is far from straightforward, with

several obstacles that need to be overcome before this method can become universally

applicable. Perhaps the greatest challenge faced is the chemical instability of QDs in

the presence of the radical initiators often used in polymerization reactions.

As part of a strategy toward the encapsulation of CdTe QDs by emulsion polymer-

ization,Yanget al. have carried out a comparative studyon the effect of commonlyused

free-radical initiators on the optical properties ofQDs [32].Of the initiators tested, they

found that oxidants such as benzoyl peroxide, K2S2O8, and H2O2 had the most
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deleterious effect on theQDfluorescence, due to their ability to strongly oxidize theQD

surface. They found that of all the radical initiators tested, fluorescence was preserved

only when azo-containing compounds such as azoisobutyronitrile (AIBN) were

employed. It should be noted, however, that QDs are by no means immune to

degradation by radicals generated from azo initiators [33]. It is therefore reasonable

to infer that successful formation of QD–polymer composites is somewhat reliant on

rapid polymer formation, thus coating the QDs and protecting them from the harmful

effect of radicals. Polymerizable ligands [33,34] or preformed polymeric shells with

ligand sites [35] can also be used to help protect QDs from oxidative degradation.

The threemajor methods for synthesizing uniform polymer particles are emulsion,

suspension, and dispersion polymerization reactions, and unsurprisingly, the scope of

all three techniques for encapsulatingQDshas beenexplored.Of thesemethods, in situ

encapsulation of QDs by particles formed during emulsion polymerization has

received the most attention and provides access to fluorescent-tagged submicrometer

polymer beads suitable, for example, for intracellular delivery and labeling of

subcellular biomolecules [36]. When using TOPO-coated CdSe–ZnS QDs, it has

been shown that batch emulsion polymerization reaction conditions are not suitable

for the formation of QD–polymer conjugates, instead resulting in the formation of a

white nonfluorescent latex and deposition of a pink residue on the inner wall of the

reaction vessel [37]. The failure of this approach was attributed to the inability of the

hydrophobic QDs to be transported through the aqueous phase from the solvent

reservoir to the growing polymer particles. QDs coatedwith cysteine acrylamide have

been shown to be more compatible with this bulk approach, presumably due to the

increased aqueous compatibility afforded by free carboxyl groups on theQD surfaces.

However, nontrapped CdSe–CdS particles were still observed following polymeri-

zation [38]. Synthesis of the desired materials can instead be achieved using a

microemulsion technique [32,37,39]. This involves the formation of tiny monomer

droplets by ultrasonication of the monomer–water–emulsifier mixture prior to poly-

merization. As theQDs are locatedwithin thesemonomer droplets at the beginning of

the polymerization reaction, transport through the aqueous phase is no longer

necessary. Where TOPO-coated QDs have been encapsulated by microemulsion

polymerization, an observed phase separation between the QDs and the growing

polystyrene chains caused the QDs to accumulate, largely in the outer layers of the

polymer particle [37]. Furthermore, ligand exchange of TOPO with 4-mercapto-

vinylbenzene, theoretically a polymerizable ligand, failed to remedy this problem.

Phase separation was also observed with hexadecylamine-coated QDs, and it was

suggested that the interaction between the alkyl chains of this ligand and the SDS

surfactant employed in the polymerization reaction could be a driving force in theQDs

being drawn to the particle’s surface [39b]. Conversely, where the polymerizable

phase transfer agent didecyl-p-vinylbenzylmethylammonium chloride (DVMAC)

was used to coat aqueous CdTe QDs, they were shown to be uniformly incorporated

into polystyrene particles by use of a similar microemulsion procedure, as evidenced

by cross-sectional TEM imaging (Figure 10.6)[32,39c].

To demonstrate that QDs were indeed covalently incorporated into the polymer

backbone through the polymerizable ligand,QD–polymer beadsweremade following
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the same recipe, using QDs coated in the nonpolymerizable surfactant didecyl-p-

ethylbenzylmethylammonium chloride (DEMAC) rather than DVMAC [32]. Fol-

lowing 24 hours dispersed in toluene, beads prepared using DVMAC retained nearly

all of their QDs, where as those prepared usingDEMAC-coated QDs lost 70% of their

NPs under these conditions. QDs coated with a silica shell prepared using metha-

cryloxypropyltrimethoxysilane to provide polymerizable surface functionalities have

also been encapsulated successfully into polymer nanoparticles by a microemulsion

polymerization reaction using a monomer mixture of n-butyl methacrylate and

styrene, although a study of the arrangement of QDs within these particles has not

been reported [40]. The scope of such reactions is extended further by the use of

functional co-monomers, providing access to QD–polymer particles with sites for

further chemical modification or conjugation of biomolecules (e.g., carboxyl func-

tionalities have been incorporated through use of methacrylic acid as co-monomer,

and these particles were also highly cross-linked with DVB) [39a].

Suspensionpolymerization reactionshavealsobeenusedfor the insituencapsulation

of hydrophobic QDs, providing access to fluorescent polymer sphereswithmuch larger

diameters (ca. 2 to 500mm) [41]. It has been shown that ZnS shelling is essential for

preserving the QD fluorescence in standard suspension polymerization reaction condi-

tions,withultramictronomicanalysis showingthatnonshelledparticleswereaggregated

within the resulting compositematerials [22].WhereCdSe–ZnS (core–shell)QDswere

incorporated into 1wt% DVB cross-linked polymer microspheres under the same

conditions, fluorescent materials were produced successfully, although confocal mi-

croscopy revealed that phase separation had again caused the majority of QDs to be

located in the outermost region of the polymer particles. Furthermore, swelling of these

microspheres in 60 vol% chloroform caused the QDs to be redistributed throughout the

entirepolymerparticle.Unfortunately, this paper doesnot clarifywhich ligandwas used

to coat the core–shellQDsused, although the nonshelledQDsused in these studieswere

coated with TOPO or hexadecylamine, and the use of such ligands would be consistent

with phase separation observed in the microemulsion procedures discussed above.

Several polymerizable phosphine ligands (Figure 10.7) have been synthesized in an

attempttofacilitateuniformcovalent incorporationofQDsintopolystyrenemicrobeads

FIGURE 10.6 Confocal fluorescence image (a) and cross-sectional TEM image (b) of a

CdTe–polystyrene bead, demonstrating uniform incorporation of QDs. In each case the scale

bar is 100 nm. (From ref. 39c, with permission from the Royal Society of Chemistry.)
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(100 nm to 500 mm in diameter) via suspension polymerization [34]. Microanalysis

of the resulting compositematerials suggested that therewas very low incorporation

of QDs coatedwith ligand 1, in Figure 10.7, whilemicroanalysis of composite beads

formed with ligand 2 revealed that QDs remained fairly constant even after

prolonged Soxhlet extraction with chloroform. This provided evidence of covalent

QD incorporation into the polymer backbone via the styrenic group of this ligand.

The same research group went on to synthesise DVB cross-linked QD–polymer

microspheres by this in situ suspension polymerization method using oleic acid–-

capped QDs [41]. Here, laser cross-sectional confocal imaging indicated that there

was uniform incorporation of the QDs throughout the polymer particles and that

phase separation was not observed (Figure 10.8).

Whereas dispersion polymerization reactions have been widely utilized in the

formation of polymeric nanospheres and microspheres with very uniform size dis-

tributions, a comprehensive search of the background literature draws only one

example of in situ encapsulation of QDs by this method [35a]. Here, QDs were

coated with an oligomeric phosphine ligand, 6, the synthesis of which had been

described by the same research group in a previous paper [42]. Briefly, a monomeric

phosphine 3 is reacted with diisocyanate 4 and the resulting oligomer, 5, is further

PO PO

1 2

FIGURE 10.7 Polymerizable phosphine ligands used for the covalent incorporation of QDs

into polystyrene microspheres. (From ref. 34, with permission from the Royal Society of

Chemistry.)

FIGURE 10.8 Confocal laser cross-sectional images through a polystyrene microsphere

embedded with CdS QDs, showing uniform QD incorporation throughout the polymer matrix

of the bead. (From ref. 41, with permission from the Royal Society of Chemistry.)
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functionalized with polymerizable methacrylate groups through further isocyanate

coupling (Figure 10.9). CdSe–CdS–ZnS QDs were synthesized in TOPO, which was

subsequently exchangedwith 6 prior to heating to 60�C in ethanol in order to cross-link

themethacrylate groups and thus form a polymeric shell around theQDs. The utility of

the oligomeric phosphine ligand was threefold: conferring QDs with solubility in the

ethanol media commonly used for dispersion polymerization reactions, providing

protection from fluorescence quenching by AIBN radicals, and providing sites for

covalent incorporation of QDs into the polymer backbone through any unreacted

methacrylate groups remaining following the cross-linking procedure. At lower

QD–phosphine concentrations (4wt% relative to styrene), QDs were incorporated

uniformly into relatively monodisperse polystyrene spheres with an average diameter

of about 1mm by a PVP-stabilized dispersion polymerization reaction in ethanol.

However, incremental increases in the QD concentration led tomounting disruption of

the sensitive nucleation periodassociatedwith dispersion polymerization reactions and

resulted in decreasing particle diameter, increased polydispersity, degradation of

surface morphology, and loss of spherical character. Self-polymerization of QDs,

leading to localized areas with many QDs, also became more of an issue at higher

concentrations.

In the vast majority of examples of in situ encapsulation of QDs reported in the

literature, the polymer particles formed are composed primarily of polystyrene. The

examples discussed above highlight the versatility of this polymer, affording QD–

polymer composites with a relatively chemically inert backbone and further diversity

can be achieved by the addition of functional co-monomers. Although it is clearly a

useful polymer in such encapsulation processes, the almost exclusive use of poly-

styrene in this area can probably be ascribed largely to its dominance in the formation

of polymer particles in general, with many research papers devoted to the synthesis of

uniform polystyrene spheres from nano to macro scale. A few examples of in situ

encapsulation utilizing alternative polymers have been reported, however. Of partic-

ular note is the encapsulation of CdS nanoparticles in an acrylic acid (AA)–based

polymer shell [43], as the resulting QD–polymer particles demonstrate markedly

different properties from the examples described elsewhere in this section. The
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FIGURE 10.9 Synthesis of oligomeric phosphine ligand 6 used to coat QDs prior to in situ

encapsulation by a dispersion polymerization reaction. (Adapted from ref. 42, with permission.

Copyright � 2003 American Chemical Society.)
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experimental procedure utilized was as follows. Following preparation of the CdS

nanoparticles, acrylic acid and potassium persulfate initiator were added and the

polymerization reaction was carried out under ultrasonic irradiation. The average

diameter of the particles formed was only 9 nm larger than the diameter of the

unmodified CdS nanoparticles, suggesting that this method results in the encapsu-

lation of single QDs within discrete polymer particles. Furthermore, the multitude of

carboxyl groups on the surface of the composite nanoparticles rendered them water

soluble as well as providing colloidal stability in aqueous solutions and sites for

biomolecule attachment. TEM images suggest that the QD–acrylic acid nanoparticles

areperhapsnot asuniform in size and shape as someof thecomposites particles formed

by ligand exchange on the QD surface by preformed polymeric ligands, discussed in

Section 10.2.4, but the useful properties of these composite materials warrant further

investigation and hopefully, optimization of the approach.

Yin et al. have reported the synthesis of QD–polyisoprene nanocomposites via an

emulsification and solvent evaporation technique [44]. CdSe–ZnS QDs were dis-

solved along with polyisoprene in a compatible solvent, and this mixture was

emulsified into an aqueous surfactant solution prior to evaporation of the polymer

solvent. In an extension of this method, AIBN and acrylic acid were added to the

QD–polymer solution, which was then similarly emulsified and heated to 70�C for 6

hours to form a cross-linked latex. It was shown that the size of the relatively

monodisperse particles formed could be controlled by adjusting the homogenizing

speed, providing access to nanocomposites from 200 to 500 nm. The resulting

QD–isoprene composites displayed colloidal stability in water as well as enhanced

long-termfluorescence, andmodificationof the surfacewith carboxyl groupsprovided

sites for bioconjugation.

10.2.6 Silica Encapsulation of QDs

Although in this chapter we focus on the coating and functionalization of QDs with

synthetic organic polymers such as polystyrene, it would be remiss not to include a

brief discussion of the many examples of silica shelling of QDs in the literature. In

some respects, these inorganic glassy polymer shells can offer advantages over the

strategies discussed thus far. The majority of the literature in this area focuses on the

encapsulation of single QDs within discrete silica shells, grown in situ around

the nanoparticles by a modification of the St€ober process. The wide variety of

functionalized silane co-monomers that are readily available lends a fair degree of

scope to such reactions. The initial consideration is how to anchor the shell to the QD

surface in a robust fashion. Here, the most straightforward approach is to use a silane

co-monomer with a hydrophobic tail (e.g., n-octyltriethoxysilane), which is able to

interact with hydrophobic chains in the QD surface ligands (e.g., TOPO) [45]. Other

research groups have utilized ligand exchange of the parent QD ligand with a

functionalized silane [e.g., mercaptopropyltris(methyloxy)silane (MPS)] to provide

a more robust attachment as well as improved compatibility with the polar solvents

often used in such reactions [46]. The classical St€ober process [47] is the alkaline

hydrolysis and polycondensation of tetraethylorthosilicate (TEOS) in ethanol, but this
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alone would not give conjugate materials with useful properties such as water

solubility and sites for further functionalization. To conferwater solubility, alternative

silanes with hydrophilic groups, such as (trihydroxysilyl)propylmethylphospho-

nate [46] or 2-[methoxy(polyethyleneoxy)propyl]trimethoxysilane (PEOS) [40],

have been used. These silanemonomers can be used in conjunctionwith co-monomers

such as aminopropyltris(methoxy)silane and MPS, which provide sites for biomol-

ecule conjugation [46], or methacryloxypropyltrimethoxysilane, which forms a silica

shell with polymerizable end groups [40]. Under optimal conditions, relatively

monodisperse silica spheres can be formed, the majority of which contain only single

QDs (Figure 10.10). QD–silica conjugates have also been shown to retain the narrow

characteristic emission spectrum of unmodified QDs in chloroform, albeit with some

loss of PL [45b]; however, the shelling process is often relatively complex, requiring

multiple steps. Also, when these reactions are carried out in alcoholic media, high

dilution is required to avoid aggregation of the silica particles formed.

A more straightforward strategy recently reported by Zhu et al. [40] facilitates the

formation of silica-shelled QDs at relatively high concentration (up to 10�4M) in

toluenewithoutaggregation.This isa two-stepprocess,withshell formation initiatedby

addition of MPS and another functionalized trialkoxysilane (e.g., PEOS, to QDs in

toluene and heating to 100�C for 12 hours, followed by the addition of a functionalized

mono- or dialkoxysilane to terminate shell growth by blocking the active silanols and

heating for a further 12 hours. A diverse range of functionalized silanes were incor-

porated into the silica shell under these conditions, and the shelled QDs retained their

characteristic emission profiles without much loss of quantum yield (and the quantum

yield was, in fact, shown to increasewhere PEOSwas incorporated into the shell). The

homogeneous reaction conditions also lead to high conversion yields (> 90%).

The synthesis of larger silica spheres containing multiple QDs has also been

explored by a number of research groups. In an early report, treatment of QDs with

MPS in ethanol, followed by addition of sodium silicate, 4-hour ultraviolet–visible

light treatment, and further ripening for 5 dayswas shown to form a ‘‘raisin-bun’’ type

FIGURE10.10 TEM images of single QDs encapsulated in silica shells. (Reproduced in part

from ref. 45b, with permission. Copyright � 2006 American Chemical Society.)
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of composite 40 to 80 nm in size containing a number of spatially separated QDs [48].

However, this procedure led to a significant broadening in the emission spectrum and

for CdTe and CdSe–CdS nanoparticles a strong decrease in luminescence intensity

following silicate addition.Gao andNie have circumvented this degradation of optical

properties by doping solutions of QDs into preformed mesoporous silica beads (5mm
in diameter) [20]. Silica spheres with a pore size of 32 nmwere rapidly saturated with

QDs (<5minutes), and significantly, the resulting composite materials were 50 to 100

times brighter than their QD-tagged polystyrene latexes, the synthesis of which is

described in Section 10.2.3. By doping with different ratios of just two colors of QDs,

30 distinguishable barcodeswere used to tag these silica beads.However, asQDswere

held in place only by hydrophobic interactions between QD TOPO ligands and

hydrocarbon chains coated onto the pore surface, QDs were able to leach out in

nonpolar organic solvents. Chan et al. have reported perhaps the most elegant

formation of silica microspheres containing multiple QDs thus far, utilizing a

core–shelling strategy [49]. Preformed silica microspheres are coated using TEOS

in the presence of QDs capped with 5-amino-1-pentanol and APS via the St€ober
process, giving a thin, fluorescent shell around the core particles. As shown in

Figure 10.11, these core–shell particles are spherical, with very smooth surface

morphology and very narrow size distributions. Furthermore, the immobilized QDs

retained an almost identical emission profile of their unmodified counterparts,

suggesting that individual QDs are separated spatially within the shell, and the

QD–silica conjugates formed had quantum yields as high as 13%.

10.3 APPLICATIONS OF QD COMPOSITES

10.3.1 Introduction

To enable their utility in biological applications, the organic ligand layer that

surrounds QDs following their production must either be directly biologically

compatible or else, far more commonly, be converted into a biologically compatible

form postproduction. There are many examples of applications of QDs that have been

rendered biologically compatible via a ligand-exchange process employing small

molecules. As outlined at the start of the chapter, these systems lie outside the scope of

FIGURE 10.11 (a) 954-nm (�2.7%) and 609-nm (�2.5%)-diameter silica microspheres

which emit at 625 and 531 nm, respectively; (b) TEM and fluorescent microscope images of

titania-coated silica microspheres showing outer, QD-containing shell about 60 nm thick.

(From ref. 49, with permission. Copyright � 2004 Wiley-VCH Verlag GmbH & Co. KGaA.)
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this chapter. Accordingly, in the following section we deal solely with QDs that have

been rendered biologically compatible through coating/incorporationwith/into one or

more polymers. To achieve this, there are twomain approaches, and thus the following

discussion on applications has been broken down into two sections, dealing with

discrete QD–polymer composites (i.e., systems in which individual QDs have been

incorporated into a polymer composite) and QD–polymer composites that contain a

plurality of QDs.

10.3.2 Characterization

When using discrete QD–polymer composites and micelle-encapsulated QDs in

biological applications, one important aspect is to determine how big the solvated

composite actually is (i.e., its hydrodynamic radius, which may differ significantly

from its geometric radius) and how charged it is i.e., its zeta potential and how many

biomolecules are attached to it). This type of quantification is not so relevant to larger

composites such as polymeric microspheres, as these generally have very similar

geometric and hydrodynamic sizes in aqueous media, and this property may be

assessed readily, for example, by microscopy. Similarly, the number of charges or

biomolecules on a bead relates directly to its loading level, a parameter that may be

assessed readily using routine analyticalmethods such as the Fmoc release assay [50].

In a recent publication, Pons and co-workers [51] describe a study aimed at

establishing the hydrodynamic radii and zeta potentials of a series of discrete QDs and

discrete QD–polymer composites. Hydrodynamic radii were determined using dy-

namic light scattering (DLS). This method is preferred as it enables a larger sample

size tobeevaluated comparedwith atomic forcemicroscopy (AFM), andDLSdoesnot

suffer from the inherent drawbacks associatedwith the use of fluorescence correlation

spectroscopy (FCS) (e.g., saturation intensity, bleaching, QD blinking). The values of

the hydrodynamic radii of various QD-containing species were obtained by DLS and

compared with the corresponding geometric radii, established, for example, by

transmission electron microscopy (TEM). In all the examples studied, the radius

sizes obtained byDLSwere found to be between about 2.7 and 4 times bigger than the

corresponding geometric radii, depending on the nature of the outer organic layer. For

example, in going from an outer layer of dihydrolipoic acid (DHLA), to DHLA

conjugated to PEG600, to DHLA-conjugated to PEG1000, the hydrodynamic radius/

geometric radius increased from about 2.7 to about 2.9 to about 3. They also analyzed

the QD-containing species by agarose gel electrophoresis (AGE) and found that this

method gave good sizing information but reported the data to be more prone to error

than data obtained using the DLS method, for example, DLS is more sensitive for

detecting aggregates. In terms of measuring zeta potentials, they found that values

derived from AGE compared very favorably with those obtained using laser Doppler

velocimetry. In a similar study, size exclusion chromatography (SEC) was compared

with AGE, FCS, and TEM [52]. AGE was reported to be far more sensitive than SEC

for separating discrete QD species, with no, one, two, three, etc. PEG chains attached

to them. When using just SEC, the measured dimensions are reported to be more

accurate for smaller samples than for larger ones, due to the lack of availability of

appropriately sized standards for the larger composites ( > 20 nm radii). The authors of
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this study conclude that when using any technique, the trends observedwithin a series

(e.g., the discreteQD–composite size increases as the size of PEGgrafts increases) are

correct, but in comparing values obtained using different techniques, care must be

exercised. Each technique depends on different physical principles and thus is highly

composite-type depend, so the values should always be treated cautiously and control

samples should always be included in the measurements.

AGE can also be applied to study or estimate the number of molecules or particles

attached to nanoparticles. For example, in a study involving QDs coated with Au

nanoparticles, AGE, followed by band excision, provided samples for analysis by

TEM,which showed thepresenceofQD–Auparticleswithcomposition ratios of 1:1 to

1: 4 [53]. Similarly, AGE enabled the number of PEG chains conjugated to individual

QDs and Au nanoparticles to be established and also the number of maltose-binding

protein molecules attached to the surface of DHLA-coated QDs [54]. The method

should be readily adaptable to discreteQD–polymer composites, but to our knowledge

this has not yet been reported. An alternative to AGE for determining the number of

conjugated biomolecules on the surface of nanoparticles has recently been reported

and centers on a double-labeling approach. Specifically, the biomolecule is tagged

with a fluorescent dye molecule prior to attachment to amino-functionalized silica-

coated nanoparticles. Attachment is covalent and is achieved using a bifunctionalized

linker, two succinimidyl groups or one succinimidyl group and onemaleimido group,

to link amino groups on the silica shell to amino or sulfhydryl groups on the protein,

respectively. Once the doubly labeled nanoparticle–bioconjugate has been con-

structed, quantification of the number of immobilized proteins is achieved simply

bymonitoring the sequential photobleaching of the organic dyemolecules attached to

an individual nanoparticle. Although this approach has yet to be applied to QDs, it

should be readily transferable to the study of this class of nanoparticle. The principal

drawback of the approach is that it appears to be relatively timeconsuming compared

with an approach such as AGE, and requires ready access to very expensive

microscopy equipment compared with the equipment required for AGE [55].

10.3.3 Discrete QD–Polymer Composites

As outlined earlier, individual QDs may be coated with a single polymer layer in a

number of ways, which include (1) synthesis or encapsulation of the QDs within

preformed micelles [14,15], (2) direct ligand exchange by a polymer [56], (3)

interaction of the QD ligand layer with a polymer (e.g., by hydrophobic interaction)

[8] or (4) growth of a polymer shell from the surface of the ligand-coated QD: for

example, by encasing the QD in a silica layer [45,46]. Examples of applications of

discrete QD–polymer composites constructed in these ways are described in more

detail below.

10.3.3.1 In Vitro Applications

Discrete QDs in Micelles Although not formally comprising a polymer coating,

micelles composed of a mixture of amino-terminated PEG-phosphatidylethanolamine

and phosphatidylcholine have been used to encapsulate QDs [14]. Themicelles were of

APPLICATIONS OF QD COMPOSITES 309



the appropriate size to encapsulate just one QD per micelle, and the authors report that

very fewmicellescontainedmore thanoneQD.Thiol-modifiedDNAwasattached to the

amino residues on the outsides of the micelles using the heterobifunctional linker

sulfosuccinimidyl 4-(N-maleimidomethyl)cyclohexane-1-carboxylate. Incubation of

the resulting QD–micellar composites with agarose beads bearing DNA sequences

resulted in hybridization only when the beads bore complementary oligonucleotides.

Discrete QDs Coated in Amphiphilic Polymers The discrete QD–polymer

composites formed using amphiphilic block co-polymers, as described by Yu et al.

[8] (see Section 10.2.1) were sized by DLS and SEC and found to have hydrodynamic

radii of between 15 and 21 nm (SEC) and 12 to 23 nm (DLS), depending on the

molecular weight of PEG used to render the probes water soluble (PEG750 was the

smallest PEG used and PEG19300 the largest). These QD-based probes were found to

be taken up by the human breast cancer cell line SK-BR-3, presumably by endocytosis

as the authors suggest, and clearly stained the inside of the cells [Figure 10.12(a)]. The

pendent carboxylic acid residues on the polymer coating enabled covalent attachment

of anti-Her2 antibodies to the accessible surfaces of the QD–polymer particles using

an EDC-mediated coupling procedure. Her-2 is a member of the transmembrane

tyrosine kinase receptor protein family and is a biomarker of breast cancer, and these

bioconjugated QDs were found to act as efficient labels of the cell membranes of the

same human breast cancer cell line [Figure 10.12(b)][57]. These two tagging

approaches enabled both the interior and the membranes of the cancer cells to be

labeled selectively with discrete QD–polymer composites (Figure 10.12).

The study by Yu et al. builds on the beautiful pioneering work of Wu and co-

workers, who similarly stained Her2-presenting cancer cells with QD–polymer

composites [6]. In their approach, amphiphilic polymer-coated QDs were covalently

coupled to goat antimouse IgGusingEDC, and these discrete QD–polymer composite

probeswereused subsequently to labelSK-BR-3humanbreast cancer cells,whichhad

first been incubatedwith amonoclonalmouse anti-Her2 antibody.Theyalsodescribed

an alternative approach in which the same cancer cell line was labeled by sequential

FIGURE 10.12 (a) SK-BR-3 human breast cells with internalized QD–polymer composites;

(b) SK-BR-3 human breast cells whose membranes have been targeted, via the Her2 receptor,

with discrete QD–polymer composite–anti-Her2 bioconjugates. In both (a) and (b) the QDs

were excited at 458 nm and visualized by confocal microscopy. (From ref. 8, with permission.

Copyright � 2007 American Chemical Society.)
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incubation with humanized anti-Her2 antibodies, biotinylated goat anti-human IgG,

and finally, amphiphilic polymer-coated QDs which had been coupled covalently to

streptavidin. Variations on these two approaches were also shown to be effective for

labeling actin and microtubule fibers in the cytoplasm and nuclear antigens in the

nuclei of cells. The original study by Wu et al. was most timely, but the recent active

targeting approach by the Yu et al. approach represents a significant improvement in

that it is more direct, as it negates the need for preincubation of the cells with one or

more monoclonal antibodies.

Other examples inwhich amphiphilic polymers have been used for invitro imaging

applications include Li and co-workers [7], who attached the tetrapeptide tuftsin

covalently via a bis(aminopropyl PEG) linker to an amphiphilic polymer composed of

modified poly(acrylic acid) which had been used to encapsulate hexadecylamine-

coated QDs (see Section 10.2.1). DLS was used to size the QD–polymer composites

prior to tuftsin addition, which had an average hydrodynamic radius of 9 nm, with the

inorganic core having a radius of 3 nmas determined byTEM.Tuftsin is a tetrapeptide

that binds to receptors on the surface of macrophages and lymphocytes. As expected,

the tuftsin-bearing water-soluble discrete QD–polymer composites were able to label

both of these types of cells, obtained from mice, in subsequent in vitro studies.

Discrete QDs Coated in Polymers Generated in Situ Discrete QD–polymer

composites whose polymer coating was constructed by carrying out an in situ

polymerization reaction involving acrylic acid (see Section 10.2.5) have been used

to quantify a number of biologically relevant proteins in real human serum samples

using the technique of resonance light scattering (RLS) [43b]. Calibration curves for

the resonance light scattering observed were constructed when the QD probes were

incubated with a single protein or serum at different concentrations. Three proteins—

IgG, bovine serum albumin (BSA), and human serum albumin (hSA)—and a standard

human serum composed of 40 different serum samples were used in this calibration

work. In addition, the effects of pH, temperature, and other agents commonly found in

serumwere assessed for their effects on theRLSmeasurements. Finally, to benchmark

the method, three individual human serum samples were assessed for total protein

content using this RLS method. The values obtained had excellent agreement with

values arrived at using the more conventional Bradford assay [58].

10.3.3.2 In Vivo Imaging Applications The number of examples of using

QD–polymer composites for in vivo imaging applications is still very small. With

ongoingdevelopments inQD technology suchas theconstructionofnontoxicQDsand

QDs that emit in the near-infrared (NIR), tissue is relatively transparent to emissions

in this wavelength, it is highly likely that this situation will change rapidly in

the coming years. The QD-containing micelles described by Dubertret and co-

workers [14] were sufficiently stable to be used in in vivo studies. The QD-containing

micelles were injected into the cells of an early Xenopus embryo and found to have

very little toxicity and moreover, were passed to successive generations of daughter

cells formed from the cells injected initially. Compared with more conventional

fluorophores, a time-course study under continuous photoexcitation provided a really
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nice demonstration of the benefit of using QDs as imaging agents. Even after 80

minutes of continuous illumination at 450 nm, the QDs showed no evidence of

photobleaching. Conversely, a sample of cells labeled with green fluorescent protein

(GFP)was photobleachedcompletely after the samedegreeof exposure (Figure 10.13).

Encapsulation of QDs in amphiphilic polymers has also been reported to confer

additional stabilization of the encapsulated QDs. For example, Gao and co-work-

ers [9] reported that an amphiphilic ABC tri-block copolymer layer comprised of

poly(butyl acrylate), poly(ethyl acrylate), and poly(methacrylic acid) afforded

additional protection to QDs against hydrolysis and exposure to enzymes even

under in vivo conditions. To increase circulation time and improve biocompatibility

(i.e., to render them more suited for use in an in vivo study), some of the remaining

carboxylic acid residues on the triblock copolymer, within the poly(methacrylic

acid) segments (some carboxylic acid residues had been used to attach hydrophobic

chains to enable QD encapsulation; see Section 10.2.1), were PEGylated with

PEG5000 while others were coupled, using EDC, to antibodies raised against a

prostate-specific membrane antigen (PSMA). The resulting antibody-coated

PEGylated discrete QD–polymer composites were sized by DLS and found to

have ligand-dependent hydrodynamic radii of 10 to 15 nm comprising a 2.5-nmQD

radii, 1-nm TOPO layer, 2-nm polymer layer, and a 4–5 nm PEG–antibody layer.

The authors used these dimensions in estimating that each QD was surrounded by

about 200 TOPO molecules, four or five tri-block copolymers, five or six PEG

molecules, and five or six antibodymolecules. These bioconjugated QD composites

were then employed as tumor-targeting agents in mice with and without tumor

xenografts. Upon injection the antibody-labeled QD–polymer composites were

localized in the tumor sites of the mice with the tumor xenografts (i.e., active

targeting had occurred). No such specific localization of the probes was observed in

the control group of mice (no tumors). As a control experiment, dosing with just

PEGylated discrete QD–polymer composites (no antibodies) resulted in passive

targeting of the tumors but only upon dosing with much higher levels of the

FIGURE 10.13 Resistance of micelle-encapsulated QDs to photobleaching compared with

GFP. The images were obtained after continuous irradiation at 450 nm for the times shown.

(A–C) Consecutive images of membrane-GFP expressed in Xenopus cells; (D–F) consecutive

images of Xenopus cells into which micelle-encapsulated QDs have been injected. (From ref.

14, with permission.)
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QD-based probes. Passive targeting of tumors by particles and macromolecules is a

well-known phenomenon and arises as a result of the leaky vasculature of the tumor

coupled with poor clearance of such particles from the tumor site. The authors also

compared the QD-based probes with green fluorescent protein (GFP)-based probes.

They found that in vivo tumor imaging was more effective with the QD-based

probes, despite the fact that in invitro cell cultures, both probeswere equally visible.

In a similar study Cai and co-workers [59] coupled amino-terminated PEG-coated

discrete 705-nm QD composites to a thiolated tripeptide, arginine–glycine–aspartic

acid (RGD), via heterobifunctional (succinimide/maleimide) linker chemistry. RGD

is a sequence that is bound by integrin avb3, a receptor vital for tumor angiogenesis.

These RGD-tagged discrete QD PEG composites (ca. 30 RGD molecules per QD)

were injected into tumor-bearing mice. It was found that the tumor site was targeted

highly selectively relative to non-RGD-bearing control samples of discrete QD

polymer composites, and after just 20 minutes, tumors could be visualized by

fluorescent imaging. The authors reason that it was the tumor vasculature that became

fluorescent, as the QD composite materials were too large to extravasate significantly,

and integrin avb3 levels are significantly higher than normal in virtually all tumor

vasculature. This conclusion correlated well with preliminary in vitro and ex vivo

findings reported in the same paper.

In some very elegant studies, again evaluating QD–polymer composites for their

utility in imaging-guided surgery, collaborators at the Beth Israel Deaconess Imaging

Center and the BrighamWomen’s Hospital, evaluated discrete QD–polymer compo-

sites as imaging agents for use in sentinel lymph node (SLN) mapping during

oncologic surgery[60]. Real-time mapping of SLNs is vital for effective removal of

all metastatic cells during a surgical procedure to remove a tumor. In the latest

exemplar paper[60a], discrete QD–polymer composites, comprisingQDs coatedwith

a stable oligomeric phosphine coating [60b,61] (see Section 10.2.5) and two com-

parator organic flurophore mapping agents were all highly negatively charged.

Whereas the two organic fluorophore mapping agents were found by SEC to have

hydrodynamic radii of 7.3 and 7.4 nm, respectively, irrespective of environment (PBS

or serum), theQD–polymer composites were found to increase significantly in size on

moving from PBS (15 nm) to serum (20 nm). Moreover, in serum, a broader size

distribution was observed and some very high-molecular-weight species were ob-

served. Thus, despite the advantages for this application conferred by using QDs in

preference to organic flurophores (brightness and excellent resistance to photobleach-

ing), the QD–polymer composites were found to have serious shortcomings for

mapping smaller SLNs and SLN branches. Indeed, the authors state that in contrast

to the situation when organic fluorophores were employed, SLN branches were never

observed when discrete anionic QD–polymer composites were used as imaging

agents. This is a very serious problem, as incomplete SLN imaging during surgery

will probably result in incomplete excision of smaller SLNs and partial SLN systems,

which in turn couldmean that some cancerous cells will be left behind during surgery.

Consequently, although this is a very thorough and interesting study, it would appear

that organic flurophores are currently far better suited as imaging agents for the

specific application of SLN mapping.
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10.3.3.3 FRET-Based Applications In 1996, Kagan et al. first demonstrated

thatQDscouldundergofluorescence(orF€orster) resonantenergytransfer (FRET)[62].
Since this original finding,Clapp,Matoussi, andothersdemonstrated ina series of very

elegant papers that it is possible to exploit the FRET capabilities of QDs in the

biological arena [63]. In addition to this group, a number of others have developed

FRET-basedQD-containing systems, and these are included in a recent review ofQDs

used in bioanalytical and biolabeling applications [64]. The following is a brief

description of the approach adopted by Clapp et al. [63b]. QDs of a size that gave

rise to an emission maximum at 555 nmwere labeled, by simple ligand displacement,

with approximately 15 copies of a histidine tag-terminated maltose-binding protein,

whichin turnhadbeen labeledwith theorganicfluorophoreCy3.Subsequentexcitation

at 430 nm of the QDs resulted in an efficient FRET transfer to the Cy3 molecules

attached to the periphery of each QD and subsequent emission at 570 nm (consistent

with thatexpectedforCy3).Thegreater thenumberofproteinmoleculesattached to the

surface of the QDs, the greater the extent of the FRET observed.

Unfortunately, extending this type of methodology to discrete QD–polymer

composite systems is inherently problematic, due to the thickness of any polymeric

layer surrounding the QD. FRET is very much a distance-dependent phenomenon,

and fluorophore-dependent efficient energy transfer of this type is simply not

possible over distances much longer than 100A
�
(i.e., R0, the Forster radius, is

� ca. 100A
�
; in the QD FRET example discussed above, R0¼ 56.5 A

�
)[65]. One

approach that attempts to circumvent the ‘‘distance problem’’ is described in a

recent publication by Fern�andez-Arg€uelles and co-workers [66]. Here discrete

amphiphilic polymer-coated QDs were constructed using conventional methods, as

outlined in Section 10.2.1, with the amphiphilic polymer incorporating multiple

copies of an acceptor fluorophore. Excitation of the QDs results in FRET, and

emission from the acceptor fluorophores is observed. Unfortunately, no applications

of this system are given. The research is clearly at a very early stage, but the authors

suggest that ligand binding on the surface of such discrete QD–polymer composites

should result in modulation of the acceptor fluorophore’s quantum efficiency and

conclude that in the future, sensor systems of this type should be useful in

monitoring cellular traffic.

10.3.4 Polymer Beads That Contain a Plurality of QDs

10.3.4.1 In Vitro Applications Perhaps unsurprisingly, there are only a few

exampleswhere beads containing a plurality of QDs have been used solely as labeling

probes; thevastmajority of applications ofQD-containing beads have been focusedon

developing optical coding systems. However, an early example of a nonencoding

application of QD-containing beads was reported by Wang, et al. [27], who used a

layer-by-layer approach (see Section 10.2.4) to label a batch of polystyrene beadswith

QDs. Subsequent to QD labeling, a further simple adsorption process was used to coat

the beads with a final outer layer of anti-IgG, antibodies raised against immunoglob-

ulinG (IgG). Subsequent incubation of the anti-IgG- coated beadswith IgG resulted in

bead agglutination as a result of anti-IgG/IgG-binding interactions. This report
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demonstrated that the anti-IgG remained biologically active despite being coated onto

the accessible surfaces of the PS beads that incorporated QDs.

This early report was expanded on by Stsaipura and co-workers [25], who labeled a

batch of beads by doping with QDs prior to covalently attaching anti-mouse goat

immunoglobulins to their accessible surfaces using an EDC-mediated coupling

procedure. Beads produced in this manner were compared with conventional fluo-

rescent dye-labeled beads and found overall to give comparable fluorescent signals.

(The quantum yield calculated for a single QD-labeled bead was shown to be 38 times

lower than for a dye-labeled bead, but this was countered by the far-higher molar

extinction coefficients of theQDs used comparedwith the extinction coefficient of the

fluorescent dye.)However, theQD-dopedbeads possessed far greater photostability to

continuous photoexcitation than that of the dye-labeled beads, which were entirely

photobleached after just 20 minutes (see Figure 10.14).

In addition to assessing the photochemical properties of the QD-doped beads, they

were assessed for their utility in immunolabeling of cancer cells. Specifically, multi-

drug-resistant MCF7r breast adrenocarcinoma cancer cells, which overexpress the p-

glycoprotein transmembrane transporter protein (p-gp), were incubated with primary

murine anti-p-gp antibodies. Subsequent incubation with the secondary anti-mouse

goat antibody–coated QD-containing beads resulted in the cancer cells being labeled

with the fluorescent beads. Cells labeled in this waywere easily discernible from cells

studied in two parallel control experiments: (1) an identical assay procedure without

the addition of the primary anti-p-gp antibodies and (2) an identical assay procedure

employing cancer cells that only weakly express p-gp. A further strength of this

approach is its sensitivity; indeed, the authors claim that it should enable the detection

of just a single antigen. Conversely, the main weakness of the procedure was that the

doping process used to label the beads led to there being a considerable number ofQDs

FIGURE 10.14 Time dependence of the fluorescence intensity of dye-labeled beads (a,c)

and QD-labeled beads (b,d) upon continuous illumination with a high-pressure mercury light

for 0 minutes (a,b) and 20 minutes (c,d), respectively. (From ref. 25, with permission

from Elsevier.)
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at or near the surface of the beads, which in turn led to aggregation and embedded QD

degradation. The authors circumvented this problem partially by blocking the beads

with bovine serum albumin (BSA).

Applications exploiting polymeric beads that both incorporate a plurality ofQDs and

particles that make the bead magnetic are more plentiful. One of the earliest, if not the

earliest, example of materials of this type are the QD-covered polymer-coated g-Fe2O3

nanoparticles reported byWang et al. [31] in 2004 (see Section 4.2.4). The surfaces of

these novel composite materials were reacted with mercaptoacetic acid to render them

highlywater soluble prior to coupling them tomouse anticycline E antibodies, usingN-

(3-dimethylaminopropyl)-N0-ethylcarbodiimide hydrochloride (EDAC), and incubat-

ing them with MCF-7 breast cancer cells. It then proved possible to pull the resulting

magnetic QD–composite-labeled cells to a magnet, allowing their facile separation/

isolation and imaging by fluorescence imaging microscopy. The authors conclude by

stating that in preliminary studies it had proved possible to be able to separate and detect

one cancer cell from within 10,000 red blood cells in a serum sample. A similar but

non-antibody-based approach for cell targeting was reported a year later by Xie and

co-workers [21].Bifunctionalnanosphereswereconstructedby trappingQDsandnano-

g-Fe2O3 particles simultaneously inside styrene–acrylamide polymer spheres (see

Section 10.2.3), and these particles were then coated with folic acid and subsequently

incubatedwithbothHeLaandMCF-7cancercells. Ineachcaseitwaspossible toobserve

QD fluorescence on the cells’ surfaces, indicating folic acid–mediated targeting of the

cellsvia their folicacidreceptors,receptorsthatarevastlyoverexpressedinmanytumors.

Unfortunately, no cell separation procedures exploiting the magnetic properties of the

beads were reported in this example.

A second early example of magnetic QD-containing beads was reported by

Mulvaney, et al. [67] who employed a conventional QD doping procedure (see

Section 10.2.3) to label commercial 0.8-mm magnetic beads with about 70,000 QDs

per bead. Although no application of these QD-containing beads was described, it is

interesting to note that when rhodamine-containing beads produced in an identical

fashion were employed in a surface-immobilized immunoassay procedure, both the

sensitivity and selectivity of the assay were improved by using a magnet to remove

unbound and non-specifically bound dye-labeled beads. In another early example of

magnetic QD-containing beads, Gaponik et al. [16b] showed that it was possible to

align their QDs and Fe3O4 nanoparticle-containing capsules (see Section 10.2.2) into

larger linear aggregated structures simply by exposing a solution of the capsules to a

magnetic field. Although no biological applications were described in this paper,

the authors speculate that the ability to manipulate the capsules magnetically will

enable them to be employed in directed capsule-mediated drug delivery in the future,

possibly to target specific parts of tissue and organs. This speculation has been

consolidated further by a more recent example of an imaging application of magnetic

QD-containing beads. Guo et al. [68] described the generation of cross-linked poly(N-

isopropylacrylamide) (PNIPAM)-coated QD/Fe3O4-containing silica particles. Incu-

bation of these luminescent/magneticmicrospheres (ca. 150 nm in diameter,with a ca.

20-nmPNIPAMshell)withChinese hamster ovary (CHO) cells resulted in thembeing

internalized by the cells by what the authors suggest is an unknown endocytosis
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process. However, once internalized, there was evidence of intracellular aggregation

and protein adsorption (see Figure 10.15). Like Gaponik et al. [16b], the authors

concluded that in the future these types of capsule may prove useful in drug delivery

applications.

10.3.4.2 In Vivo Imaging Applications The Bawendi and Jain groups have

pioneered the use of sub-micrometer-diameter silica spheres coated with a QD-

containing silica or titania layer (see Section 10.2.6) for in vivo imaging applica-

tions [49,69]. In a typical example, beads produced in this manner contained� 1200

QDs per bead and had quantum yields as high as 13%. In the first example of an

application of these doped materials [49], two differently sized sets of monodisperse

QD-containing spheres (500and100 nmindiameter)werePEGylated to increase their

circulation time, and subsequently, were injected directly into the carotid artery of a

mouse. The beads were imaged flowing through the blood vessels in the brain of the

mouse using multiphoton microscopy via a cranial window: a glass-covered cutaway

section in themouse’s skull. As Figure 10.16 demonstrates, using this approach it was

possible to see clearly both sets ofQD-labeledmicrospheresflowing through theblood

vessels. The authors conclude that the ability to image differently sized sets of QD-

labeled spheres simultaneously in this manner will enable processes such as endo-

cytosis of differently sized particles, vital for developing particulate drug delivery

systems, to be studied in vivo and in real time.

This fantastic proof-of-concept imaging work was then extended in a cancer-based

study [69]. The same QD-encoded silica spheres were employed, again in an in vivo

mouse model in conjunction with multiphoton microscopy, to enable (1) the precise

imagingof a tumor’s vasculature bydifferentiating clearly between tumor blood vessels

and perivascular cells (cells that comprise part of the cell wall of healthy blood vessels

whichareabsentorabnormal intumorbloodvessels)andmatrix,astheQD-labeledsilica

particlesweretoobig toleakfromthebloodvessels; (2) theassessmentofhowdifferently

sized particles entered a tumor; and (3) a study of how tumor vasculature develops by

establishing how bone marrow cells, ex-vivo labeled with TAT-bearing QD-containing

spheres, were incorporated into a tumor’s blood vessels. Both of these ground-breaking

FIGURE 10.15 Confocal microscopic images of two CHO cells incubated with PNIPAM-

coated QD/Fe3O4-containing silica particles; (a) PL images in the x–y (main), y–z (left), and

x–z (top) planes; (b) differential interference contrast (DIC) image; (c) superimposition of

images (a) main panel and (b). (From ref. 68, with permission. Copyright � 2006 American

Chemical Society.)
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studiesexploitedmultiplexing,andthis isreallyonlypossibleusingQDs,sinceitrelieson

both broadband excitation and extremely bright and narrow emission profiles.

Despite the advantages alluded to at the beginning of Section 10.3.3.2, the principal

weakness inusingQDs for invivo imaging is, as theauthorsof the secondstudypointed

out correctly, the toxicity of the QD-containing probes. In the second study, no side

effects in themicewereobservedforup toonemonth after administering theQD-based

probes, but until more compelling evidence of the long-term safety of QD-containing

agents is provided, their use for in vivo imaging in humans will be precluded.

10.3.4.3 FRET-BasedApplications As outlined in Section 10.3.3.3, FRET is

highly dependent on the distance between donor and acceptor fluorophores, and thus

even for discrete QD–polymer composites, the number of FRET-based examples is

relatively small. In terms of FRET-based applications involving QD–polymer com-

posites, the donor–acceptor distance is even more problematic. This caveat notwith-

standing, M€uller et al. describe the application of QD-containing polystyrene beads in
FRET-scanning near-field optical microscopy (SNOM) [30]. CdTe QD-containing

polystyrene beads (ca. 300 nm in diameter) were constructed via the layer-by-layer

depositionmethod (see Section 10.2.4). A single bead of this typewas then attached to

a SNOM tip and the resulting construct used to probe the interaction of the bead with a

thinfilmofAlexaFluor 633.Although such an approach is still verymuch in its infancy,

and no biological application has yet been provided, this type of sensor, or indeed one

based around an AFM tip [70] could eventually enable a study of the controlled

interaction between nanocrystals and single molecules of biological relevance.

In a more directly biologically relevant example, Sukhanova and co-workers [29]

have reported a QD-containing bead-based FRETassay in combination with FACS to

detect antitopoI antibodies, disease-marker antibodies associated with the disease

FIGURE 10.16 (a) Multiphoton microscopy image of a blood vessel in the brain of a mouse,

showing two different types of QD-containing microspheres flowing through the vessel. The

blood vessel walls appear light gray, as they are linedwithGFP-expressing epithelial cells. (b,c)

Expansions of selected regions within (a). (From ref 49 with permission. Copyright � 2004

Wiley-VCH Verlag GmbH & Co. KGaA.)
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systemic sclerosis. Specifically, batches of encoded beads were produced by the

incorporation of QDs into the outer regions of layer-by-layer coated melamine beads

(seeSection10.2.4).Eachbatchofbeadswas encodedwithQDs that emitted adifferent

color. A known antigen of antitopoI antibodies, a 68-kDa recombinant fragment of

human DNA–topoisomerase I (topoI) was bound to one batch of encoded beads by

nonspecific absorption. The beads were then incubated with human serum samples

either from patients with scleroderma or from healthy donors, as a negative control.

Binding of antitopoI antibodies to the bead-immobilized topoI fragment was detected

ina two-stageprocess: (1) additionof afluorescently labeled secondaryantibodywhich

bound to the antitopoI antibodies, and (2) photo-excitation of theQDswithin the beads,

which resulted in aFRETemission from thefluorescent probeattached to the secondary

antibodies. In a similar way, by attaching the Sm antigen to another batch of encoded

beads, it was possible to detect antibodies from human serum samples for this second

target. In each case, the FRET-based proximity assay exploited the fact that the QDs

could be excited at a wavelength distinct from the excitation wavelength of the

fluorescent tag attached to the secondary antibodies. The authors were also able to

demonstrate that it was possible to pass the beads through a FACS and sort, with

excellent accuracy, the beads, which gave a positive assay response. Moreover, in

single-bead imaging studies, the authors demonstrated that this FRET-based approach

was extremely sensitive—just 30 dye-labeled antibodies binding to one region of a

single bead could be detected readily. Finally, the authors were able to demonstrate a

multiplexed assay whereby both antibody targets, in human serum samples, were

screened for with FACS enabling their facile separation and detection.

As an alternative to FRET-based sensors, ion-selective nano-optodes that incor-

porate QDs have been reported recently. In this approach, QDs were coated sequen-

tially (see Section 10.2.4) with an ion-selective polymer layer and an outer biocom-

patible PEG–lipid layer and shown to be capable of acting as ion-selective sodium

sensors [71]. Although the idealized sensor is based on a single discrete encapsulated

QD [see Figure 10.17(a)], the method used to generate the particulate sensors and the

FIGURE10.17 (a) Ion-selectiveQD–polymer composite sensor. In reality, these are likely to

contain more than one QD per particle. (b) Experimentally observed spectral response of ion-

selective QD-polymer composite sensor to increasing concentrations of sodium. Data used to

plot the graphs were obtained from a plurality of sensor particles immobilized within thin films.

(Reproduced in part from ref. 71, with permission. Copyright � 2007 American Chemical

Society.)
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size of these particles (103� 2 nm)means that in reality each sensing particle contains

more than oneQD.The ion-selective polymer layerwas composed of high-molecular-

weight poly(vinyl chloride), a sodium ionophore, and a chromoionophore. A size of

QD was chosen carefully so that its emission was absorbed by the chromoionophore

within the ion-selective polymer layer. Sodium sensing was achieved by sodium ions

entering the polymer matrix, interacting with the ionophore, resulting in the QD

absorbance of the chromoionophore becoming less with increasing levels of sodium

ion concentration. Thus, increasing sodium ion levels results in increasing amounts of

observable QD fluorescence [see Figure 10.17(b)]. These particulate sensors were

shown to be biocompatible by incubating them with HEK 293 cells: a procedure

which, evenafter 2 days,was shown tohave nodeleterious effects on the cells (in terms

of viability, apotosis, and necrosis) relative to control samples.

10.3.4.4 Optical Encoding Applications A particularly attractive applica-

tion of QDs, which exploits their unique photochemical properties to the full, is

encoding. Examples of very limited QD encoding in the form of multiplexing assays

are relatively common. Indeed, one [3] of the twooriginal papers inwhichQD labeling

of biological molecules was first reported [3,4] centered on a study in which actin

filaments within 3T3mouse fibroblast cells were stained greenwhile their nuclei were

stained red, in both instances using QDs as labels. However, multiplexing assays

typically utilize only a very small number of codes. Encoding applications such as

coding proteins for drug screening, gene expression studies, and clinical diagnostics

require fargreater numbersof codes tobe readilyavailable, and realistically this is only

likely to be possible using a plurality ofQDs incorporated into larger structures such as

polymeric beads. The first steps toward this goal were reported in 2001 byHan and co-

workers [17],who reported the first example ofQD-encoded polymer beads. Different

but precisely controlled amounts, predetermined empirically, of differently colored

QDs were incorporated into polymer microbeads by doping (see Section 10.2.3).

Doping, typically between 640 and 50,000 QDs per bead, produced beads with

fluorescent emission profiles which were slightly narrower than those obtained from

the corresponding doping solutions, but themaxima of emission and relative intensity

of emissions remained unchanged upon doping (i.e., there was no evidence of FRET

upon doping). In a proof-of-concept study, the authors used a three-color code with

twodifferent intensity levels (1or2) togeneratebeadswith threedifferentcodes (1:1:1,

2:1:1, 1:2:1).Thesebeadswerefirstcoupledcovalently to streptavidinand then to three

different biotinylated ssDNA probes, and each bead type was incubated with three

different fluorescently labeled target oligonucleotide sequences. The fluorophore in

each casewasCascadeBlue, as it gave a signal remote from thoseof the encodingQDs.

In this way it proved possible to detect hybridization between probe and target at the

same time as decoding the QD code, a procedure that exploited the broadband

excitation characteristics of the coding QDs. The authors demonstrated that beads

with up to 10 different intensity levels could be differentiated fromone another using a

one-color QD and extended this finding to predict that this type of approach could

generate a realistic encoding strategy with up to 1 million codes (six colors at 10

intensity levels). This paper constituted a compelling starting point for QD-based
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encoding, but one of theweaknesses of theworkwas the intensity of the coding signal,

which may be why only a very small number of encoded types of microsphere were

actually utilized in the study.

Silica-based beads similarly doped with QDs were shown by Gao and Nie to be 50

to 100 times brighter [20]. The authors also demonstrated that it was possible to

generate up to 1000 discernible codes with just three colors of QD, but unfortunately,

no descriptions of real applications of thesematerials were given.One possible reason

for the lack of real applications is that the beads were not monodisperse enough to

enable direct bead-to-bead comparisons to be made. For example, fluorescence

intensities were shown to vary significantly from one bead to another of the same

bead type, in some cases by as much as by 50%. Significant bead-to-bead variations

like this could at best severely hamper, and at worst preclude, optical decoding.

Gao and Nie subsequently rectified this dispersity problem in an extremely elegant

manner by returning toQD-dopedpolystyrenebeads [19].Here, virtuallymonodisperse

mesoporous polystyrene-based beads were doped with QDs to generate composite

materials that had extremely bright emission characteristics coupled with very good

reproducibility of emission from one bead to another. In fact, the bead-to-bead repro-

ducibilityofthesematerialswassogoodthatitprovedpossibletosortthem,onthebasisof

QDemission,usingastandardflowcytometeratasortrateofupto1000beadspersecond.

The ability to combine QD encoding with flow cytometry in this manner is extremely

attractive, as it combines both high-speed sorting and deciphering with unique optical

signatures that are both photochemically robust and have intense emissions. The only

weakness with the materials described in this excellent paper is that the QDs are only

immobilized within the mesopores of the beads by hydrophobic interactions. The

encoded materials may thus be used only in aqueous and highly polar protic solvents

such as ethanol. Exposure to the majority of organic solvents would simply result in

leaching of the QDs from within the pores of the beads into the surrounding solvent,

rendering the beads entirely useless in subsequent coding and decoding applications.

Since the original QD-based encoding paper of Han et al. [17], a number of other

examples describing applications of QD encoding of beads have been reported

[18,23a,24,26,28,36]. Of special recent note is an example whereby encoding has

been coupledwith flow cytometry [72]; two examples where QD-encoded beads have

been used in lab-on-a-chip-type applications [73,74], one of which involves the use of

a spinning disk format [73] and the other a microfluidic chip format [74]; and a fourth

examplewheremagnetic beads have been encodedwithQDs and used to analyze gene

expression [75]. In the first of these four examples, carboxylic acid–functionalized

polystyrene beads were encoded by doping with controlled amounts of QDs (see

Section 10.2.3) [72]. Three separately encoded batches of beadswere attached to three

different ssDNA oligonucleotides, and a mixture of these three bead types was

subsequently incubated with a FITC-labeled target ssDNA oligonucleotide that was

complementary to only one of the three bead-immobilized ssDNA oligonucleotides.

The beads were removed from the hybridization reaction, washed to remove non-

specifically bound ssDNA target, and subjected to a fluorescence-based assay

procedure using the ‘‘homemade’’ FACS-like setup shown schematically in

Figure 10.18. In this manner it was possible to assay the collection of beads and
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identify, on the basis of FITC fluorescence emission, the beads where hybridization

had occurred. Moreover, the QD fluorescence emission from those beads was both

distinct from, and generated concomitantly with, the FITC emission. Thus, the QD-

based emission enabled the sequence of the ssDNA oligonucleotide attached to an

active bead to be determined at the same time as the bead was identified as ‘‘active.’’

This flow cytometric assay, which enables beads to be interrogated at a speed of up to

76 beads per second, is a real strength of the paper. The homemade setup, which

although it does not having sorting capability, enables on-bead assays to be conducted,

should (1) enable many research groups to have in-house access to FACS-like

capability at a very reasonable cost, and (2) be more versatile for analyzing multiple

QD-colored beads than using commercial FACS machines, as it does not have a

relatively limited number of color channels but instead, relies on a simple photo-

luminescent probe of the sort thatmanygroups use routinely to assess the properties of

QD-containing materials.

In the first of two recent examples where encoded beads have been employed in a

lab-on-a-chip application, QD-encoded beads, generated by doping about 150-mm
polystyrene beads (see Section 10.2.3) were employed [73]. Three different colors of

QD were used to make just three types of coded bead, one for each color of QD

employed. No color combinations were evaluated in this study. The three batches of

encoded beadswere then functionalized separatelywith one of three different primary

antibodies beforebeingmixed together and loaded into an inlet reservoiron the surface

of a compact disk. The reservoir also contained buffer and an antigen for one of three

primary antibodies attached to the encoded beads. Subsequently, a fluorescently

labeled secondary antibody that targets one of the antigens was added to the reservoir.

After an appropriate incubation time, spinning the disk resulted in the beads in the inlet

reservoir flowing, by centrifugal microfluidics, into a detection chamber designed so

that as the beads enter it, they are forced into a closely packedmonolayer arrangement.

The beads within the detection chamber were then illuminated with an LED light

source via a long-pass filterwhich excited theQDcodes, and the entrappedmonolayer

FIGURE 10.18 (a) Homemade flow cytometer setup for screening QD-containing beads; (b)

transparent and (c) fluorescent images of a bead flowing through the homemade flowcytometer.

(From ref. 72, with permission from Elsevier.)
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of beadswas imaged, in just a fewseconds, using a colorCCDcamera.A second image

was then recorded, again using the same illumination source and a CCD camera, but

this time an alternative bandpass filter enabled the fluorescent label on the secondary

antibody to be detected without interference from the QD-based emissions. Com-

bining the two images enable active beads to be identified and simultaneously decoded

in a process that takes just a few tens of seconds. The assay format was applied to the

detection of antibodies for tetanus and hepatitis A in human serum samples, and the

presence of antibodies at levels consistent with those affording long-term immunity

against both diseases following vaccination were identified successfully. This appli-

cation is a very nice example of usingQD-encoded beads in a passivemicrostructured

CD-based microfluidic system. The authors state that the CDs, the only disposable

element of the setup, are ideally placed to be replicated by standard hot embossing or

injection molding at low cost and in very high numbers.

The second example of an application of QD-encoded beads in a microfluidic assay

system again focuses on detecting disease marker antibodies in human serum sam-

ples [74]. Three different batches of 5-mmQD-encoded beads were generated using the

dopingmethodpioneeredbyHanet al. (seeSection10.2.3).Adifferent antigenwas then

attachedtoeachbatchofQD-encodedbeadscovalentlyusingEDC.Thespecificantigens

employed in this study were hepatitis B surface antigen, hepatitis C virus nonstructural

protein 4, and HIV glycoprotein 41. The antigen-labeled QD-encoded beads were then

incubated with human serum samples that had been spiked with one or more of the

appropriateantibodiesforeachantigen.Subsequent tothis initial incubationprocesswith

the primary diseasemarker antibodies, a secondary fluorescently labeled antibody (lem
�520 nm)wasadded.TheQD-encodedbeads reactedwith this secondaryantibodyonly

if there had been a successful antigen–primary antibody interaction. Each serum sample

prepared in this manner was added into a disposable poly(dimethylsiloxane) (PDMS)

microfluidicchip[seeFigure10.19(a)],andtheQD-encodedbeadswerepassedalongthe

chip, by electrokinetically driven microfluidics, to a detection region. As each bead

entered the detection region, laser excitation enabled beads bound to antibodies to be

detectedviaathree-colorphotodiodedetector–basedsystem.Arepresentationofsomeof

thedataobtainedisshowninFigure10.19(b).Whenmultiplexingwasusedtoassaymore

FIGURE 10.19 (a) Layout of the microfluidic chip used in this study in which the channels

(100mmwide by 15mmhigh) have been highlightedwith a dye tomake themeasily visible. The

detection region is at the intersect of all three inlet channels. (b) Photodetector data generated

for QD-encoded beads flowing through the detector region over a period of 10 seconds. (c)

Multiplexing data showing the red/yellow signal ratios which enable the QD-based code to be

deciphered for (i) hepatitis B, HIV, and hepatitis C; (ii) hepatitis B only; (iii) HIVonly; and (iv)

hepatitis C only. (Reproduced in part from ref. 74, with permission. Copyright � 2007

American Chemical Society.)
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thanoneantibodytypeata time, theyellowchannelprovidedevidenceofabeadboundto

anantibody,while the red/greenchannel ratioenabled theQDcode tobedeciphered thus

identifying the specific antibody–antigen interaction on a particular active bead [see

Figure10.19(c)].Usingthisapproach, itprovedpossible todetect thepresenceofjust two

orall threeantibodiesindifferentserumsamples.Twoofthestrengthsofthisapproachare

its elegant simplicity and the fact that in the relatively near term, it should be possible to

transfer all of the technology to a setup consisting of disposable chips coupled with a

compactcontroller/readerforatpoint-of-treatmentuse.Onepotentialproblemisthetime

taken and the skills required to conduct the off-chip aspects of the assay. The authors

report that the time taken ingoing fromantigen-coatedQD-encodedbeads toa readout is

about1hour,andpartofthisprocess involvesthebiorecognitionprocess,whichcurrently

is nontrivial to conduct. Perhaps the time scale could be shortened considerably and the

processmademorefacile toconduct if thebiorecognitioneventscouldalsobecarriedout

in themicrofluidicchip.Moreover, itwill probablyprovepossible to improve thealready

very creditable 70 beads per minute barcode deciphering rate.

The last of the four examples of applications involving the use of QD-encoded

beads is something of a tour de force and provides a great example of just what can be

achieved using QD encoding [75]. Different combinations of four differently colored

QDs (525, 545, 565, and 585 nm), each at one of 12 intensity (I) levels, were mixed

with a polymer, and the outer surfaces of 8-mmmagnetic beads were coated with this

polymer mixture. A very clever uniform coding strategy was adopted in which each

bead was encoded with a combination of QDs that gave rise to an equal-intensity

emission. Specifically, intensity levels for each color of QD were chosen so that for

each bead type, I525 nm þ I545 nm þ I565 nm þ I585 nm¼ Imax. Using this normalized

coding strategy, a total of up to 455 differently coded batches of beads, called Qbeads

by the authors, couldbegenerated [seeFigure10.20(a)].While thismeans that the total

number of potential codes was not maximized, each code gave out exactly the same

total amount of light. This normalized coding strategy circumvented problems of

weaker emitting beads encountered in other strategies, such as the original report by

Han et al. [17]. Here some beads had barcodes (e.g., QD intensity levels 1:1:1) that

gave out much less light than others (e.g., QD intensity levels 10:10:10), which in turn

resulted in markedly different degrees of signal-to-noise ratios, which could be

problematic when decoding the beads.

Differentgene-specific oligonucleotideprobeswere thenattached to eachdifferently

coded batch of Qbeads [see Figure 10.20(b)]. These bead-encoded probe sequences

were then mixed together and incubated with biotinylated cRNA. Complementarity

between probe sequence and cRNA resulted in successful hybridisation, and this was

evidenced by subsequent incubation with streptavidin-labeled with QD655 nm (or

QD705 nm or QD800 nm). Beads were labeled with QD 655 nm (or QD705 nm or QD800 nm)

only in cases where successful probe–cRNA hybridization had occurred. The degree of

gene expression affected the amount of cRNAavailable for hybridization,which in turn

could bequantifieddirectly simplybymeasuring the intensity of theQD655 nmemission.

The magnetic properties of the beads enabled facile separation of unbound materials

prior to interrogating the fluorescent emission profiles (by excitation at 405 nm) of the

beads to enable both gene identification and quantification [see Figure 10.20(c)].
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The Qbead platformwas then benchmarked and found to be sufficiently sensitive

to detect just 106 target molecules. Moreover, assay sensitivity could be improved

further, to 104 or more target molecules, by employing a single round of T7-

mediated amplification of the target genes. The authors report that this value

compares favorably with that of high-density microarray platforms (105 target

molecules) and methods employing quantitative PCR (qPCR) (103 to 104 target

molecules). In terms of dynamic range, the Qbead platform (3.5 logs) fared better than

did most microarray-based assays (2 to 3 logs) but not as well as qPCR (6 logs). The

Qbead methodology was then used to probe the expression levels of 92 selected

housekeeping genes involved with transforming growth factor-b1, which causes

changes in transcription in human bone marrow mesenchymal stem cells. This study

enabled a direct comparison to be made between the Qbead and Affymetrix Human

U133A2.0 GeneChip platforms for the analysis of gene expression. The authors were

able to show good correlation between the two platforms, both of which produced

highly reproducible results. Moreover, the authors reported that the Qbead platform

was faster, in terms of hybridization, andmore sensitive than theAffymetrixGeneChip

platform, enabling analyses to be made with much less RNA (100 ng vs. 2mg of total
RNA, when T7 amplification was employed in both instances).

10.4 FUTURE DIRECTIONS

In this chapter we hope that we have been able to convey the excitement of those who

work with QD-containing polymer systems for biosensing applications. We have

attempted to illustrate the breadth of this vibrant areawithpertinent examples. In terms

FIGURE 10.20 (a) Pseudocolored image of a collection of differently encoded Qbeads;

(b) schematic representation of a cut through section of a Qbead functionalized with a gene-

specific oligonucleotide probe; (c) schematic representation of the sequential processes of

hybridization, streptavidin labeling, and gene expression analysis. (Reproduced in part from

ref. 75, with permission. Copyright � 2006 American Chemical Society.)
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of the future development of this field, any system that incorporates QDs is funda-

mentally reliant on QD quality and stability. The quality of QDs currently being

incorporated into polymers is for the most part very good. In the examples we have

highlighted, some QDs have been made in-house, and in other instances they have

been bought in. Good-quality QDs are now becoming commercially available at

increasingly attractive prices; for example, Sigma-Aldrich has recently started selling

Lumidots,QDsmanufactured byNanocoTechnologiesLtd., in 10- and50-mgbatches

for as little as $6 permilligram,whichwill enable their evaluation inmore laboratories

and also in larger-scale polymer systems. In the future the price of QDs is likely to

decrease, and there is also likely to be an increase in quality and in batch-to-batch

reproducibility as commercial suppliers address both of these key parameters.

The stability of QDs is very dependent on the outer layers surrounding them,

especially the outermost organic layer.Moreover, the outer ligand layer is also vital in

controlling the solubility and reactivity of the QDs. This is still an area that is very

active in terms of research, and new ligand coating strategies are being reported all the

time. Similarly, it is to be hoped that more comparator papers, such as the systematic

study by Smith et al. [76] in which ligands were evaluated for a range of applications,

will be published. Thiswill aid investigators to select themost appropriate ligand and/

orQD ‘‘incorporation’’strategy for a given purpose. It would be an excellent idea for a

study to evaluate QD stability upon exposure to a number of different sets of reaction

conditions, particularly those used to couple biological molecules on to the outer

surfaces of QDs and solvent-accessible regions of QD-containing polymers. It would

also bemost useful if reagents and conditions of a number of polymerization reactions

were evaluated similarly. For example, it is well known that radical initiators such as

AIBN can have a dramatic impact on the quantum yields of QDs. Similarly, a

methodical study centered on the comparative strengths of ligand–QD surface

interactions would be invaluable, particularly for those examples where this forms

the basis of the QD–polymer conjugation strategy.

Another important aspect of usingQDs is their toxicitywhen ions such asCd2þ are

released from their surfaces. AlthoughQDs have been widely used in in vitro imaging

and assays and similarly in in vivo animal studies, their use in humans will not occur

untilQD toxicity canbe reduced significantly or until nontoxicQDs [77] becomemore

widely available. Polymer coating and encapsulation strategies are likely to play a key

role in reducing QD toxicity in a manner similar to the way in which they have been

employed to reduce the toxicity ofMRI contrast agents such as iron nanoparticles [78].

Metabolism and clearance studies will also play a key role in developing human-

compatible QD–polymer composite probes for imaging, delivery, and therapeutic

applications.

In terms of polymer composites that contain multiple QDs, Sheng et al. [35a] have

recentlyhighlightedthefailings incurrentstrategies forQDincorporation intopolymer

beads. Specifically, they called for more detailed analysis of composite materials to

be made and the need for robust strategies that enable greater amounts of QDs to be

incorporated intopolymericmatrices.Weecho thisview, especiallyasweconsider one

of theearliest reports, that ofHanet al.,whodoped intocarboxylic acid–functionalized

polystyrene beads and subsequently silica coated the surfaces of the immobilizedQDs
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of beads, to be the most effective strategy to date. Moreover, we think that the

incorporation of QDs into polymer matrices by radical polymerization reactions are

less likely to find general application in the future, due to the inherent incompatibility

between QDs and the relatively aggressive (to QDs) reaction conditions employed in

free-radical-mediated processes. The capricious nature of these free-radical-mediated

processes in terms ofQDdegradationmeans that there is likely to be significant batch-

to-batch variability in terms of resulting PL emissions, quantum yields, and so on.

Consequently,we think that themajorityofpolymercomposites that containaplurality

ofQDs for encoding applicationswill be generated by dopingmethods. It is likely that

new polymer matrices and oligomeric ligands, for example, like those reported

recently [35a,40], will be developed that will enable more robust immobilization

strategiesofQDs intopolymerbeads,helping toprevent leaching,aggregation,andQD

degradation processes occurring during subsequent application.
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11.4 Employment of QDS as biosensing indicators

11.1 INTRODUCTION TO QDS AND THEIR APPLICATIONS

Our introduction to quantum dots (QDs) begins with a brief description of

nanosciences and nanomaterials. There is no doubt that nanomaterial research has

been the most important and challenging during the last two decades. Nanoscience

technology consists of nanophysics, nanochemistry, nanobiology, nanoelectronics,

nanomechanics, nanomachining, and nanomaterials, focusing on the materials and

technologies developed in the mesoscopy-scale range, which is between the

classical macroscopic size and the molecular/atomic microscopic size. The novel

materials can be divided into three classes: (1) nanoparticles and atom clusters as

zero-dimensional (0D) nanomaterials, with a particle diameter below 100 nm; (2)

nanotubes, nanowires, and nanocables as 1D nanomaterials, with a tubewidth below

Biosensing Using Nanomaterials, Edited by Arben Merkoçi
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100 nm; and (3) nanofilms and superlattice as 2D nanomaterials, with a layer

thickness on the nanoscale. Nanomaterials consist of different classes of materials,

including elemental and composite; conductor, semiconductor, and insulator; and

metal, ceramic, and polymer.Whenmaterials decrease in size from traditional bulky

macroscopic sizes into micro- and then nanometer scales, they display novel

chemical and physical properties, distinguishing them from or even making them

superior to the common bulky materials (e.g., increased conductivity, strength, and

toughness; superplasticity; superparamagnetic–paramagnetic characteristics).

These unique size- and shape-dependent properties make them perfect materials

for engineering, electronic, biological, and chemical research, opening a new era for

science and technology. Chemists are synthesizing novel nanomaterials with

controllable chemical and physical properties. A good sample is the noble metal

nanoparticles of Pt as superior catalysts for chemical reactions; physical scientists

are studying these interesting and special properties and providing the mechanics;

biologists are finding bioapplications for the biocompatible nanomaterials, such as

magnetic nanoparticles serving as the newgeneration of nuclearmagnetic resonance

contrast reagents, and these particles are also the tools need to capture and enrich

biosamples; noble-metal nanoparticles, especially gold nanoparticles, are the

commonly used biosensor labels; polymer particles are the carriers of medicine

used to target tumor cells; and electronic scientists are building very small electronic

devices using semiconductor and conductor nanoparticles, eliminating the problems

associated with the finite size of traditional materials.

Aquantumdot is a very tinyparticle of nanocrystal composed of the semiconductor

materials of transitionmetal [1]. Generally, they are the elements from groups IIA and

VIA (MgS, MgSe, MgTe, CaS, CaSe, CaTe, SrS, SrSe, SrTe, BaS, BaSe, BaTe), IIB

and VIA (ZnS, ZnSe, ZnTe, CdS, CdSe, CdTe, HgS, HgSe) and groups IIIA and VA

(GaAs, InGaAs, InP, InAs). The semiconductor nanocrystals are usually in the

diameter range 2 to 10 nm, structured in quasi-0D. Within this size range, QDs

confine their electrons to discrete energy levels, which are similar to the energy levels

in atoms. These special nanoparticles can absorb and then emit light, and in general

when illuminated with invisible ultraviolet light, they fluoresce visible light [2].

Thewavelength range for thevarious semiconductormaterial preparedQDshavebeen

reviewed by Vashist et al. [3]. The light wavelength for QD adsorption and emission

are controlled primarily by particle size, and when the size is decreased, the quantum

size effect causes a blue shift in the excitation and emission light in QDs [4].

For example, CdSe nanocrystals about 2 nm in diameter are green, whereas 5-nm

nanocrystals display red.

The quantum confinement effect causes QDs to have unique optical and electronic

properties, and beginning in the 1970s, made them a promising optoelectronic

material, developed as QD lasers, LEDs, amplifiers, storage devices, infrared detec-

tors, quantum computing, and ultrahighly efficient solar cells. For example, QDs are

considered the next-generation solar cells, having much higher energy transform

efficiency than that of traditional solar cells.As today’s traditional silicon photovoltaic

cells (i.e., the current P-N junction solar cells) create only one electron per photon,
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traditional solar technology can only reach a maximum theoretical efficiency (MTE)

of about 31%.Comparatively, QDs can allow a single photon to create three electrons,

thus increasing theMTE to 66%.Additionally, QD solar cell technology decreases the

cost to produce cells compared with that to produce silicon solar cells, as they can be

prepared through simple chemical reactions. Therefore, QDs have the advantage of

being more efficient, cleaner, and cheaper solar cell materials.

Although QDs had already been prepared in the laboratory in the 1950s, they did

not attract much attention, and today they are considered an attractive nanomaterial

for bioemployment. By the end of 1980s, the development of mature molecular

beam epitaxy technology made it possible to prepare QDs in different material

systems, thus stimulating QD research and increasing interest in QD synthesis and

applications. In 1998, two research groups published important findings about QDs

in Science, opening the way for QD-involved biological technologies [5,6]. Bruchez

et al. and Chen and Nie described approaches to offer water solubility and

biocompatibility to QDs. Since then, QD biousage has become a hot research area.

Today, deeper studies on QD solubility, biocompatibility, and toxicity dramatically

push the development of QD-based biotechnologies. In the book Quantum Dots [8],

the increase in number of publications on QDs annually is given from 1985, when

Ekimov et al. [7] suggested that quantum size effects determined the colors of CdS

and CdSe dots, to the year 2000. The Nanotech News of the National Cancer

Institute (nano.cancer.gov/index.asp) reported that there were about 1200 papers

published on QD use in biomedical research from 1987 to the middle of 2005, and

over 700 were published after 2000. Up to now, they have proved themselves to be

novel and promising imaging toolkits, comparable, even superior, to other biological

technologies. Today, most studies of QDs in biology focus on QDs complementing

the traditional chemical organic fluorophores and biological fluorescent proteins,

developing QD fluorescent probing technologies for ‘‘coloring’’ cells tissues and

whole bodies in vitro and in vivo [9]. For example, for tumor cells investigations,

QDs are encapsulated into amphiphilic polymers and attached to ligands to work

against special tumor cell. After the QDs find the target cells, scientists can image

the tumor cells and then study the cell processes using light to excite the QDs. Once

internalized by the cells, QDs can be distributed to vesicles throughout the

cytoplasm, displaying intense and stable fluorescence for a long time under complex

biological conditions. Also, QD-based biotechnologies can detect other diseased

tissues, provide the treatment, and report or diagnostic progress. As the new

biological imaging tools, QDs have the advantages of higher imaging depth and

longer stability. Due to the high brightness and long lifetime, even a single dot can be

investigated and tracked using special spectrum techniques. Cells and tissues

labeled with QDs can be reanalyzed with a similar level of fluorescence intensity.

Moreover, as reported by Invitrogen, their Qdot can be passed to at least six

generations of daughter cells without transfer to adjacent cells or effect on cell

proliferation or cellular enzyme bioactivity. A QD-based drug delivery technique

has also been developed. For cancer treatment, the drugs are first combined with

QDs, and then peptides or antibodies are modified onto the QDs. QDs so prepared
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can attach to target cells and release drugs to treat these cells when exposed to

laser light heating. Such a drug transfer method increases drug efficiency to

target cells and decreases damage to normal cells. Many QD-based in vivo

experiments carried out with live animals have targeted liver, bone marrow, lymph,

lung, blood vessels, and other areas. These studies offer the possibility of QD studies

in humans.

Many books and review articles have discussed QDs comprehensively, including

their novel physical and optical characteristics, and their promising technologies and

applications. Recent review articles cover QD use in the following areas:

1. Special properties of QDs and their electronic applications. The article

‘‘Molecular aspects of electron correlation in quantum dots’’ reviews theories

of electron correlation in QDs, with emphasis placed on the physics of QDs

in strong magnetic fields [10]. In ‘‘Review on recent development of quantum

dots: from optoelectronic devices to novel biosensing applications,’’ the

authors covered potential applications of speedy and tunable light-emitting

sources based on QD lasers, and addressed the physical properties of QD

photodetectors [11].

2. Bioconjugation technologies for QDs. The review entitled ‘‘Quantum dot bio-

conjugates for imaging, labeling and sensing’’ focuses on methods conjugating

biomolecules to QDs in QD-based imaging, labeling, and sensing biological applica-

tions, also outlining the limitations of the techniques on reproducible and robust

conjugates between QDs and biomolecules [12].

3. QDs used in bioapplications. The review ‘‘Labeling of cells with quantum dots’’

gives an overview on QD employment in cell biology, focusing on labeling cellular

structures and receptors with QDs, incorporation of QDs with live cells, tracking

the path and fate of individual cells using QD labels, and the employment of QDs as

contrast agents [13]. In ‘‘Quantum dots as cellular probes,’’ the advances of QDs

are summarized in terms of the new generation of fluorescent probes used at the

cellular level, including immunolabeling, cell tracking, in situ hybridization, fluo-

rescence resonance energy transfer, in vivo imaging, and related technologies, as well

as their limitations and potential future use [14]. The book Nanobiotechnology

Protocols also summarizes and describes experiments for the application of QDs in

biology [15].

4. Cancer treatment using QDs. ‘‘Review of quantum dot technologies for cancer

detection and treatment’’ discusses advances in QD technology for the diagnosis of

cancer, including QD–peptide conjugates to target tumor cells, QD-based drug

delivery to target cancer, and QDs for multiplexed analysis [3]. It also outlines some

early success in the detection and treatment of breast cancer.

5. QD safety for bioemployment. In the review ‘‘A toxicologic review of quantum

dots: toxicity depends on physicochemical and environmental factors’’

factors influencing QD toxicity are discussed. The authors call for research

toward a better understanding of QD toxicity mechanisms now, to avoid future

pitfalls [16].
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11.2 PREPARATION OF QDS FOR CONJUGATION
WITH BIOMOLECULES AND CELLS

11.2.1 Particle Synthesis Methods

The sizes and shapes of QDs can be controlled precisely by particle synthesis

conditions, including reaction time, synthesis temperature, and ligand reagents for

stabilizing freshly prepared particles. On the other hand, their sizes dominate the

physical and chemical properties of these nanoparticles. Until now, a variety of

synthesismethods have been developed for preparingQDs that have the tunable sizes,

shapes, and properties desired. Colloidal synthesis is the most commonly used and

cheapest method for mass production of QDs. Most commonly, QDs are synthesized

in organic solvents (e.g., toluene, chloroform) through chemistry reactions that

result in surfactant-coatednanoparticles. Thepolar surfactant headgroups are attached

to an inorganic particle surface whose hydrophobic chain protrudes into organic

solvents. QDs so prepared are well dispersed in organic solvents and not soluble

in aqueous media. Recently, newer, direct methods for the synthesis of intrinsic

water-soluble QDs have been developed, using inorganic solvents and re-

agents [17,18]. Additionally, nanofabrication techniques developed recently, such

as x-ray nanolithography, electron-beam lithography, and nanoprinting, have been

employed to create QDs.

During nanoparticle synthesis, core–shell structure is widely used for particle

surface modification and stabilization. One example is that of magnetic particles.

Iron nanoparticles have a strong magnetic force and are considered promising novel

superparamagnetic materials. However, they are sensitive to air conditions, and

because they are very readily oxidized, they quickly lose their special magnetic

characteristics. One efficient way to stabilize magnetic particles is to wrap them in a

layer of gold, forming an iron core–gold shell structure. Gold is more stable than

iron in air and aqueous conditions. Although some studies suggest that a gold shell

could not absolutely keep air from contacting the inner iron atoms, it has been

agreed that the gold shell structure can stabilize magnetic particles for several weeks

at least. Gold shells are also used to provide stability to other metal particles, such as

copper. As in the QD case, the lattice imperfection and impurity of the metals would

decrease the quantum yield, due to the unpassivated surface sites, which also cause

the nonradiative recombination and photodegradable sites to suppress efficient

luminescence and promote photodegradation. For example, the quantum yield of

QDs capped with long-chain organic surfactants was only 10% [19,20]. Therefore, a

special shell should be used to coat the particles to stabilize the inner core,

decreasing the photodamage and enhancing the quantum yield and brightness [21–

23]. Crystalline semiconductor shells are made from more stable materials with

higher bandgaps, and the central nanocrystal core determines the final fluorescence

color of the particles. Until now, many core–shell structured QDs have been

synthesized, such as Ag2S–CdS, Cd(OH)2–CdS, ZnS–CdS, HgS–CdS, PbS–CdS,

CdSe–ZnS, CdSe–ZnSe, and CdS–HgS–CdS [24–31]. It has been reported that the

shell structure could increase the quantum yield to 50 to 70%. ZnS-capped CdSe
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nanocrystals exhibited an enhanced quantum yield of 50%, which was stable for

months [32]. The quantum yield of CdS-capped CdSe QDs was 100% [33].

ZnSe–ZnS QDs showed a 2000% enhanced quantum yield compared to bare ZnSe

nanocrystals [34].

11.2.2 Particle Surface Modification and Bioconjugation

Actually, a succession of complex surface modification steps should be carried out

for QDs before their use in biotechnologies. These steps include core–shell structure

formation to stabilize particle fluorescence, then multilayer modification to assure

particle water solubility, and finally, the biomolecule conjugation to site bimolecular

probes. Such prepared QDs can then be used to target DNA, proteins, both living and

fixed cells, and tissues.

For their biological andmedical applications, QDs should be hydrophilic either by

replacing the surfactant with hydrophilic reagents or by coating the particles with

additional amphipathic polymers. In the first case, the hydrophilic reagents replace the

hydrophobic surfactant via binding their functional groups to QDs and leaving their

hydrophilic groups at the other end, causing the QDs to become water soluble. Thiol

groups (–SH) are generally used to react with the nanocrystal surfaces [23,35–42].

However, it has been found that bonds based on –SH are not strong enough for long-

term stability [43,44], resulting in particle aggregation. In the second case, the

hydrophobic side of amphipathic polymers can react with the surfactants on QDs,

resulting in particles wrapped into polymer layers, with the hydrophilic side of the

polymermaking the particles water soluble [45–48] [e.g., poly(ethylene glycol)] [49].

Phospholipid micelle encapsulation can also make QDs water soluble [50]. If the

surface ligand molecules carry electric charges, the QDs are stabilized by repulsive

electrostatic force. Alternatively, these semiconductor particles are stabilized by the

steric repulsion forces from uncharged polymer materials. The optical properties of

theQDs so prepared are determined by the size of the inner nanocrystal core, and their

surface chemistry is defined by the outside coating materials. Therefore, QDs of

different colors could have identical surface properties for the bioconjugation

procedure. Comparatively, different-colored organic dye fluorophores are mostly

differentmolecules that havevaried surface properties,which should result in different

cross-link reactions to couple biomolecules onto those dyes, increasing the experi-

mental complexity and cost.

The surface functionalization of QDs increases the particle water solubility and

biocompatibility; however, some studies found that it also reduces the particle

quantum yield in aqueous media compared with the original particles bearing a

hydrophobic layer in organic solvents [51,52], because the surface modification

changes the charges on QD surfaces. Other studies found that protein functionaliza-

tions could retain the QDs quantum yield, offer a long fluorescence time, and serve

as a bridge to linking other biomolecules via their functional groups. Although the

surfacemodifications sometimes decrease the quantum yield, the particles retain their

basic superior optical properties (i.e. narrowand symmetric spectra, broad adsorption,
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reduced photobleaching, and long lighting life), making them suitable for biological

experiments [52].

The last layers for QDs used for biological purposes are the functionalized

antibodies and other biomolecules which have complementary sequences against

target biomolecules, such as special antibodies to the marker proteins on a tumor

cell surface. Due to their small size, QDs have a higher surface-to-volume ratio in

attaching various biomolecules, thus making QDs more complex multifunctional

structures. For example, a 5-nm-diameter CdS has around 15% of its atoms on the

surface [53], and about 160 serotonin molecules can link onto one dot [54]. Various

strategies for conjugating biomolecules onto QDs have been developed, which can

be classed as covalent and noncovalent methods: cross-linking via special chemical

reactions, and adsorption by electrostatic force between charged biomolecules

and QDs. The chemical groups used most often on QDs are –COOH, –NH2,

and –SH. Generally, proteins contain primary amines and thus can react with

carboxyl group–derivatized QDs in the presence of EDC–NHS without chemical

modification of the proteins [38,50,55,56]. Thiol-containing biomolecules can be

coupled to the amine group–derivatized QDs using SMCC [56–58]. SMCC can

activate amine groups to reactive maleimide groups [5,59]. However, the free

sulfhydryl groups are unstable in the presence of oxygen, and additionally, are not

very common in native biomolecules. As proteins usually have positively charged

domains, they can also bind electrostatically to negatively charged QDs [60]. In

addition to these strategies, streptavidin–biotin binding bridges are widely used to

bind biotinylated biomolecules onto streptavidin-coated QDs [41,45,61,62]. As the

reaction of avidin–streptavidin with biotin is special and their combination force is

strong, streptavidin-coated QDs can readily be modified with biotinylated biomo-

lecules. Additionally, streptavidin-coated QDs are available commercially, and

biomolecules usually possess biotins or it is easy to synthesize this moiety onto the

biomolecules.

Biomolecules attached to QDs should retain their special biofunctions, including

their target recognition ability, as well as special effects and actions, such as their

catalysis effect and their ability to block ion channels. It was found that inmany cases,

the conjugation of biomolecules onto QDs did not influence their biological functions

or change their binding ability to specific receptors. For example, QD conjugation

to transferring proteins did not affect the protein function [37], and the binding of

QDs onto membrane-bound receptors did not affect the receptor diffusion behavior

through membranes [63]. However, some reports suggest that QDs induce a steric

hindrance effect and thus influence the biological functions of biomolecules. For

example, the QD attachment influenced the binding affinity of neurotransmitter

serotonin to serotonin-transporter proteins [57].

Consequently, these surface modifications increase QD size from several nan-

ometers to larger sizes, sometimeswithin the protein size range (atoms, 0.05 to 0.5 nm;

dyemolecules, 0.5 to 10 nm;fluorescence proteins, 10 to 20 nm; viruses, 20 to 400 nm;

bacteria, 500 nm to 10mm; animal cells, 10 to 100mm), but no obvious influence

has been found on their bioapplications for cell labeling, tissue modification, and
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cell transfer, for example. This result is attributed to the fact that the semi-

conductor nanocrystal core controls the photonic property of the entire particle, and

the outside modification multilayers for biomolecular conjugation determine the

particle surface chemistry, which would not obviously influence the fluorescence

emitted from the inner core.

11.2.3 Signal Detectors in QD-Based Biotechnologies

Biotechnologies involving QD fluorophores are fabricated by readout of the

fluorescence intensity of the photonic signal excited from QDs. Deep tissue imaging

requires the use of far- and near-infrared light to avoid blood and water absorp-

tion [64,65]. Many special instruments have been developed to detect QD optical

signals for observing and tracking QDs, such as confocal microscopy [66], total

internal reflection microscopy [67,68], epifluorescence microscopy [61,69], and

flow cytometry. The laser scanning confocal microscope came into use during the

1980s. This technology has an advantage over traditional luminescence-detecting

instruments in its ability to produce images in three dimensions and thus has been

used widely in life science research, lithographic microfabrication, and so on.

Especially when using two-photon laser scanning fluorescence microscopy, much

higher intrinsic three dimensional spatial resolution would be obtained. Addition-

ally, two-photon laser scanning fluorescence microscopy uses the light at long

wavelengths to excite samples and therefore decreases the background signal

caused by cellular autofluorescence of biosamples, increasing the signal-to-noise

ratios [35,70–72].

11.2.4 Other QD Synthesis Developments

New compositions offer QDs with many novel and interesting properties as well as

with improved special photophysical properties which can help extend traditional

applications and also open up new applications of QDs. For example, manganese-

dopedCdSe nanocrystal colloids have been synthesizedwhich are sensitive to electric

and magnetic fields [73]. Due to their anisotropic shape, asymmetric nanorodes

can emit fluorescence light that is polarized, and therefore they can detect the

orientation of their labeled structures [74]. By synthesizing ternary alloyed QDs,

Nie’s group found that in addition to particle size, the composition and structure can

also tune the QDs optical and electronic properties [75].

11.3 SPECIAL OPTOELECTRONIC PROPERTIES
IN THE BIOEMPLOYMENT OF QDS

As described above, QDs are single semiconductor fluorescent crystals whose size is

generally controlled at several nanometers. Due to the fact that such sizes are
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comparable to thedeBrogliewavelength, theseparticles change their energy states in a

way similar to atoms and they are called ‘‘artificial atoms.’’When QDs are exposed to

light or voltage with enough energy, the electrons on ground states will be excited to

higher states, and the behavior of these activated electrons will drop back to that of

ground states (i.e., recombinationwould emit special colored fluorescence). Quantum

confinement effects begin to dominate the physical and chemical properties, resulting

in dramatically changed magnetic, photo, thermal, electronic, and other chemiphy-

sical properties [4,76–78]. Consequently, the emission wavelength of QDs is

dependent on their sizes [79–82].

11.3.1 Introduction to Traditional Fluorescent Reagents

An ideal fluorescence labeling reagent should be very stable and bright, having

water solubility and very low toxicity, especially in the biotechnologies. Herein are

the comparisons and discussions of QDs with other labeling technologies. The

earlier labeling tools include isotopes, enzymes, dyes, and electrochemistry-induced

luminescent reagents As isotopes are very harmful, they are not generally used today.

Enzymes have the advantage of enlarging signal by their special catalysis effects;

however, they are sensitive to conditions, lose bioactivity easily, and consequent,

need special storing conditions of temperature and buffer solutions to retain the

activity. The electrochemistry-induced luminescence is usually irreversible and has

poorer reproducibility. The advantages as well as the disadvantages of dyes are

described below.

Up to now, organic dyes are still the fluorophores most used to ‘‘color’’ biomo-

lecules and cells for imaging, tracking, and sensing, and these fluorescent targets can

then be read out by using special luminescence detectors. In cell biology studies, the

dyes ‘‘light’’ cells by conjugation onto the cell surface as well as the parts inside cells,

and scientists can then investigate the structures and functions of cells invitro and also

in vivo. Tracking cells is also based on such dye-based fluorescence labeling.

In biosensing technologies, fluorescent dyes are the current labeling reagents for

indicating the biomolecules of interest. Although they are considered to be the

standard fluorophore indicators, organic dyes still have encountered shortcomings

during their employment in biological technologies. Theprincipal limitations are their

unstable lighting, narrow excitation wavelength window, and unsymmetric emission

spectra. First, organic dye fluorophores are very sensitive to local environments. As a

consequence of the thermal fluctuation of the solvents, dye fluorophores sometimes

are transferred reversibly to the states in which they can no longer fluoresce, and the

fluorescence of a single dye molecule goes ‘‘on’’ and ‘‘off’’ statistically, called

blinking [83,84]. Dye has very obvious and frequent blinking, which is difficult to

solve. Although single quantum dot also has blinking, suitable surface modification,

such as fabricating the core–shell structure, could efficiently improve its photo

stability and decrease the blinking phenomenon. On optical excitation, in addition

tofluorescence emission, organic dyeswould undergo some irreversible light-induced

reactions, such as photooxidations. Consequently, these molecules are no longer
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fluorescent, which is known as photobleaching [85]. It is a photochemical destruction

procedure for fluorophores. Photobleaching limits the observation time during use of a

long-time light exposition, such as for cell tracking. Several approaches can decrease

the loss of photo activity caused by photobleaching, including using a reduced

intensity of light emission, deceasing the timespan of the light exposure, increasing

the fluorophore concentrations, and using the more stable fluorophores, such as QDs.

QDs have stable light emission even in intense illumination conditions such as using

a confocal microscope and flow cytometer. Another restriction for using organic

fluorophores is their low quantum yield. Quantumyield is onemeasure for judging the

brightness of a fluorophore molecule and the efficiency of the light absorbed. It is

defined by the ratio of the number of photons emitted to those absorbed. Some

fluorescent dyes have very high quantum yields, even as high as 100%. However, the

surface conjugation of biomolecules onto dyes would decrease their quantum yields

significantly.

Beside these traditional fluorescent tools, fluorescence labeling reagents called

fluorescent proteins have also been developed around the 1990s and received much

attention. Those most used are the green fluorescent proteins (i.e., GFP with its

derivates). GFPwas first isolated from the jellyfishAequorea victoria, and this type of

natural protein canproducegreenfluorescencewith an emission peak at 509 nmandan

adsorption peak at 395 nm. After derivation, fluorescent proteins could give red,

yellow, blue, or other colored light. There are several advantages to using GFP in

bioimaging. First, their photo and chemical properties are stable, and these proteins

can fluoresce even after being exposed for a long time at pH 7 to 12. Additionally, they

can retain their structures and properties under conditions of high temperature 70�C,
high salt strength, in organic solutions, and so on. Furthermore, these natural proteins

have no toxicity and thus are biocompatiblewithout obvious decomposition byprotein

enzymes. Recently, they have been expressed successfully in microbes, plants, and

animals and in all types of cells and cell components. The fourth advantage is that these

proteins are small in size and ofmolecular weight 27 to 30 kDa, and therefore they can

readily cooperate with other proteins without obviously changing the host proteins’

structures and functions. Finally, their alteration is easily carried out by genemutation,

producing new proteins with different colors and fluorescence intensity. Therefore,

these special proteins, called reporter genes, are also employed to report genes, image

cells, orient proteins and so on. However, they have also encountered limitations. One

is that their fluorescence intensity is not linearly varied with their amounts, which

limits the quantization analysis. Second, their characteristic adsorption and excitation

wavelengths range from 400 to 650 nm. The fur, skin, food, proteins, and so on, in the

biosamples will all produce autofluorescence in this wavelength window, which

produces background fluorescence and influences the signal measurement. The

haemoglobin, especially would adsorb the light below 600 nm. Third, the transfor-

mation of GFP to its active structure for fluorescence emission is very slowly

influencing the detection speed. Additionally, using higher-energy light as an exci-

tation source, such as ultraviolet exposition, these proteins will carry out photo-

bleaching. Finally, these proteins have only a few colors, limiting their use in

multicolor analysis and coding technology.
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11.3.2 Use of QDs in Bioemployment

Comparatively, QDs exhibit unique optical and electronic properties, which make

them more suitable than dyes for labeling, imaging, encoding, and for use as

electrophoto materials, and guarantee them to be a promising alternative to

conventional organic dyes in a variety of biotechnologies. These special properties

are the broad excitation and symmetric emission spectra, the high chemical and

photo stability, and the wide-ranging bioconjugation approaches, dissolving the

limitations of dyes and other fluorescent reagents in biotechnologies. First, QDs

have a much broader absorbance wavelength window, and they can adsorb all the

lights at the wavelength window shorter than their emission wavelengths (i.e.,

about 10 nm). Additionally, QDs have larger extinction coefficients than dyes, so

absorb light more efficiently [48,50]. The extinction coefficients of common dyes

and QDs are provided in the review of Vashist et al. [3]. Therefore, the same QDs

can be excited by varied wavelengths; on the other hand, different QDs can be

excited simultaneously using one wavelength. The emission spectra of QDs are

size-tunable (i.e., the particle size controls its emission spectra). Therefore, it can

readily vary the QDs’ fluorescence by varying their size and still retain the same

compositions and surface chemistries as those obtained using the bioconjugation

approach. However, as described above, the conjugation methods for different dye

molecules are different, which increases the cost and complexity of the biolabeling

operations. Furthermore, compared with dyes displaying mostly broader asym-

metric emission spectra and having obvious tails, QDs have much narrower

symmetric emission spectra in a Gaussian shape and a full width at half maximum

of less than 40 nm. Additionally, QDs have a larger Stock shift and the wavelength

difference between maximum absorbance and emission is usually hundreds of

nanometers. Consequently, overlapping of the emission spectrum during the use of

various dyes can be solved by using different QDs or even the same QDs in varied

sizes. As the QDs emit light in very specific Gaussian distributions, they can more

accurately reflect the colors to human eyes, and therefore they are also of value for

display development. All these special properties allow simultaneous excitation by

using one exciting wavelength and then detecting the emission signal at different

wavelengths for individual QDs [45,86–90]. QD-based multicolor measurements

reduce the excitation time and cost significantly, and simplify the measurement

procedure. By contrast, traditional dyes absorb light primarily during a narrow

wavelength window, which is close to their emission lights, around 15 to 30 nm.

Therefore, simultaneous multicolored measurements are carried out by using

different dyes, and different excitation wavelengths should be used to excite every

dye efficiently. In addition, to reduce the scatter and autofluorescence induced by

the close excitation and emission wavelengths, special optical filters should be

used. These additional treatments and procedures also increase the multianalysis

cost. QD-based multibioassay research has accelerated spectral coding research,

and QD-encoded beads have become a promising tool for high-throughput screen-

ing. QD encoding is a biotechnology that utilizes polymer beads to carry a varied

number of the different fluorescent QDs as encoding labels. As one combination of
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QDs will give one combination of fluorescence color, this encoding method shows

its powerful ability especially for medical diagnostics, gene expression studies, and

DNA/protein biochip technologies [89–93]. Living cells can also be encoded by

using the QDs in different colors [65]. Typically, dyes have a fluorescence lifetime

around several nanoseconds, which is very close to the lifetime of autofluorescence.

QDs, however, could keep their bright fluorescence for a much longer time: to about

tens or even hundreds of nanoseconds [78,94]. This long fluorescence time could

efficiently decrease the autofluorescence interruption by recording the signal after

the autofluorescence decay. Another advantage of QDs over dyes is that QDs,

especially QDs structured at core–shell formations have chemical and photo

stability without suffering significant chemical degradation and photodegradation.

The ability to anti-photobleach is 50 to 100 times greater for QDs than for

dyes [76,90,95–97]. Finally, QDs have vast conjugation strategies for biomolecule

attachments, and these approaches, as described above, are relatively simple. After

the right surface modification, QDs change into biocompatible with less toxicity, to

live cells. However, dyes generally have higher toxicity, and many of them are

carcinogenic.

Also, there are two shortcomings to the use of QD-based biotechnologies, which

should be solved for their further development, especially use in humans. One

drawback is the irregular blinking. It has found that the single dot also has blinking,

which can be attributed to Auger ionization [65,98–102] and limits its application

for single-particle tracking. The other drawback is the QD potential toxicity for

live cells. Cell cytotoxicity and potential interference studies have been discussed

for QD presence in live cells, and the results showed that there are no obvious effects

on cell viability, morphology, function, and development from several hours to

several days and even weeks [48,49,56,63,71,72,88]. For example, the micelle-

encapsulated QDs injected into the frog embryo did not affect its development [50].

However, if using a higher concentration of QDs or exposing the QDs to ultraviolet

light for a long time, the QDs would be dissolved [37,50,103]. It is suggested that the

toxic effect of QDs on cells can be neglected when QDs are at moderate con-

centrations and with an appropriate encapsulation shell, especially coated

with protein or polymer shells. Therefore, works should been carried out to modify

QDs with a safe protective regent such as polymer coating making them biocom-

patible [48]. The core–shell structure of QDs should be studied carefully to improve

particle stability, avoiding ion release from particles. Additionally, the safe em-

ployment of QDs based on their components, structures, shapes, and synthesis

protocols should be investigated as one important part of QD studies, especially for

experiments carried out in vivo.

11.4 EMPLOYMENT OF QDS AS BIOSENSING INDICATORS

Among different biosensing techniques, optical transducing methods have the

advantage of high sensitivity, and the used traditionally optical indicators are
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fluorescent dyemolecules. However, the need for sophisticated, high-cost equipment,

insufficient photostability, and the fact that one biomolecule can only be labeled with

one or a few fluorophores, which results in a lack of signal amplification, also become

shortcomings for developing this fluorescence biosensing technology. As described

above, semiconductorQDs possess strong and photostable fluorescence signals [104],

and consequently attract the attention from biosensing research fields [90,105].

Recently, Pathak et al. used hydroxylated CdSe–ZnS quantum dots as luminescent

probes to analyze in suit DNA hybridization (Figure 11.1) [49]. Their experiments

give a strong positive result of about 41% compared to the theoretical 50%.

Other optical techniques have been employed in QD-based biosensors such as

photoelectrochemical detection [106,107]. As shown in Figure 11.2, the dsDNA-

linked CdS arrays on electrode can generate photocurrents upon the irradiation of

CdS, and [Ru(NH3)6]
3þ on the dsDNA strands provided the electronic tunneling

routes, thus enhancing the photocurrent signals.

In addition to optical detection, the QD labels can also be measured using

electrochemical techniques in electrochemical biosensors, especially for the CdS

and PbS [108]. Traditionally, QDs linked to the target hybrid would undergo acid

treatment to dissolve into metal ions for electrochemical measurements. Because

one dot possesses a large number of metal atoms e.g., there are about 1500 atoms

in one 4-nm-diameter CdS, the detection limit has thus been improved signifi-

cantly if electrochemically quantifying the dissolved metal ions in those QD-

based biosensors. For example, the biotinylated DNA target were first linked onto

streptavidin-coated magnetic beads and then hybridized with CdS-labeled DNA

FIGURE 11.1 Fluorescence micrograph of in situ hybridization of red quantum

(lmax¼ 609 nm, full width at half maximum¼ 38 nm) dot probe(s) for the Y chromosome

in human sperm cells. (From ref. 49, with permission. Copyright � 2001American Chemical

Society.)
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probe; finally, the CdS tags were dissolved into binary cadmium ions for

electrochemical stripping detection [109]. Our group has also fabricated

such sensitive electrochemical DNA biosensors by using CdS, PbS, and ZnS

QDs [110–112]. In these DNA biosensors, as shown in Figure 11.3, the
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water-soluble QDs synthesized with carboxyl groups [113,114] were attached

onto a NH2-ssDNA probe in the presence of EDC. After hybridization, these QD

tags were dissolved in concentrated HNO3 and the Pb2þ , Cd2þ , or Zn2þ ions

dissolved were determined by anodic stripping voltammetry. Wang’s group

recently employed carbon nanotubes to attach QDs further amplifying the

hybridization signal [115]. As shown in Figure 11.4, a larger number of octade-

canethiol-capped CdS nanoparticles can been attached to acetone-activated

single-walled carbon nanotubes via hydrophobic force, and the entire CNTs–CdS

complex was then used as a powerful hybridization indicator. After hybridization

in a sandwich manner, the CdS nanoparticles were dissolved into Cd2þ and

measured by stripping voltammetry. As one CNT can carry 500 CdS particles, the

detection limit has been improved significantly compared with the single CdS

nanoparticle labeling technique.

By labeling different QDs tags, multitarget biomolecules can be analysed

simultaneously using one single electrochemical scan. For example, Wang et al.

reported the simultaneous detection of three BRCA1 breast-cancer gene sequences by

using ZdS, CdS, and PbS QDs [116]. They also displayed the simultaneous detection

of four different proteins (i.e., IgG, BSA, microglobulin, and CRP) by using the

QDs of ZnS-anti-microglobulin, CdS-anti-IgG, PbS-anti-BSA, and CuS-polyclonal

anti-CRP [117]. The key point for this method, as shown in Figure 11.5, is that these

QD tags should possess diverse electrochemical potentials, and therefore their

electrochemical signals would not overlap with each other. QDs also have been

employed in single-nucleotide polymorphism (SNPs) identification using electro-

chemical measurements [118]. The group coded individual SNPs by base paring each

mutation with different quantum dot–mononucleotide conjugates, yielding a distinct

electronic fingerprint.

With their dramatic development in the past 10years,QDshavebeen involved in all

aspects of biology; now they are the novel imaging tools for different types of

biotechnologies and the powerful indicators used in various biosensing technologies.

Safety research and mass production are the challenges ahead before permitting QD

use with human beings.

FIGURE 11.4 Analytical protocol: (a) dual hybridization event of the sandwich hybridiza-

tion assay, leading to capturing the CdS-loaded CNT tags into the microwell; (b) dissolution of

the CdS tracer; (c) stripping voltammetric detection of cadmium ions at a mercury-coated

glassy carbon electrode. P1,DNAprobe 1; T,DNA target; P2,DNAprobe 2. (From ref. 115,with

permission. Copyright � 2003 Elsevier.)
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FIGURE11.5 (a)Multitarget electrical DNAdetection protocol based on different inorganic

colloid nanocrystal tracers: (A) introduction of probe-modified magnetic beads; (B) hybrid-

ization with the DNA targets; (C) second hybridization with the QD-labeled probes; (D)

dissolution ofQDs and electrochemical detection. (b)Multiprotein electrical detection protocol

based on different inorganic colloid nanocrystal tracers: (A) introduction of antibody-modified

magnetic beads; (B) binding of the antigens to the antibodies on themagnetic beads; (C) capture

of the nanocrystal-labeled secondary antibodies; (D) dissolution of nanocrystals and electro-

chemical stripping detection. (c) Immunoassay stripping voltammograms for a sample mixture

containing 100 ng/mL antigen targets (b2-microglobulin, IgG, BSA, C reactive protein) in the

presence of ZnS-anti-b2-microglobulin, CdS-anti-IgG, PbS-anti-BSA, and CuS-polyclonal

anti-humanCreactive protein tags, respectively. [(a) From ref. 116, with permission. Copyright�
2003AmericanChemical Society. (b,c) From ref. 117,with permission. Copyright�American

Chemical Society.]
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Nanobioelectronics and Biosensors Group, Institut Catal�a de Nanotecnologia, Barcelona,

Spain, and Instituto de Nanociencia de Aragón, Universidad de Zaragoza, Zaragoza, Spain

12.1 ICP-MS and application possibilities

12.1.1 Principle of the method

12.1.2 Applications of ICP techniques

12.2 Detection of metal ions

12.3 Detection of nanoparticles

12.4 Analysis of metal-containing biomolecules

12.5 Bioanalysis based on labeling with metal nanoparticles

12.5.1 Protein detection

12.5.2 DNA detection

12.6 Conclusions

12.1 ICP-MS AND APPLICATION POSSIBILITIES

Inductively coupled plasmamass spectrometry (ICP-MS) is awell-knownmethod for

trace element analysis in the environmental and geochemical fields; it is more and

more embraced by researchers in other areas, because of its sub-parts-per-trillion
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detection limits and multielement, multi-isotope capability. The semiconductor,

biomedical, food, nuclear and pharmaceutical industries have all found applications

for this technology.

12.1.1 Principle of the Method

Figure 12.1(a) is a schematic of the ICP-MS.Aminute quantity of sample is ionized in

a conventional ICP torch [Figure 12.1(b)] and the resulting charged species are

analyzed by amagnetic and/or electric field, depending on the type of instrument. The

study of ion trajectories in the analyzer tube under vacuum allows determination of

the mass/charge ratio [1]. The spectra produced in this way, which are remarkably

simple compared with conventional ICP spectra, consist of a simple series of isotope

peaks. These spectra are used for quantitative measurements based on calibration

curves, often with an internal standard. Analysis can also be performed by the isotope

dilution technique [2].

The inductively coupled plasma (ICP) is a very aggressive ion source. Because the

source operates at temperatures of 7000K, virtually all molecules in a sample are

broken up into their component atoms. In ICP a radio-frequency (RF) signal is fed into

FIGURE 12.1 (a) ICP-MS and (b) ICP torches.
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a tightly woundwater-cooled coil, where it generates an intense magnetic field. In the

center of this coil is a specially made glass or quartz plasma torch where the plasma is

formed. The plasma is generated in the argon gas by “seeding” the argon with a spark

from a Tesla unit. When the spark passes through the argon gas, some of the argon

atoms are ionized and the resulting cations and electrons are accelerated toward the

magnetic field of the RF coil. Through a series of inelastic collisions between the

charged particles (Arþ , and electrons) and neutral argon atoms, a stable high-

temperature plasma is generated. The concentrations of electrons, Arþ , and neutral

species in the plasma very quickly reach equilibrium, after which the plasma will

remain “lit” as long as theRFfield ismaintained and there is a constant supply of argon

gas in the plasma.

Sampling and Ionization The plasma torch is designed to allow the sample to be

injected directly into the heart of the plasma. The sample consists of a fine aerosol,

which can come from any number of sources, including nebulized liquids and ablated

solids.As the sample aerosol passes through the plasma, it collideswith free electrons,

Ar þ , and neutral argon atoms. The result is that anymolecules present initially in the

aerosol are quickly brokendowncompletely to chargedatoms. These are usually in the

Mþ state, although a few M2þ are also formed. Some of these charged atoms will

recombine with other species in the plasma to create both stable and metastable

molecular species (e.g.,MArþ ,Mþ
2 ,MOþ ).Many of thesemolecular species will be

positively charged and will also be transmitted into the mass analyzer along with the

charged atoms (Mþ and M2þ ).
Mass spectrometry (MS) is perhaps the most widely applicable of all of the

analytical tools available to the scientist in the sense that this technique is capable

of providing information about (1) the qualitative and quantitative composition of

both organic and inorganic analytes in complex mixtures, (2) the structures of a wide

variety of complex molecular species, (3) isotopic ratios of atoms in samples, and

(4) the structure and composition of solid surfaces [2].

A mass spectrum is obtained by converting components of a sample into rapidly

moving gaseous ions and separating them on the basis of their mass-to-charge ratios.

This can be realized in various ways. The following types of mass spectrometers are

available:

* Magnetic sector analyzer. This type of analyzer employs a permanent magnet

or an electromagnet to cause the beam from the ion source to travel in a circular

path of 180�, 90�, or 60�. Ions of different mass can be scanned by varying the

field strength of the magnet or the accelerating potential between two slits. The

ions passing through the exit slit of the magnetic sector fall on a collector

electrode, resulting in an ion current that is amplified and recorded [2].

* Double-focusing spectrometer. The term double focusing is applied to mass

spectrometers in which the directional aberrations and the energy aberrations of

a population of ions are simultaneously minimized. Double focusing is usually

achieved by the use of carefully selected combinations of electrostatic and

magnetic fields [2].
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* Time-of-flight analyzer. In time-of-flight (TOF) instruments, positive ions are

produced periodically by bombardment of the sample with brief pulses of

electrons, secondary ions, or laser-generated photons. The accelerated particles

then pass into a field-free drift tube about 1 meter in length. Because all ions

entering the tube have the same kinetic energy, their velocities in the tube must

vary inversely to their masses. Typical flight times are 1 to 30ms [2].
* Ion trap analyzer. An ion trap is a device in which gaseous anions or cations

can be formed and confined for extended periods by electric and/or magnetic

fields [2]. The most common ion trap consists of a doughnut-shaped ring

electrode supplied with RF voltage and capped with two end-cap electrodes.

Ions enter the end cap and oscillate in the trap. The stability of the oscillating

ions is determined by the frequency and voltage supplied to the ring and them/z

value of the ion. Increasing the RF amplitude causes ions of increasing m/z to

destabilize and leave the trap, where they are detected [3].

* Quadrupole mass analyzer. It is the most compact and widely used mass

spectrometer in themarket. For that reason its functioning principle is explained

in detail below. The quadrupole mass analyzer (see Figure 12.2) consists of four

cylindrical rods ontowhich is applied both anRF and a dc electric field. The four

rods are arranged so that they form two pairs, one in the X-plane and one in the

Y-plane.

As ions enter a quadrupole, they begin to oscillate in both planes. In such a system

the lowerm/e ionswill be destabilized in the quadrupolewhenever the alternating (RF)

component of the electric field exceeds the direct (dc) component. In that case the

lower m/e ions will quickly be thrown out of the quadrupole and will not reach the

detector. This mode of operation makes an effective low-mass filter. If the direct

component exceeds the alternating component, the reverse process is happening.High

m/e ions becomeunstable, and thismakes an effectivehighmass filter. The quadrupole

mass analyzer is a very fast and efficient system.

From ion
source

Positive Negative

Non resonant
ion

 Resonant
ion

Detector

FIGURE 12.2 Quadrupole mass analyzer.
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12.1.2 Applications of ICP Techniques

The ICP has had a major impact in analytical atomic spectrometry because of its

multielement capabilities. On its own the plasma is not particularly element selective.

The property of producing excited atomic and ionic species efficiently from most

samples in various forms allows access to most elements of the periodic table. The

selectivity of a plasma is brought about by coupling either optical (mono- or

polychromator) or mass spectrometric (quadrupole filter) detectors [3].

Selectivity of the ICPmethod canbe extended if a separation technique is employed

as part of a sample introduction system. Gas and liquid chromatographic systems

effectively coupled with ICP, resulting in an element-specific detector. Their com-

bined analytical power becomes greater, allowing element speciation studies (e.g., the

chemical form of the element to be performed). When the impressive separation

obtained with capillary electrophoresis, in terms of speed and resolution, is combined

with the element-specific ICP-MS, a potentially powerful analytical tool is

obtained [3].

Wilson and Brinkman [4] have reviewed the possibilities for multiple hyphenation

of liquid chromatography (LC) and spectroscopy techniques. According to these

authors, the ICP-MS enables sensitive, selective, and quantitative detection of

particular atoms present in the molecules, thereby providing additional information.

While LC-DAD-ICP-MS provides the simplest hyphenated system involving ICP-

MS, the greatest benefits arisewhen these are also capable of providingmolecular data

(e.g., TOF-MS) [4]. The combination of LC, ICP-MS, and MS has been reviewed by

Wind and Lehmann [5], who described this hyphenation as “an emerging analytical

dream team in the life sciences.”

ICP-MS has become a widely used method for isotopic measurements. The

measurement of Hg isotopes by multicollectorinductively coupled plasma-mass

spectrometry (MC-ICP-MS) is now sufficiently precise and sensitive that it is

potentially possible to develop the systematics of Hg isotopic fractionation. This

provides an opportunity to evaluate the utility of Hg isotopes in identifying source

processes, transport mechanisms, and sinks [6].

Plasma spectrometry has found widespread application in the analysis of envi-

ronmental samples. This technique offers excellent sensitivity for most element, with

detection limits in the low part per trillion range. Metals and nonmetals may be

analyzed, offering the analyst flexible tools for trace elements,which are oftendifficult

to determine. The sensitivity of ICP-MS is far greater than that of ICP-AES (atomic

emission spectrometry), by up to three orders of magnitude for many elements. The

ability to perform both semiquantitative and fully quantitative analyses is also an

attractive feature of ICP-MS [3].

Atomic spectrometric techniques have been employed in geochemical analysis

for many decades. Methods such as x-ray fluorescence spectrometry (XRF), optical

emission spectrometry (OES), and atomic absorption spectrometry (AAS) belong

to the widely used method for the determination of major and trace elements in

geological samples, despite their known limitations. Development of the ICP,

initially as an excitation source for optical emission spectrometry, rekindled
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interest in emission spectrometric methods and had an early impact on geochem-

ical analysis in the 1970s, when commercial ICP-AES instruments became

available. Its multielement capability, good sensitivity for many geological sig-

nificant elements, and the relatively good precision stemming from a more stable

source counterbalanced the fact that it required liquid samples. Over the next

20 years it became established as a major analytical technique in the earth sciences.

The subsequent development of ICP-MS, with its even greater and more uniform

sensitivity for many elements, together with its ability to determine individual

isotopes, heralded a second explosion of interest in ICP spectrometry among earth

scientists [3].

Plasma spectrometry has many applications in food science and is used in the

analysis of a wide range of types of sample in the food chain. Although several

different plasma methods have been used, the most commonly encountered are ICP-

AES and ICP-MS (together with hyphenated techniques based on these methods). Of

the two, ICP-AES has the lower running costs, better tolerance to total salt content in

test solutions, and less severe matrix effects compared to ICP-MS [3,7], but spectral

overlap can be a problem. Some of the advantages of ICP-MS include fewer spectral

interferences, improved sensitivity, and a wider dynamic range, with the ability to

acquired isotopic information rapidly. The wide dynamic concentration range and

speed of measurement makes this a particularly powerful tool of surveillance,

legislative, and emergency work [3].

12.2 DETECTION OF METAL IONS

ICP-MS has been used extensively as a rapid and accurate instrumental technique

for determinations of platinum group elements (PGEs) and gold. Methods based on

ICP-MS have been important in analyses of many types of samples, especially of

geological materials containing very low concentrations of these elements [8–11].

During the period covered in the review of Barefoot [12] (1998–2002), analytical

methods based on ICP-MS have been improved and widened in scope by the

introduction of new magnetic sector (or high-resolution) spectrometers and laser

ablation (LA) sampling. Detection limits attainable for PGEs and Au using

magnetic sector instruments in analytical procedures cited here are as low as

0.01 to 0.02 pg/g; instruments have a dynamic range of up to nine orders of

magnitude. In this review, some applications of the technique to analysis of PGEs

and gold in minerals, nodules, meteorites, ice, sediments, airborne particulates, and

reference materials are described. A number of publications discuss the ICP-MS

determination of gold and PGEs in geological samples after fire assaying, with or

without tellurium coprecipitation [13–17]. Pyrzynska [18] discussed in her work

the recent development in sample pretreatment on achieving high sensitivity,

accuracy, and interference-free determination of gold by ETAAS, ICP-OES, and

ICP-MS. Most of the proposed separation/preconcentration methods utilizing solid

sorbents generally require strong acid mixtures as eluents. Alternatively, this
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process may be carried out through the sorption of complexed analyte and elution

with organic solvent.

Direct solid sampling—laser ablation ICP-MS—isveryuseful, as it avoids not only

wet decomposition but also the risk of contamination during sample preparation, and it

increases the power of detection [13]. This technique was applied for gold determi-

nation in geological matrices [18,19] for the characterization of precious artifacts and

several monetary gold ore sources [20].

Other authors report as to the use of ICP-MS on the determination of human

exposure by gold (among other trace elements) through hair [20], blood [21,22],

urine [23], or human milk [24] analysis. These authors use magnetic sector field

inductively coupled plasma mass spectrometry for milk analysis as an advanced

instrumentation compared to conventional ICP-MS. This method is able to

separate spectral overlaps from the analyte signal. Moreover, superior detection

limits in the picogram per liter range can be obtained with such magnetic-sector

field instruments. Therefore, this is the first study to report the concentrations of the

elements Ag, Au, Pt, Sc, Ti, and V in human milk. Concentrations of Au showed

large variations in human milk that might be associated with dental fillings and

jewelry.

The use of ICP-MS and its performance for the determination of trace elements in

seawater is also reported in the literature. Pozebon at al. [25] compare two flow

injection systems (FI) for online separation and preconcentration of Cu, Cd, Pb, Bi,

Au, Ag, As(III), and Se(IV) in seawater and determination by ICP-MS. Dressler

et al. [26] propose and optimize an online preconcentration system for Au, Ag, Te,

andUfor thedeterminationofAg,Te,U, andAu inwaters and inbiological samples by

FI-ICP-MS.

12.3 DETECTION OF NANOPARTICLES

Nowadays, there is a great interest for quantification of nanoparticles (NPs) because

of their interesting applications in several fields, such as nanobiotechnology

processes. Several enzyme, DNA, or protein-based sensing systems have been

reported to use NPs as labels or transducing platforms. Gold nanoparticles (AuNPs),

in particular, are excellent candidates for bioconjugation with interest for biosensing

applications.

Electrochemical detection is an attractive way to determine these NPs, due to the

inherent advantages that the electrochemical techniques offer in terms of selectivity

sensitivity and the low cost of analysis. However, inmost cases, a previous dissolution

using toxic acids is required, so alternative routes are needed. In this way, Pumera

et al. [27] have reported a strategy for the direct electrochemical detection of AuNPs,

without previous dissolving, that opened the way to the use of these techniques for

further applications.

Several optical methods are also ideally suited for NPs characterization. The

atomic force microscope (AFM) [28,29] offers the capability of three-dimensional
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visualization and both qualitative and quantitative information on many physical

properties, including size, morphology, surface texture, and roughness. Statistical

information, including size, surface area, and volume distributions, can be determined

as well. Transmission electron microscopy (TEM) [30] has also been used for this

purpose. However, although shown advantages, the techniques mentioned cannot be

used for analytical quantification of NPs.

Thus, novel alternatives for NPs quantification are being required. In this context,

ICP-MS is being shown to be an interesting alternative. Nevertheless, although ICP-

MS is known as one of the most powerful methods for trace element analysis, the

possibilities of this technique on the quantification of NPs have not yet been deeply

explored. In this way, single-particle-counting ICP-MSwas reported by Degueldre et

al. to be a successful technique for determination of Au [31] and Te [32] in colloid

samples. The signal induced by the flash of ions due to the ionization in the plasma

torch was measured by the mass spectrometer without interference. The peak

distributions recordedwere analyzed as a function of particle size for different colloid

suspensions.

Helfrich et al. [33] reported on the success of online coupling high-performance

liquid chromatography (HPLC) in reversed-phase or alternatively gel electrophoresis,

with a quadrupole ICP-MS for size characterization of AuNPs from 5 to 20 nm under

the following instrumental operating conditions: RF power of 1300 W and plasma,

auxiliary, and nebulizer gas flows of 15.5, 1.1, and 1.2 L/min, respectively. The results

showed good agreement compared with complementary methods such as dynamic

light scattering (DLS) and TEM.

One of the most important challenges in this field is to achieve direct

determination of AuNPs in colloid solutions by ICP-MS without previous diges-

tion or dissolution, avoiding the use of the hazardous reagents used in most of the

studies reported, and reducing the analysis time. In this way, Allabashi et al. [34]

have recently reported a direct and simple ICP-MS method for the determination

of AuNPs, with particle sizes ranging from 5 to 20 nm and suspended in aqueous

solutions using a quadrupole ICP-MS with an RF power of 1250W and plasma,

auxiliary, and nebulizer gas flows of 15.25, 1.275, and 0.89 L/min. The results

showed no significant difference compared to determination of the same AuNPs

after digestion, as claimed in the earlier literature. The limit of quantification of

the method obtained was 0.15 mg/L Au(III), which corresponds to 4.40� 109

AuNPs/L, considering spherical AuNPs 15 nm sized. Spike recovery experiments

also showed that the sample matrix was a significant factor influencing the

accuracy of the measurement. The effect of NP size on the ICP-MS signal

was also studied, and only significant differences due to the chemical environment

(and not to AuNP size) were found. A scheme of the processes involved in the

ICP-MS analysis of AuNPs with and without previous gold dissolution is shown in

Figure 12.3.

Due to its analytical performance, the ICP-MS method may have significant

applications in the bioanalytical field, where NPs are used as labels of biomolecules,

allowing sensitive and selective bioanalysis.
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12.4 ANALYSIS OF METAL-CONTAINING BIOMOLECULES

Elemental analysis is a successful tool for the quantization of metal-containing

proteins [35,36]. For a long time it was accepted that if a biologically active molecule

does not ligate or incorporate a metal atom, it should be analyzed by another means.

For example, organic mass spectrometry (e.g., electrospray), a complementary

technique of ICP-MS, has been a method of choice for protein identification and

phosphorylation site analysis. Despite a limited set of building blocks, biologically

active molecules exhibit an incredible variety of functionality, reactivity, and struc-

tural complexity. This is especially true for proteins and peptides, which are (in their

inconceivable diversity) still polymers of the same monomer molecules in different

combinations, making specific characterization of individual proteins difficult. In

addition, there are numerous vital proteins present in cells in trace amounts.Therefore,

thesemolecules represent a significant challenge for any analyticalmethod, including

ICP-MS, for which speciation capabilities are still very restricted. Most proteins, and

therefore also the resulting peptides, naturally contain covalently bound tags, such as

phosphorus, sulfur, and selenium. These elements can be used for both the qualitative

detection and the quantification of proteins or peptides without the need for chemical

derivatization procedures, provided that their stoichiometry within the compounds

targeted is known. Thus, dramatic improvements in the detection of phosphorus and

sulfur in biological samples, which enables determination of the state of phosphor-

ylation of proteins, is another focus of ICP-MS applications.

In this context several authors have coined the concept of hetero (element) tagged

proteomics, which includes the study of a proteome inwhich analytical information is

acquired by complementary application of elemental mass spectrometry utilizing the

FIGURE12.3 Processes involved in the ICP-MS analysis ofAuNPs (A)with and (B)without

previous gold dissolution. (From ref. 34. with permission).
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presence of a heteroatom (S, P, Se, I, lanthanide, element-coded NPs) in a protein or

introduced via controlled chemical labeling, especially for fast screening and quan-

tification purposes [37–39]. It is well known that ICP-MS cannot give much infor-

mation about the structural characterization and final identification of a biomolecule

containing an ICP-MS-detectable element, due to the fact that all structural infor-

mation is lost as a result of its high temperatures (7000K). But at the same time, this

drawback represents the main strength of ICP-MS, since the result is a

drastic reduction in sample complexity. Prange and Pr€ofrock [39] have illustrated

this (Figure 12.4). The same authors schematized a typical proteomic workflow from

the sample to the final protein identification in several fields, as shown in Figure 12.5.

12.5 BIOANALYSIS BASED ON LABELING WITH METAL
NANOPARTICLES

12.5.1 Protein Detection

There are many methods for protein analysis in general, and between these, those

based on tagging strategies that can provide analysis using different physical methods

of detection are having continuous growth. The recent development of metal-tagged

antibodies makes possible the involvement of atomic spectroscopy for protein

analysis. Recent developments in ICP-MS have shown the potential to expand the

“toolbox” of this technique for protein analysis via the use of several existing

immunoassay platforms. An immunoassay can be described as a technique for the

detection and quantification of a specific protein (antigen) by using reactions with

complementary antibodies. The strong affinity of antigen–antibody interactions forms

FIGURE 12.4 Reduction of sample complexity using a 7000K inductively coupled argon

plasma (ICP) as an ion source. The ICP allows matrix decomposition and shows a compound-

independent response, especially when using low flow sample introduction systems allowing

the qualitative and quantitative determination of selected biomolecules via either natural or

artificial (hetero-) element labels. (From ref. 39, with permission from the Royal Society of

Chemistry.)
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largely through noncovalent bonds and conformational fits. The high specificity

and reactivity of the antigen–antibody interaction allows for many biotechniques,

including (1) the separation and purification of antigens of interest through immo-

bilized complementary antibodies, (2) the visualization of specific cellular proteins

and structures throughfluorescent conjugated antibodies, and (3) immunoassays or the

quantization of a particular antigen through enzyme- or fluorescent-linked antibodies

(in which the outcome of an enzymatic or fluorometric reaction is proportional to the

amount of antigen present).

FIGURE 12.5 Most prominent fields of application for the complementary use of ICP-MS

within a typical proteomic workflow (either gel-based or gel-free). It includes a multidimen-

sional sample fractionation, (hetero-) element specific screening of two-dimensional gel

separations using LA-ICP-MS, (hetero-) element specific peptide mapping using capillary-

or nano-LC hyphenated to ICPMS. In particular, the latter also allows absolute protein

quantification. (From ref. 39, with permission from the Royal Society of Chemistry.)
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ICP-MS measurements of the atomic composition of a metallic-based tag (i.e.,

NPs) conjugated to a biologically activematerial, for example, an antibodymolecule,

offer new opportunities for protein analysis. The mass-to-charge ratio of the metal

contained in the tag provides the potential for multianalyte detection using different

elements and isotopes conjugated to different antibodies.

ICP-MS has analytical characteristics that are complementary to the conventional

protocols applied so far for protein analysis based on labeling using metal-based

compounds including NPs. Of special merit are the sensitivity, large dynamic range,

independence of the sample matrix, and a large number of elements and isotopes that

can be determined simultaneously. Combining these attributes with the specificity of

immunoreaction offers a new approach to the proteomic challenge. The premise of

ICP-MS-linked immunoassays is straightforward. Antigens of interest are reacted

with complementary metal/nanoparticle-tagged antibodies, physically separated

from nonreacting proteins, and then the atomic composition of the tag conjugated

to the antibody is measured to determine the antigen concentration of the sample.

Clearly, the sensitivity of the method is a linear function of the number of atoms of a

given isotope in the tag. It is also clear that accurate quantization demands that the

number of atoms in similar tags has a narrow distribution that would require the use of

equal-size NPs. Further, multiple antibodies can be labeled with distinguishable

element tags (as elements, isotopes, or in unique combinations: preferably those that

occur at naturally low levels), potentially allowing simultaneous determination of

multiple antigens provided that the immunochemical conditions are favorable and the

reactions are independent.

The benefits of ICP-MS-linked immunoassays over the conventional immuno-

methods can be summarized as follows: (1) the analysis of the tag is performed

directly, eliminating the need of a substrate chelator; (2) biological impurities or

contaminants do not affect elemental analysis results; (3) nonspecific background is

not a function of time, unlike ELISAs, in which the background depends on the

incubation time; (4) immediate acidification of the sample reacted allows for long-

term storage before analysis; and (5) detection limits are improved linearly with

multiple tagging isotopes.

NPs are especially attractive for quantization in these assays, because of their

uniform size and significant number of atoms per conjugate. Colloidal gold or

extremely small gold clusters (less than 2 nm in diameter) are used extensively to

visualize protein structure in the cell and to detect receptor–ligand binding by electron

microscopy.Gold-containing tags areobviously convenient for elemental analysis and

have dominated the first attempts to utilize this technique. There is also the possibility

of increasing the signal response yet further by using silver enhancement. Elemental

analysis (employing electrothermal atomic absorption spectrometry, ICP-MS) of

colloidal gold and conjugated gold clusters was summarized earlier. The limits of

detection for colloidal gold in ICP-MS aremuch lower than those of P and S, due to an

absence of interferences and a lower first ionization potential. These gold cluster

antibody conjugates can also be used successfully inmultitarget assays. Simultaneous

analysis requires several distinguishable tags, the choice of which is still limited but is

nevertheless sufficient for a variety of applications.
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For example, gold-tagged antibodies and ligands are used routinely in the

localization of cellular proteins using colloidal gold in electron microscopy [40,41]

and have been analyzed successfully by ICP-MS [42,43]. These tags contain either

colloidal gold or small gold clusters (less than 2 nm in diameter). This is an advantage

when using ICP-MS for detection, as the elemental nanoparticles used are of uniform

size and contain a significant number of atoms per conjugate. In addition, there is

the option of increasing the Au signal response even further by using silver

enhancement.

Zhang et al. [44] described a studyof atomization ofNPs by ICP-MSanddeveloped

a novel nonisotopic immunoassay by coupling a sandwich-type immunoreaction to

ICP-MS. The goat anti-rabbit immunoglobulin G (IgG) labeled with colloidal gold

NPs served as an analyte in ICP-MS for the indirectmeasurement of rabbit anti-human

IgG. Matrix effect studies showed that the gold signal was not sensitive to the organic

matrix. The samples were introduced at an uptake rate of 1.4mL/min into the plasma

under the following operation conditions: RF power of 1100W (operating frequency

40MHz) and plasma, auxiliary, and nebulizer argon flows of 15, 1.2, and 1 L/min,

respectively.A relatively good correlationwas obtainedbetween themethod proposed

and ELISA assay. A scheme showing sandwich-type immunoreaction is shown in

Figure 12.6. The method opened the way to the potential of the ICP-MS-based

nonisotopic immunoassay method for the simultaneous determination of biological

analytes of interest, by labeling different types of inorganic NPs.

In the same year, Baranov et al. [45] described several novel ICP-MS-linked

immunoprecipitation assays using both nanogold and lanthanide-tagged antibodies in

which some commonly used immunoaffinity separation techniques (i.e., centrifugal

filtration, gel filtration, protein A Sepharose affinity, and ELISA) were coupled

successfully to ICP-MS to detect and accurately quantify specific concentrations

of target proteins in complex biological samples after acidic digestion in 10% HCl/

0.1%HF.TheRFplasma source usedwas a free-running (nominal frequency40MHz)

Au

Au

Au

1 %HNO3

ICP-MS

Human IgG

Goat-anti-rabbit antibody labeled with colloidal Au nanoparticles

Rabbit-anti-human IgG

FIGURE12.6 Sandwich-type immunoreaction using colloidal gold labels andfinal detection

by ICP-MS. (From ref. 44, with permission.)
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ICP 1400W, with plasma, auxiliary, and nebulizer argon flows of 15, 1.2, and 1.02 L/

min, where the sample was introduced at 0.5mL/min. In this way, levels of target

proteins as low as 0.1 to 0.5 ng/mL were obtained.

The same group [46] reported a method using distinguishable commercial

element-tagged antibodies (AuNPs-IgG: nanoprobes, and EuIgG: Perkin-Elmer)

that allowed discriminant detection with an ICP-MS, providing a sensitive and

accurate means of determining the concentrations of specific proteins in complex

mixtures. Two protein targets were analyzed simultaneously in each sample (IgG

and FLAG-BAP in one sample and FLAG-BAP and GST-Smad2 in the other) after

acidic digestion in 10% HCl/0.1% HF under the same operational conditions as

those used in previouswork. They obtained a linear response to both proteins in each

sample for a concentration range of 2 to 100 ng/mL using a sample size of 0.5mL.

These results opened the way to possible simultaneous multiple protein quantifi-

cation in complex biological samples.

Baranov et al. [47] also achieved purification and determination of the

dissociation constant for an antibody-antigen complex using AuNPs as labels and

the gel-filtration chromatography technique for separation and ICP-MS for

detection, after dissolving the complex in 10% HCl/0.1% HF (Figure 12.7).

In the same work, these authors used AuNP-conjugated goat antibodies/anti-

human Fab0 (Fab0-nanoAu, No. 2053: Nanoprobes) to detect a protein, Smad2. This

FIGURE 12.7 Results of size-exclusion filtration of two different stocks of Fab0-nanoAu
with ICP-MS used as an elemental detector. Signal (the Y-axis) represents the
197Au=ð191Irþ 193IrÞ ratio. (From ref. 47, with permission from the Royal Society of

Chemistry.)
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protein is present endogenously at low levels in C2C12 cells and is expressed at

detectable levels in other types of cells (COS cells) only when they have been

transfected with an expression vector coding for the Smad2 protein. After the

immunological reaction, the cells were digested using concentrated HCl, and an

aliquot of the digest was then added to a 10% HCl solution before ICP-MS

measurement, under operational conditions similar to those detailed in previous

work. The difference between transfected and control cell lines was observed using

a low-uptake sampling system to minimize the sample size and reduce the number of

cells required (Figure 12.8).

More recently, the same authors [48] developed a novel application of ICP-MS-

linked metal-tagged immunophenotyping which has great potential for highly multi-

plexed proteomic analysis. Expression of an intracellular oncogenic cell surface

antigen, human stem cell factor receptor, and integrin receptor was investigated using

model human leukemia cell lines.Antigens towhich specificantibodieswere available

and distinguishably tagged were determined simultaneously, or multiplexed. Com-

mercial conjugated AuNP-antimouse IgG (NMI No. 2001), as well as other com-

mercially available lanthanide tags labeled with secondary antibodies [Perkin-Elmer:

Eu-N1-anti-rabbit: Delfiar No. AD0082; Tb-N1-streptavidin (StrAv-Tb: Delfiar No.

AD0047); Sm-N1-streptavidin (StrAv-Sm:DelfiarNo. AD0049)] enabled a four-plex

assay assuming that the primary antibodies were not cross-reactive. The tags were

analyzed in the ICP-MS (RF power: 1400 W; plasma, auxiliary, and nebulizer argon

flows: 17, 1.2, and 0.95 L/min) after dissolving in concentrated HCl (34%).
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FIGURE12.8 Results of detection of exogenous Smad2 protein in transfected COS cells and

endogenous Smad2 in C2C12 cells in 60 mm plate format.�þ , Negative control, probed with

anti-rabbit Fab0-Au only; þ þ , probed with both rabbit anti-Smad2 antibody and anti-rabbit

Fab0-Au. Signal (the Y-axis) represents the 197Au=ð191Irþ 193IrÞ ratio. (From ref. 47, with

permission from the Royal Society of Chemistry.)
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As has been explained, in most cases it is necessary to dissolve the elemental tags

before introducing them to the plasma source, thus making it impossible to use this

technique formicroarray detection. For this reason,Hu et al. [49] recently proposed an

alternative for the detection ofmultiple proteins, consisting of an immuno-microarray

on apolyethylene substrate usingAuNPs aswell as Sm3þ andEu3þ as labels andfinal

detection by laser ablation ICP-MS.A scheme of the laser ablation system used in this

work is shown in Figure 12.9.

Following this procedure, they detected a-fetoprotein IgG (AFP), carcinoem-

bryonic antigen (CEA), and human IgG, used as model proteins, with detection limits

of 0.20, 0.14, and 0.012 ng/mL, respectively.

Another interesting application has been reported by Sundstrom et al. [50]. They

labeled in vitro antibodies antiproteins expressed by the T lymphocytes with mono-

crystalline iron oxide NPs (MIONs) and then intracellular incorporation of MIONs

was determined by ICP-MS, aftermicrowave digestion in 5%HNO3. This study could

provide important information on disease-related patterns of lymphocyte homing in

nonhuman primate models of AIDS.

12.5.2 DNA Detection

The same fundamentals and properties explained for proteins can be utilized to detect

DNAhybridization events, through the detection of theNPs used as labels by ICP-MS.

Merkoçi et al. [51] have used AuNPs modified with anti-mouse IgG to trace

Sm Eu
M
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(b)
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Aperture

Aperture
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Sample
Microarray
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Carry gas (Helium)

Labeled antibody

Capture antibody

Antigen

Nebulizer gas (Argon)

To ICP Torch

Transport gas and aerosol

Ablation cell

Au

FIGURE 12.9 (a) Laser ablation system; (b) laser ablation sampling for detecting multiple

analytes on each spot of a microarray. (From ref. 49, with permission.)
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oligonucleotides carrying a c-mycpeptide. Theydeveloped two strategies to detect the

NP tracer: a dot-blot format and ICP-MS. In both cases, oligonucleotide–peptide

conjugates were first applied to a nitrocellulose membrane using a manifold attached

to a suction device. After immobilization of the oligonucleotide by ultravoilet

radiation, the samples were incubated with an anti-c-myc monoclonal antibody. In

the ICP-MS strategy case it was followed by incubation with the secondary antibody

(anti-mouse IgG) conjugated to AuNPs and their ICP-MS detection after dissolving,

obtaining a limit of detection for peptide-modifiedDNAof 0.2 pmol. A scheme of this

assay is shown in Figure 12.10.

FIGURE 12.10 Assay protocol proposed byMerkoçi et al. The nitrocellulose membrane (a)

was introduced into the dot-blot manifold. The oligonucleotide carrying c-myc peptide (b) is

immobilizedover themembrane (c). It reacts overnightwith the anti-cmyc (d).The immobilized

oligonucleotide (e) is then treated: 1. According to the dot-blot assay, it reacts first with the anti

c-mycandgoat antimouseHRP-conjugate antibody (f1) and is thendeveloped (h1) following the

ECL (Amersham) protocol and being exposing to x-ray film. 2. According to the ICPMS-linked

assay it reacts for an hour with goat anti-mouse colloidal Au (f2) and then dissolved (h2) and

detected by ICPMS. Also shown in that figure are autoradiography of the oligonucleotide with

peptidec-myc(column1)and theoligonucleotidewithoutpeptide (column2blank).Amountsof

oligonucleotide–peptideconjugates:8(1);4(2);2(3);1(4);0.5(5);0.25(6);0.125(7);0(8)mgof
oligonucleotide per dot. (From ref. 51, with permission.)
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An interesting application of NP labeling of nucleic acids for enhanced ICP-MS

detection has recently been reported by Kerr and Sharp [52]. It is well known that
31P detection by ICP-MS has problems of polyatomic interferences (e.g.,
14N16O1H; 16O2), due to the fact that

31P has a high first isolation potential (10.5 eV),

which results in incomplete ionization (35%). These authors have successfully

avoided this problem by labeling oligonucleotides containing a biotin functionality

with a commercial AuNP–streptavidin conjugate (Nanoprobes) and then achieving

subsequent separation and analysis by high-performance liquid chromatography–in-

ductively coupled plasma mass spectrometry (HPLC-ICP-MS) after acidic dissolu-

tion. The polyatomic interferences problem is avoided thanks to the fact that the

biomolecule signal is greatly enhanced by the higher sensitivity for 197Au compared

with 31P and the presence of approximately 86 gold atoms per oligonucleotide.

12.6 CONCLUSIONS

ICP-MS, a well-known sensitive and accurate technique for trace element analysis, is

being offered as an excellent tool for the detection of metal-based nanoparticles. The

detection offered is quite sensitiveand thepossibility exists of detectingdifferent types

of nanoparticles simultaneously. The analytical performance of the direct ICP-MS

detection of gold nanoparticles suspension reportedmay be extended to the analysis of

other nanoparticles in aquatic media or other samples, including biological fluids,

where the direct detection of nanoparticles should be of interest.

Few applications related to the use of gold nanoparticles to sense proteins or DNA

have been reported. Taking into consideration the variety of applications of nano-

particles as signaling tags for DNA assays, immunoassays, or even cell detection, it is

clear that ICP-MS can stand next to several other optical and electrochemical

techniques as an alternative tool for biosensing applications.

Nanoparticles-based bioassays usually require dissolving the nanobioconjugates

prior to ICP-MS detection. This dissolving process is required to separate the

nanoparticles from the immobilization platforms (i.e., polymer surface, membranes,

etc.) before their introduction in the ICP-MS detection system. Depending on the

immobilization platforms used, the dissolving step can be eliminated. The use of

microparticles (i.e., polymeric particles, etc.) as immobilization platforms so as to

allow introduction of the whole conjugate (particles serving as immobilization

platforms connected to biomolecules, such as DNA hybrids or immunosandwichs

labeled with nanoparticles) into the ICP-MS detection system would shorten the

detection time and cost of ICP-MS analysis.

The extension of ICP-MS in bioanalytical applications for the simultaneous

determination of various biomolecules through labeling with different types of

inorganic nanoparticles (including quantum dots such as CdS, PbS, and ZnS) is an

interesting research field yet to be explored.

Combining the inherent sensitivity of ICP-MS of heavy metals with the amplifi-

cation routes offered in several DNA and immunodetection systems introduces

opportunities for further improvement of nanoparticles-based ICP-MS bioassays.
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13.1 INTRODUCTION

Nanostructured materials have proven to be a powerful tool in new technologies

as well as in basic research, due to their very peculiar properties at the nanometer

size scale. Many studies and publications have demonstrated, or are based on,

the assumption that optical, mechanical, photocatalytic, or electronic properties of

nanosize surfaces changes drastically with respect to those of bulk materials [1–22].

Electrochemical sensing and biosensing constitute researchfieldswhere nanotechnol-

ogies have been used successfully especially in using metal and carbon nanosize

materials with high surface/volume ratios [9–14].

The synthesis via template represents a convenient procedurewhich inmany cases

has strongly simplified the production of such surface-confined nanoscale materials

as nanoparticles, nanowires, and nanotubes. This method is based essentially on the

simple but effective idea that the pores or cavities of the host supports can be used as

templates to address and control the growth of specific materials (i.e., metals,

semiconductors, biological compounds, and polymer chains).

Theutilizationof templates inproducingnovel nanomaterials goesback to theearly

1980s. Pioneering works were ascribed to authors involved in the preparation of

differentmetallic nanostructures [23–40], but themethodwas soon extended to a large

number of substrates and applications.

In this chapter we focus on the following nanomaterials, which rely on template

synthesis: nanostructure ordered surfaces prepared by nanosphere lithography (NSL)

andmetal nanoelectrode ensembles (NEEs) assembled into porousmembranes. Apart

from the theoretical approach, attention is paid to the integration of nanoelectrode

ensembles with disposable screen-printed devices, which represent an interesting

example of practical biosensing applications. Features and advantages of such devices

with respect to comparablemacroscopic systems are described and future perspectives

are noted.

13.2 NANOSPHERE LITHOGRAPHY

13.2.1 Basic Principles of Nanosphere Lithography

The major issue in the development of nanoscale-ordered biointerfaces is the method

of precise positioning of nanoobjects in periodic or aperiodic patterns. A nanostruc-

tured biointerface is usually obtained by selective anchoring of biomolecules through

chemical bounds to nanopatterned substrate. Apart from conventional patterning tech-

niques (e.g., electron-beam lithography), such substrates can be prepared conveniently

by a low-cost alternative technique called nanosphere lithography (NSL). This tech-

nique makes use of self-assembling processes of nanometer-scale spherical particles

ontoa largeareaofplanar substrate followedbyseveraldifferent steps ofplasmaetching

anddepositionprocesses, in thisway creatingpolymeric ormetallic nanostructureswith

relevant applications to biointerfaces. This bottom-up method is rather old, originally

developed as a ‘‘natural lithography’’ technique for replicating submicroscopic
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patterns [41].Recently, it hasundergone rapiddevelopment, showingmanyapplications

invariousfieldswhere largenumbersofperiodicalnanosized featuresareoften required,

such as nanopattern definition in a variety of biological investigations, such as cell

adhesion studies [42–46], fabrication of nanostructured biointerfaces for bioanalytical

devices (biosensors) [47–50], and preparation of catalytically active surfaces [51,52].

Themain advantages of the method, which are the driving force of its development, are

the ability to control the size, shape, and coverage of particles independently over large

areas (cm2), the low cost and simplicity of preparation without a need for both complex

equipment and strict operating conditions (e.g., clean rooms). This is possible due to

the pure self-assembly nature of the process, where the resulting structures are

preprogrammed in their molecular and colloidal behavior. The properties of the

materials thus prepared depend on the tailored interactions between the molecular

building blocks and substrate, which make this method highly flexible.

The common principle of NSL is quite simple (Figure. 13.1). Usually, colloidal

nanoparticles are deposited on a planar surface by a self-assembling process mostly in

FIGURE 13.1 Basic principles of nanosphere lithography. (a) Solution of spherical nano-

particles is dropor dip coatedon theflat base substrate surface; (b) after evaporationof solvent, the

hexagonal two-dimensional array is formed spontaneously; (c) on the right side: AFM image of a

200-nm polystyrene monolayer; by oxygen plasma etching, the size of polystyrene particles can

be decreased; (d) metal or polymer may be deposited in the interstitial area, providing sievelike

structure after lift-off of polystyrene nanoparticles; (e) by deep reactive ion etching, nanopillars of

the same material as base substrate can be prepared; (f) metal nanoparticle triangles may be also

prepared by metal evaporation over the structure (b) and subsequent lift-off (f).

NANOSPHERE LITHOGRAPHY 381



the formofmonolayer. The resulting ordered arrayof nanoparticles (colloidalmask) is

used as a template for various subsequent plasma etching and/or deposition processes.

After selective plasma processing, the remaining colloidal mask is removed bymeans

of a lift-off process which results in a nanopatterned surface consisting of regular

spotswithphysicochemical and/or topographical propertieswhichdiffer from thoseof

an original planar surface. Such a surface can be used further for selective immobi-

lization of various biomolecules by covalent attachment to the exposed surface and

preparation of the final nanostructured biointerface. There are several key parameters,

whosevariation influences the properties of the resulting nanostructure. These include

(1) nanoparticle properties (material, size, charge), (2) physicochemical properties of

planar surface, (3) methodologies for mask self-assemble (drop casting, spin coating,

etc.), (4) postassembling modification of a colloidal mask (e.g., plasma etching,

selective patterning), and (5) plasma processing and development of the final

nanostructured surface (i.e., etching, metal or polymer deposition, etc.). The main

variations and their influence on the NSL process are discussed below.

13.2.2 Preparation of the Colloidal Mask

Ahuge variety of submicrometer particles in colloidal suspensions can be used for the

preparation of a lithographic colloidal mask, varying in the type of material from

which they are made, their dimensions, and the surface charge. Usually, they have a

spherical or quasispherical shape,with controllable dimensionswithin the nanometric

range. Due to their frequent use in many application fields, they are readily available

on a commercial base. Colloids can be synthetized in a number of materials, includ-

ing polymers (e.g., block copolymers, dendrimers) [53–55], metals (e.g., gold,

platinum, palladium), semiconductors (quantum dots), or metal–polymer nanocom-

posites [56–58]. Among the others, polystyrene (PS) nanoparticles are frequently

employed for NSL [59–63] since they can be synthetized monodispersed and with a

wide range of surface chemistries and charges. Although they are available with a

diameter smaller than100 nm, silicananoparticles are usedprimarily in this dimension

range, due to their low size dispersion [60,64]. The selection of appropriate colloids is

crucial for successful nanopattern generation, as are surface charge and particle size.

Dispersion is also an important factor, since it influences the frequencyof defects in the

array obtained.

The colloidal mask is usually self-assembled on a planar base substrate that is

patterned. The physicochemical properties of the surface are tailored according both

to the needs of the final application and the special requirements of the lithographic

process. Properties such as wettability and surface charge help the formation of an

ordered colloidal template because they influence the solvent evaporation process

and substrate–particle interaction. Conductive [59], insulating [52], optically trans-

parent [47,52,65], or other types of materials can be used as the base substrate.

Most frequently, glass or silicon [59–61,64,66] covered with thin metal layers

[59,64], metal oxides [60], or with various types of polymers [64,66,67] have been

exploited. Self-assembled spin-coated or plasma-polymerized thin films may be

382 TEMPLATE-BASED NANOSTRUCTURED SURFACES AND BIOSENSORS



prepared on base substrate [63,68,69]. Since the final nanopattern is obtained

primarily through a plasma etching process, the etching rate of the base substrate

has to be equal to or higher than that of the colloidal mask; otherwise, a pattern can

not be transferred.

Colloidal nanoparticles are dispersed on the substrate in appropriate solution

and are self-assembled electrostatically into two-dimentional crystalline structures

as the solvent evaporates. The driving forces of the assembly (i.e., electrostatic

particle–particle and particle–substrate interactions, hydrodynamic interactions,

and diffusion) result in a hexagonally ordered nanostructure with the particles

separated by an average distance [Figure 13.1(b)]. The space between particles can

be adjusted by changing several conditions or particle–substrate properties,

influencing the assembling forces. The ionic strength of the colloidal solution

influences the range of repulsive interparticle electrostatic interactions [70]. With

decreasing salt concentration, the interparticle repulsion forces increase, resulting

in longer particle distances and decreased saturation coverage [60]. The ionic

strength of the colloidal solution is therefore a simple way to control the inter-

particle distance in the colloidal mask. Similarly, other factors, such as the pH of

the solution [71], particle and surface charges [71,72], and particle size [73], play

an important role in the self-assembling process and must be controlled to obtain a

reproducible pattern.

Several methods are used to spread colloids onto the base substrate. Probably the

simplest approach is drop casting, where the solution of particles is simply added

drop wise onto the base substrate. While the solvent evaporates, the colloids remain

on the substrate surface. Since during evaporation the capillary forces between the

particles dominate during evaporation, they can be arranged in different geometrical

configurations to minimize the space and the free energy of the system. Therefore,

the rate of the solvent evaporation controls the degree of order in the pattern [74,75].

Other methods of deposition are represented by sedimentation [76], electrodepo-

sition [77], or spin coating [78,79]. Due to the parallel nucleation events of self-

assembling, most of these methods inevitably lead to imperfections in the two-

dimensional structures. Normally, the assembled defect-free area obtained is no

larger than several square micrometers. Variation of nanoparticle size (polydisper-

sion) alters electrostatic repulsion between individual pairs of colloidal particles,

thus introducing dislocations [75].

Recently, an alternative form of colloidal lithography has been presented [60] in

which charged particles adsorb randomly onto an oppositely charged surface. The

randomness of the initial process of adsorption causes a uniformity of array over a

large surface areawithout imperfections and dislocations. Additionally, dip coating as

a sequential assembly process may be used for the fabrication of perfect, defect-free

arrays over a large area [64], due largely to thewell-controlled drying front (i.e., liquid

meniscus) and other conditions, such as particle concentration and ionic strength.

Contrary to previous methods, capillary forces are identified as the basis of the

assembly process,which does not require any specific chemistry on either the template

or the particles. Therefore, this method is generic and allows a wide choice of both

support and particle materials.
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13.2.3 Plasma Modifications and Lithography

Following the primary process of ordered nanosphere layer formation, the nano-

patterns obtained can be used for biological investigations without further modifi-

cations [80,81], or, more frequently, various postassemble processes are performed

(e.g., dry etching or coating) to modify the geometry of periodic two-dimensional

colloidalmask or to pattern the base substrate.As an example, reactive oxygen plasma

treatment is frequently used to modify the polystyrene particle size [61,82]. The

ordered pattern becomes more open, since the particle size decreases. By variation of

plasma exposure time, different sievelike structures can be prepared from the same

template [Figure 13.1(c) to (f)]. Apart from size, the shape of particles becomes

slightly ellipsoidal, due to the unequal plasma abrasion [60]. These structures are

characterized by larger interstitial area compared to the original mask, which may be

useful for the preparation of circular nanospots, columns, or wells with chemical and

topographical properties different from those of the base substrate.

Lithographic processing utilizing, reactive ion etching (RIE), for example,makes it

possible to produce modified colloidal-derived nanotopographies [42,60,83]. Here,

the assembled colloidal monolayer serves as a mask and protects the underlying base

substrate, except the interstitial area between the individual particles, frometching.As

a result, nanopillars with colloidal particle diameters can be prepared by etching the

base substrate [46,84–87]. The dimensions and pillar profile are determined by etch

time, gas, pressure, andmask integrity.Othergeometric bodies formedon the colloidal

lithographic mask may be hemispherical protrusions [42,88], cups [89], nanowells

[90–92] or rings [93–95].

Apart fromRIE lithography, a colloidal mask is often used for selective deposition

of various materials, predominantly metals (e. g., silver, aluminum, nickel). After the

lift-off procedure, when the colloidal monolayer is removed, a metal mask reflecting

the interstices of the close-packed colloids assembled inhexagonal or triangular lattice

arrangements is manufactured. Besides metals, various polymers (e.g., plasma

polymerized) can be overlaid on the mask, leading to the homogeneous surface

chemistry of patterned features after removing the template nanoparticles [45,62,83].

This allows further modifications of defined chemical patterns and decoration with

other functional molecules, biomolecules (proteins, DNA), or nanoparticles [83,96].

A final step that follows exposure of the mask to RIE is performed to remove the

colloidal mask. Mostly, wet chemical etching methods are employed in which

particles are removed due to the combined effects of chemical etch and a net repulsive

interaction between the particle and the surface. Short-time sonication usually helps

the dissolution of the mask [97].

13.2.4 Combination of NSL and Other Lithographic Approaches

Despite themany advantages thatNSLprovides, there are some limitations in terms of

the flexibility to produce different patterns (e.g., shape and size, spacing between

features, addressability of individual units). Therefore, hybrid approaches in fabri-

cation that combine the self-assembly principle ofNSLwith conventional lithography
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are actively conducted to address these issues [98]. Successful attempts are reported

where photolithography [99,100] or electrostatic fields [101] are used to pattern

regions of particles. Here, conventional lithography or other patterning techniques are

commonly used for the fabrication of micro(nano)-structured base substrates where

the self-assembly of colloidal particles is directed to selected areas having certain

chemical or topographic properties.As an example, a combinationof colloidal particle

self-assemble and interference lithography has been presented [64]. Poly(methyl

methacrylate) (PMMA) layers spin-coated on chromium (36 nm)-or SiO2 (100 nm)-

coated silicon wafers has been used for line/space and hole pattern fabrication, with

periods in the range 40 to 100 nm by a grating-based interferometer. Gold (50 and

15 nm) and silica (50 nm) particles in aqueous suspensions were self-assembled on

PMMA by dip-coating. The difference in wettability (hydrophobic–hydrophilic

contrast) between the polymer lines and the underlying surface affects the selective

assembly of the particles.

Due to its simple fabrication and low cost, a combination of NSL and soft

lithography has the potential of many future applications. Recently, a novel method

entitledmicrocontact particle strippingwas introduced [59]whichcombines theuseof

an elastomeric stamp as a basic component of microcontact printing with colloidal

lithography. The simple procedure is based on contact between the elastomeric stamp

and substrate modified by monolayer of preadsorbed polystyrene particles. Particles

from contact regions are removed. The remaining colloidal particles unaffected in

noncontact regions can be further used as a lithographic mask. This method has been

applied successfullywith particles in the size range 50 to 500 nm,whereas the spacing

of the particles is a multiple of their diameters (from 1.5 to 4). Other methods that use

microcontact printing are based on patterning of self-assembledmonolayers (SAMs),

which further facilitate a selective deposition of colloidal particles on chemically

patterned surfaces [102,103].

A promising direction by which some limitations (e.g., configuration disorders,

spacing of individual colloids) of classical NSL can be overcome is the self-

assembling of block copolymers instead of colloidal particles, which has been used

for fabrication of periodic arrays with sub-100-nm features [104,105]. Block copol-

ymer lithography is, in fact, a fast-growing field with many interesting applications.

As in NSL, the driving force for nanostructuring using these polymers is the self-

assembling. Due to the enormous flexibility in chain properties and the behavior,

various nanopatterns may be prepared which are normally inaccessible for NSL. In

this chapter we show only a few interesting examples of the method. Readers who are

interested inmoredetails should followoneof the recent reviews in thisfield [106,107].

An advantage of amphiphilic diblock copolymers, such as polystyrene(x)-block-poly

(2-vinylpyridine)(y) [PS(x)-b-P2VP(y)] is that under suitable conditions (e.g., solu-

bilized in toluene), they form core–shell micellar structure, which enables selective

dissolution of the metal precursor salts and after the chemical reduction step,

generation of mono-dispersed metal particles. Block micelles of copolymers contain-

ing gold nanoparticles have been used for self-assembling on glass substrate [108].

After exposure to hydrogen plasma, gold particles remain on the substrate surface in

hexagonal patterns, whereas the polymer has been removed. The spacing between
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individual gold particles is setup by the properties of the diblock copolymer used.

Similarly, combination of block copolymer and electron beam lithography has been

used for fabrication of various periodic and nonperiodic patterns of Au nanoparticles,

separated by distances not normally obtained by pure self-assembly [109].

13.2.5 Application of NSL for Sensor Biointerfaces

13.2.5.1 Biointerfaces Based on Protein Nanoarrays Application of col-

loidal lithography in the fabrication of nanostructured surfaces for biosensors and

related biointerfaces is still in its infancy, but several representative examples of

applications indicate the possible directions of future developments. Apart from

biosensor interfaces, colloidal-derived nanotopographies currently under inves-

tigation show great promise in the control of cell growth and adhesion to surface,

altering gene regulation or inflammatory response [43,46,110,111], which may bring

new interesting properties of functional medical devices (e.g., implants or tissue-

engineered constructs) [112]. Despite their importance, these applications are not

reviewed in this chapter. The interested reader should follow recent reviews in the

field [74].

A key achievement regarding the generation of sensor biointerfaces using colloidal

lithography is the ability to bind sensing biomolecules selectively on patterned areas

and to retain their natural active conformation and favorable orientation. Once the

molecule is selectively immobilized on nanoarrayed substrate, it can be used in many

detection strategies,most frequently optical and electrochemical, to detect the analyte

of interest. Recently, several attempts have been performed to show this possibility.

Chemically nano-patterned surfaces with biologically relevant end groups such as

carboxylic groups and antifouling poly(ethylene glycol) (PEG) functionalities have

been prepared by the combination ofNSL and plasma-deposited functional polymeric

layers [68]. Plasma-enhanced chemical vapor deposition (PE-CVD) is a low-pressure

low-temperature process that permits the creation of thin films on a large variety of

substrates with selectable chemical functionality, stability, density, and coverage of

the films deposited. Here, a thin and negatively charged (carboxylic groups) hydro-

philic plasma-polymerizedacrylic acid (PAA)filmhasbeendepositedon solid support

using a glow discharge created from acrylic acid vapor. After assembling a two-

dimensional colloidalmask pattern of negatively chargedpolystyrenebeads (diameter

200 to 1000 nm) by adip-coatingmethod, oxygenplasma etching has been carried out,

resulting in the creation of PAAnanodomes. Following plasma deposition of the PEG-

like coating (protein-resistant layer) andmaskdissolution in anultrasonic bath, bovine

serumalbumin (BSA)has been immobilized selectively on aPAA layer using standard

conjugation chemistry.

Similarly, a horse spleen ferritin nanopattern has been prepared by selective protein

deposition on gold cylindrical disks (20 nm high, 120mm in diameter) covered by a

SAM of hydrophobic thiols [113]. The pattern has been obtained by oxygen plasma

etching of a polystyrene particle mask assembled on a silicon wafer and covered by a

thin layer of gold. Nonspecific binding of ferritin on the exposed silicon surface has

been protected by selective deposition of a PLL-PEG (PLL backbone and PEG side
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chain) amphiphilic copolymer monolayer. Another investigation has described the

collagen adsorption on model substrate exhibiting controlled topography and surface

chemistry [88]. Substrates were prepared by gold deposition onto silicon wafers

(smooth substrate) and onto a support with nanoscale protrusions created by colloidal

lithography (rough substrate) and by subsequent functionalization with CH3 (hydro-

phobic) or OH (hydrophilic) groups. Based on their results, authors concluded that

while the amount of collagen adsorbed is affected only by the surface chemistry, the

supramolecular organization is controlled by both surface chemistry and topography.

A simple approach to functional protein array production which is based on self-

assembling of polymer templates and proteins has recently been developed [114,115].

To create arrays of protein nanostructures with defined spacing, monodisperse

latex spheres have been coated with the desired protein (BSA, proteins A and G)

and deposited on a mica (001) or gold (111) surface. After drying, latex particles are

displaced to expose periodic arrays of immobilized proteins, which remain attached

to the surface and maintain the order and periodicity of the latex scaffold. The

morphology and diameter of protein nanostructures thus prepared are tunable by

setting up the protein/latex ratio and the diameter of latex spheres [114]. Similarly,

lysozyme periodic nanostructures have been prepared on silicon by NSL, retaining

their full activity [115]. Another interesting approach based on self-assembling

properties of diblock copolymers has been introduced [116]. It has been shown that

chemical heterogeneity of self-assembled hexagonal polystyrene-b-poly(vinylpyri-

dine) (PS-PVP) diblock copolymer micelles on flat surfaces can be exploited

successfully as a template for protein self-assembling in specific polymer nanodo-

mains, thus creating a high-density ordered protein array. The properties of the array

may be tuned easily by the size of the underlying diblock copolymer. To show the

possible exploitation of such a nanoarray in biosensor applications, various proteins

have thus been immobilized and their activity screened [117]. By immobilizing

proteins [e.g., horse radish peroxidase (HRP), mushroom thyrosinase, bovine im-

unoglobulin G, and green fluorescent protein], the authors found that they retain their

catalytic activity over three months and that their binding behavior is not affected by

surface immobilization on the diblock copolymer template.

Despite the fact that the potentiality of NSL or block copolymer lithography for

protein arrayinghas been shown in several attempts, littleworkhas beendone to screen

the biological functionality of proteins in arrays thus prepared. As an example,

adsorption of fibrinogen on a substrate with nanoscale pits and the ability to bind

unstimulated platelets selectively have been investigated [118]. Colloidal lithography

has been used to create a high density of nanometer-sized pits (40 nm in diameter,

10 nm in depth) in continuous thinmetallic film vapor-deposited overtop electrodes of

quartz crystalmicrobalance (QCM) sensors or on siliconwafers.Multidomain protein

human fibrinogen was adsorbed on a structured and planar surface as a control sample

due to its similarity in pit size. The ability of fibrinogenmolecules to bind specifically

to receptors in platelet membranes has been correlated with both nanoscale chemistry

and surface topography.No specificbindingof unstimulated platelets during the initial

phase of interaction was observed on fibrinogen bound to flat surfaces with homo-

geneous surface chemistry. On the contrary, fibrinogen bound at topographically
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structured surfaces (both chemically homogeneous and chemically patterned sur-

faces) exhibited significant specific platelet binding. Authors speculate that the

conformation or orientation of fibrinogen molecules is altered at surfaces that have

nano-topography on the length scale of the individual molecules. The altered

orientation or conformation on nano-structured surfaces may make binding sites

available to the fibrinogen molecule, which can bind to membrane receptors on

unstimulated platelets.

The assembly of single biomolecule arrays, where nanostructured surfaces are able

to accept only a single biomolecule at an individual binding site, with definable

spacing and orientation and created on a large sample area, is an interesting challenge

because such surfaces may show a molecularly defined environment for cell culture

studies and optimal sensing properties in biosensors [119–121]. Recently, the prep-

aration of such an array has been shown [108,121] using nanostructured gold dot

patterns prepared by micellar diblock copolymer lithography, discussed earlier in the

chapter.Goldnanoclusterswith a defineddiameter (ca. 6 nm) and lateral spacing of 30,

96, and 160 nm have been prepared on glass, and the interstices between them have

been modified with monomolecular film of mPEG–triethoxysilane to prevent non-

specific binding of proteins. Afterward, gold nanodots have been modified with short

thiol-nitrilotriacetic (NTA) chelator molecule. Also, recombinant proteins (Agrin,

N-cadherin) that carry a 6 histidine (6�His) tag have been immobilized in an oriented

manner through a specific NTA–His tag and their presence detected by primary and

secondary fluorescence-labeled antibodies, as well as by atomic force microscopy

(AFM). As result, up to 70% of gold particles creating the nanopattern have been

modifiedwith only a single functional biomolecule at moleculary defined density and

locations. Due to the generality of the immobilization method, identical arrays can be

prepared for every biomolecule available.

All these examples show that nanotopography can influence the structure and

functionality of adsorbed proteins significantly when correct dimensions and

topographyare established.Similarly, as observed for immobilizationofbiomolecules

on nanoparticles with smaller dimensions [122,123], it turns out that the smaller

interaction area between the nanostructured surface and the biomolecule can affect the

secondary structure to a lesser extent than can a planar surface. Therefore, the natural

activity and functionality of protein is retained to a high degree. In an ideal case, the

nanostructured element has dimensions similar to the dimensions of an immobilized

biomolecule [62,118,121].

13.2.5.2 Biointerfaces for Localized Surface Plasmon Resonance
Biosensors One of themost interesting features of nanostructured layers ofmetals

are their unusual optical properties, which can be used for the fabrication of

ultrasensitive surface plasmon–based biosensors. Noble-metal nanoparticles normally

exhibit a strong ultraviolet–visible (UV–vis)adsorption due to the resonance between

thecollective excitationof conductionelectrons and incidentphoton frequency [47,48].

This phenomenon is known as localized surface plasmon resonance (LSPR). Due to

the extremely large molar extinction coefficients (about 3� 1011M�1/cm) [124,125],

intense signals can be obtained using spectroscopic methods, which predetermines
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their use as optical sensors and biosensors [47,48,126,127]. Based on the theoretical

model of Mie [128], the intensity of the LSPR spectrum depends on a number of

parameters, such as nanoparticle radius, material, dialectric constant, and interparticle

spacing [129,130]. A common effort in the field is to find synthetic routes of nano-

particle fabrication in order to tune and precisely control their plasmonic properties.

The simplest and most common approach is based on reduction of metal salts in

solution, which results in the colloidal suspension of metal nanoparticles. Highly

sensitive LSPR biosensors have been realized based on the change of absorption

UV–vis maxima upon interparticle coupling. Complementary DNA colorimetric

sensing has been shown in which the change in color is observed when nanoparticles

are brought together by the hybridization event [131–133]. The limits of detection

(LOD) reach femtomoles of the target oligonucleotide, which is almost 100-fold lower

than that of a conventional fluorescence assay [131].

Despite its sensitivity and simple procedure, the principal disadvantage of solution-

based LSPR nanoparticle biosensing is the nonspecific, irreversible, and difficult-

to-quantify particle aggregation [48]. Therefore, to easily overcome most of the

difficulties, surface-confined nanoparticle arrays may be employed for biosensing

purposes instead of colloidal suspensions.NSLhas been used successfully to structure

surface-confined triangular silver nanoparticles by metal deposition over a polysty-

rene nanosphere mask on a glass substrate [47,48]. The silver nanodots (100-nm in-

plane and 51-nm out-of-plane width) have been modified with SAM from a mixture

(3 : 1) of 1-octanethiol (1-OT) and 11-mercaptoundecanoic acid (MUA) and further

with biotin through a zero-length coupling agent on carboxylate groups. The max-

imum of observed plasmon resonance (LSPRlmax) increased (red shift) at each

modification step: from 561 nm up to 609 nm after the final modification step. To

simulate antibody–antigen binding as one of the possible future applications of such

optical biosensors, the calibration curve for streptavidin [47] and antibiotin [134]

binding has been obtained as a function of the red shift of LSPRlmax. The LOD

calculated from the response curve has been lower than 1 pM for streptavidin and

100 pM for antibiotin with 27 nm and 38 nm of maximal plasmon peak shift for each

case. It was also shown that by changing the shape, size, andmaterial composition of a

metal layer it is possible to tune the sensing capability of LSPR sensors [135,136]. By

immobilization of mannose on silver triangles, the carbohydrate binding protein

(concavalin A) has been used to track the response sensitivity as the function of height

of silver nanodots [137]. Results show that the overall response of the nanosensor

increases with decreasing nanoparticle height.

Apart frommetal nanodots, nanoring structures represent ahighpotential to surface

plasmon sensing at a nanometer scale. This is due mainly to their tunable plasmon

resonances and the large empty volume, which provides more spaces for molecular

attachment [95,138]. A low-cost method of producing large-area-ordered metal

nanoring arrays based on NSL has been presented [95]. Close-packed SAMs of

polystyrene monodisperse spheres were formed on silicon substrate by a spin-coating

method. A layer of gold was sputtered onto a colloidal mask on a vertical incidence,

followed sequentially by reducing the gold-capped polystyrene spheres from the

topside by ion polishing. The inner diameters, wall thickness, and wall height of gold
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nanorings have been tuned by the size of PS spheres and by the process parameters of

RIE, sputtering, and ion polishing. Such tuning of metal nanoring structures leads to

fine and flexible controlling of plasmon resonances of the nanorings [95].

Recent efforts in optical-device fabrication based on LSPR detection have stim-

ulated the development of sensitive, simple, and label-free detection of awide range of

analytes in medical diagnostic, environmental, and chemical analysis. The key factor

that influences its further development is the ability to precisely control and tune the

parameters of an optically active metal array. Although novel approaches have also

emerged, NSL lithography belongs to one of the simplest methods, by which such

surfaces can be efficiently prepared and studied. Therefore, its further development in

this field can be envisioned.

13.3 NANOELECTRODES ENSEMBLE FOR BIOSENSING DEVICES

13.3.1 Electrochemical and Electroless Deposition of Nanomaterials
via Templates

13.3.1.1 Nanoporous Membranes The pores of filtration membranes repre-

sent a simple case of structural heterogeneity, whereby the discontinuity in the solid

phase operates the selection for species with specific dimensional requirements.

Deposition of nanomaterials can be carried out into the nanopores of ultrafiltration

membranes with uniform, cylindrical, or prismatic pores of particular size.

Nowadays, chemical sieve materials, such as glass matrices with nanostructured

channels, zeolites, or nanoporous proteins, are available worldwide. Many research

groups involved in synthetic routes by means of nanoporous templates make use of

commercially available ultrafiltrationmembranes.Owing to the rather limitednumber

of pore sizes andpore density of commercial products (e.g., fromAnopore,Nuclepore,

or Synkera Technologies Inc.), other authors prefer to prepare their own templates in

order to customize the geometric features.

Chapter 15 is dedicated to reviewing the methods and materials selected for

nanopore fabrication. This part is dedicated specifically to applications of alumina

and track-etched polymeric membranes as host templates for the synthesis of

nanosized material.

Alumina membranes with regular pore distribution can generally be formed by

electrooxidation of aluminum substrates (high-purity aluminum sheets) in acidic

electrolytes using a two-electrode cell. Cathode is generally made of aluminum, lead,

platinum or stainless steel [139–142]. The resulting structure of the porous oxide film

consists of a uniform array of parallel alumina cells packed hexagonally, with a nearly

cylindrical shape of the pores, high pore density, and low diameter size distribution.

The hexagonal self-order of the pores was justified by the presence of repulsive forces

and the volumetric expansion associated with the anodization process [143–145]. By

appropriate selection of the electrochemical process conditions, such as applied

potential/current density, treatment time, concentration of the electrolyte mixture,

and temperature of the treatment, it has been possible to tune at will the size and aspect
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ratio of the pores, preparing films with different thicknesses, pore densities, and pore

diameters from 5 to 1000 nm [144,146–152]. It was verified experimentally that:

* The thickness of the porous alumina increases linearly from 0.1mm to 10 mmwith

anodization time at a given voltage and temperature.

* The pore spacing varies regularly with the applied potential, typically in electro-

lytic solution of 25% sulfuric acid or phosphoric acid, or 15% sulfuric acid at a fixed

temperature.

* The pore density and pore diameter are linearly correlated under controlled

conditions [153].

According to some authors [154], obtain high-quality membranes, aluminum

should be pretreated in concentrated acid and plenty of distilled water to show

well-polished mirrorlike surfaces. During pore formation, aluminum is coated by a

relatively thin nonporous insulating oxide layer; therefore, the anode material surface

is not exposed directly to the solution. Several strategies and procedures to separate

the unoxidized foil from the porous oxide layer have also been proposed. We leave

it to readers to peruse the literature [155–158] to follow the progressive efforts in

improving the support quality.

Alternatively to brittle and rather rough alumina or silica membranes, nanoporous

polymeric membranes prepared by the track-etch method can be used as templates of

highflexibility and smoothness, oftenvery stable in acids aswell as in organic solvents

and biologically inert. Such membranes can be produced with a relatively wide range

ofporediameters. Poly(ethylene terephthalate) (PET), polycarbonate (PC), polyimide

(Kapton), polypropylene, poly (vinylidene fluoride), and CR-39 (allyl diglycol

carbonate) membranes were already used for this purpose [159]. Because of its high

sensitivity to tracking and the mild conditions required for sensitization, PC is the

foremostmaterial used for preparing commercial track-etchedmembranes (Osmonics

orWhatman), with pore diameters ranging from as small as 10 nm to as large as 10 mm
and pore densities between 107 and 109 pores/cm2.

Toprepare such templates, damage tracks in the polymerfilmare createdwith high-

energy particles (atoms or ions) and a treatment time that finally influence the number

of tracks and the resulting pores. Afterward, the tracks are exposed to an alkaline

etching solution, resulting in porousmembranes whose dimensions depend strictly on

both the etching time and the solution composition [160,161]. Depending on the

etching conditions, typical pores with symmetrical cylindrical or cigarlike shape can

generally be produced. Under conditions of asymmetric etching (i.e., by treating one

side of an ion-irradiated sample with an etchant), conical pores have been pro-

duced [162–164] on PC or PET membranes.

Track-etched membranes have a much lower pore density (on the order of

109 pores/cm2) than the alumina membranes (1011 pores/cm2); therefore, the former

are more suitable as templates for producing low-density nanomaterials. The case of

nanoelectrode ensembles is discussed in the following sections as an examplewhereby

a relatively low density is required. A limitation of track-etchedmembranes is related
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solely to their production techniques, which do not generate uniform products. As a

matter of fact, unless special and accurate procedures are accomplished, the resulting

pores in PC membranes are not always parallel to each other, presenting an irregular

shape and random spatial distribution.

13.3.1.2 Deposition of Metals in Porous Templates Deposition of metals

has been attempted successfully on alumina, silica, and track-etched polymer mem-

branes in a variety of ways.Metal deposition has been accomplished electrochemically

in the pores of the membrane, on the side that has been treated with a conductive layer

(typically, 100 to 1000 nm) [165–182]. This approach is based on the assumption that

template membranes are robust enough to tolerate hard treatment, such as plasma or

vacuumdeposition. Insuchexperiments, thecoatedpre-sputtered thin layer isconnected

to a copperwire and set into an electrochemical cell, where the templatemembrane acts

as the cathode and an external counter electrode acts as the anode.The deposition can be

carried out both under galvanostatic or potentiostatic conditions. Literature data report

gold electrodeposition into alumina, mica, or PC templates in the form of nanowires or

nanorods [183–186], aswell as deposition of silver, cobalt, nickel, copper, and rhodium

nanowires [187–189], iron nanotubes, or cigar-shaped nanoparticles into polymers

[168,190], and palladium, platinum, and tin nanoparticles or single-crystal nanowires

into both alumina and PC [191–193]. In the case of a track-etched PCmembrane, it was

verified that addition to the plating solution of 1 to 2% gelatin generally improves the

hydrophilic properties of themembranewith an effective increase in the reproducibility

of electrodeposition [166].Metal sputteringwas first necessary to create the conductive

layer. The subsequent process is based on theprogressivegrowth andfillingof the pores,

from the bottom metallic layer toward open ends of the pores, which normally results

in solid rather than hollow nanostructures (i.e., formation of nanowires or fibers, not

tubes) [153,194,195]. Alternative to the deposition of single metal in the form of

continuous nanowires, segmented nanoparticles or composed multilayered nanofibers

with different metals can be created as well. In the latter case, the growth of nanofibers

consisting of the same metal of the conductive layer is in some way limited by the

electrodeposition of a second metal. The original metal foundation is etched away in a

following treatment, leaving the nanoparticles composed of the second metal in the

pores of the template. Such a formation must be performed with a removable metal

instance (e.g., silver is attachedbynitric acid) that acts as a foundation for themetal to be

deposited in the second step [196,197].

Most experimental methods for the electroless deposition of metals in the form

of nanostructures involve the presence of chemical reducing agents to plate the

material from a solution onto a surface. The low kinetics of the homogeneous electron

transfer from the reducing agent to the metal requires a catalyst, which should be

applied to the surface to be coated to accelerate the reaction rate. The thickness of the

metal film deposited can be controlled by modulating the plating time. The principles

of electroless deposition into templates have been exemplified in the case of gold

deposition by Menon and Martin for the fabrication of nanotubes or nanoelectrode

ensembles [25]: the specific case is described and discussed extensively in the

following sections.
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Different from the electrochemical procedure, the electroless methods with

templates allow for the deposition of metal layer into the activated sites on the pore

walls without requiring a conducting layer. Nanomaterials tend to grow progressively

from the pore walls toward the center of the cavity. For this reason, stopping the

deposition at relatively short times, hollow metallic nanostructures can be generated

into the template. In fact, it was observed experimentally that the production of gold

nanotubes is realized, decreasing as much as possible the size of the metal grains that

constitute the walls: for example, working at a pH condition of around 8.0 in the

deposition bath [153].

After completion of the metal deposition, the template membranes can be used in

the original form, containing nanostructured metal, or alternatively, they can be

dissolved to leave arrays of nanowires or nanotubes attached at one end to a conductive

electrode. In the former case, it is possible to obtain separation membranes with

metallized nanopores that enable chemical functionalization of metal for different

purposes: One of the most diffused examples in surface chemistry for biosensing

applications utilizing thiol chemistry [196,198]. As will be shown in the following

discussion, metal nanowires need to be deposited and kept inside the membrane to

obtain a continuous ensemble of nanoelectrodes.

If the resulting objects of the deposition are going to be free nanostructures in the

formof nanowires, nanotubes, or nanocones, their separation from the hostmembrane

is required.Nanomaterialsmaybe separated from track-etched template by dissolving

the latter in a suitable organic solvent: PCmembranes are soluble in dichloromethane,

and PET in 1,1,1,3,3,3-hexafluoro-2-propanol. Alumina–ceramic membranes are

shown to be soluble in strong alkali solution (such as KOH or NaOH), whereas

polymers can also be etched by oxygen plasma treatment [25,153,168]. A criterion for

the selection of the most suitable template may sometimes lie on the compatible

matching between the metal to be deposited and the agent able to remove the

membrane. Other hybrid deposition techniques, including metals and composites

into host templates, are not investigated further in this chapter. It is the case of the

chemical deposition of carbon–gold composite nanotubes in alumina templates by

impregnation with a solution of diluted hydrogen tetrachloroaurate (HAuCl4) and

acetone as reducing agent [197], as well as the intriguing synthesis of nanoparticle

nanotubes inside the porewalls of silane-treated alumina, according to a self-assembly

mechanism [199], or the formation of gold nanotubes by RF sputtering of gold into

nanoporous template [200].

13.3.1.3 Characterization of Nanomaterials in Porous Templates The

characterization of such nanostructures can be done by several instrumental techni-

ques, including spectrophotometry (optical features are useful for defining the shape

and spatial distribution of the nanostructures), voltammetry, optical microscopy,

atomic force microscopy (AFM), and scanning (SEM) or transmission electronic

microscopy (TEM).

SEM or TEM analyses (and to a lesser extent, microthomy analyses) are typically

used in morphological characterization of nanostructured materials obtained by tem-

plate synthesis. The image resolution generally tends to improve as the nanomaterial
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is separated from the host membrane. In this case microscopic investigations have

shown curious mushroom shapes, or spaghetti-like metallic nanostructures after

removing the PC membrane with the suitable organic solvents [25,168,171]. TEM

and high-resolution TEM images of nanostructures were also obtained even without

removal of themembrane, owing to the transparencyofPC toelectronbeams, although

possible interactions between the beam and the polymer can generate distortions and

artifacts [25,153,201].

13.3.2 Gold Nanoelectrode Ensembles

The gold electrode has often been used as a transducer in electrochemical biosensors

for several good reasons.Oneof themost intriguing characteristics,which is important

in using functionalized surfaces for biosensing purposes, is the tendency to form self-

assembled monolayers or deposited multilayers through thio- or amino-coordinate

derivatives.

Nanoelectrode ensembles (NEEs), fabricated by growingmetal nanowires or fibers

into the pores of a template, are nanotechnology tools that actually find application in a

variety of fields, ranging from electroanalysis to sensors and electronics. Here we

describe the synthesis of gold nanowires into PCmembranes with controlled pore size

using an electroless deposition method. The density of the template nanopores

determines the number of nanodisks per total surface (pores/cm2) and, correspond-

ingly, the average distance between the nanowires, as the basic elements of NEEs.

The production of gold NEEs described here is based on the pioneering work of

Martin’s group [25], recentlymodified in order to optimize the resulting product and to

obtain awell defined-nanostructure for the specific application. In brief, the electroless

plating of gold NEEs consists of three main steps:

1. Sensitization with Sn2þ solution. PC is first kept for 2 hours in methanol, then

immersed for 45minutes in a solution of 0.026MSnCl2 and 0.07M trifluoroacetic

acid in equimolar mixture of methanol and water as the solvent; as reported

previously, track-etched PC membranes are preferred for NEE fabrication over

alumina membranes because of their smaller pore densities and their lower

fragility.

2. Reduction of Agþ to produce discrete silver nanoparticles. After accurate rinsing

withmethanol, the sensitizedmembrane is immersed for 10minutes in 0.029MAg

[(NH3)2]NO3 at controlled pH.

3. Galvanic displacement of silver particles and reduction of gold. The membrane is

immersed into the gold plating bath, which contains a commercial solution of

7.9� 10�3M Na3Au(SO3)2 (e.g., Oromerse Part B, from Technics Inc.), 0.127M

Na2SO3, and 0.625M formaldehyde; after 15 hours of electroless deposition, an

additional 0.2mL of formaldehyde is added to continue the deposition for an

additional 9 hours; after that the membrane is rinsed with water, immersed in 10%

HNO3 to eliminate any surface traces of tin or silver, and dried in an oven at 150�C
to stabilize the resulting deposition. It was already observed that depending on

the mechanism of growth of such nanostructures into the pores, at short plating
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times only gold nanotubes are formed, whereas complete filling of the pores to

accomplish gold nanowires requires 24 hours or more of electroless plating [25].

Another interesting observation is that the deposition velocity decreases when

performing the overall process at a temperature between 0 and 5�C. The original
synthetic routewas tested during the last years by varying the treatment time or the

reagent concentration for surface activation both in SnCl2 solution and in

ammoniacal AgNO3 for silver nanoparticle deposition. Basically, the key step

of the synthetic procedure results in immersion of the membrane in a gold plating

solution. Gold nanotubes or nanocones [162,163,196,202,203] were also fabri-

cated by adopting a different treatment time under buffered controlled conditions

(pH 10). From our practical experience, even AuCl4
� as a precursor can be used

instead of the commercial solution of Na3Au(SO3)2: after 24 hours of immersion

at 4�C, gold NEEs in the nanopores of track-etched PC membrane (nominal pore

size 30 nm, thickness 10mm, pore density 6� 108 pores/cm2) were created

successfully. Both the front and rear sides of the membrane are coated with a

thin gold layer.

13.3.2.1 Morphological Features of Gold Nanoelectrode Ensembles
SEM observations such as the one reported in Figure. 13.2 show the successful

formation of gold nanowires in PC membranes with a narrow size distribution and a

mean diameter of 30 nm, adopting the synthetic method described above. A SEM

model (JEOL JSM-5510) was used for the characterization of nanowires reported in

Figure. 13.2. The microscope is equipped with an Oxford Instrument EDS 2000

microanalysis detector and software for the elementary analysis. No sample coating

was required for SEM observations. The image was obtained after peeling away the

metal layer grown over the front side of the template membrane. Nanodisks emerging

from the template are clearly visible from the figure, with the typical fading lines

FIGURE 13.2 SEM image of gold nanoelectrode ensemble grown into polycarbonate

nanoporous membrane (from Unipore), according to the electroless procedure; nominal pore

size: 30 nm; pore density: 6� 108 pores/cm2; the scanning electron microscope was the JEOL

JSM-5510 low-vacuum model.
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behind them representing traces of the nanofibers that grew inside the membrane.

The observation of such traces is possible for two main reasons: First, the PC

membrane is partially transparent to the electron beam; and second, the nanofibers

are not perfectly aligned parallel to the surface as a consequence of the membrane

production procedure [25,153,166]. The density of deposited nanowires can be

calculated approximately from a sample microscopy image, taking into account a

defined area of investigation. For instance, since an area of 9mm2 is considered in

Figure 13.2, a nanowire density of around 6 pores/mm2 has been inferred. Such a value

is perfectly in accord with the declared pore density of commercial membrane,

confirming that the process of filling pores with gold had been accomplished

successfully.NEEcan be used either as a platform for immobilization of biomolecules

(i.e., including nanostructures into the host membrane) or as a free-standing assembly

of very small ultramicroelectrodes confined in a rather small space. In the former

configuration higher mechanical stability is accomplished, owing to the presence of

the membrane; hence this is the preferred configuration for biosensing purposes. On

the contrary, aftermembrane dissolution, a simultaneous process of nanowires or fiber

self-aggregation and folding down takes place, with a possible partial loss of their

electrochemical properties. Figure 13.3 shows two SEM images at different magni-

fications of gold nanostructures (mean diameter size of 50 nm) after dissolution of the

template membranes with dichloromethane. Bundles of nanowires or disordered

nanosized structures are still visible on the treated surface instead of free-standing

aligned gold nanofibers.

13.3.2.2 Electrochemical Features of Gold Nanoelectrode Ensembles
Anaccurate description of the electroanalytical and kinetic behavior ofNEE is beyond

the scope of this chapter, but readers are referred towork of Ugo andmoretto [153], an

updated and complete treatment of such objects, including evaluation of the main

FIGURE 13.3 SEM image of gold nanoelectrode ensemble by electroless synthesis after

dissolution of the polycarbonate template membrane (from Unipore) with dichloromethane.

Images taken at two different magnifications: (A) energy beam, 25 kV; scale bar; 5mm;

magnification; 5� 104; (B) energy beam: 30 kV, scale bar: 1mm, magnification: 2� 105. The

Scanning electron microscope was the JEOL JSM-5510 low-vacuum model.
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geometrical parameters involved, their relationships with current responses, and the

corresponding electroanalytical equations. We will simply review briefly the general

concepts with respect to the behavior of NEE.

NEE can exhibit three distinct voltammetric response regimes, depending on the

scan rate and reciprocal distance between the nanoelectrode elements, which is a

function of the pore density of the template. The total overlap regime occurs when

radial diffusionboundary layersofeachsinglenanodiskoverlap totally (a small distance

between nanoelectrodes), a pure radial regime occurs when the nanoelectrodes behave

independently (higher scan rates, larger distances between nanoelectrodes), and a linear

regime occurs when the nanoelectrodes behave as isolated planar electrodes [25].

It was demonstrated that for electroanalytical applications the total overlap regime

is the most advantageous because of the higher faradaic/capacitive current ratio

[153,204,207], which was calculated to be higher than the ratio of conventional

electrodes (CGE) to the comparable geometrical area. This concept is reported as

IF

IC

� �
NEE

¼ 102 � 103
�
IF

IC

�
CGE

ð13:1Þ

where IF is the faradaic current and IC is the double-layer charging current. The

numerator of both ratios can be calculated from the Randles–Sevcik equation:

IF ¼ 2:69� 105 n3=2AgeomD
1=2Cbv

1=2 ð13:2Þ

where n is the number of electrons involved in the process, Ageom the geometric area of

the ensemble,D the diffusion coefficient,Cb the bulk concentration of redox substance,

and v the scan rate of the voltammetric cycle. The denominators for nanostructured and

conventional electrodes depend, respectively, on the active and geometric areas of the

ensemble. Indicating the ratio between active and geometric areas as [207]

f ¼ Aact

Ageom

ð13:3Þ

the application of Randles–Sevcik equation on both the systems results in a coefficient

f spanning from 10�3 to 10�2, which means that for NEEs, detection limits are at least

two orders of magnitude lower than those of regular electrodes. The IF/IC ratios or,

alternatively, the coefficient f are useful to discriminate the good NEEs for electro-

chemical biosensing applications from the bad ones [205,207,209].

In our laboratory, the total overlap diffusion regime was observed at gold NEEs

fabricated from commercial PC track-etched membranes of 30- and 50-nm pore

diameter. The large number of NEEs which were prepared according to the

electroless procedure were selected on the basis of the electroanalytical response

and the agreement between theoretical and experimental values [153]. For this

purpose, a reversible redox probe with a known diffusion coefficient must be studied

at defined experimental conditions (e.g., measuring the current peaks in CV at a

fixed scan rate and potential step). The theoretical ratio, (IF/IC)theor, depending on
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well-defined equations was compared with the experimental one, (IF/IC)exp Values

must be in accordance with a tolerance of 5%.

As a redox substance, a-(ferrocenylmethyl)trimethylammonium cation was

selected, analogously with previous work [153,204,207], because of its well-known

behavior. Cyclic voltammograms in 10�2MNaNO3 as supporting electrolyte alone

and in 10 mM of redox probe were recorded. It was calculated that NEEs satisfying

the foregoing criteria are not more than 50% of the overall NEEs prepared in the

laboratory.

The reachable potential window for gold NEEs was studied previously [25,206]

both in the negative limit, which is influenced by the hydrogen evolution reaction and

therefore depends on the solution pH, and in the positive potential range, which is

given by the formation of gold oxide. The NEEs used at low analyte concentrations

(typically, from 10 mMto lower than 1 nM) gave a peak faradaic current down to a few

picoamperes. By operating with suitable electronic amplification levels, at pH around

7 andmicromolar analyte concentrations, a potential windowof goldNEEswas found

between�750 and þ 800mV vs. an Ag/AgCl reference electrode [153]. Such awide

electroactivity range as well as the high sensitivities of NEEs to electron transfer

kinetics are interesting characteristics that are being exploited in highly sensitive

analytical techniques, such as in trace metal determinations and the observation of

species with perfectly reversible and fast electrochemical behavior. To the best of our

present knowledge, the electrochemical features of the metal nanomaterials, except-

ing gold grown in nanoporous templates, have not been so deeply investigated. In

addition to applications for trace electroanalysis with well-known reversible redox

probes, such as ferrocene derivatives or ruthenium complexes, NEEswere used in CV

at micromolar concentration levels of more complex redox systems such as organic

mediators or methylviologen or heme–protein cytochrome c [204,206,207].

13.3.2.3 Deposition of Nanoelectrode Ensembles on Substrates So

far, a limited number of publications report the attempt to assemble NEE in handy

electrodes for use in an electrochemical cell or in flow injection analysis (FIA)

systems. Early assembly based on gold nanoelectrodes consisted of a copper tape

that was attached directly to the upper gold layer, acting as electrical connections.

After insulating this multilayer configuration, a hole was punched into the upper

piece of insulating tape to define a geometric area, Ageom, of 7.0mm2 [25,204,207].

Recently, partial modifications have been carried out to improve the electrical

connection between copper and NEE: The copper tape was attached on the lower

layer, which completely covers the rear side of the host membrane. The upper gold

layer was peeled away from themembrane and an insulator with a 7.0-mm2 holewas

attached [204,208,209].

In our laboratories, gold nanowires have been coupledwith a carbon screen-printed

electrode (SPE) to give a novel, rapid tool for disposable biosensors, defined as a

nanoelectrode ensemble on a screen-printed substrate (NEE/SPS). The NEE/SPS

preparation is aimed at combining the advantage of the electroanalytical sensitivities

deriving from the nanosized properties with the feasibility and versatility of screen

printing technology in fabrication of easy-to-use sensors [210–212].
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For the preparation of SPEs, conducting and insulating inks were printed on poly

(vinylchloride) substrate using a HT10 Fleischle screen-printing machine [198,212].

Silver and carbon–graphite pastes for the conducting paths and theworking electrode,

Ag/AgCl for the reference electrode, anddielectric pasteswere purchased fromGwent

Electronics Materials Ltd. (www.g-e-m.com).

To assemble gold nanoelectrodes containing membranes with screen-printed

substrates, the upper gold layer was first peeled away from the front side of an NEE

membrane, leaving the gold nanodisks exposed on the surface. The rear side has

been soaked into a wet graphite ink pad; then the inked membrane has been gently

deposited onto the graphiteWEof a plastic homemade screen-printed substrate [198].

As commonly used in screen-printing procedures, the device has been accomplished

by printing both the insulator and the reference electrode layer. Figure 13.4 shows the

described abovenovel screen-printing sequence for theproductionof disposableNEE/

SPS. In each case, an active working electrode area of 2.5mm2 is defined by the

insulator geometry. Also, NEE/SPS were tested with a-(ferrocenylmethyl)trimethy-

lammonium cation by CVat different scan rates and different concentrations. Typical

voltammetric patterns of such a redox tracer on NEE/SPS recorded at 100mV/s

showed quasireversible behavior with an anodic peak (Ip) at 150� 10mV and a

cathodic peak at�20� 1mV [198]. According to the characteristic of nanoelectrodes

under total overlap diffusional regime, peak currents of the redox probewere 2 orders

of magnitude higher than in the case of conventional macro-electrodes.

13.3.3 Nanoelectrode Ensemble for Enzyme-Based Biosensors

13.3.3.1 State of the Art Selective, sensitive, and accurate quantification of a

specific analyte or group of analytes is the key requirement inmany areas of analytical

and bioanalytical chemistry, such as for clinical, agricultural, and environmental

FIGURE 13.4 Sequence of NEE/SPS preparation: (A) carbon graphite tracks and contact

pads by screen printing; (B) Ag–AgCl paste deposition for reference electrode; (C) deposition

on the working of the NEE-based membrane; (D) dielectric paste screen printing. (From

ref. 198, with permission.)
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analysis, as well as in the food and beverage industries. To be used as a reliable

analytical tool complementarily with traditional chemical methodologies (such as

colorimetric, spectroscopic, chromatographic, or hyphenated methods), biosensors

must provide high performance levels with good accuracy, precision, and long-term

stability for simple, rapid, online or in situ measurements.

The very promising feature of gold nanoelectrodes applied for electrochemical

biosensors is their enhanced current sensitivity, as described in previous sections and

expressed in equation (13.1). The sensitivity ratio between NEEs and conventional

macroelectrodes with comparable geometric area and materials has already been

indicated as the discriminating parameter in the selection of nanostructures for

biosensing applications. This might result in a lowering of the detection limit during

the bioanalytical monitoring of a specific analyte.

On the other hand, as shown in the following discussion of results, this advantage

arising from the nanoparticles properties is not always maintained when biochemical

immobilization is performed on the electrochemical probe. The complexity of

structures such as proteins, cells or biomimic compounds, and the multiple layers

accumulated on the original surface, are the characteristics that limit the resulting

performance of electrochemical biosensors based on such nanoparticles.

NEEs were already used as a working probe on a copper, glassy, or carbon–glassy

electrode for the detection of various substances. The model system used for

preliminary investigation in a reliable electrochemical biosensing device was the

enzyme glucose oxidase (GOx), whose structure and biochemical properties are well

known. In recent work, gold NEEs were treated with ultraviolet–ozone and ethanol

to remove any oxide deposit before the monolayer assembly, Then the surface

was treated with thiols to form a SAM, and successively with coupling agents

for enzymatic immobilization. After treatment with 3-mercaptopropionic acid and

2-mercaptoethylamine as thiol compounds, the functionalized surfacewas immersed,

respectively, in glutaraldehyde (GA) in phosphate buffer solution (PBS) and amixture

of imides at pH 3.5 [213]. Two different flow detectors with a commercial glassy

carbon working electrode were utilized for the amperometric detection of b-glucose
with an injection loop of 100 and 20mL, respectively. After the optimization of the

electrochemical and flow parameters, the authors compared the amperometric FIA

response in terms of sensitivity, reproducibility, and stability for both GOx-based

biosensors, distinguishing between the two different covalent immobilization of the

enzyme (i.e., using glutaraldehyde and succinimide as coupling systems). A linear

dependenceof glucose on the signal in the analytical concentration range0.2 to30mM

was detected, even in the presence of interfering substances [214].

13.3.3.2 Nanoelectrode Ensemble on Screen Printed–Based Biosen-
sors Our contribution to the development of biosensors based on nanoscalematerial

relies on a combination of screen-printed substrates and gold NEEs, resulting in NEE/

SPS biosensing devices, as reported previously and illustrated in Figure 13.4. The aim

of this preliminarywork was to evaluate the specific response to a target substrate after

immobilization of the corresponding enzyme on NEE/SPS. GOx (from Aspergillus

niger; specific activity of 198 units/mg solid) was again used as a biochemical model
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system to test the feasibility of the sensing probe. The analytical performance of NEE/

SPS-based biosensors tested under FIA conditions was evaluated and compared to that

ofunmodifiedcarbonorconventionalgoldelectrodesonwhichGOxis immobilizedata

fixed concentration.

For this purpose a homemade flow cell was used for the characterization of NEE/

SPS and successively for the amperometric detection of glucose with a GOx-based

biosensor. The microcell was depicted and described in our previous work [198] and

was provided with a peristaltic pump (Gilson Minipuls 3) to propel solution along

a flow injection system, with a 115-mL sample loop injection valve and volume

(Omnifit, Cambridge, England). All reagents, supporting electrolyte solutions, and

buffer carriers were prepared from deionized water (Synergy 185 apparatus from

Millipore). All the other analytical-grade chemicals and solvents were used without

further purification.Voltammetric and amperometricmeasurements, performedunder

batch and FIA conditions, respectively, were conducted with the Autolab potentiostat

PGSTAT10. Two experimental methodologies [198] were chosen for the immobili-

zation of GOx on a gold element that can be simplified as described below.

Covalent Immobilization of Protein In the former device the sequence is based

on three main steps (Figure 13.5). First, 3-amino-mercaptopropionic acid, also called

cysteamine (CYS),was assembled on gold nanodisks either electrochemically (20 s of

21-mM CYS growth at þ 800mV vs. internal reference electrode) or chemically

(after immersing the NEE/SPS in a solution of 21mM CYS for 16 hours). The

electrochemical deposition of CYS has already been demonstrated to be much

faster and more effective on pure gold electrode than on other materials, resulting

in electrochemically depositedmultilayers (EDMs) [215] onwhose upper surfaces are

available terminal amino groups (¼NH2). For this reason, GA (12.5% v/v, 1 hour of

immersion) was chosen as the coupling agent in the second step, followed by accurate

buffer washing to remove the excess GA. Finally, buffered GOx solution (6mg/mL)

was dropped on the activated surface and left to dry, allowing for the formation of a

covalent bond between the primary amine groups of the enzyme and the carbonyl

group of GA. The resulting sensor was washed and stored overnight at 4�C before

being assayed. In the following discussion this sensor configuration is referred to as

GOx/EDM/NEE/SPS.

Parallel Immobilization of Protein and Deposition of Conductive Polymer In

this device, spatial patterning of the enzyme on PC membrane with conductive wires

on gold nanoelectrodes has been carried out. In this way, direct electron transfer from

the red–ox site of the enzyme to the electrode along the conductive polymer

multilayer will be accomplished. As depicted in the sequence shown in Figure 13.6,

first, conducting cables of polyaniline (PANI) were deposited electrochemically by

cyclic voltammetry from�0.4 to þ 1.0V, using as a precursor 50-mManiline solution

in diluted sulfuric acid (0.5M) [198]. The growth of PANI wires on the gold

nanostructures can be realized after a few cycles, analogous to that demonstrated

on golden macroelectrode and other surfaces [216–218]. The active surface was

immersed in a solution of 10% v/v aminopropyltriethoxysilane (APTES), to obtain a
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terminal amino group onto the part of the membrane that is not gold-covered, then

washed carefully with PBS (pH 6.8). The resulting surface was treated with GA

(12.5% v/v) and again washed with PBS to remove the unbound GA. At this step, free

carbonyl groups facing the PC surface are ready to react with the terminal amino

groups of the enzyme. Freshly prepared GOx-buffered solution (6mg/mL) was

dropped on the activated surface and left to be covalently bound. In the following

this sensor configuration is reffered to discussion as GOx/PANI/NEE/SPS [198].

The effectiveness of the electrodeposition of multilayers of CYS was proven by

the cyclic voltammograms and the corresponding oxidation peaks centered at

approximately þ 800mV vs. internal Ag/AgCl reference electrode, which decreases

after a few scans in the case of both gold SPEs [215] and gold NEE/SPS [198].

Chronoamperometry current response corresponding to the oxidation of CYS on the

surfacewas therefore carried out at þ 800mVvs. internal Ag/AgCl pseudo-reference

electrode. As shown in Table 13.1, the average peak for CYS grown on NEE/SPS is

compared with CYS deposited on gold screen-printed probes, applying the oxidation

potential of þ 800mV vs. platinum reference electrode in a two-electrode config-

uration. The current signal for CYS deposited onNEE/SPS is two orders ofmagnitude

lower than in the case of gold macroelectrodes obtained by galvanic deposition

[column (a) of Table 13.1]. On the other hand, considering the active area, taking into

account the gold nanodisk density and the area of a single nanodisk, calculations of

current density show higher values for nanostructured assembly [column (e) of

Table. 13.1, where current density is expressed in mA/cm2]. Two different diameters

TABLE 13.1 Mean PeakCurrents for the Electrochemical Oxidation of Cysteamine for

Several NEE Assemblies Using a Commercial Gold Electrode, Conventional NEE, and

NEE/SPSa

(a) (b) (c) (d¼ bxc) (e¼ a/d)

Electrode Probe

Peak Current

IP (mA)
Geometric

Area (cm2)

Conversion

Factor

Active

Area (cm2)

Current

Density

(mA/cm2)

Au 625.0 0.143 1.1330b 1620.00�10�4 3.86

Au NEE [25,204,209]

Pore diameter 30 nm 0.5 0.071 0.0042c 3.07� 10�4 1.66

Pore diameter 50 nm 0.5 0.071 0.0118c 5.95�10�4 0.60

Au NEE/SPS 198]

Pore diameter 30 nm 1.5 0.025 0.0042c 1.08�10�4 14.15

Pore diameter 50 nm 1.5 0.025 0.0118c 2.10�10�4 5.09

aTwo different pore diameters (therefore, diameters of a single nanoelectrode) are considered. Cysteamine

oxidation performed at þ 800mV vs. Pt in a two-electrode configuration.
bDimensionless, rugosity factor¼Ar/Ag, the ratio between the real and the geometric surface areas of the

gold electrode used [198].
cDimensionless, f¼ fractional area¼Aa/Ag, the ratio between active and geometric areas of NEEs,

calculated assuming a pore diameter of 30 nm as reported by the producer, or a pore diameter of 50 nm,

the mean value calculated from SEM measurements.
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of a single nanoelectrode, depending on the pore diameter size of the host template,

have been considered in such an evaluation.

13.3.3.3 AnalyticalPerformanceofNEE/SPS-BasedBiosensors Inboth

sensor configurations the flow injection conditions described above were optimized

experimentally for the highest current signal. Theworking flow rate (0.4mL/min) and

buffer pH (6.8) were fixed in both cases by using a homemade flow-through detection

cell and 115-mL sample loop injection valve.

An unmodified NEE/SPS did not respond to glucose, confirming that a specific

oxidation of the substrate/analyte at the gold surface did not occur. Since the best

signal/noise ratio was achieved within the range þ 550/650mV [198], an applied

potential value of þ 600mVvs. reference electrodewas chosen for such sensors in all

subsequent experiments.

In Table 13.2 the analytical performance of our sensor configurations (both GOx/

EDM/NEE/SPS and PANI/GOx/NEE/SPS) is summarized while comparing such

performances with those of an available reliable biosensing device for glucose

detection [214] based on gold NEE (renamed GOx/GA/MPE/NEE in Table 13.2).

An analog comparison has been made under flow conditions with a biosensor for

glucose based on a commercial ceramic screen-printed electrode (BVTTechnologies,

CzechRepublic), adopting one of the immobilization procedures for GOx on a golden

working probe (herein indicated as GOx/CYS/Au SPE).

The linearity of response were found to be 1.0� 10�4M to 3.1� 10�2M

(r2¼ 0.993) for GOx/EDM/NEE/SPS and 1.0� 10�4M to 2.0� 10�2M (r2¼ 0.998)

for PANI/GOx/NEE/SPS. It is interesting to observe that the lower limits are always

TABLE 13.2 Analytic Performance of Four Gold-Based Biosensor Configurations

for the Detection of Glucose

GOx/GA/

MPE/NEEa
GOx/EDM/

NEE/SPSb
PANI/GOx/

NEE/SPSc
GOx/CYS/

Au SPEd

Range explored (mM) Not reported 0.0075–31 0.019–20 0.2–20

Linearity range (mM) Up to 30 0.1–31 0.1–20 1–20

Sensitivity (nA/mM�1) 110 35 18 0.9

Reproducibility (%)e 3.7 (n¼ 38) 3.9 (n¼ 35) 4.4 (n¼ 35) 14.2 (n¼ 28)

Detection limits (mM) 0.20 0.15 0.15 1.00

Km(app) (mM) 13.7 14.9 8.9 Not measured

Shelf stability (days) Not reported 20 15 2

aEnzyme covalently immobilized on gold nanoelectrodes by means of a mercapto-compound coupling

agent [214].
bEnzymecovalently immobilized via cysteamine electrodepositedmultilayers and glutaraldehyde on a gold

nanoelectrode ensemble sensor.
cEnzyme covalently immobilized via aminopropyltriethoxysilane and glutaraldehyde, with polyaniline

grown on gold nanodisks.
dEnzyme covalently immobilized via electrodeposited cysteamine on a commercially available gold screen

printed electrode (BVT Technologies, Czech Republic).
e0.5mM glucose injected n times.
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within theanalytical range forglucosemonitoring inablood sample.Athigherglucose

concentration values, saturation of enzymatic active sites probably takes place. The

linearity can be estimated by using the Michaelis–Menten equation with nonlinear

curve fitting: Apparent constants of 14.9 and 6.9mM were obtained for GOx/EDM/

NEE/SPS and PANI/GOx/NEE/SPS; respectively. These values are, as expected

significantly lower than those of the native enzyme [219].

Sensitivity (the slope of the calibration curve) and LOD by the Zund Meier

method [220] as well as operational and shelf stability are reported in Table 13.2

according to the international definitions recommended [221,222]. The long-term

stability in FIA conditions achieved for PANI/GOx/NEE/SPS biosensor suggests

that chemical covalent immobilization of enzymes on the surface took place. This

observation is an encouraging result in assessing the specific reaction between the

silane-derivative compound and PC and, consequently, the selective addressable

immobilization of proteins only onto the polymer part of the membrane.

The amperometric FIA responses were also compared for both sensors at the con-

centration level 0.5mMglucose. The plots have been normalized in terms of the current

peak height for both sensor configurations; the PANI/GOx/NEE/SPS sensor showed a

faster response,whichdepends onamoreeffective charge transfer to the electrode along

the PANI wires (for a graph, see ref. 198). In each case, when using PANI wires with

covalent immobilization ofGOx, performance improved in terms of the linear dynamic

range, reproducibility (4.4% of relative standard deviations), and LOD.

Finally, it isworth noting that a comparisonof the features of bareNEEorNEE/SPS

(usually selected by their performances operating in CV) with those of the enzyme-

based NEE or NEE/SPS biosensors under amperometric flow measurements are

meaningless. As mentioned earlier, the effect of nanostructured surface properties in

terms of a high signal/background ratio requires further investigation whenever the

same nanosized component is implemented in a more complex configuration such as

that of biosensingdevices. The combinationof diffusionpathways at theNEEandflow

lines under the constrained geometry of a thin-layer flow detection cell should be

envisaged as well.

13.4 CONCLUDING REMARKS

A remarkable example of the integration of nanotechnology and electrochemical

biosensors is the NEE enzymatic-based biosensor, in which nanoelectrode ensembles

synthesized by templates are deposited on several supports. Implementation of a novel

disposable device based on a nanoelectrode ensemble on screen-printed substrate has

been shown. In this way, the well-known advantages of nanostructured material

properties (e.g., high sensitivity) have been coupledwith the typical features of thick-

film technology in screen-printing production, such as disposability, flexibility, and

durability of the product under flow injection conditions. The electroanalytical

properties of NEEs have been studied extensively and considered as a basis for

the realization of NEE/SPS-based biosensors. Exploitation of nanosized surfaces

to enlarge the range of such possibilities is discussed, especially for the enhanced
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signal/background ratio of the gold nanoelectrode assembly (from two to three orders

of magnitude higher than that of a conventional macroelectrode with a comparable

geometric area).

Immobilization techniques of a model protein (e.g., glucose oxidase) have

been presented in association with the formation of self-assembled monolayers and

electrochemical-deposited multilayers. The concept of reversible, oriented, and

addressable immobilization of special proteins on specific parts of the active sensing

surface has been also recalled.

Simple enzyme immobilizationongoldNEEandNEE/SPSbymeans of commonly

used coupling agents or, more specifically, parallel immobilization of enzyme on the

polymeric part of the membrane and polyelectrolyte on gold nanostructures has been

carried out. The latter solution has been extended in some applications for

third-generation biosensors, in which a mediatorless detection is required, thanks

to the possibility of achieving a direct electron transfer between red–ox proteins and

modified gold nanoelectrodes through the conducting polymer cables. Amodel protein

was used to show the feasibility of such an approach to activate the surface with a

specific biomolecule for the detection of an analyte or a class of analytes in many

electrochemical biosensing applications, such as in the food or beverage industries or

for environmental and clinical analyses.

Furthermore, the perspective of efficient parallel immobilizations on metal areas

and polymeric parts opens the way to multifunctional electrochemical devices with

different customized sensitive elements at different points in the same sensor. Multi-

parametric electrochemical detection for simultaneous analysis at low cost may be

designed insofar as successful and reliable scientific results will be accompanied by

the industrial scale-up of such devices.
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CHAPTER 14
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14.1 PROTEOMICS AND BIOMARKERS

Proteomics is a research field related to the measurement and characterization of

proteins. Proteins are polymeric organic substances composed of amino acids (called

residues), which are covalently bound, through peptide bonds, forming stable con-

formations. They are not completely rigid structures, as they can swap among the

related structures through conformational changes, thus performing unique functions.
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Their role in biological systems can be better understood if their structures are

completely revealed. Various robust and reliable analytical techniques are employed

for analyzing and tracking the distinctive proteins and an attempt is made to quantify

them for their further use in clinical proteomics.

Biomarkers are entities that help in early detection and diagnosis of a disease. The

quest fordiagnosticmarkers at the early stageof anydisease canpreventcomplications

generated in terms of curing and prevention [1]. The identification of biomarker

candidates is carried out by different strategies involving the peptide and proteinmass

fingerprinting, enzymatic digestions, and peptide sequencing through mass spectro-

metric analysis. The classical approach for discovering disease-associated proteins

continues to be two-dimensional polyacrylamide gel electrophoresis (2D-PAGE) [2].

Although 2D-PAGE is unchallenged in its ability to resolve thousands of proteins, it is

laborious, requires large quantities of protein, lacks critical reproducibility standards

from one laboratory to another, and is not easily converted into a diagnostic test.

Recent advances in mass spectrometry (MS) and multidimensional liquid chroma-

tography (MDLC), combined with tandem mass spectrometry (MS/MS) [3], offer an

alternative to or an interface with two-dimensional electrophoresis for the simulta-

neous detection and identification of multiple protein species. The proteolytic digest

mixture is producing better sequence coverage when separated chromatographically

before carryingout theMS/MS, as the contents can suppress or overlap eachother. The

peptide mass fingerprints of a protein are characteristic and when compared to

databases result in identification. Therefore, the surface-enhanced laser desorption/

ionization (SELDI) or material-enhanced laser desorption/ionization (MELDI) tech-

niquesdeveloped recently are handier in this regard.Themorepeptidepeaks in adigest

mixture, the better the protein sequence coverage. There are also other approaches,

including serum protein profiling, which assign distinctive proteins between control

and cancerous serum and identification of overexpressed genes from libraries built

from either normal or cancerous samples [4]. Early detection and diagnostics can be

achieved if the changes in cancer-related proteome are understood, leading to

biomarker discoveries [5]. The proteomics approaches must also focus on the

functions of cells, in terms of protein interactions, modifications, and activities on

the course of a particular disease [6].

There is, however, a need to develop new methodologies and to improve existing

systems in terms of their selectivity, sensitivity, and specificity. The identification of

proteins frompeptidemassfingerprinting can lead todiseasemarkers, as the leakageof

these biomarkers from the cell into the bloodstream is a response of the bodywhen it is

in a diseased state [7]. The new bioanalytical methods, combined with mass

spectrometric detection of biomarkers, holds promise of providing diagnostic and

prognostic information for cancer and other disease-related biological fluids.

14.2 MALDI IN THEORY AND PRACTICE

Mass spectrometry is one of the most important physical methods in analytical

chemistry today. A particular advantage of mass spectrometry over other molecular
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spectroscopic methods, is its high sensitivity, down to the zeptomole level [8]. That is

whyMS is one of the fewmethods that is entirely suitable for the identification of trace

amounts of biological substances. The further development of MS instrumentation,

combined with optimized sample preparation and purification steps, has led to a

dramatic increase in accessible mass range, resolution, and sensitivity, which made it

possible to analyze macromolecules such as proteins.

Laser desortion/ionization (LDI) MS, which involves the desorption of molecules

through a laser beam, was introduced in the 1960s. The first experiments were

carried out by placing a thin film of sample on a metal surface and irradiating it with

a pulsed laser. The results of this technique were rather disappointing at first, because

ions could only be detected with very low signal intensities and below 1000Da. Strong

fragmentation also took place, which is a very disturbing factor in the field ofMS. As a

result, thismethodwasunsuitable for largermolecules suchasproteins,DNA,andRNA.

The end of the 1980s saw in a big breakthrough the introduction of matrix-assisted

laser desorption/ionization (MALDI)MS by Karas and co-workers [9,10]. They used

an ultraviolet (UV) laser to investigate the effect of laser energy on UV-absorbing

organic materials. Moreover, they discovered that the embedding of samples in a

matrix consisting of organic compounds that have high absorbance in the same

wavelength of the laser beam results in an increase in signal intensity and a decrease in

fragmentation. This can be carried out by mixing the analyte solution with a small

amount of aromatic acid (the matrix) and allowing it to dry on a MALDI sample

support (target) (see Figure 14.1). The target is inserted into a vacuum lock and

transferred into a vacuum chamber (ion source). The matrix ionizes the analyte

molecules and absorbs the UV light of short laser pulses, causing the explosion, or

desorption, of the crystalline matrix–analyte mixture. The charged analyte molecules

are accelerated in the mass spectrometer and are detected after passing through the

time-of-flight tube. Since their speed is a simple function of their mass, the time of

flight can be converted into molecular mass information. The great advantage of this

system is simple application with very high sensitivity and the possibility of detecting

compounds of low abundance in a very broad mass range.

After the desorption process the ionized peptides are accelerated in an electric field

by high-voltage grids. All ions are accelerated to the same kinetic energy level to

target

drifting distance

accelerating electrodes

detector
same m/z

different E(kin)

FIGURE 14.1 The linear mass analyzer represents a powerful feature of the time-of-flight

mass spectrometer in its simplest instrumental design.
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ensure that all ions of identical mass move at the same speed. The accelerated ions are

then introduced into a high-vacuum flight tube (field-free drift region) and continue to

flyuntil they reach thedetector. Since light ions reach thedetector earlier thandoheavy

ions, recorded flight times are used to calculate the mass-to-charge (m/z) ratio of ion

masses. Resolution and mass accuracy are thus dependent on the time window in

which ions of the samemass reach the detector. This is for the large part determined by

the start velocity distribution. When one of the ion packets reaches the time-of-flight

tube a precise time measurement is initiated, and when the individual sample

components reach the detector the time is measured.

An impressed voltage first accelerates the gaseous ions that are created by the laser

shot. After passing through the acceleration voltage U, the kinetic energy Ekin of the

ions is

Ekin ¼ mv2

2
¼ zeU ð14:1Þ

wherem is themass of the ion, v thevelocity after the accelerationvoltage, z the charge

number of the ion, and e the elementary charge. The ions, with velocity v, then reach a

field-free drift distance of lengthL. The time t needed for the ions to cross this distance

is

T ¼ L

v
ð14:2Þ

When inserting equation (14.2) into equation (14.1), m/z can be solved:

m

z
¼ 2eU

L2
t2 ð14:3Þ

Here it can be seen thatm/z is proportional to t2.When the flight time that an ion needs

to cross a distance L is known, a direct statement of the mass belonging to this ion can

be made.

Pulsed extraction and reflector tubes are used to minimize and correct the start

velocity distribution, respectively. During pulsed extraction, the voltage of the

acceleration grid is switched on with a time delay of a few hundred nanoseconds

from the laser impulse.Once the acceleration grid voltage is applied, ionswith ahigher

start velocitywill be farther away from the target than slower ions and receivea smaller

portion of kinetic energy. For example, a slow ion that has traveled 1% of the distance

obtains 99% of the potential, whereas a fast ion might have traveled 15% and will

obtain only 85%. Pulsed extraction greatly reduces start velocity distribution and

improves resolution in the reflector mode.

Reflector tubes are used to reverse the drift direction of the ions in an electric

counter field (Figure 14.2). Ions of the same mass but higher start energy drift deeper

into the reflector before being reflected and fly a greater distance before they reach the

detector. In this way, they catch upwith the slower-moving ions at a certain point after

the reflector. The detector is located at this focusing point.
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Reflector tubes greatly enhance resolution up to the isotope level by correcting start

velocity distribution andprolonging theflight time.Althoughuse of the reflectormode

results in higher resolution, reflection reduces sensitivity and high-molecular-weight

polypeptides can only be detected in the linear mode.

14.2.1 Surface-Enhanced Laser Desorption/Ionization

Surface-enhanced laser desorption/ionization (SELDI) is an approach introduced

by Hutchens and Yip in 1993 [11]. It encompasses two major subsets of MS

technology: surface-enhanced neat desorption (SEND) and surface-enhanced

affinity capture (SEAC). SEAC involves the derivatization of a sample-bearing

surface that is used to capture analytes that were analyzed directly by laser

desorption/ionization (LDI)-MS with the addition of MALDI matrix material.

SEND is a method in which a molecule with LDI matrix properties is incorporated

onto the LDI probe surface, which means that there is no need for further addition

of matrix solution. In contrast to MALDI, where the sample surface is not

derivatized and merely presents the substrate for the analytes, a SEAC probe

surface plays an active role in the extraction, fractionation, cleanup, and/or

amplication of the sample of interest. Today, the SEAC or SEND targets

or ProteinChip arrays are distributed by Ciphergen Biosystems Inc. (Fremont,

California). They incorporate the full range of surface properties, extending from

broad binding characteristics of classical chromatographic media, such as IMAC,

ion exchange, and reversed phase, to more specific biomolecular affininity probes,

such as antibodies, receptors, enzymes, and DNA. Chromatographic surfaces are

typically used for projects ranging from the identification of disease biomarkers to

the study of biomolecular interactions. Array fractionation is normally performed

by exposure of the biological media to the chromatographic surface, followed by

washing steps of successive sample spots.

target

m1 m2

E(kin)1 > E(kin)2

reflector

drifting distance

accelerating electrodes =

12

12

1
2

12

1
2

detector

m2 m1

FIGURE 14.2 Reflector time-of-flight mass analyzer.
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14.2.2 Material-Enhanced Laser Desorption/Ionization

Thediscovery andutility of newhigh-throughputmethodsbasedondifferentmaterials

and chemical derivatizations for protein profiling of complex analytes leading toward

biomarkers, for early detection and diagnosis of a disease, is an ongoing field.

However, the complexity of biofluids, especially the most commonly used blood

serum with suppressing nonvolatile salts, is hindering the analytical tools em-

ployed [12].Thecomplexity of samples canbe reducedby implementing the screening

techniques. The focus here includes the development, optimization, and application of

a material-based approach, termed MELDI-MS (material-enhanced laser desorption

ionization mass spectrometry) [13], which not only involves the various functional-

ities, but also emphasizes the morphology (i.e., porosity or particle size of the carrier

material).

The materials investigated in the MELDI approach involve carbon nanomater-

ials: nanotubes [14], nanofibers, C60 fullerenes, diamond layer [15] diamond

powder), cellulose, silica [16], and poly(glycidyl methacrylate/divinylben-

zene) [17,18]. The serum contents are bound through different affinities, such as

immobilized metal ion affinity chromatography (IMAC) and reversed phase (RP)

on nanocrystalline diamond, nanotubes, and fullerenes. The advantages compared

to other LDI-MS methodologies lie in the nature of support materials in addition to

the functionalities added. The aim of the MELDI-MS approach is to screen

biofluids such as serum and explore the distinctive peaks among healthy and

diseased samples, which can then be employed as diagnostic markers after their

authentic validations. Multiplexed protein pattern analysis based on the material

morphology, physical characteristics and chemical functionalities provides a

multitude of protein patterns. The contents can be eluted from MELDI materials,

separated by m-LC and identified through MS/MS, according to the top-down

proteomics workflow depicted in Figure 14.3.

Serum peptides and proteins from human serum samples were enriched on

derivatized materials and mass fingerprints were obtained directly through MALDI/

TOF-MS.Themain focus inMELDI technique is to use different derivatizedmaterials

to generate characteristic mass fingerprinting patterns and compare them for normal

and diseased samples. The MELDI approach based on these derivatized carrier

materials is meant to increase the number of proteins bound and resultantly to use

them in basic biological research, leading toward marker search. The marker entities

are also normally at very low concentrations (low ng/mL) in serum [19], and highly

sensitive methods are required to bind them effectively from the biosamples. The

sensitivity is improved by designing the sample preparation protocols, the purity of

matrices, the target plates, and the overall sensitivity of the instruments. The recorded

spectra have been proven to be specific for each carrier material. The diversity in the

physical characteristics of these derivatized materials is responsible to get improved

sensitivity, specificity, capacity, and a broad range of information compared to the

conventional screeningmethods,without prior albuminor immunoglobulin depletion,

and can be adapted to a liquid-handling robotic system for routine analysis. This

approach includes thebuilt-indesalting step for serumproteinprofilingand is sensitive
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enough to detect peptides and proteins down to the levelwhere biomarkers could exist

in biofluids.

The types of amino acid residues and their side chains forming the proteins decide

about their interactions toward the specificaffinity.Aprotein canexhibitmore thanone

affinity at a time, depending on the nature of amino acids. The reversed-phase

materials favor proteins possessing themore hydrophobic nonpolar contents of amino

acids, whereas ion exchange (cation and anion) favors the charged (positively or

negatively) side chains of amino acids constituting the proteins. Conversely, their

elution after binding toward the support materials depends on their interactions. For

instance, onRP supports, an organic solvent such as acetonitrile carries out the elution

of nonpolar hydrophobic contents. Purification and prefractionation through the

MELDI approach can begin with a starting complex material such as serum, cell

lysate, or tissue and can lead toward their identification, post-translational modifica-

tions, and functions.

To investigate the applicability of MELDI, materials are checked for reproduc-

ibility of derivatization and sample preparation with human serum samples. Upon

comparison of these carbon IMAC supports, the protein profiles are quite specific to

eachmaterial. Due to the same surface functionality used for all carriermaterials (e.g.,

copper-loaded IDA), some peaks in the resulting mass fingerprints exhibited the same

m/z values; however, upon closer examination of the individual profiles in the

respective MELDI spectra, noteworthy differences are found. The absence and

presence of some peaks emphasize the differences in net hydrophilicity and hydro-

phobicity of these materials after derivatizations. The diversity in physical and

chemical characteristics, hydrophobic and hydrophilic characters of the derivatized

materials, are responsible for the improved sensitivity, specificity, capacity, and broad

range of information content of resulting spectra.

Material characteristics such as nanostructuring, particle size, surface area, hy-

drophilicity, and hydrophobicity contribute to the nature of bindings of serum

contents. So the success of this technique depends significantly on the adsorbent

nature ofmaterial used for serumenrichment.During the evaluation process of various

functionalized carrier materials, it is found that not all the materials provide the same

mass fingerprints. As in earlierMELDI studies, cellulose carriermaterials of different

shapes result in unique peak patterns, 8 to 10 mmbeing themost effective size range, in

the sense of number and signal intensity of resulting peaks [13]. As the particle size

increases to 20 to 30 mm, or the shape changes from spherical to fibrous, the efficiency

decreases tremendously, suggesting that fibrous and large spherical cellulose particles

are not adequate for MELDI. Furthermore, the porosity of MELDI supports inves-

tigated influences the binding properties and appearance of the resultingmass spectra.

Pore size thus has to be selected carefully, as porosity has a great impact on the

desorption process and consequently, on the mass spectra obtained. For instance,

narrow-pore silica particles (6 nm) do not provide adequate MS traces.

The MELDI approach also involves the addition of matrix (energy-absorbing

substance); however, the sensitivity is improved overall in the case of certain MELDI

materials, such as like carbon nanotubes and fullerenes, due to their known energy

absorbing tendencies. The MELDI technique covers both direct analysis by laser
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irradiation of the material, loaded with peptides and proteins, or the elution of bound

contents, followed by subsequent MALDI analysis. The MELDI support particles do

not affect the spectral patterns in terms of background signals.

However, care must always be taken to employ the standard investigated protocols

of MELDI for reproducibility, fixing of biomarkers, and avoiding the false positives

because of various proteolytic activities going on in the biofluids. The ability of this

method is already proven by a comprehensive study analyzing hundreds of serum

samples with the aim to distinguish prostate cancer from nonprostate cancer sam-

ples [13]. Using this method it was possible to differentiate these two groups with a

high probability of more than 90%. In addition, focus is laid on sample collection and

storage condition to avoid biases and methodological errors, since it was shown that

they alter the serum peptidome significantly [20]. The sample preparation protocols

are further optimized, and incubation times are reduced to fewminutes. To strengthen

the robustness and to control the MELDI platform, all steps, from sample preparation

to extraction, sample spotting, and MS analyses, are fully automated.

14.3 CARBON NANOMATERIALS

Thenanomaterials are regarded as potential candidates inmanycategories of scientific

fields, including biosensors, biomedical, drug delivery, and biomarker research. The

miniaturized nanoparticles are composed of the microscopic grains, which are

constituted of atoms and provide the opportunity to work in three dimensions at very

minute scale. The reason behind is based on the fact that the characteristics are altered

when dimensions (size and shape) are brought to nano levels, which offer unique

applications in comparison to the same bulk material. Their thermal, optical, and

electrical properties make them a candidate in analytical devices. The fragility of the

nanomaterials at the nanoscale is reduced tomake themmechanically stable, hard, and

very reactive. They can attain the various forms or shapes as existing tubes, wires,

fibers, or dots. The nanometer-sized polymeric dendrimers are also grown in layers.

Thenanomaterials are interfaced and integrated tomanyanalytical techniques, such as

mass spectrometry. The overall sensitivity and utility as support phases are enhanced,

due to their energy-transferring capabilities. Nanomaterials are incorporated in the

ionization methods inmatrix-free LDI-MS [21] andmatrix-assisted LDI-MS. Tanaka

reports the first use of cobalt nanopowder for surface-assisted laser-desorption/

ionization (SALDI-MS) in the analysis of proteins [22]. Broader matrix-free appli-

cation is reported for DIOS (desorption ionization on porous silicon). In 1999 it was

introduced for analyzing low-molecular-mass compounds [23]. The gold nanoparti-

cles with 2- to 5-nm sizes are also reported to support the desorption ionization (DI)

phenomenon [24]. Metals and metal oxides of titanium and tungsten in their particle

forms dispersed in paraffin or glycerol are also employed for LDI-MS [25].

Carbon, with its variety of different configurations and allotropes in nature, has

receivedmore and more attraction in the last decade [26]. Carbon nanomaterials such

as diamond, carbon nanotubes and fullerenes are selected in this regard as carrier

supports, because of their higher surface/volume ratios, expanded nanostructures,
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higher potential binding sites, and sensitivities. They have a strong role in the recent

past in certain biological applications coupled to desorption/ionization. The sample

supports for use in matrix-free LDI-MS are graphite [27], carbonnanotubes [28],

fullerenes [29] or amorphous carbon [30]. The graphite powder is reported to be

packed in GELoader tips for desalting and concentration of peptide mixtures prior to

LDI-MS [31]. Carboxylated and aminated diamond particles have been used to

concentrate and purify the proteins and DNA oligonucleotides [32]. The modified

diamond, carbon nanotubes, and fullerenes are acting as small chromatographic

interfaces for preconcentration and screening of biofluids. Blood serum samples are

used for preliminary testing and evaluation of these derivatized materials for protein

profiling. The unique properties were exploited for manipulating these nanomaterials

to construct an interface for protein profiling.

Under all elements carbon has found a very special place in the periodic table, due

to the fact that it forms very stable expanded structures that are covalently bound.

Due to the strong delocalization of the valence electrons, the bondings between

metals are weaker that those of carbon. Other nonmetals, such as nitrogen and

oxygen, build extremely strong bindings among each other so that a pair production

of electrons takes place, minimizing the free energy (compare the explosive

nature of many nitrogen compounds). Carbon combines these two extremes: It

can establish strong bondswith itself as well as with two, three, or four other binding

partners.

Elemental carbonoccurs in the formofdiamond andgraphite, andwhen it is impure

(the amorphous form), we call it coal. In the case of diamond, every carbon atom is

sp3 hybridized and covalently bound to four other carbon atoms, whose binding arms

point to the corners of a tetrahedron, having an angle of 109� between each arm,

resulting in its unique structure. In graphite every carbon atom is sp2 hybridized and

covalently bound to three other carbon atoms, forming a plain of continuous hexagons

between which relatively weak van derWaals forces act. Next to these two crystalline

structures, a new carbon modification with a spherical network exists which was

isolated in 1990: the buckminsterfullerenes.

Fullerenes differ from the other two allotrope forms of carbon, diamond and

graphite, mainly by their molecular character. They don�t form two- or three-

dimensional expanded structures but closedmolecular systems, with a sp2-hybridized

carbon as a common building block. In contrast to graphite and diamond, they are

soluble in various solvents, which is important for chemical manipulation. Fullerenes

consist of pentagons and hexagons. The pentagons are responsible for the bend and the

unique football structure. The easiest available fullerene is the Ih-symmetrical C60.

The next-best stable homolog known is theD5h symmetric C70, followed by the higher

fullerenes C76, C78, C84, C90, C94, and C96.The Euler theorem demands that every

closed, spherical network of penta- and hexagons exist of exactly 12 pentagons. In

such networks all pentagons are completely surrounded by hexagonswhen there are at

least 60 corner points. Therefore, fullerenes smaller thanC60 are unstable.The isolated

pentagons play a crucial role in the stability of the molecule. Here we speak of the

isolated pentagon rule (IPR) [33]. Some interesting physical properties of diamond,

graphite, and C60 are shown in Table 14.1.
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14.3.1 Derivatized Diamond

Diamond is a material that shows properties such as high stiffness, thermal conduc-

tivity, optical transparency range, physicochemical stability, erosion resistance, and

inertness [34]. The transparency is covered over a broad range from the far-ultraviolet

(UV) to the far-infrared (IR). Diamond is coated and utilized in form of surfaces, and

the surface properties are different from the bulk properties. Diamond is found with

different types, from natural single crystal to CVD ultrananocrystalline (UNCD). The

different forms of CVD-deposited diamond can be categorized as ultrananocrystal-

line, polycrystalline, and single crystal [35]. UNCD contains about 95% sp3 carbons,

2 to 5 nm in size, separated by high-energy grain boundaries.

Natural diamond is found most often in crystalline form in pure cubic structures of

sp3-bonded carbon atoms. The diamond crystal has face-centered cubic lattice

structure, with a basis of two atoms. The growth of diamond from molten material

in case of natural and synthetic diamond produces cubic structures, as they are stable

due to the lower internal energies. Because of the large amount of energy needed to

break numbers of covalent bonds, diamond has a high melting point (2820K).

The four outer electrons of each carbon atom in diamond are localized between the

atoms, which makes the movement of electrons very restricted and thus is electrically

insulating in its purest forms. However, it is good conductor of heat because the

electrons in covalent bonds are mutually shared and heat can be dissipated easily. In

addition, due to its large stability to many chemical agents and to its biocompatibility,

diamond appears as an attractive candidate material in several applications [36].

Nanocrystalline diamond (NCD) coatings on various substrates have created an

TABLE 14.1 Diamond, Graphite, and C60 Comparison

Diamond: Graphite: C60:

Cubic Hexagonal Face-Centered Cubic

Density (g/cm3) 3.30 2.27 1.65

Lattice constant (A
�
) 3.513 a¼ 2.456 14.15

— b¼ 6.696

C��C length (A
�
) 1.54 1.42 1.455

C¼C length — — 1.391

Standard heats of

formation (kcal/mol)

0.4 0.0 0.9

Bulk modulus (GPa) 1200 207 18(174)

Melting point (K) 3700 3800 Sublm. 800

Index of refraction 2.42 — 2.2 (600 nm)

Conductivity Insulator Conductor Semi conductor

Naturally occurring deposit Kimberlite Pegmatite Shungite

Location S. Africa Sri Lanka Russia

Crystal formation Octahedral Tubular Hexagonal, cubic

Name meaning “Invincible” “To write” Named after architect

Isothermal volume

compressibility (cm2/dyn)

0.18� 10�12 2.7� 10�12 6.9� 10�12
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interest in biological applications during recent times. The investigation of morphol-

ogy, surface termination, and the possibilities for biofunctionalization of NCD are

important tasks.

Hydrogen-terminated diamonds possess high p-type conductivity (high negative

electron affinity) whereas oxygen-terminated diamonds are insulating. The conduc-

tivity of H-terminated NCD is affected by the adsorbents from atmosphere. NCD can

be doped so as to vary the conductivity of films, which can be more effective in LDI-

MS sensitivity. The oxygen-terminated surface can be terminated as C��O��C,

carbonyl group, or hydroxyl group. Hydrogen terminations on NCD are obtained

automatically in a CVD process, as methane and hydrogen gases are used during

growth [37]. In addition, H-terminated surfaces are hydrophobic and O-terminated

surfaces are hydrophilic. However, the hydrophobicity and hydrophilicity do not

greatly influence the surface topography. The extent of hydrophobicity and hydro-

philicity are characterized by measuring the shape and contact angles of the liquid

drops placed on the surfaces. Consequently, selective adsorption of biomolecules such

as proteins on diamond material due to van der Waals and/or electrostatic forces is

possible using selective fabrication of hydrophobic and hydrophilic regions on

diamond substrates [38].

14.3.1.1 Immobilized Metal Ion Affinity Chromatography The main fo-

cus is laid around the affinity termed immobilized metal ion affinity chromatography

(IMAC), introduced byPorath et al. in 1975 [39].NCD is derivatized as IMACsupport

material to screen peptides and proteins specific to this affinity from human serum

samples. The specific bindings of his-tagged proteins enable the enrichment, which

reduces the complexity of serum. However, one can still argue about highly abundant

proteins such as albumin (50 to 60mg/mL), which can limit the material capacity.

IMAC supports can be loaded with a range of metal ions, depending on their nature of

interaction with peptides and proteins. It is proposed that proteins possess around 2%

histidine [2-amino-3-(3H-imidazol-4-yl)propanoic acid], and only half are exposed to

the surface for effectivebindings to loadedCu2þ ions [40]. The statement is supported

through studies carried out on binding constants with histidine residues [41]. The

binding potential of side chains of proteinswith histidine residues is very high, as only

one histidine exposed on the protein is enough to bind with Cu2þ [42].

14.3.1.2 Preparation of NCD–IMAC Supports Diamond surfaces coated

with titanium were derivatized [43] so as to develop new surfaces for serum profiling.

The derivatization was performed by having a thin layer of glycidyl methacrylate

(GMA) on an NCD surface in an inert chamber equipped with a quartz window. The

illuminationwas performed byUV light under a constant flow of nitrogen. Afterward,

the derivatized chip was washed with deionized water to remove the physically

adsorbed molecules, and then immersed in iminodiacetic acid (IDA) solution.

In general terms, diamond is considered a stable material; however, when diamond

is coated as a layer, it misses one neighboring atom in the lattice structure and offers

dangling bonds pointed outward. These bonds provide high-reactivity sites for

terminations, as they are at higher energy configurations and lower the stability by
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joining available atoms during reactions. The C��H bond in hydrogen-terminated

surfaces has a polar character due to the difference in electronegativity of carbon and

hydrogen atoms.

Functionalization on the diamond surface is carried out by a UV-assisted photo-

chemical process. The mechanism is based on the nucleophilic attack on a positively

chargedCdþ of aC��Hbond.Themechanismof this nucleophilic addition reaction is

shown in Figure 14.4(A). The nucleophilic attack happens when shorter-wavelength

UVradiations excite the electron-holepairs across thebandgap (5.48 eVfor diamond).

The necessity of UV light for nucleophilic attack can be attributed to the free energy

released due to the recombination of electron–hole pairs, which is quite high for

diamond (i.e., 5.48 eV).

The attachment of GMA to hydrogen-terminated NCD surfaces is followed by the

derivatization with IDA in strongly basic conditions to open up the epoxide group

through the mechanism shown in Figure 14.4 (B). The high strain of epoxide ring

makes it susceptible to nucleophilic attack. The IDA nucleophilic nitrogen attacks the

least-hindered carbon and make a transition complex, stabilized by ionic charges,

followed by IDA attachment. Copper (Cu2þ ) is loaded on metal-chelating imino-

diacetic acid (IDA), as shown in Figure 14.4(C).

Cu2þ belongs to the intermediate metal ions and has a coordinating potential

toward nitrogen, sulfur, and oxygen. Cu2þ , particularly, binds the amino acids of
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to be employed as an IMAC support for protein profiling.
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peptides and proteins at N-terminals at pH greater than 8 [44]. The binding entities

to the IMAC materials belong to histidine-tagged proteins, as sulfur-containing

cysteines are quite less on the boundaries of proteins. The mechanism of interaction

is based on the specific interaction of the imidazole side chain of histidine with

chelated Cu2þ .
XPS measurements are carried out to analyze the diamond surface to assess the

elements present. The survey spectrum reveals the presence of elements (i.e., carbon,

oxygen, and nitrogen) at the surface. A composition of 88.4% carbon, 9.9% oxygen,

and 1.7% nitrogen is calculated from the peak intensities. If Ti is also taken into

account for the quantification, a concentration of 0.3% is calculated, reducing the C

fraction to 88.0%. The small Ti intensity shows that this element is present at the

interface between the substrate and the adsorbate layer. Direct proofs for the presence

of chemistry carried out on the diamond surface are the nitrogen signals in the survey

spectra, which originate from the addition of IDA by opening of epoxide group of

GMA (Figure 14.5). As a result, chelating ligand, IDA, is covalently attached by

reaction between the epoxide and the primary amine of IDA.

The N 1s peak appears at 400 eV, which is exactly the representative binding

energy (BE) for such nitrogen functionalities [45]. Also in the survey spectra, the

Ti 2p peak is evident, which is from titanium substrate, indicating that the diamond

surface is not fully closed. In the C 1s signal measured in high-resolution mode,

several peaks can be identified by fitting Gauss–Lorentzian functions to the

experimental data. Four different binding states of carbon can be identified, labeled

C1 to C4 in Figure 14.6. The binding energies are determined to be 284.2, 284.9,

285.8, and 288.3 eV, respectively. Peaks C1 and C2 are characteristic of C��C and

C��H bonds, respectively. However, the assignment to specific bonds in this

binding energy region is ambiguous [46], since C��H and C��C bonds of various

characters contribute to the C 1s intensity. Therefore, no precise assignment to a

specific bond type can be made for the C1 and C2 peaks. C3 has binding energies

typical for C��O groups (alcohols, ethers), whereas C4 is the BE region where

carbonyl bonds appear.

14.3.1.3 Protein Profiling on IMAC–NCD Surfaces An IMAC-NCD sur-

face is checked for reproducibility of the method developed for serum protein

profiling frommass range of 2 to 10 kDa, shown in Figure 14.7. The spectra are also

recorded at higher masses of 10 to 20 and 20 to 80 kDa, to check the efficacy and that

the results produce a number of peaks in this mass range, as shown in Figure 14.8.

The spectrum is also recorded at the higher mass range 20 to 80 kDa. The NCD-

derivatized surface is the binding number of proteins in this mass range, depicted in

Figure 14.9.

Conclusively, NCD surfaces have enough docking sites to hold and bind a huge

number of proteins in a broad range of masses, from 2 to 80 kDa. The advantage of

NCD surfaces for recording the high-mass proteins lies in the fact that there is no

additive added to the analyte solutions, which can aid the desorption of those proteins.

Normally, the nonionic and zwitterionic surfactants are added to increase the detection

of higher mass proteins [47]. They are believed to avoid or minimize the adsorption
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losses of proteins and stabilize them [48]. However, these ionic surfactants can

suppress theMALDIsignals,which iswhy theymust be removedprior to MALDI-MS

analysis.

The success of these diamond surfaces over a longer period of timedepends entirely

on achieving andmaintaining enduring bonds between the chemical functionalities of

the linkers and the diamond surface. The IMAC supports can be stored stably for

longer period of times without losing their functionalities and efficacies. The stability

periods can be extended over years if they are kept at 4�C under proper storage

conditions.

The introduction of MELDI as a profiling technique provides a sensitive, multi-

plexed protein pattern analysis approach, offering accurate and reproducible
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MS traces that can be useful for wide-ranging applications. The protein profiles

emergedout of the derivatized carbonnanomaterials (diamond, carbonnanotubes, and

fullerenes) are reproducible up to norms and resulting broad information from range of

these materials can widen up the horizons for biomarker research. The potential

bonding sites are enhanced due to the expanded nanostructures and higher surface

areas of carbon nanomaterials. The materials are derivatized as IMAC support

material and characterized through various analytical techniques. The protein mass

fingerprints are characteristic for every serum sample on everymaterial. These carbon

materials with developed protocols are thus a domain of central importance for the

search of distinctive markers.

14.3.2 Modified CNT

The discovery of multiwalled carbon nanotubes (MWNTs) by Iijima in 1991 [49] and

of single-walled carbon nanotubes (SWNTs) by Iijima and Bethune et al. in 1993 [50]

has given rise to a new important material, designated to be used in nanotechnology.

Nanotubes are composed entirely of sp2-hybridized bonds having a diameter in the

range 1 to about 50 nm and a length between 1 and about 20 mm. Their unique optical,

electrical, thermal, and chemical properties have caused great research interest, and

their effective biocompatibility has provided an opportunity to use this material in

many biological applications, especially in the field of bioanalytics. Recently,

functionalized carbon nanotubes (CNTs) were used successfully as energy-absorbing

MALDI matrices for the study of micro- as well as macromolecules [51–54]. They

have been shown to absorb laser light (ultraviolet, infrared) and to be excellent

conductors of electricity, which is crucial for the energy transfer and dissipation

FIGURE 14.6 C 1s energy window high-resolution XPS spectra, showing peaks at 284.2,

284.9, 285.8, and 288.3 eV characteristic of the diamond surface and functionalities.
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efficiency during desorption and ionization. These outstanding advantages of CNTs

have provided an opportunity to use this material for the specific binding of

biomolecules followed by their subsequentmass spectrometric analysis by employing

them as MELDI carriers. This was demonstrated for iminodiacetic acid (IDA)-

modified CNTs by synthesizing CNT–IDA–Cu2þ support material. The main aim

of employing CNT derivatives in MELDI MS was to provide a rapid and sensitive

material for protein profiling, creating a basic platform for further identification of

disease markers from a variety of biological samples.

14.3.2.1 Derivatization of Carbon Nanotubes The derivatization of CNTs

is a three-step procedure. In the first step the carboxylic groups, which are obtained

after oxidizing with nitric acid [55,56], are chlorinated with thionyl chloride [57]. In a

further step the resulting acid chlorides were aminated with iminodiacetic acid.

Finally, the CNTs were loaded with copper(II) ions. During this loading step IDA

forms a bidentate complex with the Cu(II) ions. The steps of CNT–IDA–Cu2þ

derivatization are shown in Figure 14.10.

FIGURE 14.7 Reproducibility of serum mass fingerprinting on IMAC-NCD with MALDI/

TOF-MS. The spectra inA, B, andC are recordedwith standard serum at three different times in

a linear mode.
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FIGURE14.8 Serummass fingerprint on IMAC-NCDwithMALDI/TOF-MS.The spectrum

is recorded in the mass range 10 to 20 kDa with standard serum in linear mode.

FIGURE14.9 Serummass fingerprint on IMAC-NCDwithMALDI/TOF-MS.The spectrum

is recorded in the mass range 20 to 80 kDa with standard serum in the linear mode.

438 NANOSTRUCTURED AFFINITY SURFACES



14.3.2.2 Characterization of Carbon Nanotubes

Field Emission Microscopy Field emission microscopy (FEM) plays a major role

in understanding the structure of solid surfaces. FEM pictures are derived from the

emission of electrons under the influence of a high electrostatic field from a metal or

semiconductor into vacuum at a CNT�s surface. High vacuum is extremely prominent

in field emission experiments, as it has an extreme surface sensitivity to change the

emission pattern. As demonstrated in Figure 14.11, the FEM photographs of underiva-

tized and IDA-derivatized CNTs are depicted. Unmodified CNTs and CNT-IDA-Cu2þ

have different morphology and arrangement. The derivatization process leads to no

serious shortening of the CNTs but makes them thicker and swollen in diameter.

Copper Capacity Study The relatively high copper capacity (�1mmol/mg CNT)

of CNTs, which can be determined quantitatively by atomic absorption spectrometry

(AAS), makes this material an attractive support for studies inMELDI. Normally, it is

difficult to chelate proteins out of serum samples in the mass range 10 to 40 kDa, but

CNT-IDA-Cu2þ support material exhibites quite a reasonable affinity for high-

molecular-weight proteins. Moreover, CNT-IDA-Cu2þ is a good material to bind

serum albumin. This is in accordancewith other literature, where it was demonstrated

that IMAC has excellent affinity specifically to serum albumin [58,59].

Infrared The successful derivatization of CNTs can, furthermore, be confirmed

by recording comparative IR spectra as illustrated in Figure 14.12. The materials

termed A, B, C, and D are IDA-modified CNTs from different batches to check

the reproducibility of derivatization features. There is a clear difference between

FIGURE14.10 Derivatization scheme of carbon nanotubes. OxidizedCNTs are reactedwith

thyonil chloride (A) followed by the attachment of iminodiacetic acid under alkaline conditions

(B) and copper loading (C).
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the untreated and the four IDA-treated nanotube materials. The distinctive band

appearingat approximately2300 cm�1 is due to the tertiary amine createdby IDA.The

unmodified CNTs do not show any deflection band at this wave number.

Batch-to-batch reproducibilitywas assured and shown in Figure 14.13. The spectra

generally show the same mass pattern, but there are minor differences in intensity

which can be attributed to differences resulting from sample preparation and recrys-

tallization of matrix, which further influence the desorption and ionization process of

theMS.Regarding their applicability,CNT-IDA-Cu2þ showhigh efficiency as carrier

materials in the high mass range 10 to 40 kDa and provide satisfactory results in the

lower mass range 1 to 5 kDa.

14.3.3 Derivatized Fullerenes

In 1966, Jones [60] assumed that a graphite layer would close to a hollow ball if he

were able to add some pentagons between the hexagons. The first publication in

which aC60moleculewas describedwaswritten byEijiOsawa in Japanese. In 1970 he

FIGURE 14.11 Field emission microscope pictures of (A) underivatized and (B) derivatized

carbon nanotubes at 50 times magnification. The carbon nanotubes were mounted directly on

the stub using an adhesive prior to microscopic inspection. A base pressure of less than

10�10mbar needed to be maintained during the experiments.
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published the theory that amolecule of this structure couldbe stable [61].Assumptions

of the existence ofmolecular carbon allotropeswerementioned in otherworks, but not

until 1984 did this idea receive experimental support [62]. The first fullerene was

created byKroto and Smaley in 1985 by laser evaporation of graphite [63]. They gave

the new substance class the name of theAmerican engineer and architect Buckminster

Fuller, whose dome-shaped constructions obey a similar assembly principle. The

preparative isolation of this new carbon allotrope was first attained in 1990 by the

group ofKr€atschmer [64]. In themeantime, the production of fullerenes is done by the

evaporation of graphite in an arc using an electrical resistance heater at temperatures

up to 6000�C in an inert gas atmosphere. Mostly helium with optimized pressure is

used. They can also be manufactured by heating carbon black with an optimized

flame [65–67]. Afterward, the carbon black gets extracted with organic solvents (e.

g., toluene, resulting in a yield of 10 to 15% fullerenes); the amount of C60 is

greatest, 80%,whereas C70 has a yield of 15%, the rest being the higher fullerenes up

to C94 [68,69]. The fullerene mixture won through this procedure is separated by

column chromatography on aluminum oxide using a hexane–toluene mixture as

mobile phase. The best results for the purification are nevertheless achieved using

flash chromatography on silica gel–activated carbon with toluene as mobile

phase [70,71].

14.3.3.1 C60 Characteristics The absorption spectra of C60 and C70 [72] show

strong absorbance between 190 and 410 nm, C60 having its absorption maximum at
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FIGURE 14.12 Infrared spectra of untreated and treated CNTs recorded by ATR-FTIR

(attenuated total reflection–fourier transform infrared) spectrometer (Bruker Vector 22,

Germany) in the range 500 to 4500 cm�1. The derivatized CNTs were suspended in water

and filtered over a cellulose acetate filter (0.2mm). After the filter was dried, the respective

“buckypaper” was removed from the filter manually and brought in to record the IR spectra.
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340 nm. They also absorb visible light, giving them their unique violet (C60) and red

(C70) color. Saturation of one oremore double bonds in the case of an addition reaction

leads to a change in the chromophor and results in a characteristic change of the

absorption spectrum. Another unique phenomenon of fullerenes is due to their

conjugated electron system; they can absorb a lot of energy, making them a potential

substance that can be used as a matrix. Fullerenes have the ability to fly even without

the influence of an acidic group, as shown is Figure 14.14, where a fullerene solved in

toluene is spotted on a stainless steel target without a matrix and excited via a laser. In

comparison, a protein is not able to fly without an ionization process.

14.3.3.2 Derivatization Reaction of C60 Fullerene derivatives have become

the current focus of research and play an important role in biological and material

science [73].One of themost importantmethods forC60 functionalization involves the

formation of methanofullerenes. These consist of the C60 fullerene cage, a cyclo-

pentane ring, and one or more carboxylic functionalities. Several methods for the

synthesis of these methanofullerenes are known:

1. Thermal addition of diazo compounds, followed by thermo or photolysis [74]

2. Addition of free carbenes to C60 [75]

FIGURE 14.13 Serum protein profiles of CNT-IDA-Cu2þ recorded byMALDI/TOF-MS in

themass range 10 to 40 kDa by averaging 180 laser shots. Samples were analyzed in aMALDI-

TOF/TOF spectrometer (Ultraflex, Bruker Daltonics) in the linear mode using a UV nitrogen

laser (337 nm). Sinapinic acid was used as the matrix substance.

442 NANOSTRUCTURED AFFINITY SURFACES



3. Reactions that proceed by an addition–elimination mechanism [76]

4. Reaction of sulfonium ylides with C60

The first method always produces a mixture of [5,6]-open fulleroids and [6,6]-

closed methanofullerenes. Pure [6,6]-methanofullerenes are obtained only after

tedious isomerizations. The other three reactions give pure methanofullerenes. The

reaction of C60 with diethyl brommalonate and a base such as DBU (1,8-diazabicyclo

[5.4.0]undec-7-en) is a special case when looking at reactions with metal-organic

compounds. a-halogen-CH-acidic compounds for diethyl brommalonate, for

example, react in the presence of a base with C60 to cyclopropane derivatives [77].

The mechanism of the reaction is as follows: After deprotonation of the a -halogen-

ester, a nucleophilic attackonC60 follows.Astable, intermediate carbanion isbuilt and

simultaneously, a cyclopropane ring is formed through loss of the bromide [78,79].

This is called the Bingle reaction. The reaction scheme shown in Figure 14.15

represents three MELDI materials: RP-[60]fullerene (2) [60]fullerenoacetic acid

(4) and IDA-[60]fullerene (6) beginning with fullerenes (1).

The main focus is to utilize the derivatized fullerenes such that peptides

and proteins can be effectively bound with the surface and analyzed by MALDI/

TOF-MS in order to get mass fingerprints. The advantage of this method is the

ability to effectively resolve polypeptides and peptides smaller than 20 kDa, which

are normally very difficult to monitor. In this phenomenal approach, the derivatized

fullerenes comprehensively measure proteins in biological samples like serum,

allowing rapid identification of the differences between the control serum and

cancer patient serum.

FIGURE 14.14 C60 MALDI spectrum recorded without a matrix; 400 shots added.
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TheMELDI spectrawere comparedwith the standard serum in terms of the binding

trends of peptides and proteins toward various functionalities on fullerenes. As

expected, the bound biomolecules show a distinct difference, especially in the mass

range2 to7 kDa, as shown inFigure14.16. [60]Fullerenoacetic acid [Figure14.16(B)]

showsahigher capacity thanRP-[60] fullerene [Figure14.16(B)] andCu(II)-IDA-[60]

fullerenes [Figure 14.16(C)] in this particular low mass range. The differences in the

bindingnature of these fuctionalized fullerenes continuewhen the spectra are recorded

from10to20 kDa,asshowninFigure14.16(D)–(F). In this relativelyhighermassrange

the spectra quality parameters and the binding abilities are much improved for Cu(II)-

IDA-[60]fullerenes[Figure14.16(F)].This is inaccordancetothevaluesobtainedfrom

the Langmuir study described below, where the capacity of lysozyme was measured.

Therefore, itcanbeinferred that [60]fullerenoaceticacidisbetter thanCu(II)-IDA-[60]

fullerenes forbinding relatively smallmasspeptidesandproteins.Thisphenomenonof

diversity in binding nature is helping towiden the range of information from biofluids

when data are analyzed as a combined picture by bioinformatics.

FIGURE 14.15 Reaction scheme of fullerene derivatives used as MELDI materials.
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14.3.3.3 Identification of Low-Abundance, Low-Mass (Peptidic) Serum
Constituents As mentioned earlier, proteins and peptides in the low-mass range

are most likely to be discovered as biomarkers [80]. Therefore, it was a goal of this

work to study the low-massMELDI spectra inmore detail.Another reason topaymore

attention to the low-mass range is the fact that one can easily identify peptides in the

range 3000 to 4000Da with MALDI- MS/MS without precedent digestion.

As shown in Figure 14.17, [60]fullerenoacetic acid shows the highest amount of

substances in the low-mass range from m/z 1000 and to m/z 4000. For the fragmen-

tation process to take place successfully, the parent ion peak has to be very intensive.

Direct measurement of theMELDImaterial, however, resulted in a too-low parent ion

peak intensity, making it impossible for a fragmentation process.

The next step was to analyze the eluted peptides via standardMALDI-MS, hoping

to gain in signal intensity. This study showed that the adsorption of serumpeptides and

proteins on fullerene derivatives is, to a great extent, reversible. This can be seen by

comparing theMELDI spectrum gained by a direct MALDI analysis of the incubated

particles with the spectrum of the elution.

In the case of [60]fullerenoacetic acid, all boundproteins are able to beeluted; in the

case of RP-[60]fullerenes, most of the proteins are eluted. Although the signal

intensity increased when analyzing the eluted peptides and proteins, it was still not

possible to get a promising fragmentation for the peptide identification. The reason for

this could be that the peptides and proteins in this lowmass range showm/z values that

are very close together, whichmakes it difficult for only one parent ion to pass through

the gating and be lifted for fragmentation.

FIGURE 14.16 Influence of fullerene derivatization on a MELDI protein profile pattern in

them/z range 2300 to 6300 (A–C) and 10,200 to 20,000 (D–F); (A,D) dioctadecylmethano[60]

fullerene; (B, E) [60]fullerenoacetic acid; (C, F) Cu(II)-IDA-[60]fullerene. Conditions: Bruker

UltraflexMALDI-TOF/TOF, each spectrum: addition of 350 shots,matrix: SA. Sample: diluted

human serum.
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Fractionation processeswas necessary to preconcentrate and separate the peptides.

This was achieved successfully using a mHPLC system equipped with a novel

monolithic styrene capillary using RP conditions. Separation of the eluates from

RP-[60]fullerenes and [60]fullerenoacetic acid is not represented. The chromato-

grams show the presence of a large variety of peptides, which it was possible to

separated. The [60]fullerenoacetic acid has many more proteins. This goes hand in

hand with the information gathered from the MELDI and elution spectrum. The

combination of binding low-molecular-weight serum constituents toMELDImaterial

with subsequent m-LC separation of the elution gives a simple, effective, and

informativemethod for estimationof theoccurrenceofpeptides in the low-mass range.

To simplify and to increase the quality of the serum separation and the peptide

identification, an automated target spotting of the chromatographic runs was per-

formed. This was carried out on a anchor chip target using thin-layer HCCA

preparation with angiotensin I (Mr¼ 1296.489) and ACTH 18–39 (Mr¼ 2464.20)

as internal standard. For both cases, 100 fractions were spotted in this way and

analyzed using an automated MALDI-MS run. The hundreds of spectra obtained by

the automated MALDI-MS analysis were overlaid. When comparing the untreated

peptide elution spectrum in Figure 14.18 (A)with the treated peptide elution spectrum

in Figure 14.18 (C), the impact of a mLC separation with the subsequent fractionation

of the eluted peptides becomes clear.

FIGURE 14.17 Comparison of the MELDI spectra of (A) [60]fullerenoacetic acid and

(B) RP-[60]fullerene.
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FIGURE 14.18 Representation of the low-molecular-mass work flow of human serum

enriched on [60]fullerenoacetic acid: (A) MELDI mass spectra; (B) MALDI spectra of the

eluate before LC separation; (C) MALDI spectra after LC separation. Bruker Ultraflex

MALDI-TOF/TOF, each spectrum: addition of 400 shots, matrix: HCCA, m/z: 1000 to

4000. Sample: diluted human serum.
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The increase in intensity and number of mass signals is immense. The isotopic

resolution (R) and signal-to-noise ratio (S/N) of one selectedmass signal are proof this

point. At the first stage,where direct particle irradiation of the loadedMELDImaterial

took place, the isotopic resolution (R) and signal-to-noise ratio (S/N) were 6119 and

102.5, respectively. In the second stage, where MALDI measurement of the eluted

peptides was performed, a slight improvement in the isotopic resolution (R) and the

signal-to-noise ratio (S/N) was achieved: R¼ 6675 and S/N¼ 139.8. A successful

MALDI spectrum with a high isotopic resolution (R) and a high signal-to-noise ratio

(S/N), which makesMS/MS analysis possible, was achieved in the third stage. Here R

has a value of 14516 and S/N, 450.7. Matrix suppression effects and a disturbing

interference in the laser energy, which could be caused by theMELDImaterial, could

be the cause of the comparatively ineffective detection of low-mass compounds

experienced in the first stage. The reason for the comparatively poorMALDI spectrum

of the second stage could be explained by taking into consideration suppression of low

concentrated species at the expenseofhighabundantmasses.All these negativeeffects

are diminished by high-resolution separation and simultaneous fractionation in terms

of target spotting, making MS/MS analysis possible.

14.3.3.4 MS/MS Analysis Tandem mass spectrometers operate by using the

separation of ions as a first fractionation step. To induce fragmentation, these ion

fractions are dissociated by passing them through a neutral gas where collisions can

occur. These fragments are a family of subset ions generated from the original parent

ion. Using a computerized analysis method them/z value of the subset daughter ions

can be used to determine the structure of the parent ion. In protein analysis the parent

ions arewhole proteins or peptides built of amino acid chains of varying length which

have characteristic m/z fingerprints. The mass spectra obtained by the fragments,

which consist of a limited number of m/z bands due to the relatively short combina-

tions of the 20 amino acids, can be sequenced by automated inspection. These

automated inspections involve bioinformatics tools, which enable fast, reliable data

processing of the mass spectrometric analysis obtained. This can only be done by

comparing MS data with the data from a database. This step in proteomics is very

important for the identification of proteins and peptides.

14.4 NEAR-INFRARED DIFFUSE REFLECTION SPECTROSCOPY
OF CARBON NANOMATERIALS

To shorten turnaround time in the lab, simple, robust, fast, and at best, noninvasive

analytical methods are implemented for analyzing materials. Nanostructured materi-

als especially often need elaborate techniques to characterize the physical and

chemical nature of the samples. Therefore, near-infrared diffuse reflection spectros-

copy (NIRS) is used to prove implemented derivatization steps and/or surface

modifications. The fact that NIR spectra reflect both the chemical and physical nature

of the sample often causes offset, wave number, and baseline shifts. Physical effects

especially, such as crystallinity, particle size/shape, morphology, and composition,
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have a considerable effect on the spectra that can be recorded,whether in transmission,

diffuse reflection, or transflectionmode [81,82]. The characteristic of diffuse reflected

light of an irradiated sample is dependent on light scattering within its layers. The

absorption (k) and scattering coefficient (s) are related to a sample�s physicochemical

properties. The higher s is, the lower the penetration of the radiation into the sample,

and the lower effects ofkwill influence the characteristic of the spectra.Thedistinctive

broad and overlapping NIR bands cannot always be attributed unambiguously to

specificabsorptions. Therefore, statisticalmethods,multivariate data analysis (MVA),

andchemometrics havecontributed tremendously to elucidatingNIRspectral data and

creating useful models for quantifying and qualifying specimens [83–87].

Visual spectra interpretations and band assignments play an important role,

particularly for comparison of pure materials and rather complex spectra mixes [88].

In this context the designation for a stretching mode is written as n, and for a bending
mode, d is used. For the first overtone the vibrational mode is preceded by 2� and the

second overtone by 3�.

14.4.1 NIR Characterization of C60 Fullerenes

The fact that the C¼C bond does not show a dipole or deviating masses makes

fullerenes a very weak absorber in the near-infrared. In contrast to that covalent bond,

long-chain saturated alkanes linked to functional groups show strong absorption

signals in the NIR that can be allocated to implemented surface modifications

(Figure 14.19).

In the case of C60-epoxylsilica, intense absorptions appear at 4394 cm�1 and

5263 cm�1 due to a combination of a n(O��H) þ n(C��C) vibration and the C¼O

stretching first overtone. The C60-aminosilica shows characteristic bands

at 4329 cm�1 and 4359 cm�1 corresponding to the n(C��H) þ d(C��H) combination

FIGURE 14.19 Averaged NIR spectra (100 scans) of five species of derivatized fullerenes:

C�
60 epoxylsilica (—–), C60 (�����), IMAC: IDA-[60]fullerene (-�-�-�-�); C60-aminosilica (�-------�),

dioctadecylmethano[60]fullerene (-------).
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vibration. A representative absorption at 4739 cm�1 could be assigned to n(N��H)

d(N��H)vibration.The spectrumofdioctadecylmethano[60]-fullerene shows several

absorptions at 4252, 4329, 7057, and 7100 cm�1 [n(C��H) þ d(C��H)] due to

existing methylene groups. The C��H stretching first overtone absorptions are placed

at 5666 and 5784��cm�1, and the absorption at 8244 cm�1 corresponds to the 3�
n(C��H) vibration, respectively. As shown in the IMAC:IDA-[60]-fullerene spectra

the band at 4292 cm�1 could be assigned to the n(C��H) þ d(C��H) vibration

whereas the 2� n(C��H) þ d(C��H) mode is placed at 6948 cm�1. The n(N��H)

d(N��H) was found at 4740 cm�1, the 2� n(C¼O) at 5208 cm�1, and the 2�
(C��H) at 5784 cm�1. Due to the distinctly characteristic features of different states of

derivatization, qualitative analyses can be implemented within seconds. The classi-

fication ability of the established cluster model (Figure 14.20) provides the possibility

to perform go/no-go analyses that save a lot of time in daily lab work.

14.4.2 NIR Characterization of Nanocrystalline Diamond

Themost notable point about nanocrystalline diamond is its outstanding characteristic

to specifically bind different biological fluids onto its surface. The diamond surface

can either beH- orO-terminated, resulting in a hydrophobic or hydrophilic surface. In

that way the success for further derivatisation is dependent on the type of termination.

Typically, x-ray photoelectron spectroscopy (XPS) is implemented for differentiation

FIGURE14.20 Three-dimensional score plot offive differentlymodified fullerenes. The plot

shows the classification of every sample into a single cluster. This model is used to predict

surfacemodifications of unknown samples or to prove implemented derivatization steps.Wave-

number range: 4440 to 9000 cm�1, 100 scans, T¼ 23�C, first derivative, seven factors.
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and detection of different terminated surfaces. Unfortunately, this method presents

itself as time consuming and elaborate. Therefore, 400 spectra from H- and

O-terminated NCD surfaces were recorded in diffuse reflection mode. The aim is

to differentiate and classify the terminated surfaces noninvasively and as fast as

possible. For that purpose, spectrawere recorded under a nitrogen atmosphere in order

to prevent hydrogen bonding of water molecules to the surface. Ten measurements

presenting the average of 10 scans each were conducted on 20 H-terminated and 20

O-terminated diamond wafers. A full-spectrum two-point PLS calibration model

was calculated; H-terminated spectra were marked as “1,” O-terminated as “0”

(Figure 14.21). The calibration wave-number range was set from 4596 to 9996 cm�1,

and the original reflection spectra were used without further pretreatment for

calculation. Finally, this model allowed predicting the H-or O-termination with a

precision of 80%.

NIRS turned out to be a well-suited method for characterization of the active

sites on carbon surfaces. This noninvasive and rapid analyzing technique is even

highly suitable for characterizing materials regarding its physical parameters as

shown for particle- and pore-size determinations [89]. Although near-infrared

spectroscopy is dependent on reliable and often elaborate reference techniques,

as soon as the calibration model is validated, NIRS can be implemented as a

supplementary method.
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15.1 NANOPOROUS MATERIALS IN SENSING

Most analytical instruments, including those used in biochemical applications, are

designed todifferentiatemolecules by their propertieswith respect to a certain quality:

(e.g., mass, mass/charge ratio, mobility), or use amore complicated approach, such as

identification of spectroscopic features. As a result, the instruments become relatively

sophisticated and expensive. A major goal of the fast-growing field of biosensor

technologies is to create inexpensive and robust methods for detecting (sensing)

particular biomolecules or organisms instead of characterizing every species in the

sample [1,2]. To expedite the analysis and minimize the human factor, numerous

analytes need to be detected simultaneously and the sensors interfaced to a computer.
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The simplicity of the interface determines cost and durability. Optical sensors

(fluorescence and absorption) are very popular because of their high sensitivity and

ability to be employedwithout a computer.On theflip side,when integration of optical

methods with other techniques is necessary, it would require their interfacing with

computer, which can be quite expensive. Thus, one has to search for the most direct

approach to transfer identification of the analyte presence into an electrical signal

(i.e., design an electrical sensor). One very powerful realization of this approach is in

the formof an electrochemical sensor,where each analyte produces a unique response,

usually appearing due to a faradaic current at the same or different electrodes.

However, the need for a potentiostat introduces complications in implementing this

method, especiallywhenanumber ofdifferent analytes are to bedetected inparallel on

a single sensor chip.

Recentlytherehasbeenasignificantgrowthofinterest innanoporousmembranesand

nanopores as conduits mimicking biological channels and as platforms for biosensor

design. Life depends on the ability of organisms to transport molecules and ions

selectively across membranes for a large variety of metabolic and signaling purposes.

For example, the transmission of nerve impulses depends on ionic currents generated

by the controlled release of ions acrossmembranes.Mimicking such biological control

of material transport between aqueous phases using synthetic nanoporous membranes

and nanofluidic channels is an interesting scientific challenge with applications in

medicine, materials science, fuel cells, analytical chemistry, and sensors.

For example, sensors may be based on changes in ion conductance across

membranes induced by the interaction of proteins, DNA, or small molecules with

nanopores. Dramatic increases in the surface/volume ratio in nanoporous materials

enhance the significance of interaction between solutes and the surface. Single-

nanopore sensors can be used to detect single biomolecules, whereas nanoarrays

allowparallel sensing of numerous analytes. Biosensors based on nanopore arrays and

single nanopores show promising new features reviewed here. Methods for nanopore

fabrication using differentmaterials are reviewed, and the advantages of each scheme,

including surface modification, are discussed.

15.2 NANOCHANNEL AND NANOPORE FABRICATION

Various applications of nanochannels dictate different requirements for material

properties and nanopore geometry. Synthetic nanopores can be fabricated via either

bottom-up or top-down approaches. The former is achievedusing self-assembly and is

usually represented by nanopore arrays. In the latter, it is convenient to distinguish

between nanopores with high aspect ratios or nanochannels and thosewith low aspect

ratio or nanopores.

15.2.1 Nanochannels

In the majority of fabrication techniques, silicon and silica (SiO2) are the materials

of choice because of the methods developed in the semiconductor industry, the high
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stability of these materials, the easy chemical surface modification, and the biochem-

ical inertness. Various lithographic techniques lie at the heart of the following top-

down fabrication methods.

The most straightforward process of nanochannel fabrication comes from micro-

channel technology [3] but emphasizes further decrease in dimensions. A typical

scheme is presented in Figure 15.1(A). First, a substrate is patterned using photo or

electron beam lithography. Then the patterned substrate is etched to the desired

depth defining the height of the nanochannel and bonded with another flat substrate

that produces the top part of the nanochannel. Numerous reports [4–8] demonstrate

routine fabrication of nanochannels 70 nm to 1 mm in height, 50mmwide, and>1mm

long for ionic conductivity experiments.

FIGURE 15.1 (A) Outline of a typical nanochannel fabrication procedure; (B) formation of

nanochannels by sputtering the ceiling on the top of previously formed trenches; (C) fabrication

of nanochannels from polymer (PDMS) using a negative replica approach. [(B) From ref. 15,

with permission.]
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Smaller pore heights can be achieved by reversing the order of sacrificial layer

removal, as shown by Majumdar’s group at Berkley, who followed the technique

developed by Turner et al. [9] and Bhusari et al. [10]. The nanochannels can be

producedwithheights of less then5 nmand lengths asgreat as 1.5mm. Insteadof resist

removal at the sitewhere the nanochannel is going to be built [Figure 15.1(A)], a bump

formed lithographically from sacrificial material (Si) with silica deposited on top

formed the nanochannel walls. Subsequently, core Si was etched away, forming the

nanochannel. This approach allows construction of more complex structures with

built-in gate electrodes. Karnik et al. [11,12] demonstrated this technique on a device

with nanochannels 30 nm high, about 1mm wide, and more than 20mm long.

Nanochannelswith cross sections in thenanometer range inbothdirections canalso

be constructed using variousmethods.Majumdar’s group used amethod similar to the

one described above, in which they first synthesized silica nanowire [13] and

integrated it into a microfluidic system, then covered it with SiO2 and etched silicon

away to form a long, truly one-dimensional nanochannel. The inner diameters of such

channels can be varied from 10 to 100 nm [11,14].

A completely different approach to nanochannel fabrication was reported by

Stephen Chou’s group at Princeton (they actually fabricated an addressable array of

nanochannels) [15,16]. First, an array of nanofluidic channels with trenches about

55 nm in depth was fabricated using nanoimprint lithography. The trenches were

sealed by sputtering or electron-beam evaporation of silica at different angles

[Figure 15.1(B)] to form nanochannels. The sidewalls of trenches shaded the bottom

from exposure to incoming material, and thus the majority of sputtered Si was

deposited on the top to leave nanoporous voids and channels. This approach assures

effective shrinkage and sealing of the nanochannels while making a ceiling of

thickness less than 10 nm.

One of the cheapest and most convenient methods of producing nanochannel

devices was proposed by Saleh and Sohn[17]. Themethod first requires fabrication of

a negativemaster replica of the nanochannel and reservoirs by photo or electron-beam

lithography. Then the replica is filled with poly(dimethylsiloxane) (PDMS), which is

subsequently cured and bonded to the glass substrate, forming an entire ready-to-use

structure in a short period of time [Figure 15.1(C)]. However, PDMS is a hydrophobic

material, and even after exposure to oxygen, plasma can regain hydrophobicity, which

hinders its use for nanochannels of small dimensions.

Another major class of artificial nanochannel is lithography-free and offers

structures of cylindrical and conical shape. For the latter, the pore diameter on one

side (tip) is smaller then that on the other side (base) [see Figure 15.2(A)]. Note that

for a high-enough divergence angle, the voltage drop for electrolyte flowing through

such a nanochannel occurs primarily at the tip, and thus this type of structure can be

considered nanoporous.

The oldest and arguably the most widely used technique for this type of

nanochannels fabrication is latent track etching [18]. At the core of the fabrication

process lies the irradiation of polymeric films by heavy ions and subsequent etching

of damaged tracks [Figure 15.2(B)]. Commonly used polycarbonate filters are made

this way. The density of nanochannels is determined by the flux of irradiating ions.
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Irradiation with a single ion results in formation of a single damaged track and thus

a single nanochannel after track etching [19]. The shape and dimensions of such

nanochannels are controlled by the etching conditions [20–22]. Nanopores with the

smallest openings, on the order of 2 nm, are readily available [22]. The length of the

pores is defined by the thickness of irradiated films and usually ranges from 5 to

20 mm.

Fabrication of nanochannel arrays using latent track techniques is relatively easy

except for the need of a nuclear facility to perform irradiation. Single-ion irradiation is

currently available only at GSI in Darmstadt, Germany. These complications encour-

age the search for other possibilities for similar fabrication techniques.

Another lithography-free technique was introduced by Karhanek et al.[23], who

were able to fabricate quartz nanochannels about 50 nm in diameter.A force applied to

a quartz capillary during heating results in the capillary’s elongation and simultaneous

decrease in radius. Using this procedure, nanochannels with diameters of about 50 nm

can be fabricated. Despite the relatively large diameters, such nanopipettes show

electrochemical properties similar to those of conical nanochannels prepared by

a track-etching technique [24]. Wu et al. [25] reported fabrication of nanochannels in

Apiezonvia shrinking of larger holes by laser heating. Thismethod allows fabrication

of sub-100-nm single channels. White’s group in Utah has made conical nanopores

with sealed electrode inside for electrochemical detection [26]. This was achieved by

electrochemical etching of sharp platinum wire sealed in a glass capillary. Careful

polishing of the capillary exposes the platinum wire end and allows subsequent

FIGURE 15.2 (A) Conical nanochannel/nanopore with d and D being the tip and the base

diameter, respectively; (B) nanopores prepared by latent track etching.
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etching to reveal a conically shaped glass nanochannel with a radius of 15 to 100 nm.

However, the lack of feedback control during nanochannel fabrication using techni-

ques proposed byKarhanek et al. andZhang et al. can be seen as a drawback compared

to the track-etching technique.

Crooks’ group at Texas A&M proposed a radically different method [26]. They

embedded a single multiwall carbon nanotube (MWNT) in epoxy and the resulting

block was microtomed to produce membranes containing single slices with MWNT

of about 65 nm internal radius sealed in the epoxy. The length ofMWNTnanochannel

is defined by themicrotome precision and hardness of the epoxy. The usual lengthwas

around 1mm.

The lithography-free techniques seem to be more attractive during the research

stage because their fabrication does not require access to a clean room. However,

future mass production and further integration of such structures with nanofluidic

devices would probably be problematic, due to the uncertainty in the nanochannel

location. The investigations have to be extended in both directions, but the issues of

compatibility and integration need to be addressed for successful applications.

15.2.2 Nanopores

Nanopores are convenient for electrical detection of single molecules (biological or

otherwise), due to their size. Since all dimensions are small, only a single molecule

can occupy the nanopore and thus be detected without interference from other

molecules. This feature reveals a broad range of possible applications, as well as a

interesting physical phenomena (see, e.g., a nice review by Dekker [27]). For these

reasons, this field is growing so fast that by the time of this publication, some new

developments may have emerged.

The first breakthrough came from Golovchenko’s group at Harvard [29]. They

developed the ion beam sculpting technique, which allowed fabrication of single

nanopores in Si3N4 membrane with nanometer control [30]. The authors preformed

a cavity on the opposite side of the substratewith the intention of slowly etching away

(ablating) the front part under an Arþ beam and create a nanopore. The counting of

Arþ ions passing through the nanopore provide feedback for very precise monitoring

of the pore radius. To their surprise, they found that a competing process, lateral

material transport on the surface sputtered by the Arþ beam, deposited preferentially

at theporewalls andmade theporediameter smaller.Ashappens frequently in science,

unforeseen results observed in experiments sometimes work better than the original

idea. The authors realized that under their experimental conditions of low flux of ions,

even large pores formed by a feed-controlled ion beam shrink via lateral diffusion

and redeposition of material [Figure 15.3(A)] and suggested that the effect could be

used for fabrication of nanopores with diameters down to 1 nm.

Dekker’s group in the Netherlands discovered a similar approach using a more

convenient irradiation source, TEM [31]. They created nanopores about 10 nm in

diameter by a TEM focused beam and observed similar shrinkage of the pore. Again,

the shrinkage occurs upon irradiation with a lower flux of electrons that is insufficient

to ablate the substrate and only heats it up. The force that drives the nanopore to shrink,
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FIGURE 15.3 (A) Closing of a large 60-nm nanopore to smaller 1.8-nm pore using the

approach of Li et al. (B) Nanopore expansion or contraction dynamics a function of the

initial nanopore diameter, d0, in 50-nm-thick SiN. The different symbols represent different

d0 values at t¼ 0. The average diameter is displayed as a function of time. The inset depicts the

rate of contraction or expansion as a function of d0. (C) Decrease of a nanopore diameter (in

Si3N4) by atomic-layer deposition of Al2O3. TEM images of nanopores before (top row), and

after ALD (bottom row). [(A) from ref. 29, (B) from ref. 32, and (C) from ref. 33, with

permission.]
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the surface tension, can lead to different outcomes, depending on the initial pore

radius r for different thicknesses h of the substrate film. The change in free energy

compared with an intact sheet is

DF ¼ gDA ¼ 2pgðrh� r2Þ ð15:1Þ

where g is the surface tension of the liquid and DA is the change in surface area. Pores

with radius r< h/2 can lower their surface free energy by reducing r (shrinking),

whereas pores with larger radii, r> h/2, grow in size. TEM provides visual feedback

formonitoring the nanopore dimensions. This work has opened a possibility for many

scientific groups around the world to fabricate such pores. Kim et al. [32] observed

that in their SiN films the critical radius was not h/2 but h/6 [see Figure 15.3(B)]

and ascribed this discrepancy to a noncylindrical pore shape. They also demonstrated

that nanopore arrays can be made easily using this approach.

All these techniques for single-nanoporeproduction are relatively expensive, but the

cost can be cut significantly if it were possible to shrink larger-diameter pores, which

can be prepared using a combination of photolithography and etching techniques.

15.2.3 Nanopore- and Nanochannel-Diameter Tuning

Surface tension–induced shrinkage of nanopores occurs nonuniformly and thus has

limited control or, in the case of long nanochannels lacks it completely. Atomic-layer

deposition (ALD) offers a controllable uniform method for surface modification in

which the nanochannel surface can be altered to introduce anothermaterial and/or can

be shrunk as a result of the increased thickness of the layer deposited. The technique is

based on sequential reactions of two chemicals passivating the surface-active groups

in two steps, as shown for silica layer formation:

� surface�OHþ SiðOC2H5Þ4 ! � surface�O�SiðOC2H5Þ3 þC2H5OH

ð15:2Þ

� surface�O�SiðOC2H5Þ3 þH2O! � surface�O�SiðO�Þ2
�OHþ 3C2H5OH ð15:3Þ

The reactions are self-limiting; each stops after completion of a single monolayer,

only to become reactive toward the alternate chemical in the second step, and so on.

In reaction (15.3), two of the hydrolyzed ethoxy groups are dehydrated simulta-

neously by linking neighboring Si atoms via a Si�O�Si bond. Similar alternation of

two chemicals allows formation of other thin solid films, such as TiO2, Al2O3, and

V2O5. The approach is used for themodification of surface properties aswell as for the

diameter reduction of nanopores [33] [Figure 15.3(C)] and nanochannels, [34,35].

Due to self-limiting chemistry and atomic precision, the decrease in nanopore

diameter can be calculated from the number of ALD cycles, which eliminates the

need for feedback.
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Theatomic precisionofALDhas the drawbackof being slow.Anumberofmethods

have been suggested to expedite or modify the process. For example, Danelon et al.

[36] employed a low-energy electron beam to ‘‘decompose’’ adsorbed tetraethy-

lorthosilicate on the surface of nanopores to form an SiO2 deposit. Real-time visual

feedback was provided by SEM, and it was claimed that the reaction proceeded with

the monolayer resolution (similar to ALD) necessary for controllable nanopore

shrinkage. However, the role of the electron beam in the reaction was not apparent

since there was no dependence on electron flux and the presence of water made it

possible for slow simultaneous reactions such as reactions (15.2) and (15.3).

Sol–gel chemistry offers a quick way to form a silica layer with relatively good

accuracy. Charles Martin’s group effectively demonstrated this method on narrowing

nanochannel diameter in membranes as well as for synthesis of stand-alone silica

nanotubes [37,38]. Applicability of this method to very small pores, below 10 nm

in diameter, is limited due to difficulty in controlling the thickness of deposited

sol–gel.

Charles Martin’s group also perfected the process of electroless deposition of

metals inside polymeric nanopores as a way of narrowing the pore diameter [39].

They demonstrated that the initial 30-nm-diameter track-etched nanopores in poly-

carbonate membranes can be narrowed down to as small as 1 nm using high-pH

electroless gold plating.

15.2.4 Self-Assembled Nanopores and Nanochannels

Growing porous metal oxide films onmetals by anodization has been known for a few

decades. Under the appropriate conditions defined by suitable competition between

metal oxidation and metal ion dissolution, anodization can result in the formation of

hexagonally arranged nanoporous oxide films. Anodization of aluminum has been

studied most extensively (see, e.g., refs. 40–42) and perfected so that the desired

dimensions—with diameters from 10 nm to 200 nm and lengths up to hundreds of

micrometers—can easily be achieved. The structure of a typical porous array is

sketched in Figure 15.4(A). Different electrolytes are optimal for particular ranges of

anodization voltages and can contain various acids: sulfuric, oxalic, and phosphoric

acids being the most typical. The pore diameters Dp and interpore intervals Dc (and

thus the surface densities of pores) are proportional to the anodization voltage [see

Figure 15.4(B) and (D),]. Thedependencies can be approximated asDp/Va�1.2 nm/V

and Dc/Va � 2.5 to 2.8 nm/V [43–45], with some variations in different electrolytes.

The growth rate depends exponentially on the anodization voltage. Figure 15.4(C)

illustrates the high quality of the hexagonal structure of the such membranes.

Dissolution of the underlying metal (in CuCl2 or HgCl2) and the barrier layer (in

phosphoric acid) releases stand-alone membranes. Treatment in phosphoric acid also

widens the pores. If pore narrowing is required instead, it can be achieved by ALD or

sol–gel, as described above, or by using a hydrothermal treatment [46], which causes

formation of a bottleneck near the pore mouth with a characteristic diameter on the

order of a few nanometers. Surprisingly, such hydrothermal shrinkage does not occur

for free-standing membranes [46].
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Othermetals can alsobe anodizedwith formationof nanoporousmembranes. In the

majority of cases, HF acid is required in the anodization solution for formation of

nanoporous oxide film. Significant advances in this field are due to the efforts of Patrik

Schmuki’s group fromUniversityofErlangen–Nuremberg,Germany.Theyoptimized

anodization conditions for the anodization of titanium, yielding exceptionally well-

defined TiO2 nanotubes [47] with diameters of 30 to 60 nm and lengths exceeding

5mm. Nanoporous tantalum oxide films were also prepared by Sieber and Schmu-

ki [48] and Singh et al. [49] In the latter case, exceptionally uniform stand-alone

membranes of 35 to 100 nm thickness were prepared. Similarly good results were

achieved with WO3 and ZrO2 self-organized nanoporous films [50,51].

FIGURE 15.4 (A) Typical structure of nanoporous oxide film (Dc interpore interval;Dp pore

diameter; Db thickness of a barrier layer); (B) relationship between pore diameter and growth

rate of anodized aluminium oxide layer and anodization voltage; (C) AFM image of aluminum

anodized in oxalic acid at 40V; (D) effects of anodizing potential on the interpore interval Dint

of porous alumina films in sulfuric (S), oxalic (O), glycolic (G), phosphoric (P), tartaric (T),

malic (M), and citric (C) acid solutions. [(B) From ref.43, (C) from ref. 40, and (D) from ref. 42,

with permission.]
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Formation of porous silicon by anodization differs from the methods described

above for two reasons: (1) doped porous silicon is conductive,which is not the case for

metal oxide films; and (2) formation of silicon dioxide does not accompany

pore growth during anodization. In other words, Si is etched rather than anodized.

This etching also does not produce hexagonally arranged pores, and the pore structure

is wildly dependent on the conditions. Typically, aqueous and/or ethanol solutions of

HF are used for anodization [52]. The resulting pores can have a rich branching

structure, depending on the anodization conditions.

Instead of drilling or anodizing/etching pores in a solid material, one can assemble

blocks into a porous structure. This approach is represented in the last class of

nanoporousmaterial discussedhere: opals and reverse opals [53].Opals canbe formed

by sedimentation of colloids from solution under gravitation force. The colloids are

usually polymeric or silica spheres with diameters ranging from few hundred to a few

thousands of nanometers. The voids between them become pores of size determined

by the diameter of colloidal spheres. Fabrication of reverse opals adds another step,

inwhich thevoids between spheres are filledwith a differentmaterial and the colloidal

particles are removed.

15.3 SURFACE MODIFICATION CHEMISTRY

Building a biosensor usually (but not necessarily) requires introduction of a recog-

nition element. This is achieved by surface modification of the nanochannel walls.

Chemical modification of nanopores is similar to functionalization of solid flat

surfaces. However, due to the hindered diffusion inside nanopores and larger surface

area, one should account for some differences in the procedure. We present only

commonly used surface modification techniques and discuss the peculiarities due to

nanoporous structures. Thorough reviews of biomolecule conjugations and surface

modifications may be found elsewhere [54, 55].

Generally, surfaces do not have groups suitable for direct linkage with a desired

molecule. The first step in modification of such surfaces is their activation with a

self-assemble monolayer that has an appropriate headgroup for further linkage.

The nanochannels made from materials having surface hydroxide groups, e.g., SiO2,

TiO2, and Al2O3, can be modified by well-known silane chemistry (Figure 15.5).

Similar methods can be applied to oxidized surfaces as Si3N4 and polymers.

The surface density of hydroxyls on oxide surfaces is on the order 4 to

5� 1014 cm�2. The surface density of the silanes in the monolayer is usually smaller,

due to the steric difficulties coming fromunreactedmethoxy groups (Figure 15.5). For

a flat SiO2 surface, densities of silanes are reported to be 2 to 3� 1014 cm�2 [56,57].

The density can be increased to be close to that of hydroxyls by using double

silanization separated by the hydrolysis of unreacted methoxy groups after the first

step [58].

Different purposes dictate different functional silane groups. Alkyl- and amine-

terminated silanes are themajor types of silanes used formodifications. In the absence

of water, silanization is supposed to be a self-terminating reaction. Thus, diffusion
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inside thenanopore and larger surface area,which ishindered compared to that on aflat

surface can be overcome by an extended reaction time and/or by excess reagents.

In reality this approach has an optimal duration, due to difficulty in controlling small

water impurities, which can result in a runaway from surface polymerization when

trialkoxysilanes and trichlorosilanes are used. Better results are reported with

dialkoxysilanes [57]. Hydrophobic silanes have been used to decrease silica nano-

channel surface charge [4], and to influence the wettability of alumina membranes

[59–61] and silica nanotubes [62,63]. Introduction of amine-terminated silane

provides an opportunity for further modification (Figure 15.5). Single silica nano-

pores [64,65], single nanochannels [66,67], alumina membranes [35,68,69,72], and

reverse opals [74] are aminated easily.

Silanization of nanochannels with diameters above 10 nm can be carried out

without apparent difficulty by dipping the sample into a silane solution in a dry

organic solvent with subsequent rinsing and baking. However, nanopores with

diameters below5 nm tend to clog, requiringmodification of the silanizationprocedure.
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FIGURE15.5 Typical schemes for immobilization of carboxyl (A) and amine (B) terminated

molecules on the surface of oxides. Both start by amination with aminoalkoxysilane followed

by either (A) amide formation using EDC coupler or (B) activation with gluteraldehyde

and reaction with another amine. Other homofunctional cross-linkers, such as disuccinimidyl

(C) and 1,4-phenylene diisothiocyanate (D) can also be used.
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It was found that in situ modification or silanization with voltage applied across the

nanopore during silanization prevents clogging and allows more reproducible out-

comes [65]. The stability of the silanemonolayermust also be taken into consideration

for nanochannel functionalization. It was shown that silanes containing primary or

secondary amines are not stable on a nanoporous alumina membrane surface [35].

Amines have a pKa value close to 9 and thus increase local pH, which results in

breakage of theAl�O�Si bondwhen in an aqueous environment for extended periods

of time.Deposition of thinSiO2filmson nanoporous alumina byALDassures stability

of amine-containing silane on the surface [35].

Activated by amines, nanochannels and nanopores can easily be modified with

desired molecules using various cross-linking methodologies [55]. For example,

immobilization of biomolecules containing primary amines can be realized by

homofunctional cross-linkers that are reactive toward amines. However, hindered

diffusion inside nanochannels must be taken into consideration when side reactions

such as hydrolysis of the intermediate can occur. In fact, to our knowledge, the popular

disuccinimidyl [Figure 15.5(C)] and its water-soluble analog sulfodisuccinimidyl

cross-linkers were never employed successfully in nanochannel modifications.

We found that this to be due to fast hydrolysis (ca. 10minutes) of NH sester in

aqueous solutions. Hydrolysis can be avoided by using organic solvents, but this is

useless because of the insolubility ofmany biomolecules in such solvents. Thus, other

cross-linkingmolecules are generally used. For example, the 1,4-phenylene diisothio-

cyanate [Figure 15.5(D)] cross-linker, which is less susceptible to hydrolysis, was

employed for immobilization of aminated DNA on the aminated nanoporewalls [64].

Glutaraldehyde (Figure 15.5) was used for immobilization of aminated DNA on

nanoporous alumina membranes [46,68,69].

If the molecule of interest has an NHS ester attached, hydrolysis can be ignored

when an excess of reagent is used. For example, nanochannels were modified with

biotin–NHS ester from aqueous solutions [66,70]. When the desired molecule

is soluble in organic solvents, convenient and reproducible modification using

NHS–ester can also be achieved. Biotin and different dyes have been immobilized

on the nanochannel surfaces using this approach [35,73]. The surface density of

immobilized molecules is not readily measurable for single nanochannels. An array

of nanopores (a membrane) and flat surfaces allows such measurement using

ultraviolet or infrared (UVor IR) spectra. For example, 21-mer single-stranded DNA

was immobilized on the alumina nanopore surface usingglutaraldehydewith a surface

density of 4� 1012 cm�2 [68].

When the surface and desired molecule have amine and carboxyl groups,

respectively (or vice versa), EDC (1-ethyl-3-[3-dimethylaminopropyl]carbodiimide

hydrochloride) linker can be used (Figure 15.5) [55]. EDC can be employed in both

aqueous and organic solutions (such as ethanol). Coupling of EDC to a carboxyl

group yields a highly reactive intermediate, which reacts eagerly with primary amines

to form an amide bond. Unlike disuccinimidyl, EDC is a heterofunctional linker

and the reaction is carried out in one step (mixing all reagents together). EDC

hydrolysis in aqueous solutions is overcome by its excess. Cross-linking that results
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in immobilization of desired molecules was employed by many researchers for

nanochannel sensors. For example, we utilized it for immobilization of hydrophobic

carboxylic acids and spiropyran molecules on the aminated alumina nanochan-

nels [60,72]. Track-etched nanopores in various polymers have carboxylic groups

on the surface which can be coupled to amines using EDC as well [75].

Well-known thiol chemistry can be used to modify metallic surfaces of nanochan-

nels. Martin and co-workers deposited gold on track-etched polymer membranes

walls with subsequent immobilization of a variety of molecules, such as DNA [76],

proteins, antibodies [77], and carboxylic acids [78]. Even though thiol chemistry

appears attractive due to easy realization, stability of the Au�S bond is known to be

weak, which makes it problematic for use in long-term applications.

15.4 NONELECTRICAL NANOPOROUS BIOSENSORS

Although this is not the main purpose of this chapter, we felt that it would be

educational to demonstrate that there exist other than electrical realizations for the

use of nanoporous materials in biosensors. Alumina membranes have good transpar-

ency in the visible range, especially when they are wet, but they can be employed for

optical detection even in theUVand IR regions. For example, at 260 nm(themaximum

absorption wavelength of unmodified DNA) the optical density of commercial

membranes from Whatman is below 2, which provides up to 2 units of OD in the

dynamic range of absorbance measurements for captured molecules. Because of the

long (60mm)andnarrow (ca.200 nmdiameter) pores, the effective surface is increased

by a factor of about 103, which is sufficient for easy detection of even short DNA

strands [68]. Figure 15.6 demonstrates UVand IR absorption spectra of immobilized

21-mer-long DNA strands on such membranes before and after hybridization with

a complementary targetDNAstrand (21-mer forUVand 41-mer for IR). In both cases,

no tagging of DNA was necessary. The clear increase in absorption reduces to the

original value after denaturingwith urea. The process can be repeated numerous times

without significant loss of single-stranded DNA covalently bound to the surface,

as illustrated by the inset. Denaturing can also be achieved by heating theDNAduplex

above its melting temperature, which for surface-bound DNA is very close to the

melting temperature measured in solution. Note that the IR spectrum is limited to

the transparency window above 1400 cm�1. Lower-frequency vibrations are masked

by absorption and scattering by the alumina membrane, but absorption due to

OH bending, carbonyl, carboxyl, amide, and ring stretching near 1600 to 1700 cm�1,

and R�H stretching above 2600 cm�1 are easily observed and can be quantified in

sensor applications.

These modifiedmembranes can also be employed as affinity filters to capture from

solution single-stranded nucleic acid oligomers of a desired sequence.Wehave shown

that complementary DNA can be filtered with over 80% efficiency using a single

passage through such a modified filter. From a mixture where it was present at 1/20

compared tootherDNA,85%wasboundon thefilter and>95%of thatwas eluted after

denaturing [68].
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High-cross-sectiondensity ofmolecules on the surface due to the longer path length

in nanopores can be similarly advantageous in fluorescence-based sensors used in

biochips and DNA chips [73,79]. The enhancement can be further improved and

simplified by leaving the anodized membrane on the Al substrate and by taking

advantage of its mirrorlike reflection. Figure 15.7 demonstrates that fluorescently

labeled streptavidinprovides almost anorder-of-magnitudegreater fluorescencewhen

it binds to the biotin-decorated surface of a nanoporousmembrane about 450 nmdeep

on the top of an Al underlayer [73]. With proper care, an additional increase can be

achieved, due to the effects arising from optical interference in the resulting dielectric

layer [80]. To gain maximum benefit, one should properly address the interference

for both absorption and fluorescence spectra. Optical methods of detection using

single nanochannels are not popular, due to the bulkiness of the equipment required

and the difficulty of integration. However, monitoring fluorescence over the entire

nanochannel cross section upon analyte binding to the nanochannel walls has been

demonstrated [70].
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FIGURE 15.6 Variation of UVand IR absorption fromDNA immobilized inside membranes

before (A,C) and after (B,D) hybridization with complementary strand. The inset demonstrates

reproducibility of hybridization/denaturing. (From ref. 68.)
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15.5 ELECTRICAL NANOPOROUS BIOSENSORS

For ‘‘human-free’’ analysis, any signal should eventually be transformed into an

electrical signal. Thus, it would be convenient to eliminate intermediate stages and

design an electrical detection scheme. A very promising and popular realization of

such a scheme is based on the field or charge effect, where binding of charged analytes

to the surface of one- or two-dimensional semiconductors depletes the conductive

region of charge carriers and thus alters its electrical resistance.

We and others have been exploring an alternative approach in which ionic

conductance through the nanoporous membranes (rather than the free carrier con-

ductance in a semiconductor) is altered as a result of specific analyte binding. Similar

effects can be realized on single nanochannels and nanopores. The attractive

characteristic of this approach is that the analytes are label-free (unlike in fluorescence

DNA and protein chips). The simplest detection scheme stipulates either dc or

FIGURE 15.7 (a) Overlay of the fluorescence intensity profiles for the images in the inset: of

anodized aluminum edge (B) and of metallic Al edge (A). Both films are modified with biotin

and incubated with 15-mM streptavidin. (b) Fluorescence enhancement arising from increased

optical path length and reflection from underlying Al mirror. The arrows and the waves

emphasize that interference additionally affects the intensity for thin membranes. [(a) From

ref. 73, with permission.]
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ac conductance measurements with no gating or reference potential (i.e., no potentio-

stat). This detection scheme can utilize a standard input/output computer interface

such as a USB port, and thus would be easily accessible for manipulation. In the

ac mode, it is advantageous to have purely resistive impedance at the frequency of

detection to facilitate simultaneous (parallel) detection of multiple analytes in the

same sample.

First, we discuss different mechanisms [81] for altering ionic conductance through

nanochannels and their arrays (membranes), each of which can be utilized in such

electrical sensors. Specifics of detection with single nanopores is also discussed.

Wehave identified at least fourmechanisms of ionic conductancevariation, illustrated

schematically in Figure 15.8.

FIGURE 15.8 Four mechanisms affecting the ionic conductance through nanopores:

(A) volume exclusion by bound analytes hinders ionic current; (B) at low ionic strengths,

the surface charge from bound analytes depletes the nanopore of ions of the same charge, either

increasing or decreasing the conductance depending on the total change of s; (C) surface
tension difference between water and originally dry hydrophobic surface can be decreased by

specific binding of hydrophilic analytes, thus allowing electrolyte penetration and electrical

shortening of the gap; (D) analytemolecules bind nanoparticles (NP) to the poremouth to block

the pore. (From ref. 81, with permission.)
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The volume-exclusion mechanism is suitable for analytes whose sizes are compa-

rable to the nanochannel diameter. This condition is not always easy to realize, but the

advantage of this method is that it can be used at various ionic strengths. At low ionic

strengths, theoutcomecanbeambiguousbecauseofinterferencewiththesurfacecharge

mechanism, but at high ionic strength, the signal is independent of the analyte’s charge.

We demonstrated this principle in sensing DNA oligomers using two schemes.

First, we employed redox species (ferrocyanine and ruthenium hexamine) to monitor

changes in conductance through commercial membranes modified with DNA. The

signal was detected by cyclic voltammetry at a noble electrode [69]. Conductance

and the corresponding CV amplitude decrease when surface-bound single-stranded

DNA is hybridized with a complementary DNA oligo (see Figure 15.9). No changes

were observed with a noncomplementary DNA that does not hybridize. The effect is

observed only in the 20-nm-diameter pores of the membrane and not in the 200-nm

pores (chosen by the membrane side). The effect is indeed due to volume exclusion

because its sign and amplitude do not depend on the ion charge—they are the same for

negatively charged ferrocyanine as for positively chargedRu(NH3)6
2þ /3þ . The effect

(signal ratio) does not depend on the ionic strength between 0.1 and 1.0M of KCl.

However, the density of surface-immobilized DNA affects dramatically the response

to hybridization (see Figure 15.9). The reason for this is the same as that for the

observation of a signal with only narrow pores and not with 200-nm pores. When

the pore diameter is comparable with the DNA length, its resistance is affected

more by DNA biding. Similarly, with increasing amounts of DNA in the pores, the

contribution of pore resistance becomes more important then that of charge transfer

at the electrodes.

Therefore, the key to increasing the sensitivity is in (1) decreasing pore diameters

(raising pore resistance), (2) increasing the surface concentration of DNA, and

(3) minimizing resistance at the electrodes. There is a relatively simple approach to

raising the pore resistance of aluminamembranes byhydrothermal treatment (boiling)

after anodization [46]. The Bode plot (of impedance Z vs. ac frequency) shown in

Figure 15.10 offers insight into the behavior in such membranes:

Z ¼ Rs þ Rpffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
1þ jRpvCp

p þ 1ffiffiffiffiffiffiffiffiffiffiffiffi
jvCox

p ð15:4Þ

Before boiling, the pore resistance (Rp in the inset) of the membrane with 60-nm-

diameter pores from anodization is too small to be recognized because of the

dominating contribution of the capacitance from the oxide layer (Cox) on the Al

electrode (curve a). Hydrothermal treatment (boiling) shrinks the pores to a much

smaller effective diameter of about 2 nm (see Figure 15.11) and changes the Bode plot

appearance dramatically. Now both pore resistance and capacitance can be recog-

nized, and for frequencies between 10 and 1000Hz, the contribution due to pore

resistance dominates. Because Rp becomes so large, it can be monitored successfully

even when the electrode resistance is high, that is, the need for low charge transfer

resistance at the electrode is not as critical and signal detection simplifies tomeasuring

ac impedance at around 100Hz and with the electrolyte (ionic) resistance alone.
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Figure 15.10 illustrates the fact that, indeed, Rp is sensitive to DNA binding in this

range and increases by almost 50% upon hybridization with complementary DNA.

The disadvantage of increasing Rp is that it is too high both before and after

hybridization, which reduces its applicability for microchip applications where

miniature (micrometer-sized) membranes are preferred.

The samemethodcanbeusedwithnanochannels andnanopores.Asystembasedon

a single conical nanopore covered with a gold layer can serve as an example for this

type of sensor [77]. Interestingly enough, authors reported almost complete ionic

FIGURE 15.9 CV signal of Fe(CN)6
2�/3� at 20 nm (A) and 200 nm (B) side of a nanoporous

membrane modified with 21-mer DNA oligomers before (black) and after hybridization (gray)

with complementary DNA strands. C) The relative increase of the impedance upon full

hybridization depends strongly on the initial surface density of DNA. The gray line helps

guide the eye. (From ref. 69, with permission.)
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current blockage upon binding of several proteins, (e.g., streptavidin, immuno-

globulin, ricin) to a nanopore of about 5 nm diameter.

The surface chargemechanism is very similar conceptually to the field effect in the

electrical conductance of semiconductors, but in reverse—with depletion of the ionic

carriers inside the nanochannel rather than electrons. The effect is pronounced at low

ionic strengthswhen the surface chargeon theporewalls (with thedensitys) cannot be
compensated for by the electrolyte with bulk concentration [C]. When the bulk

concentration of electrolyte [C] is small;

½C�inside �
4s

FDPore

> ½C� ð15:5Þ

where Dpore is the pore diameter and F is Faraday’s constant, the surface charge

dictates the ion concentrations inside the nanochannel. The resulting conductance of

the nanochannel becomes independent of the bulk electrolyte concentration [4].

FIGURE 15.10 (A) Impedance Bode plot for nanoporous alumina membrane and its

equivalent scheme: a, untreated membrane; b, after hydrothermal treatment (HTT); c, HTT

membrane after immobilization of ssDNA; d, after hybridization with complementary ssDNA;

e, after dehybridization with urea; f, with a noncomplementary ssDNA; (B) relative changes

of the impedance after exposing to complementary and noncomplementary ssDNA targets.

(From ref. 46, with permission.)
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Because of the low ionic strength needed to achieve this condition, pore resistance

exceeding that of the electrolyte outside the pore, Rpore >Relectrolyte, is easier to

accomplish with a long single nanochannel rather than with multiple short nano-

channels in parallel, as in nanoporous membranes. Even for modest surface charge

densities, s � 0.01 e/nm2, and a relatively large pore diameter Dpore � 200 nm, the

condition (15.4) can be achieved at concentrations of [C] � 3� 10�4M. To fulfill

electroneutrality, the nanochannel is filled predominantly with ions charged

opposite to that of the surface wall. Binding of analytes to the walls can change their

charge and thus the ionic conductance through the channel. The sign of the effect

depends on the change in the total surface charge density and can appear either as an

increase or a decrease in the nanochannel resistance induced by binding of the

(charged) analyte. The analyte charge can be regulated by solution pH. It should be

noted that unlike the volume-exclusion regime, binding of charged analytes alters

the conductance even if the overall cross section of the nanopore is unchanged.

Moreover, evenadecrease in the effectivenanopore cross section can lead to anoverall

conductance increase.

Nodirect experiments have been publishedwith the claimof employing the surface

charge effect as a biosensing element. However, numerous publications provide solid

proof for its applicability. For example, a single nanochannelmodifiedwith uncharged

biotin shows a significant increase in conductance upon charged streptavidin

FIGURE 15.11 Construction and modification of hydrothermally treated nanoporous

membrane and its SEM micrographs: the top view (A) and side view (B) show the shrunk

pore zone (labeled as C and D regions) developed inside the porous structure. (From ref. 46,

with permission).
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binding [66]. Since DNA is a highly charged molecule, the charge effect could be

employed successfully forDNAsensing. Itwas shown that the fluxof anions through a

gold nanopore array modified with uncharged peptide nucleic acid (PNA) decreases

upon hybridization with complementary DNA [82].

Blocking nanopores with nanoparticles is a seemingly attractive approach pre-

suming a significant ionic current variation by appropriately sized nanoparticles.

Unfortunately, it does not live up to expectations, even though it seems so appropriate

for the macro world. Although, such ‘‘blocking’’ can be physically realized, the

electrical blocking is neverperfect, especially if a discriminative responsebasedon the

specific interaction on the linker (between the particle and the pore) is required. Lee et

al. [83] demonstrated that blocking of single nanopores by charged nanoparticles can

be achieved electrophoretically, but even then the current drop was only about 50%,

which was attributed to the balance of electrostatic and entropic forces that hold

the particle to the pore opening. Blocking the nanochannels via ‘gluing’ nanoparticles

to them by bioanalyte also results in similarly small contrast of ionic current. If the

particles are smaller than the pore diameter, the effect can be larger. Then we would

attain results similar to the volume-exclusion mechanism but with less convenience.

Many complications with electrode polarization can be eliminated if the mem-

branes’ ionic resistance change is more dramatic. Hydrophobicity switching offers

such a possibility. This mechanism requires surface modification with mixed mono-

layers that consist of both hydrophobic molecules and triggering or receptor

molecules, which respond to either physical or chemical stimuli. Initially, when the

surface tension difference between water and the pore surface Dg is such that the

surface is hydrophobic (the contact angle for water is greater than 90� on that surface),
the pores are dry and nonconductive. If the surface becomes more hydrophilic

(the contact angle drops below 90�) due to physical stimuli or analyte binding, water

or electrolyte can enter the pores and shorten them electrically. The resistance

ratio between hydrophobic and hydrophilic membranes can exceed seven orders of

magnitude and thus is very attractive for sensor applications.

Physical stimuli such as light and pressure are easier to employ, and elucidate the

peculiarities of this mechanism. An optically active spiropyran molecule is less

polar in its ground-state spiro form.After excitation byUV light, it is transformed into

zwitterion (polar) merocyanine, which renders the surface more hydrophilic (see

Figure 15.12) [72]. Irradiation by visible light switches spiropyran back to the spiro

form.Modification of themembrane surfacewith amixtureof aliphatic and spiropyran

moieties, gradually transforms it from hydrophobic to somewhat hydrophilic upon

increasing the portion of spiropyran. However, when the latter is in the merocyanine

(excited) form, this transition occurs at a lower concentration of the dye. In the range of

intermediate concentrations, one can switch themembrane from its nonconductivedry

state to a highly conductive form by means of UV irradiation [72] as shown in

Figure 15.13. Notably, irradiation with visible light, which transforms the dye back

into its spiro form, does not recover the high membrane resistance. The membrane

remains filled with water because the dry state is not achievable by spontaneous

dewetting for pore diameters greater than 5 nm, due to a high activation barrier.

Membrane drying can be used to recover the dry state. The maximum effect observed
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FIGURE 15.12 UV irradiation turns spiropyran into the colored merocyanine form (top)

rendering surface more hydrophilic (right). Visible irradiation recovers properties. Cycling

of these properties can be repeated numerous times (center). (From refs. 71 and 72, with

permission.)

FIGURE 15.13 Dependence of the membrane resistance on the relative amount of spir-

opyran in the hydrophobicmonolayer for its (A) spiro (visible irradiation) and (B)merocyanine

(after UV) forms; (C) effect of light irradiation on the membrane resistance change. (From

ref. 72, with permission.)
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in this optical nanovalve, asmeasuredvia the resistancechange, is almost twoorders of

magnitude—more than enough for a good sensor, although it could be improved

further.

The effect is partially diminished by the intrinsic surface wall conductance of the

hydrophobic membranes, which is sensitive to the type and the quality of the organic

modifier [60]. The resistance can vary by more than five orders of magnitude—even

when water does not intrude into the pores—because of surface hydroxyls and other

water sensitive/ionizable groups of the linkers. Because of this, various hydrophobic

modifiers also differentiate membranes by their ability to withstand strong acids,

which typically can survive pH < 1 after modification. Ways to minimize the

undesired effect of hydrophobic membrane conductance by proper surface modifi-

cation have since been formulated.

Conductance of hydrophobic membranes via surface groups is also observed [84]

in studying the pressure dependence of water intrusion into purely hydrophobic

membranes (Figure 15.14). The external hydrostatic pressure at which water intrudes

into nanopores depends on their diameter and the surface energy difference between

water and the surface:

DP ¼ Pext �Pint >
4Dg
Dpore

ð15:6Þ

Commercial 20-nm membranes have the nominal diameter indicated on one side

for only about 2% of its total thickness, while the remaining part has 200-nm-

nominal-diameter pores. Compared to one with just 200-nm pores, a 20-nm/200-nm

membrane has a broad range of pressures at which its pores are not fully filled with

water and thus the activation barrier for their dewetting is low. Indeed, a recovery of

resistance upon pressure release is observed to be greater than in 200-nm mem-

branes, but its value is still less than 100%. The effect is important for proper

design of electrical sensors based on the hydrophobicity switching effect, which we

believe is the most promising realization of a biochemical sensor with nanoporous

membranes.

Steinle et al. [59] observed a resistance decline with small concentrations of

amphiphiles on similarly prepared hydrophobically modified nanoporous mem-

branes. They stipulated that such membranes can be employed as sensors for

amphiphilic drugs. We observe a similar effect but at higher concentrations of

amphiphiles that are close to their criticalmicellar concentrations [85] (see Figure 15).

Specific interactions such as that of biotin–streptavidin, on the other hand, are strong

enough to switch hydrophobicity permanently at low concentrations of analytes

(Figure 15.15).

Single nanochannels and nanopores have a number of advantages over nanochan-

nel arrays. Smaller dimensions make it possible to operate with less analyte. As a

consequence, single channels should provide lower detection limits.Moreover, single

nanopores are set uniquely because of new avenues for data collection based on

electrical pulses from single-molecule translocation through the nanopore.

Translocation through a single nanopore can be viewed as a nano version of the

Coulter counter and is a straightforward realization of the volume-exclusion
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mechanism, without the need for specific analyte binding on the surface. The seeming

feasibility of this method to sequence single DNA molecules (Figure 15.16) has

triggered enormous interest in this area. The first experimental data were obtained a

decade ago using biological (a-hemolysin) nanopores for detection of DNA [86].

Synthetic nanopores allowed greater control of their dimensions, which boosted the

use of this phenomenon for translocation not only of DNA [87] and other mole-

cules [88] but of nanoparticles as well [28]. The events are registered as pulses of the

ionic current dropdue to amolecule’s occupation of thepore.At highconcentrations of

electrolyte, DNA translocation through a nanopore induces transient decrease in the

ionic current. However, at low ionic strengths, the effect can be opposite, due to highly

charged DNA dragging along additional counterions, with subsequent increase in

ionic conductance (analogous to the surface charge effect discussed above) [14]. The

FIGURE 15.14 Ionic resistance of fluorinated nanoporous membranes as a function of

applied pressure (in bar): 200 nm diameter pores and 20 nm on the top of 200 nm differ not only

by the range of pressure intrusion but also by the resistance recovery after releasing pressure.

(From ref. 84, with permission).
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length of DNA and its two forms, double stranded (ds) and single stranded (ss), are the

two obvious features one can get from an analysis of the pulse duration and its

amplitude. This is not sufficient to identify the sequence of DNA molecules con-

structed from four different bases.

The two existing solutions to that problem utilize ssDNA hybridization with a

complementary strand and employ such complementary strands either immobilized in

the pore [64] or supplied in solution [89]. In the former case, a pore diameter of a few

nanometers appears to translocate complementary strands faster than noncomple-

mentary but does it more frequently [64]. The technique cannot be expanded easily

FIGURE 15.15 (A) Hydrophobically modified 200-nm pore diameter membrane by octyl-

silane is dry and nonconductive. Its ionic resistance drops from about 5� 107W to less than

200W in a narrow range of amphiphile (DTAB) concentrations. The pores open up for

electrolyte intrusion only at concentrations exceeding its CMC of about 0.05mM. The inset

shows variations of the final resistance and the relaxation rate, as a function of [DTAB].

(B) Similarly modified 200-nm-pore-diameter membrane with a mixed hydrophobic

monolayer of biotin–octylsilane responses to injection of streptavidin by dropping resistance

to less than 200W. [(A) From ref. 85, with permission. (B) From unpublished results of I.

Vlassiouk.]
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to longer DNA. In the latter, the sequence of a long ssDNA can be recovered from

statistical analysis of pulse shapes of the same ssDNA consecutively hybridized with

short oligonucleotides of different sequences—greater ionic current decline for the

dsDNA portion [89].

Ultimately, one would like to read out one base of a ssDNA at a time. If the

nanopore’s dimensions are comparable to the size of individual nucleotides, the ionic

current through the nanopore could be modulated by the different bases that occupy

the nanopore. Thus, a current vs. time plot should possess the information about the

identity of the DNA molecule that is passed though the nanopore (Figure 15.16B).

It was realized that the straightforwardly measured ionic current does not provide a

signal sufficient for unambiguousDNAsequencing.TheDNAtranslocates too fast—a

single base occupies the nanopore for as little as 1 ms under typical experimental

conditions. For that time period, the number of ions passing through, for example,

ana- hemolysin pore is approximately 100. Four bases do not differ enough involume

to beat the fluctuations in the number of ions located in the nanopore [28]. DNA

translocation can be slowed by an order of magnitude by adjusting different exper-

imental parameters, such as solution viscosity, temperature, and ionic strength [90].

However, this approach leads to a decrease in ionic current and results in a lower

signal/noise ratio. Attaching DNA to a bead enables better control of DNA translo-

cation time using optical tweezers [91], a technique currently used for force measure-

ments. Aswas pointed out, single-base precision control over theDNA location inside

the nanopore is a very challenging task.

Recently, a number of theoretical groups started exploring the possibility of direct

electrical detection of ssDNA sequences using nanopore technology. At least two

methods have been proposed. The first one is based on placing two electrodes on the

nanopore and measuring the electrical tunneling current between those electrodes.

Every DNA base located between those electrodes would influence the tunneling

electrical current differently, thus providing information about the particular DNA

base located between the electrodes [92]. This approach would overcome the

limitation of ionic currents, due to the much higher electrical tunneling current.

(a) (b)
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FIGURE 15.16 (a) DNA molecule passing through the nanopore; (b) ion current blockage

events with 11.5-kbp double-stranded DNA translocating through 10-nm nanopore. Single

pulse represents one DNA passing though the nanopore. (From ref. 87, with permission.)
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Another idea is based on capacitive sensing, where each base influences the

capacitance of the nanopores, with two electrodes placed on top and bottom of the

nanopore [93]. It is likely that this approach would enable counting of the number of

bases since every nucleotide is charged. However, discrimination between bases is

a very challenging problem because one needs to distinguish between differences in

bases’ conductance.

15.6 SUMMARY

We realize that it would be next to impossible to provide a thorough and up-to-date

review on the use of nanoporous materials in biosensing. Even by focusing on

electrical detection schemes, we have probably missed many interesting papers.

We see our task here as a rather biased recollection of our past, present, and possibly

future interests in terms of physicochemical phenomena related to nanoporous

materials. Through this approach, our goal has been to expand our understanding

of nature so thatwe couldmimic it in newbiomedical applications.We are particularly

excited that there are numerous ways to appreciate and utilize these phenomena, and

their exploration should bring wonderful scientific discoveries.
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structures, 153
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Covalent attachment, 22
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Differential pulse anodic stripping voltammetry

(DPASV), 188

Differential pulse voltammetry (DPV), 179

Diffusion domain approximation, 8

Dimercaptosuccinic acid, 300

N-(3-Dimethylaminopropyl)-N0-ethylcarbodiimide
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detection, 110, 370
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ssDNA probes, 320
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Doping, 297

Double-labeling approach, 309

DPASV, 188
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Drop coating, 23

Drude theory, 144

Drug delivery, 317

DVB, 298

Dynamic light scattering (DLS), 308
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step defects, 8

edge-plane-like, 10

defects, 5
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sites, 9

Effective mass approximation, 209

Electrical conductivity, 108

Electroactive, 12
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Electroactivity, 179

Electroanalysis, 7, 10, 13, 14, 17

bioelectroanalysis, 13, 14

Electroanalytical, 13

Electrocatalysis, 12

Electrocatalytic, 7–9, 11, 12, 23,
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Electrochemical, see also Biosensor(s), DNA,

electrochemical; Biosensor(s),

electrochemical; Immunosensors,

electrochemical; Sensors,

electrochemical

genosensor, 114

sensing, 23

transducer(s), 19, 23

Electrochemical impedance spectroscopy, 113,

184

Electrochemistry, see also Nanoelectrochemistry

direct, 105

Electrode(s), see also Carbon nanotube, paste

electrodes; CNT(s), electrode(s);

CNT(s), paste electrode; Multiwalled

carbon nanotubes, microelectrode;

Multiwalled carbon nanotubes,MWCNT

(s), paste electrodes; Nanoelectrodes

amperometric enzyme, 20, 21

carbon paste, 23, 29, 101

modified 29

composite, 105

enzyme, 106
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modified, 26, 27

graphite, 8, 9, 13

graphitic, 9

graphitic carbon, 8

ion-selective microelectrodes

(ISE), 186

modified, 29

spatially heterogeneous, 8

vertically aligned, 24

Electroless, 390

deposition, 392

Electron-beam lithography, 117
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Electron transfer, 8, 9, 21, 23–27

direct, 20, 106

enhanced, 103

kinetics, 105

Electrostatic, 300

interactions, 299

Emulsion polymerization, 297

Encapsulation, in situ, 300

Encoded beads, 300

Encoding, 343. See also Optical, encoding

Endocytosis, 310, 316

Environmental

applications, 25

hazards, 30

Environmental scanning electron

microscopy, 108

Enzyme, see Biosensors, enzyme-based;

Electrode(s), amperometric enzyme;

Electrode(s), enzyme; Sensors,

enzymatic

Escherichia coli, 226

Estrogen, 155

Exciton, 208

Extravasate, 313
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FITC-labeled, 321

Flow cytometer, 321

Flow cytometry, 321

Fluorescein, 237

Fluorescence, 200, 335

fluorescence correlation spectroscopy

(FCS), 308

fluorescence (or F€orster) resonant energy

transfer (FRET), 314

in situ hybridization, 225

quenching, 304

Fluorescent, see also Proteins, fluorescent

emission profiles, 324

Fluorophores, 202, 335

acceptor, 314

Folic acid receptors, 316

FRET, 217

FRET-based QD-containing systems, 314

Fullerenes, 430, 440

Fullerenoacetic acid, 445

Functional groups, 7

Galactose, 7

Gene, see also Housekeeping genes

expression, 321

gene-specific oligonucleotide probes, 324

identification, 324

Glassy carbon (GC), 7, 16, 26. See also

Electrode(s), glassy carbon

Glucose, 7, 18, 20, 23, 25, 27–29, 161. See also

Biosensor(s), glucose; Sensors, glucose

glucose oxidase, 22–25, 28

Gold, see also Nanoelectrodes, gold nanoelectrode

ensembles

colloidal, 366

nanotube arrays, 117

Gold nanoparticle(s), 27, 100, 178, 361

AuNPs, 178, 361

gold nanoparticle -CNT hybrids, 112

nanoparticle arrays, 111

Graphite, 8, 9, 13, 15, 16, 23, 26. See also

Electrode(s), graphite; Electrode(s),

graphitic

powder, 15, 17

pyrolytic,

basal-plane, 9

BPPG, 9, 28

highly ordered, 8

Halothane, 11, 12

HeLa, 316

Heme group, 105

Hepatitis A, 323

Hepatitis B, 226, 323

surface antigen, 323

Hepatitis C, 226, 323

virus nonstructural protein 4, 323

Her-2, 310

anti-Her-2 antibodies, 310

HER2 locus, 227

Heterobifunctional linker, 310

Hexadecylamine, 301

High dilution, 306

High-voltage arc discharge, 6

HIV, 323

glycoprotein 41, 323

H2O2, 300

Horseradish peroxidase, 7, 23, 27

Horseradish peroxide, 22

Housekeeping genes, 325

HRTEM, 180

Human oncogene p53, 226

Human serum albumin (hSA), 311

Hybridization, 25–27, 320. See also

Fluorescence, in situ hybridization;RNA,

cRNA, probe-cRNA hybridization

assays, 230

DNA 114, 370
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Hydrazine, 11, 12

Hydrodynamic radius, 214, 308

Hydrodynamic volume, 293

Hydrogen interaction, 160

Hydrogen peroxide(s), 7, 11, 12, 23, 24,

28–30, 160

Hydrophobic interactions, 297, 307

N-Hydroxysuccinimide ester, 294

NHS, 43

Identification, 445

IgG, 227, 229, 311

anti-immunoglobulin G, 300

goat antimouse IgG, 310

Imaging, 317

applications, in vivo, 311

Immobilization

oriented, 45

parallel, 401

Immunoactivity, 113

Immunoassay(s), 113, 154, 225, 364.

See also Inductively coupled

plasma mass spectrometry,

ICP-MS-linked immunoassays

Immunomagnetic assay, 227

Immunoreaction, 366

Immunosensors, 186

amperometric, 109

electrochemical, 114

Inductively coupled plasma mass

spectrometry, 355

ICP-MS, 355

ICP-MS-linked immunoassays, 366

Insulin, 7

Integrin avb3, 313
Internal standard, 356

Intracellular delivery, 301

Intracellular studies, 294

Ionization, 357

Ion selective, 320. See also

Electrode(s), ion-selective

microelectrodes (ISE)

Isocyanate coupling, 304

Isotope dilution, 356

Kras point mutations, 234

K2S2O8, 300

Label, 167, 336. See also Nanolabels

labeling, 301. See also Metal Nanoparticle(s),

labeling with

Lab-on-a-chip, 321

Laccase, 29

Lactic acid, 228

Laser Doppler velocimetry, 308

Latex bead, 168

Layer-by-layer, 256–258

assembly, 21

deposition, 299

(LBL) films, 108

Leaching, 298

Leaky vasculature, 313

Leucine-zipper, 232

Ligand(s), see also Thiol, ligands

chromism, 215

exchange, 212, 254, 255

ligand-exchange mechanism, 166

oligomeric phosphine, 304

polymerizable, 301

polymerizable phosphine, 302

Lithography, 141. See also Dip pen

nanolithography; Electron-beam

lithography; Nanosphere

lithography (NSL)

soft, 385

Localized surface plasmon resonance

(LSPR), 388

Longitudinal mode, 160

Long-pass filter, 322

Luminescence, 200. See also

Photoluminescence
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Macroporous, 297

Magnetic, see also Nanoparticle(s), magnetic;

Quantum dot(s) (QD(s)), magnetic

QD-composite

beads, 114, 188, 231

particle, 168

Material enhanced laser desorption/

ionization, 426

MELDI, 426

Matrix-free LDI-MS, 430

Maxwell equations, 144

Medical diagnostic(s), 25
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Melamine formamide, 296

Melt curves, 218

Membranes

alumina, 470–472, 476, 478

polymeric, 391

track-etched, 391
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Mercaptopropyltris(methyloxy)silane

(MPS), 305
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catalysts, 11

labeling with, 364
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propyl]trimethoxysilane (PEOS), 306

Micelles, 295. See also Quantum dot(s) (QD(s)),

QD compound micelles (QDCMs)

lipid, 223

Microanalysis, 303

Microarray(s), 120, 225. See also DNA,

microarray analysis

Microcapsules, 296

Microcontact particle stripping, 385

Microemulsion, 207, 301

Microfluidic chip, 321. See also Centrifugal

microfluidics

poly(dimethylsiloxane) (PDMS), 323

Microparticle, 230. See also Polystyrene

microparticles

Microperoxidase, 22

Microspheres, 231. See also Polystyrene

microspheres

Microtubule fibers, 311

Mie, 147

Mixed monolayer, 106

Molecular beacon, 236

Molecular wires, 24

molecular wiring, 53

Monodisperse, 304, 306

Monomeric phosphine, 303

Morphine, 7

MS/MS analysis, 448

Multianalyte detection, 366

Multiphoton microscopy, 317

Multiplexed analysis, 202

Multiplexed bioanalysis, 123

Multiplexing, 323

multiplexing biomolecules, 54

Multiwalled carbon nanotubes, 4. See also

Carbon nanotube(s); CNT(s);

Single-walled carbon nanotubes

microelectrode, 102

MWCNT(s), 4–6, 9, 11–15, 26–29

paste electrodes, 26

MWCT tower arrays, 108

Murine anti-p-gp antibodies, 315

Nafion, 23, 27–30

Nanoarrays, 13

Nanobands, 8, 9

Nanochannel(s), 460–464, 466, 467, 469,

470–480, 482

Nanocomposite film, 106

Nanocomposites, 305. See also Quantum dot(s)

(QD(s)), QD-polyisoprene

nanocomposites

Nanoconnector, 106

Nanocrystal, see also Core-shell, nanocrystals

semiconductor, 334

tracers, 123

Nanodevice, 178

Nanoelectrochemistry, 178. See also

Electrochemistry

Nanoelectrode(s), 24

ensemble, 390, 396, 398

gold nanoelectrode ensembles, 395

Nano-g-Fe2O3, 316

Nanoforests, 24, 25, 27

Nanohybrid films, 106

Nanolabels, 189

Nanomaterials, 20, 100, 178, 333. See also

Carbon, nanomaterials

Nanomedicine, 142

Nano-optodes, 319

Nanoparticle(s), 12, 28, 29, 140, 248–259,

261–270, 333, 361. See also Gold

nanoparticle(s); Metal nanoparticle(s);

Nanotube, and nanoparticle hybrid

materials; Platinum nanoparticles;

Silver nanoparticles

colloidal, 249, 250, 253, 383

composite, 305

heatable, 250

magnetic, 248–250, 252, 262, 265

NPs, 361

QDs and Fe3O4, 297

semiconductor, 248–251, 260, 262

Nanoplugs, 11

Nanopore(s), 390, 459, 460, 463–467, 469–475,

477–480, 482, 483, 485, 486

Nanoreactors, 104

Nanorod, 150

Nanoscience, 333

Nanosensor, 178

Nanosphere lithography (NSL), 380

Nanospheres, polymeric, 303

Nanostructures, 20

Nanotechnology, 100
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Nanotube, see also Gold, nanotube arrays

and nanoparticle hybrid materials, 104

Nanowells, well-oriented, 117

Near-infrared diffuse reflection spectroscopy

(NIRS), 448

Nernst equation, 14

Neurotransmitters, 102

NHS, 43

N-Hydroxysuccinimide ester, 294

Nicotinamide adenine dinucleotide, 7

Nitric oxide, 7

Noncovalent functionalization, 21

Nucleic acid(s), 18, 22, 25, 200

Octylamine, 293

n-Octyltriethoxysilane, 305

Oligonucleotides, 216

Optical, 19. See also Biosensor(s), optical

codes, 297

detection, 20

encoding, 320

transducers, 19

Organophosphorous hydrolase, 30, 228

Organosilane, 220

Oscillator strength, 210

Overpotential, 8, 104

Oxidative degradation, 301

Paraoxon, 228

Particle-in-a-box, 209

Particles, heatable, 249

Passive targeting, 313

PCR, see also Polymerase chain reaction

PCR amplicons, 231

quantitative PCR (qPCR), 325

PDEA, 43

PEG, 293. See also bis-Aminopropyl

PEG linker; Poly(ethylene glycol)

pH, 14

sensing, 13

sensor, 15

Phenol, 30

Phosphatidyl choline, 295

Phosphatidylethanolamine, 295

Phospholipid, 295

Photobleaching, 202, 312, 342

Photodiode detector, 323

Photoluminescence, 202. See also

Luminescence

Photoluminescent (PL), 293

Photooxidation, 214

Photostability, 345

Physical adsorption, 13

Physisorbing, 13

Physisorption, 23

Piezoelectric, 19, 20

transducers, 19

pKa, 14–16

values, 14, 15, 17

Plasmonics, 139

Platinum nanoparticles, 29

Poly(allylamine hydrochloride) (PAH), 297, 300

Polyamidoamine (PAMAM), 294

Polyaniline, 401

Polyanion, 297

Poly(butyl acrylate), 294

Polycation, 297

Polycondensation, 305

Polydispersity, 304

Polyelectrolytes, 118, 299. See also Polymer(s),

polyelectrolyte

capsules, 249, 250, 256–260, 262–268, 270

Poly(ethylacrylate), 294

Poly(ethylene glycol), 217

Poly(ethylene oxide) (PEO), 295

Poly(ethylenimine) (PEI), 294

Polyhistidine, 216

Poly(N-isopropylacrylamide) (PNIPAM), 316

Poly(maleic anhydride-alt-1-octadecene), 293

Polymer(s), 18. See also Membranes, polymeric;

Nanospheres, polymeric;Quantumdot(s)

(QD(s)), discrete QD(s), discrete

QD-polymer composites; Quantumdot(s)

(QD(s)), QD-encoded polymer beads;

Quantum dot(s) (QD(s)), QD-polymer

composites; Quantum dot(s) (QD(s)),

QD-polymer composites that contain a

plurality of QDs

amphiphilic 222, 293. See also Quantum dot(s)

(QD(s)), discrete QD(s), coated in

amphiphilic polymers

beads that contain a plurality of QDs, 314

block copolymers, 293

tri-block copolymer, 312

branched, 294

coating(s), 212, 255

conductive, 401

encapsulation, 294

matrix, 297

polyelectrolyte, 256, 257, 259

shell, 304

Polymerase chain reaction, 115.

See also PCR

Polymerization reaction, in situ, 311

Poly(methacrylic acid), 294

Polyphenoloxidase, 30
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Poly (sodium 4-styrenesulfonate), 300

Polystyrene microgels, 298

Polystyrene microparticles, 224

Polystyrene microspheres, 297

Poly(styrene sulfonate), 300

Poly(vinylpyrrolidone) (PVP), 297

Potassium persulfate, 305

Potentiometric, 186

potentiometric stripping analysis (PSA), 182

Potentiometry, 187

Prostate-specific antigen, 227

Prostate-specific membrane

antigen (PSMA), 312

Protein(s), 157

analyses, 178

conformational changes in, 158

detection, 364

fluorescent, 342

green fluorescent (GFP), 342

GFP-expressing epithelial cells, 318

p-glycoprotein transmembrane

transporter (p-gp), 315

maltose-binding, 217, 314

metallothionein, 21

profiling, 434

protein A, 229

transmembrane tyrosine kinase receptor, 310

Pyrolysis, 206

Qbeads, 324

Quadrupole mass analyzer, 358

Quantification, 324

Quantum confinement, 201

effect, 334

Quantumdot(s) (QD(s)), 13, 100, 200, 291. See also

CdTe QDs; FRET, FRET-based

QD-containing systems; Nanoparticle(s),

QDs and Fe3O4; Polymer(s), beads that

contain a plurality of QDs

discrete QD(s)

coated in amphiphilic polymers, 310

discrete QDs in micelles, 309

discrete QD-polymer composites, 308

magnetic QD-composite, 316

magnetic QD-containing beads, 316

QD compound micelles (QDCMs), 296

QD-encoded polymer beads, 320

QD/Fe3O4-containing silica particles, 316

QD-polyisoprene nanocomposites, 305

QD-polymer composites, 293

QD-polymer composites that contain a plurality

of QDs, 308

QD-polystyrene particles, 297

QD-silica conjugates, 306

quantum dot-composite, 293

Quantum size effect, 335

Quantum yield, 205, 317

Quenching, 228, 296. See also Fluorescence,

quenching

self-quenching, 297

Radical initiators, 300

Radio frequency, 356

Raisin-bun, 306

Resonance light scattering (RLS), 311

RNA, 181

cRNA, 324

probe-cRNA hybridization, 324

miRNA, 226

Salmonella typhimurium, 226

Sandwich assays, 226

Scanning electrochemical microscopy, 120

Scanning near-field optical microscopy

(SNOM), 318

Scattering, 147

Screen-printing, 399

screen-printed electrode, 398

screen-printed substrate, 398

Self-assembly, 381

Semiconductivity, 108

Semiconductor, 209. See also Nanoparticles,

semiconductor

material, 334

Sensing, 248, 250, 262, 341.

See also Electrochemical,

sensing; pH, sensing

Sensitivity ratio, 400

Sensors, 13. See also Immunosensors;

Nanosensor; pH, sensor

electrochemical, 19

enzymatic, 112

glucose, 18, 28

particulate, 319

Sentinel lymph node (SLN) mapping, 313

Silane co-monomers, 305

Silanes, functionalized, 306

Silanization, 255, 256

Silica, see also Quantum dot(s) (QD(s)),

QD/Fe3O4-containing silica particles;

Quantum dot(s) (QD(s)),

QD-silica conjugates

coatings, 212

encapsulation, 305

shell, 224, 298

spheres, 306
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Silver nanoparticles, 120, 153, 157, 158, 161,

165–167, 389, 394, 395

Simultaneous measurement, 105

Single-molecule spectroscopy, 230

Single nucleotide polymorphisms, 225

Single-walled carbon nanotubes, 4, 102. See also

Carbon nanotube(s); CNT(s);

Multiwalled carbon nanotubes

single CNT, 121

SWCNT(s), 4, 9, 11, 15, 20, 27, 29

SWNT field effect transistors, 109

SWNT forests, 109

Size exclusion chromatography (SEC), 308

SLN branches, 313

Sodium poly(styrene sulfonate), 297

Solid-state detection, 184

Solvent accessibility, 47

Solvent evaporation technique, 305

Spatially heterogeneous, 8. See also Electrode(s),

spatially heterogeneous

Spinal muscular atrophy, 235

Square wave voltammetry (SWV), 184

Step defects, 8. See also Edge-plane, step defects

St€ober method, 221

St€ober process, 305
Streptavidin, 227, 311

Stripping analysis, 180. See also Potentiometric,

potentiometric stripping analysis (PSA)

Succinimide coupling, 294

Sulfamethazine, 226

Surface, see also Carboxyl groups, surface

degradation, 296

modification, 212, 254, 256

plasmon band, 138

plasmons, 249

surface-enhanced affinity-capture (SEAC), 425

surface-enhanced laser desorption/ionization

(SELDI), 425

surface-enhanced neat desorption (SEND), 425

surface plasmon resonance, 139, 248

Suspension, 301

Systemic sclerosis, 319

Tetanus, 323

Tetraethylorthosilicate (TEOS), 305

Thioalkyl acids, 212

Thioglycolic acid, 299

Thiol, 294

ligands, 212

Thrombin, 237

thrombin-binding aptamer, 228

Titania-coated, 307

Total overlap diffusion, 397

Toxicity, 256, 261, 262, 318, 336.

See also Cytotoxicity

Tracking, 341

Transduction element, 200

Transforming growth factor-b1, 325
Transmission electron microscopy (TEM),

180, 295

Trialkoxysilane, 306

(Trihydroxysilyl) propylmethylphosphonate), 306

Trioctylphosphine oxide (TOPO), 292

Tuftsin, 311

Tumor

marker, 109

vasculature, 317

xenografts, 312

Tyrosinase, 30

Ultramictronomic, 302

Ultrasonication, 301

Ultrasonic irradiation, 305

Uric acid, 7

UV-vis, 140

Voltammetric, 178

voltammetric techniques, 183

Voltammetry, see also Anodic stripping

voltammetry; Cyclic voltammetry;

Differential pulse anodic stripping

voltammetry (DPASV); Differential

pulse voltammetry (DPV); Square wave

voltammetry (SWV)

Wide-type p53, 115

Working electrode, 180

Xenopus cells, 312

Zeta potential, 308

Zinc sulfide, 292
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